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General introduction 

This chapter is based on: 
J. Hendriks, M. Hospes and K. J. Hellingwerf, in CRC Handbook of Organic 

Photochemistry and Photobiology, Third Edition, CRC Press, 2012, pp. 1137-1159. 
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Photoreceptor proteins 

Light an important environmental signal 

Photo-sensory receptor proteins (or photoreceptors) mediate the conversion of photons 
into signals that are of biological relevance. For example, such conversions can exist of 
protein-structural change which induces new protein/protein- or protein/DNA 
interaction; or the transition of a protein from a non-phosphorylated to a phosphorylated 
state (see e.g., v/d Horst & Hellingwerf3 and Moglich & Moffat4). In the genome of a 
large number of microorganisms photoreceptor proteins are encoded. Strikingly, 
amongst these microorganisms are not only representatives that have a phototrophic 
mode of growth, but also many that are purely chemotrophic (e.g., v/d Horst et al.

5). 
This attests to the importance of light as an environmental signal. This importance lies 
in the fact that: (i) Light of a color in which the short wavelengths are overrepresented is 
harmful to living cells, either through direct photochemistry induced in the important 
molecules of life, or through photosensitizer reactions (see further below). (ii) Light 
from all, but in particular the green and red part of the spectrum of electromagnetic 
radiation, can be used for photosynthesis, be it based on tetrapyrrole-type of pigments, 
or on retinal-based proton pumping. And if altered availability of such light is detected, 
it is often necessary to adjust the available photosynthesis machinery. (iii) Due to the 
circadian alteration and seasonal variations of light- and dark conditions on earth many 
additional physical and biotic parameters in the external world of microorganisms vary 
with the light climate. Because of this correlation light input signals are useful to tune a 
large number of physiological responses. The circadian clock of cyanobacteria (see 
review6) is one of the best examples of the latter type of regulation, although 
surprisingly, for this process the molecular identity of the photo-sensory input receptors 
has not yet been resolved. 

Photoreceptor families 

As amino acids do not significantly absorb visible light, functional activity of a 
photoreceptor protein depends on a covalently, or non-covalently, associated 
chromophore to the specific photoreceptor apo-protein. This chromophore determines 
the wavelength range in which the receptor protein can function, be it that the protein 
environment is able to significantly tune the absorption maximum of the chromophore, 
both to longer and to shorter wavelengths.7-9 Light-absorption by the chromophore 
initiates the photochemistry that is at the basis of the structural changes that lead to 
signal transduction. 
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Figure 1.1. Overview of the photoreceptor families. RsbP is a putative photoreceptor which does not belong 
to one of the other eight photoreceptor protein families. 

Six well-defined families of photoreceptor proteins exist: rhodopsins, 
phytochromes, xanthopsins, cryptochromes, phototropins/LOV (light, oxygen, and 
voltage) domains, and BLUF (blue-light sensing using flavin) domains.5 Recently two 
new families of photoreceptor proteins were discovered, OCP (orange carotenoid 
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protein)10 and UVR8 (UV resistance locus 8)11 (Figure 1.1). Rodopsins are red-light 
photoreceptors. Phytochromes sense red and far-red light. Blue light receptors are 
xanthopsins, cryptochromes, phototropins, and BLUF domains. OCP absorbs blue-
green light. UVR8 proteins are the first known UV-B photoreceptors. In proteins, these 
photoreceptor domains can each be coupled to a range of different ouput domains. Also, 
single-domain photoreceptor proteins exist. The photochemistry of rhodopsin, 
phytochromes, and xanthopsins is based on isomerization of their chromophores. The 
other three families -cryptochromes, phototropins, and BLUF domains- contain a flavin 
as chromophore. In BLUF domains a light-induced electron transfer takes place. In 
phototropins/LOV domains, flavin-cystein adduct formation occurs. LOV and 
Xanthopsins are PAS domains. PAS domains are found in all three kingdoms of live.12 
Most of these PAS domains are involved in signal transduction.12, 13 The prototype of 
the PAS domain is photoactive yellow protein (PYP),13 which is the best studied 
xanthopsin. PYP and the xanthopsin protein family are described in more details in later 
sections of this introduction. 

Proteins from the ‘new’ photoreceptor family UVR8 are found in plants and 
algae.14 This photoreceptor does not contain an external chromophore like the other 
photoreceptor families. Instead, UVR8 uses two tryptophan residues to absorb UV-B 
light.15, 16 The UV-B photon absorption causes disruption of the Π-bond over the indole 
ring, which results in destabilization of the intamolecular cation-π interactions.15 UVR8 
is present as a homodimer that monomerizes upon illumination with UV-B light.14 The 
destabilization of the cation-π interactions triggers a conformational switch in two 
arginine residues, leading to dissociation of the dimer.15 

OCP proteins are found in many species of cyanobacteria.17 It binds 
noncovalently a carotenoid 3’-hydroxyechinenone as chromophore.18 Absorption of 
blue-green light induces an intramolecular charge transfer in the carotenoid, resulting in 
conformational changes in the carotenoid and the protein. This results in formation of a 
red colored signaling state.10 The signaling state binds to phycobilisomes that induces 
fluorescence quencing as photoprotection for the antenna system.19, 20 

In the literature, several examples are known of red light responses that are not 
regulated by one of the eight photoreceptor families described above. Red light 
dependent motility is observed in Agrobacterium tumefaciens 21and Acinetobacter 

baylyi
22. Also in Bacillus subtilis a red light response is observed that leads to activation 

of the general stress response.23 This red light response acts via the energy stress 
pathway of the general stress response dependent on RsbP.23 The PAS domain of RsbP 
might be the photoreceptor of this red light response. The chromophore of RsbP is not 
yet identified. The function of RsbP is dependent on RsbQ.24 RsbQ has homology with 
hydrolytic enzymes.25 This may indicate that RsbQ modifies the chromophore for RsbP. 
If the PAS domain of RsbP is a photoreceptor, it will be belong to a new photoreceptor 
family. 
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Photoreceptors in B. subtilis and E. coli  

The wide range of microorganisms that expresses photoreceptor proteins includes the 
chemotrophic model organisms Escherichia coli and B. subtilis. Besides red light 
activation of the general stress response, B. subtilis has also a blue light dependent 
activation of the general stress response. The blue light photoreceptor of this response is 
YtvA.26 YtvA contains a LOV domain27 and a STAS (sulfate transporter and anti-sigma 
factor antagonist) domain. In this blue light response the energy stress pathway is not 
involved, but YtvA acts via the environmental signaling pathway of the general stress 
response.26. A significant light dependent activation of the general stress response by 
YtvA is not detected unless the cells are simultaneously exposed to another stress, like 
salt stress, or when YtvA is overexpressed.26 

E. coli express the blue light photoreceptor YcgF. YcgF consists of a BLUF 
and an EAL (like) domain,28 which lacks several conserved residues for cyclic-di-GMP 
phosphodiesterase activity. It shows no binding to cyclic-di-GMP in vitro.29 Instead, 
upon blue light activation, YcgF binds to the transcriptional repressor YcgE.29 Binding 
of YcgF to YcgE results in release of YcgE from its target operon ycgZ-ymgABC and so 
activates the expression of this operon.29 The operon ycgZ-ymgABC contains genes that 
encode proteins associated with biofilm.29 The blue light depended regulation by YcgF 
has presumably a role at lower temperatures.29-31 

Effect of UV light on microorganisms 

Light, escpecially UV light, is capable of damaging microorganisms and depending on 
the dose it can have both lethal and sub-lethal effects on microorganisms. Solar UV 
light that reach the earth contains predominantly UV-A light (315-400 nm) and part of 
the UV-B light (280-315 nm). UV-C light (<280 nm) is completely absorbed by the 
ozon layer.32 However, lethal effects of UV-C light have been studied extensively, 
because of its disinfection use.33 

UV light induces direct chemical modification in DNA and RNA molecules 
and produces reactive oxygen species which may cause DNA, membrane, and/or 
protein damage.34, 35 The maximum absorption of DNA is at 260 nm.32 The absorption 
of UV-C light by DNA can cause photochemical reactions that lead to DNA lesions. 
The type of DNA lesions depends on wavelength.36 The main photoproducts resulting 
from UV light are cyclobutane pyrimidine dimers and pyrimidine (6-4) pyrimidone 
photoproducts.37 Indirect DNA damage by reactive oxygen species mainly forms 7, 8-
dihydro-8-oxoguanine, which occurs most efficient from UV-A light.38-40 

Microorganisms have mechanisms to repair DNA lesions (see review41). 
Unrepaired damaged DNA can lead to mutation and/or cell death.42, 43 Two types of 
repair mechanisms are known, dark repair and photo-reactivation. Dark repair enzymes 
are found in allmost all bacteria and do not require light. Dark repair enzymes are DNA 
glycosylases, which remove the cyclobutane pyrimidine dimers; endonucleases repair 
cyclobutane pyrimidine dimers and pyrimidine (6-4) pyrimidones; and UvrA/B/C 
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proteins remove complete nucleotides, which can contain different types of DNA 
lesions. In photo-reactivation, photolyases repair the covalent joining of two adjacent 
pyrimidines into the original pyrimidine monomers. This reaction requires UV-A/blue 
light. Photolyases are related to the cryptochrome protein family. Cryptochromes are 
blue-light photoreceptor proteins, which are not involved in DNA repair. 

In addition, microorganisms can protect themselves against UV light by 
pigment synthesis, upregulation of oxidative stress-related proteins, biofilmformation 
and phototaxis.5, 44, 45 However, when these protection and repair mechanisms fail, 
damage caused by the electromagnetic irradiation may influence the growth and 
survival of these microorganisms. 

Photoactive yellow protein 

Discovery and biological context of the photoactive yellow protein 

In 1985, several ferredoxins and other chromophoric proteins from the halophilic 
phototrophic bacterium Ectothiorhodospira halophila were isolated by T. E. Meyer in 
Tucson, Az.46 One of the ‘other chromophoric proteins’ he identified in this screen was 
yellow and was named ‘photoactive yellow protein’ (PYP) in a subsequent study.47 
E. halophila was reclassified in 1996 to its current name Halorhodospira halophila.48 
H. halophila is a unicellular prokaryote, or more specifically, a phototrophic purple 
spirillum that deposits sulfur extracellularly. It was first isolated and classified from 
salt-encrusted mud taken from the shores of Summer Lake, Lake County, Oregon.49, 50 
Later, it was also isolated from the extremely saline lakes of the Wadi el Natrun in 
Egypt.51 Both locations are salt lakes, and indeed, H. halophila only thrives in 
extremely salty environments. 

As a phototrophic organism, H. halophila exploits the free energy available 
from sunlight to survive. However, like most organisms, H. halophila is not immune to 
the effects of UV radiation. It is therefore essential for the organism to find a place to 
live where there is enough light to grow, but where the amount of UV radiation is at a 
minimum. Like most phototrophic organisms, H. halophila has mechanisms to perceive 
the available light climate. It is not only attracted by (infra)red (i.e., photosynthetic) 
light, but it also has a blue light response system which steers it away from potentially 
harmful places, rich in blue light. This blue light repellent response has a wavelength 
dependence that fits the absorption spectrum of PYP.52 This observation provides 
evidence that PYP is the light sensor in the blue light response of H. halophila. Further 
evidence for this function of PYP in H. halophila may be provided via genetic 
techniques. However, the application of these techniques in extremophilic prokaryotes 
like H. halophila is not well developed, which may be the reason why genetic proof for 
the function of PYP in this organism is not yet available. 

Interestingly, the function of PYP is similar to that of the sensory rhodopsins, 
and in particular to sensory rhodopsin II, which is also a sensor for a negative tactile 
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response to blue light (in Halobacterium salinarum, an archaebacterium that can also be 
found in salt lakes). The family of the rhodopsins is a large family. Its members are 
found in all kingdoms of life, from unicellular organisms to complex ones such as 
Homo sapiens sapiens. It is the most extensively studied family of photoactive proteins 
available. Its best known members are the visual rhodopsins, which allow Homo sapiens 

sapiens to see, and bacteriorhodopsin, which is a light activated proton pump found in 
Halobacterium salinarum. Sensory rhodopsins are close relatives to bacteriorhodopsin 
and can be found in the latter organism too. In fact, the most notable difference between 
bacteriorhodopsin and the sensory rhodopsins is their function. Bacteriorhodopsin 
provides the cell with means of harvesting light energy, whereas the sensory rhodopsins 
are light detectors that make sure the organisms can find a niche in the environment in 
which bacteriorhodopsin can do its work safely and efficiently. Striking similarities 
between PYP and the sensory rhodopsins were already noted after the first 
characterization of PYP.47 There is, however, one major difference with the sensory 
rhodopsins that has boosted the study of PYP: It is highly water soluble, whereas the 
rhodopsins, being membrane proteins, are not. As we shall see later, PYP and the 
sensory rhodopsins turned out to belong to two structurally very different families of 
proteins, which are only similar in function. For more information on the rhodopsins, 
the reader is referred to several excellent reviews on this topic.53-57 

Xanthopsins: The family of PYPs 

H. halophila is not the only organism in which a PYP has been discovered. The family 
of PYPs has been named the Xanthopsin family.58 Other Xanthopsins have been 
detected and biochemically characterized in Rhodothalassium salexigens (synonymous 
to Rhodospirillum salexigens),59 Halochromatium salexigens (synonymous to 
Chromatium salexigens),60 Rhodobacter sphaeroides,58 Rhodobacter capsulatus,61 
Rhodospirillum centenum,62 Idiomarina loihiensis,62 Thermochromatium tepidum,62 
Stigmatella aurantiaca,7 Rhodopseudomonas palustris,7 Burkholderia phytofirmans,7 
and Salinibacter ruber.7 From DNA sequence information, more PYPs are predicted to 
exist in Methylobacterium sp., Allochromatium vinosum, Leptospira biflexa, 
Gemmatimonas aurantiaca, Haliangium ochraceum, Sorangium cellulosum, 
Acidithiobacillus caldus, Leptothrix cholodnii, Magnetospirillum gryphiswaldense, 
Curvibacter (a putative symbiont of Hydra magnipapillata), and Spirosoma linguale. 
All corresponding reading frames have significant similarity (<10−8) to PYP from 
H. halophila and contain at least two of the strongly conserved key residues: Y42, E46, 
and C69 (Figure 1.2).63 All of these organisms are from the domain of the Bacteria, 
while most are Proteobacteria. S. ruber belongs to the subgroup of Bacteroidetes and 
L. biflexa is from the subgroup of Spirochetes. In the phylogenetic tree shown in 
Figure 1.3, the PYPs of these latter two organisms group together. Another member of 
the Bacteroidetes with a PYP is S. linguale, which however has only 30 % identity with 
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the Xanthopsin from S. ruber. The last non-Proteobacterium is G. aurantiaca, which is 
a member of the Gemmatimonadetes. 

The length of all known Xanthopsins (domains) varies between 123 and 162 
residues, which implies that this domain shows very few deletions or insertions (see 
Figures 1.2 and 1.3). Four of these Xanthopsins are the N-terminal domain of a 
multidomain protein. Significantly, these four PYP domains -from Rhodospirillum 

centenum, T. tepidum, A. vinosum, and Methylobacterium sp.- also cluster in the 
phylogenetic tree of the Xanthopsins (see Figure 1.3). Also the Xanthopsin from 
G. aurantiaca, with a length of 162 amino acids, may have a separate output domain, 
for example, in the form of a helix-turn-helix domain. Bioinformatics analysis of the 
secondary structure of this domain, however, only clearly showed one helical stretch in 
the carboxy-terminal 40 amino acids. 

Figure 1.3. Phylogenetic tree of the 27 Xanthopsins from the alignment shown in Figure 1.2. The 
Xanthopsins from multidomain proteins are indicated in italics. Several percentages are placed for the lowest 
pair-wise identity for the set of PYP in that branch. 

The biological function of the Xanthopsins in the various organisms may differ 
quite significantly. In H. halophila, PYP induces a photophobic tactile response.52 For 
Rhodobacter sphaeroides, genetic evidence is available that indicates that the blue light 
induced photophobic tactile response in that organism is not mediated by the 
Xanthopsin present in that organism, provided no genetic redundancy exists.64 The 
Xanthopsin found in Rhodospirillum centenum regulates chalcone synthase gene 
expression.65 The PYP domains from Methylobacterium sp. and in the Ppr protein from 
Rhodospirillum centenum are followed by a bacteriophytochrome domain and a 
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histidine kinase domain. For Ppr, it has been observed that blue light causes changes in 
autokinase activity.65 In T. tepidum and A. vinosum, a PYP is present that is also part of 
a multidomain protein, but here the PYP and bacteriophytochrome domain is followed 
by a GGDEF/EAL domain, which may suggest that these photoreceptors have a 
function in biofilm formation. The function of only a limited number of members of the 
Xanthopsin family has so far been elucidated. However, it is reasonable to suggest that 
the members within the different subgroups of Xanthopsins, distinguished based on 
sequence similarity (see Figure 1.3), have a similar function, while these functions may 
differ between the subgroups. 

Photoactive yellow protein: The prototypical PAS domain 

As described earlier, PYP is part of a family of proteins named Xanthopsins. 
Nevertheless, PYP also shows striking similarities with the much larger family of PAS 
domains. These PAS domains have been identified in proteins from all three kingdoms 
of life, that is, in the Bacteria, the Archaea, and the Eucarya. PAS is an acronym 
formed from the names of the proteins in which the PAS motive was first recognized:66 
The Drosophila period clock protein (PER), the vertebrate aryl hydrocarbon receptor 
nuclear translocator (ARNT), and the Drosophila single-minded protein (SIM). 

Proteins containing PAS domains are predominantly involved in signal 
transduction. Over 21,000 proteins have been identified that contain (a) PAS 
domain(s).67 Most of these are receptors, signal transducers, or transcriptional regulators 
present in the cytoplasm. PAS domains are usually present in proteins with a 
multidomain architecture. Furthermore, a single protein can have multiple PAS 
domains; in fact, proteins have been identified containing up to six. In contrast, the 
entire PYP from H. halophila can be considered a single PAS domain. As it is the first 
protein from the PAS domain family for which the 3D structure was elucidated, it was 
proposed that PYP is the structural prototype of the PAS domain fold.13 

Structure of PYP 

After an initial period of confusion, in which only the primary structure of PYP was 
solidly secured through gene sequencing,68 the spatial structure of PYP was solved at a 
resolution of 1.40 Å with x-ray diffraction analysis in 1995 and deposited in the PDB.69 
Not much later, multidimensional NMR spectroscopy provided the structure of PYP in 
solution,70 and the resolution in the X-ray structure of PYP was brought down to 
0.82 Å.71 Now, even a neutron diffraction derived structure is available for PYP.72 
During the past 20 years, structural information on PYP has been secured through 
studies on wild type PYP, nine site specific and deletion mutants, one PYP like protein 
(i.e., Ppr), crystallized in four different space groups (P63, P65, P21, and H) in the 
temperature range from 85 K73 to ambient temperatures. Besides structures of the stable 
ground state of these proteins, of wild type PYP, and the E46Q mutant thereof, also nine 
and four (mixtures of) intermediate states of these two proteins, respectively, populated 
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through illumination of the respective proteins, have been deposited in the PDB 
(http://www.pdb.org/). This wealth of information has helped to acquire very detailed 
understanding, not only of the stable dark structure of PYP, but also of its functioning, 
in terms of the dynamical changes in its structure that are elicited by illumination. Part 
of this insight will be discussed in the following. 

Figure 1.4. Tertiary structure of PYP. Two orientations of a ribbon representation of PYP from H. halophila 
are presented. Panel A clearly shows the β-sheet with the chromophore in front of it. Panel B is a side view, of 
the orientation in A, visualizing both sides of the β-sheet. The figure was prepared using the program 
MOLMOL74 using the structure coordinate file deposited at the Protein Data Bank75 (http://www.pdb.org/) 
with PDB ID: 2PHY.69 The program POV-Ray™ (http://www.povray.org) was used to render the images. 

Secondary and tertiary structure of PYP 

The protein backbone of PYP is folded in an α/β-fold, with a six-stranded antiparallel β-
sheet as the central scaffold, flanked by five elements with α-helical secondary 
structure.69 In addition, a short π-helix can be identified at the site where the 
chromophore is attached to the apo-protein.76 The loops containing helices α3 and α4, 
and helix α5, fold on top of this central β-sheet to form the major hydrophobic core of 
the protein, which then forms a pocket in which the chromophore of PYP, p-coumaric 
acid77 (or 4-hydroxy cinnamic acid), is incorporated. The N-terminus of the protein, 
which contains helices α1 and α2, folds at the back of the central β-sheet to form a 
second, smaller, hydrophobic core. This tertiary structure is shown more clearly in 
Figure 1.4 in two orientations: with the plane of the central β-sheet parallel and 
perpendicular to the plane of the paper, respectively. The latter view allows one to see 
how the different α-helical loops fold around the central β-sheet. 

Xanthopsins compared 

In a previous alignment with six Xanthopsins, the Xanthopsin family was divided into 
three subgroups, based on their primary structure.78 Subgroup I contains Xanthopsins 
found in H. halophila, R. salexigens, and H. salexigens. With the current alignment (see 
Figure 1.2), the Xanthopsins from another H. halophila strain, a second PYP in 
H. halophila and I. loihiensis, are added to subgroup I. Previous subgroup II contains 
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Xanthopsins found in Rhodobacter sphaeroides and Rhodobacter capsulatus and to this 
subgroup belongs also a PYP from another R. sphaeroides strain. The only member of 
subgroup III was the Xanthopsin found in Rhodospirillum centenum. This Xanthopsin 
has a low similarity with the Xanthopsins from subgroups I and II. From the currently 
known 27 Xanthopsins, 19 fall outside subgroups I and II. These Xanthopsins have less 
than 45 % identity to PYP from H. halophila. Xanthopsin from Rhodospirillum 

centenum forms a subgroup with the three other Xanthopsins of multidomain proteins. 
A fourth subgroup can be made from Xanthopsins found in B. phytofirmans, 
L. cholodnii, Curvibacter, Haliangium ochraceum, and Spirosoma linguale. The rest of 
Xanthopsins are not divided into subgroups. The primary structures within subgroups I 
and II are very similar with identities around 75 % in pair-wise alignments. Subgroups 
III and IV have identities around 42 %. In a comparison of Xanthopsins from subgroup I 
or II with other Xanthopsins, the alignments become worse with identities around 30 %. 
Several pair-wise comparisons of Xanthopsins have even poorer results with identities 
low as 14 %. Beside the earlier mentioned functional important residues Y42, E46, and 
C69, the residues G29, F63, A67, and P68 are highly conserved. 

Since the Xanthopsin subgroups were defined based on sequence similarity, 
these results should not be very surprising. However, by looking at subdomains of the 
sequence alignments, better insight is obtained on which domains make a Xanthopsin a 
Xanthopsin, and which domains are important for the function the Xanthopsin has in the 
organism it resides in. PYP was earlier proposed to be a prototype for the PAS domain. 
The family of PAS domains is very large and spans all three kingdoms of life. A PAS 
domain is not so much defined by its primary structure, but more by its secondary and 
tertiary structural elements. The PAS domain can be divided into four subdomains, the 
N-terminal cap, the PAS core, the helical connector, and the β-scaffold. In PYP from 
H. halophila, these subdomains comprise residues 1-28, 29-69, 70-87, and 88-125, 
respectively. Thus, the N-terminal cap contains helices α1 and α2; the PAS core 
contains the β-strands β1, β2, and β3, and the helices α3 and α4; the helical connector 
contains helix α5; and the β-scaffold contains the β-strands β4, β5, and β6. The residues 
that form the chromophore pocket are all contained within the PAS core and β-scaffold, 
which are sandwiched together. 

The conservation in the Xanthopsin family is different for the four PAS 
subdomains. The similarity is high for the PAS core and low for the N-terminal cap. 
The edges of the PAS core, including residues 28-46 and 58-69, have the highest 
degrees of homology. However, the helical connector and the β-scaffold also have high 
similarity within the different Xanthopsin subgroups. Especially, the β-scaffold in 
subgroup I and the helical connector in subgroup III have high homology. This suggests 
that the PAS core is important for the general sensing function of the Xanthopsins, and 
the other subdomains determine the specific function of a particular Xanthopsin. 

Most Xanthopsins are small single-domain proteins. Twenty-one of these 
single-domain Xanthopsins have a length between 123 and 146 amino acids. Two other 
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single-domain Xanthopsins from S  ruber and G. aurantiaca have longer lengths of 156 
and 162 residues, respectively. PYP from S. ruber has a 31 residue N-terminal extension 
that appears to be important for dimerization.79 Dimerization of PYP is only described 
in literature for the PYP from S. ruber. The PYP from G. aurantiaca has a 39 residue C-
terminal extension. The primary structure of the extension suggests that it contains at 
least one α-helix. Indicating the C-terminal extension is involved in signal transduction. 

There are more proteins similar to the Xanthopsin family than these 27. An 
unclassified Gammaproteobacteria (NOR5-3) contains a single protein of 115 residues 
with similarity 10-6 to PYP from H. halophila. Despite the low similarity with PYP, this 
protein contains the conserved residues G29, Y42, E46, F63, and C69, but not the two 
conserved residues A67 and P68. Therefore, the environment of the chromophore-
binding place is different than in most Xanthopsins. Further, PYP-like domains are 
found in Methylobacterium radiotolerans, Methylobacterium extorquens, 
Methylobacterium populi, and Methylobacterium chloromethanicum. All these PYP-like 
domains are N-terminal domains of multidomain proteins and have similarity between 
10-9 and 10-8 to PYP from H. halophila. However, these protein domains lack conserved 
residues Y42, E46, A67, and C69. These protein domains have a serine or glycine 
instead of C69. Therefore, it is not clear if these proteins function as photoreceptor 
without a cysteine for chromophore attachment. However, all these PYP like domains 
contain the highly conserved G29, F63, and P68. In these multidomain proteins, the 
PYP-like domain is followed by a bacteriophytochrome domain and a histidine kinase 
domain. These are the same domains as the domains of the Ppr protein from 
Rhodospirillum centenum and the Xanthopsins domain containing protein of 
Methylobacterium sp. This suggests a similar function for all these six proteins. 

Chromophore and its binding pocket 

As amino acids do not significantly absorb visible light, functional activity of a 
photoreceptor protein depends on a covalently, or non-covalently, associated 
chromophore to the specific photoreceptor. The type of chromophore selected by 
evolution typically corresponds with the wavelength range in which the receptor protein 
is required to function.80 Accordingly, the Xanthopsins use an aromatic chromophore, 
identified in H. halophila in 1994 as 4-hydroxy cinnamic acid, covalently linked to the 
apo-protein via a thiol ester bond to C69.77, 81 This chromophore plays a crucial role in 
the functional activation of PYP via its sensitivity to trans/cis (or E/Z) isomerization 
upon absorption of a photon from the visible part of the electromagnetic spectrum. This 
chromophore is embedded in the protein in a pocket lined by the following amino acids 
(in the order in which they appear in the sequence): I31, Y42, E46, T50, R52, F62, V66, 
A67, C69, T70, F96, D97, Y98, M100, V120, and V122. These amino acids completely 
bury the chromophore in the major hydrophobic core of the protein and prevent direct 
contact of the former with solvent. 
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In the dark state of PYP, the chromophore is deprotonated.81, 82 The resulting 
negative charge of its phenolic oxygen is buried in the main hydrophobic core of the 
protein. This is possible only through stabilization of this negative charge by a dedicated 
hydrogen bonding network.69, 83 The phenolate anion, of which part of the charge is 
delocalized over the large π-orbital system of the chromophore, interacts with E46, Y42, 
and T50, such that the oxygen atom from Y42 and the oxygen from E46 form very short 
hydrogen bonds with the chromophore. The oxygen atom from Y42 in turn hydrogen 
bonds with the oxygen atom from T50; the latter amino acid, however, does not line the 
chromophore pocket. This hydrogen bonding network is the main determinant of the 
spectral tuning of PYP.83 

The recent neutron diffraction study of deuterated PYP72 has revealed further 
specific detail of this hydrogen bonding network: From the position of the deuteron 
relative to the two pairs of oxygen atoms that form the two hydrogen bonds, it has been 
deduced that Y42 and E46 form a short ionic and low-barrier hydrogen bond with the 
phenolate oxygen of the chromophore, respectively. The special character of these 
hydrogen bonds was recently confirmed with solid-state NMR spectroscopy.84 The 
discovery of the special character of these hydrogen bonds is particularly relevant for 
computational analyses of the mechanism of photoactivation of PYP because the 
relative bond strength changes dramatically from a regular to a low-barrier hydrogen 
bond. The latter type of bond is also predicted to convey typical characteristics to the 
infrared spectrum of the protein,85 which, however, have not been characterized yet. 
Nevertheless, the ultrafast changes in the infrared absorption of E46 are fully consistent 
with the results of the neutron diffraction experiment. 

The structure of PYP in aqueous solution, determined via multidimensional 
NMR spectroscopy,70 is very similar to the structure determined with x-ray and neutron 
diffraction. The elements of secondary structure identified in both of them are nearly 
identical, be it that they may start/end 1-2 residues earlier or later. Notably different are 
helix α2 and the π-helix, which are just below the cutoff for positive identification in the 
solution structure. Furthermore, there are three poorly defined regions in the solution 
structure, comprising residues 1-5, 17-23, and 113-117. This is caused by lack of 
structural constraints in the NMR dataset in those regions, which may be caused by high 
side-chain and/or backbone mobility.70 In the crystal structure, these same regions have 
higher values for the B-factor, which expresses the mean-square fluctuations of atoms 
from their average position. Another difference is observed with respect to the position 
of R52: This residue is present in two conformations in the solution structure: One in 
which R52 is positioned 4 Å above the aromatic ring of the chromophore, and in the 
other, the guanidinium group of R52 is positioned about 4 Å above the aromatic ring of 
Y98,70 which is suggestive of π-stacking.86 These positions of both R52 and Y98 differ 
from those in the crystal structures. The position of R52 is particularly relevant because 
it has been proposed that it plays an important role in the primary photochemistry of 
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PYP.87 The results of site-directed mutagenesis, in combination with ultrafast UV/Vis 
spectroscopy, however, have failed to substantiate this proposal (See Chapter 3). 

All this information available about the dark or ground state of PYP has 
formed a very fertile frame of reference for the interpretation of a large body of 
spectroscopic and biochemical data on a wide range of aspects of this photoreceptor 
protein. Nevertheless, its photosensory function requires that additional (transient) 
structural states exist. Such states have been identified and characterized; they will be 
discussed within the framework of the discussion of the photocycle of PYP in the 
following. However, in the characterization of these intermediates, it has turned out that 
there is a profound effect of the crystal lattice on the dynamics and extent of the 
structural transitions to which the PYP acquires access upon photoactivation. 

Dynamical changes in the structure of PYP and the confines of the crystal lattice 

From an ensemble of structures, such as obtained with NMR spectroscopy or molecular 
dynamics simulations, it is possible to determine eigenvectors that describe the path 
along which the atoms of a protein may move.88, 89 Using these eigenvectors, or “modes 
of flexibility,” it is possible to transform the solution structure into the crystal structure, 
indicating that the observed differences between the two structures are within the 
confines of the intrinsic flexibility of the protein. This is further corroborated by the fact 
that a transition of the structures of PYP, crystallized in the P65 and the P63 space group, 
respectively,69 can also be performed within the confines of its intrinsic modes of 
flexibility. 

Illumination of PYP crystals allows formation of transient intermediate states 
that spontaneously revert back into their stable ground state. While doing this, they may 
largely use the same “modes of flexibility,” and therefore, initially such intermediates 
formed in a crystal lattice90 were thought to show considerable similarity to 
corresponding states formed in aqueous solution.91, 92 Nevertheless, when PYP is 
activated in the latter type of medium, structural changes take place that go far beyond 
these modes. This conclusion was initially based on spectroscopic measurements that 
revealed that PYP shows non-Arrhenius type of kinetics and that this kinetics is strongly 
affected by the hydrophobicity of the medium.93, 94 This interpretation subsequently has 
been confirmed by molecular dynamics simulations95 and multidimensional solution 
NMR spectroscopy,96 be it that the latter experiments are complicated by the very high 
degree of disorder of a large part of the polypeptide backbone of PYP when the protein 
resides in its signaling state. Only recently has it turned out possible to record well-
resolved spectra of the signaling state of PYP with 15N,13C-NMR spectroscopy in 
solution.97 

To characterize the different photocycle pathways that PYP goes through upon 
photoactivation in a crystal lattice and in aqueous solution (both a room temperature), 
dedicated spectroscopic experiments were designed both with microcrystals and with 
crystals of a size suitable for diffraction studies.98, 99 These experiments have revealed 
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that the crystal lattice does not only accelerate the thermal recovery of the ground state 
of PYP approximately 10-fold; it also allows various branching pathways to make a 
significant contribution to this recovery.99 These studies have clearly shown that the 
presence of a crystal lattice confines the extent to which the PYP backbone reversible 
unfolds with respect to the degree of transient unfolding in solution. 

In vivo, the PYP functions in the cytoplasm of H. halophila.100 The freedom it 
experiences for dynamical alterations in its structure in this crowded bacterial cytoplasm 
is as yet unknown, but may be intermediate between that of an aqueous buffer and a 
crystalline lattice. Particularly, the precise nature of the interaction of PYP with 
downstream transducer proteins may tip the balance to either of these. 

Photoactivity of the Xanthopsins 

Photoactivity of the Xanthopsins expresses itself in the form of a photocycle. When a 
Xanthopsin in the ground state absorbs a photon of the proper wavelength, structural 
changes occur in the protein that lead to a signaling state that can be “read” by the 
organism it resides in. From the signaling state, the Xanthopsin spontaneously returns to 
its stable ground state. This self-regenerative cycle only requires the holoprotein to be in 
hydrated form and does not require the presence of a membrane, additional proteins, or 
cofactors, etc.. Most Xanthopsin research is focused on this photocycle or a part of it. 
The best-studied Xanthopsin by far is PYP from H. halophila. Therefore, the photocycle 
of this protein will be discussed in detail in the following. 

Basic photocycle 

Though models for the photocycle of PYP have become more and more elaborate over 
the years, they still feature no more than the three basic intermediates that were initially 
described93 (Fig. 1.5): (i) the ground or dark-adapted state, pG, in which the 
chromophore is deprotonated and the isomerization state of the chromophore is trans; 
(ii) pR, a spectrally red-shifted state (relative to pG), which is formed on a nanosecond 
timescale, in which the chromophore is still deprotonated but its configuration has 
changed to cis; and (iii) pB, a spectrally blue-shifted state (relative to pG), which is 
formed on a microsecond timescale. This species is presumed to be the signaling state 

Figure 1.5. Basic photocycle 
model of PYP. Nomenclature 
used in this thesis is indicated in 
the top-left of the balloons. 
Alternative nomenclatures found 
in the literature are indicated 
bottom-right of the balloons. 
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of the photoreceptor. It is stable enough to allow for a signal to be processed by the 
organism. In the pB state, the chromophore has become protonated while it retains the 
cis configuration. The holoprotein subsequently recovers to its ground state on the 
millisecond to second timescale. 

These three major steps, isomerization, protonation change, and recovery, are 
also observed in the sensory rhodopsins, which have a similar cellular function as PYP, 
but are structurally very different. It is interesting to note that although the Xanthopsins 
and sensory rhodopsins have evolved separately, the photochemical mechanism they 
use to generate a signal from an absorbed photon is essentially the same. 

Photocycle interpretation 

Over the years, several nomenclatures for the photocycle intermediates have been 
introduced. As the photocycle models become more and more complex, so does the 
nomenclature. Unfortunately, there is not a single nomenclature that is really able to 
handle all the new intermediates that meanwhile have been described. All the different 
nomenclatures contain the aforementioned three basic photocycle species and can 
therefore be compared using these three species as a reference (see Fig. 1.5). Initially, 
these ground, red-shifted, and blue-shifted states were called P, I1, and I2.

93 In 1995, the 
names pG, pR, and pB were introduced by Hoff et al..101 Yet another nomenclature102 
was introduced in 1996, in which these species are called PYP, PYPL, and PYPM, a 
nomenclature based upon the photocycle nomenclature of bacteriorhodopsin. To add to 
the confusion, in 2005 the use of the name I2’ instead of I2

103 was proposed, while I2 is 
used to indicate an intermediate introduced in 1996 as pB’.104 This nomenclature is 
becoming even more complicated by the use of various photocycle models that 
introduce “new” intermediates to describe results obtained under very specific reaction 
conditions. 

Proteins are not static, but highly dynamic molecules. We therefore should see 
a photocycle intermediate as an ensemble of similar but individually different structures. 
The question is then of course what criterion is used to assign a structure to a specific 
intermediate ensemble. We have chosen to take the three main photocycle intermediates 
(pG, pR, and pB; see Fig. 1.5) as anchor points. We then subdivided the ensembles 
representing the intermediates into sub-ensembles relevant to a specific analysis 
problem. Figure 1.6 shows an example for the pH dependence of the photocycle. Note 
that the intermediate ensembles are subdivided horizontally according to pH (left to 
right represents a change from low to high pH). In addition, several characteristics of 
interest (isomerization state, and protonation state of the chromophore and E46, folding 
state of the protein, and absorption maximum) are shown for each species. Of course, 
other characteristics may be chosen as well depending on the situation. A more detailed 
explanation of the pH dependence of the photocycle is given in the following. However, 
we would like to note two aspects of this photocycle: (i) There are five sub-species of 
pB indicated in the photocycle, with apparently quite different characteristics, such as  
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Figure 1.6. pH dependent photocycle scheme for PYP. The scheme is an adaptation of the scheme presented 
in reference105. The initial reactions are depicted in their most basic form, that is, light-induced formation of 
the excited state followed by formation of either pG or pR. Light-induced reactions are illustrated by a * next 
to the arrow. For each species in the scheme, several characteristics are depicted as indicated by the legend 
(bottom-right): cis/trans, the chromophore’s isomerization state; pCA, Glu46, and Tyr, the protonation state of 
respectively the chromophore, of residue 46, and of tyrosine residues (black is protonated, white is 
deprotonated); Fold, the folding state of the protein; λmax, the absorption maximum. Absorption maxima in 
italics are assumed. The following folding states are distinguished: IC and IO represent the closed and open 
form of the initial folding state of pG; SC and SO represent the closed and open form of the signaling state 
(pB); D represents an undefined denatured/unfolded state; C represents a hypothetical folded state that is able 
to catalyze chromophore isomerization. 
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the UV/Vis absorption maximum. Generally, one would try to think of different names 
for these species when depicted in a single figure. However, if one would have to 
describe them at a single pH, one would likely just use pB (or an equivalent from one of 
the other nomenclatures). (ii) There is more than one route to step through the 
photocycle. The sample pH then will determine which route is the dominant route. 
Furthermore, depending on the physicochemical conditions of an experiment, one could 
construct additional routes when necessary. This partly explains the multitude of 
photocycle models for PYP that have been suggested in the literature. 

Experimental context 

It is of crucial importance to take experimental context in consideration, when 
comparing different experiments. Four different experimental parameters are of basic 
importance: temperature, nature of the solvent, mesoscopic context (or phase), and 
illumination conditions. The first one, temperature, is obviously important in kinetic 
experiments. At very low (cryogenic) temperatures, certain photocycle species may be 
trapped,102, 106 while others cannot be formed. The second one, the nature of the solvent, 
is also very important and is usually different between different experiments. Though 
pH is probably the most important solvent feature that has an effect on, for example, the 
kinetics of the photocycle,107, 108 others such as hydrophobicity of the solvent,93 type and 
concentration of solutes present,92, 93 and the nature of the solvent itself (e.g., water vs. 
deuterium oxide)107 also can have their effect on the data. The third experimental 
parameter is the mesoscopic context or phase. In the crystalline phase (or lattice), no 
large structural change is observed in the protein upon formation of the signaling state, 
whereas when the protein is in solution such a significant overall structural change is 
observed.98, 99 Furthermore, illumination conditions can also have pronounced effects on 
the data, particularly, the color and intensity of the light are important. The choice of 
wavelength can already have an effect on which photocycle species are formed.102, 106 
Also the duration of the excitation pulse can have an effect. Longer illumination allows 
the possibility of photo-activation of photocycle species other than the ground state109 
and may lead to hysteresis effects in the recovery.110 It should be kept in mind that in 
UV/Vis experiments the probe beam also contributes to illumination of the sample. 

Photocycle of PYP 

The key element of the photocycle is the transition between the ground/dark state and 
the signaling state. In the signaling state, PYP interacts with a putative transducer 
protein to signal the cell that a blue photon has been absorbed. Therefore, this state 
needs to have a relatively long lifetime to allow for this communication. Since the 
interacting transducer protein is poorly characterized,111 all experiments have so far 
been performed with purified PYP itself. It is possible that certain characteristics of the 
signaling state will change when transducer protein is added. An example of the 
dramatic effect that a transducer protein can have on a photosensory protein can be 
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observed in sensory rhodopsin I. Here, in the absence of the transducer protein, the 
sensor protein acts as a proton pump, while in the presence of the transducer protein the 
proton pump activity is lost.112 Also, the pH dependence of the photocycle kinetics of 
sensory rhodopsin I changes upon removal of the transducer protein.112 This does not 
imply that measurements on just the isolated photosensor are obsolete. On the contrary, 
any differences between the characteristics in the absence and the presence of the 
accompanying transducer may lead to a better understanding of how a signal might be 
transmitted. 

pH dependence of the photocycle 

Before breaking down the photocycle into its elementary partial reactions, it is good to 
have a closer look at the pH dependent aspects of the complete photocycle as illustrated 
in Figure 1.6. At first glance, this representation of the photocycle looks rather 
complicated. However, all species in a horizontal line have the same name (e.g., pG, 
pR, and pB) and the same basic structure (see above). The point is that these species 
essentially are sub-species of the named species. It then depends on the pH which of 
these sub-species will dominate the mixture and the sub-species represent sub-
ensembles of the main species. Depending on the absolute pH, the dominant route 
through the various (sub)species in the photocycle will vary. This to the point that some 
intermediates (like pB’ and pG’) may even be bypassed altogether under certain 
conditions. This explains some of the seemingly contradictory results that can be found 
in the literature. 

The pH dependence of the photocycle in Figure 1.6 is illustrated via the 
equilibrium reactions between sub-species on a horizontal line, in which low to high pH 
is from left to right. Note that for any given pH, more than one sub-species may be 
present (dictated by the pKs involved) and consequently more than one route through 
the photocycle may be possible. The complexity that this introduces is in most cases not 
detected in the experimental data, which in most cases is (and should be) analyzed with 
(highly) simplified models. This complexity can only be fully revealed if a series of 
measurements is analyzed in which specific conditions, such as pH, ionic strength, and 
temperature, are systematically varied. Regardless of the experiments, one might want 
to perform with PYP; this underlying complexity of its behavior should always be kept 
in mind, as the experimental conditions selected can have an important impact on 
results. 

Initial Events 

The initial photocycle events, studied in the science domain of biophysics, generally 
hold the key to important biological characteristics of a photosensory receptor, such as 
light sensitivity, and photocycle efficiency (or photocycle quantum yield). In its most 
basic form, the initial events can be depicted as the formation of a photon-induced 
excited state, which subsequently relaxes either back to the original dark state or to the 
first intermediate in the photocycle (see Fig. 1.6). On the other hand, one can also try to 
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describe all the different reactions in the initial photocycle step that leads to either 
formation of pR or pG. In both cases, the very first step, formation of an electronically 
excited sate, is the same. Assuming that every absorbed photon results in the formation 
of an electronically excited state, an equation can be derived for the rate with which the 
excited state is formed (see Equation 1.1).105 In this equation, �� represents the light 
intensity (in mmol cm-2 s-1) for a specific wavelength range; � represents the molar 
extinction coefficient (in M-1 cm-1) for the same specific wavelength range; � represents 
the light’s path length (in cm) through the sample; ��� represents the concentration of 
the photon absorbing species (in M). Note that in most cases, Equation 1.1 can be 
approximated by Equation 1.2. One can use these formulas to simulate the light 
dependent reaction(s) of photocycles: 

� =
��
����������

����     Equation 1.1 

� ≈ �����(��)    Equation 1.2 

Trying to deduce what exactly happens after formation of the excited state of 
pG is a difficult exercise. This is evidenced by the very different models for the initial 
events in the PYP photocycle that have been published over the years. Furthermore, 
only very few experiments have been performed to analyze how much the experimental 
context influences these initial events. 

Light absorption by the chromophore of PYP induces primary photochemistry 
that leads to its cis configuration within a few picoseconds, with a quantum yield of 
0.35.113, 114 The structural transition underlying this trans/cis isomerization can only be 
completed in a complex reaction in which also the hydrogen bond between the C9=O 
group of the chromophore, and the nitrogen atom of the peptide bond between P68 and 
C69 is disrupted, to allow the C9=O group to rotate around the long axis of the 
chromophore to stabilize the isomerization of the C7=C8 ethylenic bond87, 115 so that the 
first cis ground state intermediate (GSI) I0 can be formed. 

During the past few years, it has become clear that in parallel, a transient 
GSI116 is formed, which may well also have an isomerized C7=C8 ethylenic bond but has 
its carbonyl group still hydrogen bonded to the nitrogen atom of the proteins’ 
backbone.117 This GSI is also formed with a quantum yield of approximately one-third 
(the remaining one-third fraction decays through internal conversion) and then rapidly 
(i.e., with a half-life of 6 ps) thermally relaxes back to the stable GSI. The I0 
intermediate converts with near 100 % efficiency into the pR1 state (also denoted I1) and 
subsequently to the pR2 intermediate, through additional configurational relaxation of 
the cis-chromophore. Discovery of this transient GSI has been relevant not only for the 
proper understanding of the primary photochemistry of PYP, but also has resolved 
several controversies on this aspect, for example, related to quantum yields. 
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Recently, the formation of the GSI was shown to be due to a fraction of 
molecules in which the hydrogen bond between the C9=O group of the chromophore, 
and the nitrogen atom of the peptide bond between P68 and C69 is not disrupted during 
the initial stages after photoexcitation.118 Whether or not the chromophore in this GSI 
state has a true cis configuration, or (still) is in a distorted trans configuration, remains 
to be established. 

Considering that formation of the electronically excited singlet state in PYP is 
accompanied by a very large charge redistribution, as was demonstrated with Stark 
spectroscopy,119 and that for several organic dyes with a pronounced donor/acceptor 
asymmetry across the ethylenic bond light absorption leads to the formation of a so-
called twisted-intramolecular charge transfer (TICT) state,120 the relevance of single-
bond rotation has been discussed for PYP. Independently, this issue was addressed in 
QM/MM calculations on a model system that simulates the primary photochemistry in 
PYP.87 Our experiments show that such single-bond rotation indeed is relevant; 
however, most surprisingly, not as an alternative to double-bond isomerization, but 
rather to facilitate it (see chapter 3). 

After (spectroscopic) identification, the next important issue for any 
intermediate is its spatial structure. Consensus exists on the view that the protein part 
shows very little structural change during the first step of the photocycle and that even 
the aromatic ring of the chromophore stays more or less at the same position.121-123 The 
only way to facilitate isomerization of the chromophore under these conditions is by 
rotating the thiol ester carbonyl. This carbonyl flip can be interpreted as a double 
isomerization around the C7=C8 double-bond and the C9–S single-bond, that is, the 
chromophore configuration changes from C7=C8-trans C9–S-cis to C7=C8-cis C9–S-
trans. This model was first introduced on the basis of low temperature Fourier transform 
infrared spectroscopy (FTIR) spectroscopy104 and later confirmed.98, 122, 124 

The (free) energy content of PYP increases from 120 to 160 kJ mol-1 upon 
formation of pR.113, 125 This means that about half the energy of an absorbed photon is 
stored in the holoprotein at this point (a photon with a wavelength of 446 nm has an 
energy content of 268 kJ mol-1). This amount of energy should then be enough to drive 
the remainder of the photocycle. This also implies that half the energy of the absorbed 
photon is lost in, for example, thermal relaxations. FTIR analysis of the cryotrapped 
intermediates in the first step of the photocycle suggests that there is very little 
structural difference between these intermediates.122 Thus, small movements induced by 
thermal relaxation may dictate the exact isomerization path of the chromophore. 

Signaling state formation 

Much of the early work on the photocycle of PYP assumed a simple three state 
photocycle model, that is, with the pG, pR, and pB state only. In these models, 
formation of the signaling state, that is, pB (from pR), has been described both as a 
kinetically bi-exponential and as a mono-exponential event. Actually, the first detailed 
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analysis of the photocycle of PYP92 postulated a photocycle containing an additional 
intermediate with similar spectral properties as pB, because of the observed bi-
exponential kinetic character of pB formation. However, this model was refuted in a 
subsequent paper.93 Later, the intermediate pB’ was introduced as an intermediate in the 
pR to pB photocycle step based on results obtained with FTIR spectroscopy.98 A 
subsequent detailed laser induced transient UV/Vis spectroscopic kinetic analysis of the 
photocycle confirmed the existence of this intermediate and showed it has spectroscopic 
properties very similar to those of pB.107 Here, it was also revealed that the pB’ 
intermediate is in equilibrium with pR, which explains the previously observed bi-
exponential character of the pR to pB photocycle step.91, 92 

Structural relaxation of pR 

After formation of pR, additional relaxation events occur in the protein.126, 127 Through 
the use of the transient grating and pulsed-laser photoacoustic methods, it was shown 
that a microsecond dynamic component exists during the lifetime of pR. This indicates 
that after the structural changes in and immediately around the chromophore are 
completed, additional structural changes occur in the protein, further away from the 
chromophore. Thus, pR can be decomposed into the intermediates pR1 and pR2. Though 
the transition from pR1 to pR2 initially was claimed to be spectrally silent, the transition 
presumably was already observed earlier in UV/Vis data.91 However, as this transition 
contributed only very little to the total UV/Vis signal, no confident assignment could be 
made in those experiments. In a more recent analysis of UV/Vis data,107 reaction 
kinetics were obtained that fit the pR1 to pR2 transition, observed via transient grating. 
Though the obtained spectra for both pR intermediates are very similar, pR1 seems to 
have a slightly higher extinction coefficient than pR2, whereas the λmax values are 
indistinguishable. 

Protonation change upon pB’ formation 

One of the major events that have to occur in the transition from pR to pB is protonation 
of the chromophore. FTIR measurements have shown that deprotonation of E46 and 
protonation of the chromophore are a single event, which is followed by structural 
change of the protein.98 This interpretation led to the introduction of the pB’ 
intermediate, which then converts into the pB state. A photocycle model that included 
the pB’ intermediate was then used to analyze UV/Vis data in a study on the kinetic 
deuterium isotope effect in the photocycle of PYP.107 From these analyses, it was 
evident that pR and pB’ exist in an equilibrium that shifts toward pB’ upon going to the 
extremes of pH (both low and high pH). The observed kinetic Deuterium isotope effect 
is in line with a proton transfer from E46 to the chromophore for the whole pH range 
that was investigated (pH 5-11). However, for the return reaction, the situation is more 
complex. Here, formation of pR from pB’ can occur via different routes, dependent on 
pH. The shift of the pR/pB’ equilibrium toward pB’, when going to the pH extremes, 
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also explains the shift toward mono-exponential behavior for the formation of pB at 
these latter pH values. 

The UV/Vis spectroscopic properties of pB’ and pB are rather similar,107 which 
explains why the first experimental evidence for the existence of this intermediate was 
obtained via FTIR measurements. The pB’ spectrum is most similar to the pB sub-
species that dominates at low pH (see Fig. 1.6). Incidentally, this is also the pB sub-
species that shows the least structural change, and thus of all the pB sub-species 
presumably structurally resembles pB’ the most. However, pB’ typically transforms into 
either pR or the pB sub-species that dominates at medium pH. The latter has an 
absorption maximum blue-shifted by 13 nm with respect to pB’. 

Structural change upon pB formation 

Another major event that occurs in the transition from pR to pB is structural change. 
From the strongly nonlinear Arrhenius kinetics of the pG recovery reaction,94 it was 
concluded that the signaling state of PYP is at -least partly- unfolded. In a mutant with 
the first 25 N-terminal amino acids removed,128 the deviation from normal Arrhenius 
behavior was largely gone. It therefore seems that the N-terminal region of PYP is 
largely responsible for the large structural change upon formation of the signaling state. 
Several other methods, for example, CD, NMR, fluorescence, and FTIR spectroscopy 
have confirmed this partial unfolding. 

Hydrogen-Deuterium exchange measurements in particular have contributed to 
the insight into the structural change that is at the basis of signaling state formation in 
PYP. Whereas a buried hydrogen atom may take days to exchange, an exposed 
hydrogen atom may be exchanged within seconds. PYP contains 235 potentially 
exchangeable hydrogen atoms, 42 of which are from (de)protonatable groups. In a study 
with electrospray ionization mass spectrometry,129 it was shown that in the dark, less 
hydrogen atoms were exchanged for deuterium atoms compared to an experiment 
performed in the presence of light. Also, in apo-PYP 29 potential exchange sites resist 
exchange, which can be interpreted as that 29 or less of the 42 (de)protonatable groups 
are deprotonated. Additionally, it may mean that apo-PYP has a certain degree of 
structure, depending on the actual number of deprotonated groups. The light induced 
hydrogen-deuterium exchange was independently confirmed using FTIR difference 
spectroscopy.129 Though these experiments show that there is a difference between the 
ground and signaling state of PYP with respect to hydrogen-deuterium exchange 
protection, they do not pinpoint the areas of the protein responsible for the observed 
differences. However, it is possible to obtain more specific information with NMR 
spectroscopy.130 Though it was only possible to obtain specific information for the 
backbone amide exchangeable hydrogen of 51 residues, 14 of these showed a 
significant change in protection (i.e., resistance against exchange) upon formation of the 
signaling state pB, that is, only two less than the number predicted by mass 
spectrometry, which was not limited to the backbone amide hydrogen atoms. The 
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residues with the most significant loss in protection are F28, E46, and T70. The latter 
two are close to the chromophore, whereas F28 is close to E46. These results have been 
confirmed and extended by Brudler et al..131 

In a solution NMR study of the pB intermediate, it was shown that pB exhibits 
structural and dynamic disorder with respect to the ground state.132 Interestingly, a 
subsequent NMR study of pBdark formation130 showed that pBdark and the photocycle 
intermediate pB are very similar. It was also made clear that upon formation of pBdark, 
the protein can be divided into three parts, a relatively stable core (residues 32-41, 80-
94, and 113-122) and two areas that display large structural perturbation: the N-
terminus (residues 6-18 and 26-29) and the area around the chromophore-binding site 
(residues 42-58, 69-78, and 95-100). As discussed earlier, the structural perturbations of 
the N-terminus are largely responsible for the observed non-Arrhenius behavior of the 
photocycle kinetics. Furthermore, the NMR data suggest that the pB intermediate is a 
mixture of structurally perturbed forms and a form structurally similar to the ground 
state, or more specifically, similar to the pB crystal structure.90 

The trigger for the major structural change upon formation of pB is the 
formation of a buried negative charge on E46 when it donates its proton to the 
chromophore.98 After formation of pB’, the buried negative charge, initially located on 
the chromophore, is centered on E46. On the chromophore, the negative charge can be 
effectively neutralized by delocalization of the charge and the hydrogen bonding 
network of the chromophore. On E46, the buried negative charge cannot be effectively 
neutralized. This leads to a stress situation within the protein, which can be relieved via 
several routes. One is return to the pR state, reflecting the reversible nature of pB’ 
formation (see earlier paragraphs). Other routes lead to the formation of pB. The extent 
of the structural change upon formation of the pB intermediate depends then on the 
route taken. One route to relieve the buried negative charge is to expose it to solvent, 
which requires structural change of the protein. Another route is to protonate the E46, 
but not via the chromophore since that would lead to the reformation of pR. Once E46 is 
protonated, the stress situation is relieved and a large structural change is no longer 
necessary. Since protonation changes play a key role, it is to be expected that these 
events are pH dependent. Thus, depending on the pH, one route may dominate over the 
other. In fact, a pH dependence of the extent of structural change has been observed to 
coincide with protonation of E46.133 Of course, both routes to pB mentioned here 
assume that pB’ is formed as an intermediate. It is also possible that a direct, or 
alternative, route from pR to pB exists. In such a route, E46 may stay protonated, that is, 
it does not donate a proton to the chromophore. The chromophore then becomes 
protonated only after exposure to the solvent, or via another residue (e.g., Y42). Such a 
route would require little structural change of the protein and might be preferred in the 
crystal environment. All mentioned routes are possibilities, and depending on the 
conditions one particular route may dominate. The key factor in all these routes is what 
happens to the protonation state of both E46 and the chromophore. In fact, it has been 
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shown that for the E46Q mutant in solution, the structural change upon formation of pB 
is significantly less compared to the wild type protein.98 In this mutant residue, 46 no 
longer can donate a proton to the chromophore, and thus, no buried negative charge is 
formed on residue 46, and hence less driving force for structural change is generated. 
Though residue 46 plays an essential role in the amount of structural change that takes 
place, other residues may also have influence. For example, H108 also has influence on 
the extent of structural change as it has been shown that the mutant H108F also exhibits 
less structural change compared to the wild type protein.134 

The pH dependence of structural change has also been shown to exist via 
transient probe binding,135 showing less structural change at low pH. Together with 
experiments monitoring the pH dependent net proton uptake/release of PYP during pB 
formation136 and pH dependent FTIR results,133 this leads to the conclusion that the pK 
of E46 in pB is 5.5, so that above pH 5.5 much more structural change occurs than 
below. 

The structural change upon formation of pB is typically related to changes in 
the N-terminus. However, significant structural changes also occur on the other side of 
the central β-sheet, around the chromophore pocket. This was nicely demonstrated by 
NMR measurements on a mutant of PYP lacking the N-terminus.96 Furthermore, these 
latter measurements showed that the N-terminus most likely is involved in stabilizing 
the helix containing residues N43 to T50 (helix α3). These NMR results were 
independently corroborated via parallel tempering simulations initiated to simulate the 
formation of pB.95 Further simulations showed the importance of helix α3 for the 
successful recovery of the ground state.137 These pioneering steps in trying to simulate 
events that take place on a millisecond timescale have since then been improved to the 
point that the mechanisms underlying the transition from pB’ to pB can be deduced.138 
Here, a salt-bridge between D20 and K55 appears to play an important role. As such, 
the effect of salt (or ionic strength) on the PYP photocycle may be linked to this salt-
bridge. 

Ground state recovery 

Recovery of the ground state can be achieved either spontaneously in the dark or light 
induced via an accelerated path. In the latter, a photon absorbed by pB’ and/or pB 
photo-isomerizes the chromophore, thereby allowing a 1000 fold increase in the rate of 
recovery, with respect to the rate of recovery in the dark.139 The existence of this 
branching reaction can influence data in the presence of light that can be absorbed by 
any of the pB intermediates. This may allow recovery kinetics to appear faster than they 
really are in the absence of this light.140 Such accelerated recovery with visible light can 
be exploited in the study of the very slow recovery variants, like M100A. 

During the thermal recovery of the ground state of PYP, several events have to 
take place simultaneously. The chromophore has to re-isomerize to the trans form; the 
protonation state of several residues and the chromophore have to be changed, and the 
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protein needs to return to its original fold. Though these are seemingly distinct steps, 
until recently, they often were assumed to occur concertedly. However, it had already 
been suggested that prior to isomerization, the chromophore must first be deprotonated, 
and thus an intermediate must exist between pB and pG.141 Confirmation of the 
existence of this intermediate was obtained in measurements of the kinetic deuterium 
isotope effect.107 Here, it was shown that deprotonation of the chromophore occurs prior 
to its isomerization. Though deprotonation of the chromophore aids the re-isomerization 
of the chromophore tremendously,142 this re-isomerization is still a rate controlling step, 
in which the protein fold likely plays a crucial part. Only recently, the existence of such 
an intermediate was actually shown experimentally, in an extensive pH dependent study 
on PYP recovery.105 The new intermediate was named pG’ and appears to have a 
UV/Vis spectrum highly similar to pG, indicating that the chromophore is already 
deprotonated in this photocycle intermediate, as suggested before. It also explains why 
pG’ was not noticed before. The pG’ intermediate is characterized by a deprotonated 
chromophore and a folding state that allows re-isomerization of the chromophore. This 
latter characteristic is important, as this intermediate has an absorption spectrum that is 
similar to that of the ground state of PYP and not one that is similar to the pB 
intermediate at high pH, which also has a deprotonated chromophore but has its 
absorption maximum around 430 nm.107, 136 

Several studies have been done to study refolding of PYP. In a study utilizing 
the denaturants urea and guanidinium·HCl, refolding was studied in unfolded ground 
state protein and in the unfolded signaling state.143 The major difference between these 
two denatured forms of the protein is the isomerization state of the chromophore. Where 
refolding from the denatured ground state is a mono-exponential event, refolding from 
the denatured signaling state is bi-exponential. Here, the fast component is identical to 
refolding from the denatured ground state, and the slow exponent has a rate similar to 
the photocycle ground state recovery rate under similar conditions. This indicates that 
after the signaling state renatures, it recovers to the ground state through the regular 
photocycle pathway. Interestingly, extrapolation of the obtained refolding kinetics in the 
absence of denaturant shows close to a 1000 fold faster rate for refolding for the protein 
with the chromophore in the trans state compared to protein with the chromophore in 
the cis state. This is similar to the difference in rate observed between the ground state 
recovery in the dark and photo activated ground state recovery via the branching 
reaction.139 

Similar experiments with the acid denatured state of PYP were also 
performed,144 and similar results were obtained. Refolding from the acid denatured state 
with the chromophore in the trans state, that is, pBdark, is 3-5 orders of magnitude faster 
with the chromophore in the cis state. Interestingly, it was shown with temperature 
denaturation that in the acid denatured state, the chromophore is in the cis state, the 
protein is more stable than when the chromophore is in the trans state. Furthermore, it 



Chapter 1 

28 

was shown that the acid denatured state with the chromophore in the cis state is very 
similar to the photocycle intermediate pB. 

For a few mutants of PYP, a dramatic decrease in recovery rate has been 
observed, that is, E46D,145 M100A,146 and M100L.147 This indicates that E46 and M100 
are important for facilitating recovery. M100 is important for the re-isomerization of the 
chromophore, as indicated by the dramatic increase in rate of recovery when the 
chromophore is photochemically re-isomerized in the M100A mutant.146 In a recent 
study, it was argued that the electron donating character of the residue at position 100 
influences the rate of recovery through interaction with another residue, most likely 
R52.148 With the E46D mutant, such a dramatic increase in recovery rate was not 
observed upon photochemical re-isomerization of the chromophore.145 As such it is 
likely that E46 is important for refolding of the protein, though it may still be involved 
in dark re-isomerization of the chromophore. 
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Photo-inactivation of bacteria with UV and blue light 

M. Hospes and K. J. Hellingwerf 

Abstract 

Light -especially, the UV part of the spectrum- can have both lethal and sub-lethal 
effects on organisms, depending on the applied emission wavelength and intensity and 
therefore, it is a stress factor for microorganisms. Many bacteria have photoreceptor 
proteins to sense the light conditions of their environment. E. coli express blue light 
photoreceptor YcgF and B. subtilis YtvA. Here, we report that for E. coli blue light at 
high intensities (>170 µEinstein m-2s-1) leads to a small inhibition of the growth rate at 
15°C. This growth inhibition is much smaller than the inhibition reported previously. 
Also, we observe growth inhibition by 395 nm light, which is temperature dependent. 
The growth inhibition by blue and 395 nm light is larger for B. subtilis compare to 

E. coli. Further, B. subtilis is more sensitive for blue light than for 395 nm. We have 
also tested two UV-C lamps, emitting at 207 and 254 nm, respectively, for disinfection 
use. This has been done by measuring the survival of E. coli and B. subtilis cells on agar 
surfaces after illumination; by measuring the effect of illumination on the growth of E. 

coli and B. subtilis liquid cultures, and by analyzing the survival of B. subtilis spores 
after illumination and the effect of illumination on the germination of these spores. In 
all experiments performed, 254 nm light has larger inactivation effects on the cells and 
spores than 207 nm light. 
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Introduction 

Sunlight can be a harmful source of radiation, capable of damaging microorganisms.32 
Especially, the UV part of the sunlight spectrum is harmful.32, 33, 149 Blue light can be 
taken as a sign for the presence of harmful intensities of UV light. In accordance with 
this, it has been observed that blue/UV light is a stress factor for microorganisms.150 To 
protect themselves against this type of radiation, specific pigments are synthesized 
and/or bacteria migrate to less intense illuminated areas, using phototaxis responses.150 
Many bacteria have photoreceptor proteins to sense the light conditions of their 
environment.3, 151 

YcgF is a blue light photoreceptor from E. coli and consists of a BLUF and an 
EAL (like) domain,28 and presumably has a role at lower temperatures29-31 when the σS 
dependent general stress response is also activated.152, 153 Blue light activation of YcgF 
causes it to bind YcgE.29 YcgE is a repressor of the ycgZ-ymgABC operon and is 
released from its target operon by binding of YcgF upon blue light irradiation.29 
Tschowri and colleagues have reported that blue light irradiation reduces growth of 
E. coli at low temperatures29. At 16°C the growth rate of E. coli irradiated with blue 
light is lower than when E. coli is growing in the dark. To investigate the role of YcgF 
in this blue light effect at low temperature, we have compare the growth of wild type 
E. coli, a knock out mutant of ycgF, and a complemented strain in which the ycgf 
function is restored. 

Bacillus subtilis also activates its general stress response at low temperature.154, 

155 The general stress response of B. subtilis is regulated by σB (see reviews156, 157). 
Environmental stress such as salt, ethanol or blue light activates the general stress 
response via stressosomes in this organism which exist of RsbR, RsbS and RsbT 
proteins.26, 156, 158 The RsbR paralog YtvA is the blue light photoreceptor in this 
pathway.26 A significant light dependent activation of the general stress response by 
YtvA is not detected unless the cells are simultaneously exposed to another stress, like 
salt stress, or when YtvA is overexpressed.26 The activation of the general stress 
response provides non-growing and non-sporulating cells with multiple-stress 
resistance.159, 160 The minimal growth temperature for B. subtilis is 11°C and at 15°C the 
dedicated stress sigma factor σB is activated.155 

To investigate whether blue (470 nm) light also inhibits growth in B. subtilis, 
we compare growth of blue light illuminated cultures and cultures kept in the dark. 
Furthermore, we used also another light source, with a wavelength of 395 nm, to 
analyze the wavelength dependence of the light effect on growth rate. The wavelength 
of 395 nm is at the transition from UV to visible light and both 395 nm and 470 nm are 
wavelengths often used in in vivo spectroscopy studies of flavin containing 
photosensory receptors -like LOV and BLUF domains- and cryptochromes.150, 161 

UV light can have both lethal and sub-lethal effects, depending on the applied 
emission wavelength and intensity.33, 162 The lethal effect of UV light on 
microorganisms has been exploited to develop disinfection methods.33, 44 In addition to 
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the studies using visible and UV-A light, we have tested two UV-C lamps, emitting at 
207 and 254 nm, respectively, for the use in disinfection protocols. This has been done 
by measuring the effects of these UV lamps on both growth of E. coli and B. subtilis 
cells exposed to the UV light in liquid culture and on an agar surface. Also the effects of 
these UV lamps on B. subtilis spores were measured. 

B. subtilis cells generally form spores when nutrient limitation sets in (for 
review see references135, 163). Spores are metabolically inactive and can survive for long 
periods of time without nutrients. They germinate into vegative cells again when 
nutrients become available. Germination is followed by outgrowth of new cells. Spores 
are very resistant towards many stresses, including, heat, toxic chemicals, and UV 
radiation.164 This resistance is caused by the chemical composition of the spore coat, the 
low water content of the spores, and molecules such as small acid-soluble proteins 
(SASP) and dipicolinic acid (DPA) inside the spores.164 SASPs protect DNA by binding 
to it. DPA, which is present in the spore core, lower the spores water content and act as 
photosensitizer.165. Spores are 5 to 50 fold more resistant to UV light than vegetative 
cells 166. Spores lack enzyme- and metabolic-activity and cannot repair damage to macro 
molecules such as DNA, be it that they can repair DNA damage during germination and 
outgrowth 164, 167, 168. If the damage is too severe for repair the (germinating) spore dies 
168-170. 

Materials and methods 

Bacterial strains and growth condition 

In all experiments wild type E. coli K12 MG1655and B. subtilis 168 1A700 were used 
if not indicated otherwise. In the blue light experiments also E. coli K12 MG1655 
∆ycgF, E. coli K12 MG1655 ycgF complemented (see below), E. coli K12 MC410029, 
B. subtilis PB19826, and B. subtilis PB56526 strains were used. Spores were produced as 
describe by Kort et al.

171. 
Cells were grown in LB, MOPS (10 mM glucose, 10 mM NH4Cl)171 or 

Evans172 medium. Agar plates consist of LB, MOPS or Evans medium, plus 10 g l-1 
(bacto-)agar. Plates were incubated at 37°C. 

Genetic manipulation of E. coli 

An in-frame deletion of ycgF in E. coli K12 MG1655 was created via standard double 

recombination gene excision using the vector pKO3. The pKO3-∆ycgF knockout 
plasmid was generated by amplifying 581 base pairs upstream of ycgF using the primer 
set 5’-GCGGCCGCTCCAGTCGGCAAAGAAG-3’; 5’-GAATTCCATGTTCCTGCG 
ATTTGCTA-3’ and 523 base pairs downstream of ycgF using the primer set 
5’-GAATTCTTTCAGGGAGATCTGTTTGC 3’; 5’-GTCGACGGCTCCAGTCATCT 
TCCGTA-3’.  These two PCR fragments were individually cloned into the pCR-
BluntII-TOPO plasmid (Invitrogen), transformed into E. coli TOP10 (Invitrogen), 
amplified, and purified.  The purified TOPO plasmid containing the upstream flanking 
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DNA sequence was cut with EcoRI and NotI and the plasmid containing the 
downstream flanking sequence was cut with EcoRI and SalI. These two cut fragments 
were then gel purified and subcloned into the SalI and NotI sites of pKO3 by triple 
ligation to create the knockout plasmid. The resultant deletion strain encodes a truncated 
version of ycgF containing the first 31 codons of the gene fused to the last 24 codons. 

The complemented strain was constructed by PCR amplifying ycgF plus ~500 
base pairs immediately upstream of the gene using the primer set 
5’-TCTAGAAAGTTTGGCACAAAGCGACT-3’; 5’-CTGCAGTCATGTGAAAGA 
ATGTGCTG 3’. This PCR product was then cloned into pCR-BluntII-TOPO plasmid 
(Invitrogen) and the resultant plasmid was transformed into E. coli TOP10 (Invitrogen), 
and then amplified and purified. The sequence of ycgF plus promoter was confirmed as 
correct. ycgF and its promoter sequence were then cut from pCR-BluntII-TOPO using 
XbaI and PstI, and subcloned into the XbaI and PstI sites of the plasmid pR6Kan 
(Epicentre). This plasmid carries an R6K origin of replication, which is not functional in 
E. coli K12, and a kanamycin resistance marker.  The pR6Kan-ycgF complementation 

plasmid was transformed into the E. coli K12 MG1655 ∆ycgF deletion strain via 
electroporation and single-copy chromosomal integrants were selected via selection on 
LB-kanamycin. 

Illumination of bacterial cultures 

For 470 and 395 nm illumination light-emitting diodes were used. Light intensities were 
measured with a model LI-250 light meter equipped with a quantum light sensor (LI-
COR, Lincoln, NE). The indicated light intensities were measured at the position where 
the erlenmeyers were placed in the incubator, and have therefore not been corrected for 
losses by reflection. The two UV-C lamps were supplied by Ushio Europe BV. One 
lamp emits predominantly at 207 nm. Figure 2.1 shows the emission spectrum of this 
lamp. The second UV-C lamp is a low-pressure mercury arc lamp and emits mainly at 
254 nm. 

Growth curve measurements under 470 and 395 nm illumination 

Overnight cultures were grown in LB medium in the dark, starting from a single colony 
from an LB plate. The overnight cultures were diluted and distributed over different 
Erlenmeyer flasks. The Erlenmeyer flasks were placed in a shaking water bath at 
200 rpm and illuminated with 470 or 395 nm light. Dark controls were wrapped tightly 

Figure 2.1. Emission spectra of the 
UV-C lamp with predominantly 
emission at 207 nm. 
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in tinfoil. Samples for OD600 measurements were taken at various time points. Samples 
from dark controls were taken with minimal red (λ > 600 nm) background illumination. 

As confirmation that the correct strains had been grown, we checked the 
cultures under the microscope and plated a small amount of each culture out on LB 
plates. The LB plates were incubated for 3 days at room temperature. The cells under 
the microscope were identified as E. coli or B. subtilis cells and all LB plates contained 
only E. coli or B. subtilis colonies. 

The presence or absence of ycgF is verified for E. coli K12 MG1655, E. coli 

K12 MG1655 ∆ycgF, and E. coli K12 MG1655 ycgF complemented strain by PCR with 
the forward- and reverse-primer set 5'-GCGGCCGCTCCAGTCGGCAAAGAAG-3' 
and 5'-GTCGACGGCTCCAGTCATCTTCCGTA-3'. With intact ycgF, this primer set 
will produce a PCR product of 2149 base pairs. If the gene is deleted, the PCR product 
will be 1045 base pairs.173 We have used this PCR reaction to confirm -after the blue 
light growth experiments- whether the gene is present or not. To this end cultures were 
plated on LB plates and incubated for 3 days at room temperature. From these plates 
colonies were picked for PCR. The PCR results confirm that the cultures of the E. coli 
strain K12 ∆ycgF after four days of growth are still lacking the ycgF gene and that in 
the E. coli k12 MG1655 and the complemented ycgF cultures the ycgF gene is present. 

Illumination of cells on agar surfaces with UV light 

Cells from an LB culture are diluted and plated out on agar plates. Open plates are 
illuminated for a short period of time with UV light. As a control, plates are used that 
are not illuminated. The plates are incubated at 37°C for 20 hours. Survival was 
monitored by determining the number of colonies appearing on the plates. The 
following equation is used to calculate the survival (�): 

� = ��
��

     Equation 2.1 

�� is number of colonies on illuminated plates and �� is number of colonies on non-
illuminated plates. 

Growth curve measurements after UV illumination 

Fresh MOPS (B. subtilis) or Evans (E. coli) medium was inoculated from an overnight 
culture in the same medium. In the exponential phase the culture is divided over several 
petri dishes. The cultures in open petri dishes are illuminated for a defined period. From 
each petri dish 6 wells (96-wells plates) are filled with 200 µl of this culture. 96-wells 
plates are placed at 37°C under shaking and OD595 is measured every 5 minutes. Non-
illuminated cultures in petri dishes serve as a control. From the culture left in the petri-
dishes dilutions are made, which are plated out on Evans/MOPS plates for survival 
calculations. 
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B. subtilis spores 

Diluted spore suspensions in petri dishes in H2O are illuminated for a defined period. 
After illumination LB agar at 55°C was added to the petri dishes and mixed. The dried 
plates with solidified agar are incubated at 37°C. The survival is measured as described 
above. 

For spore germination and outgrowth measurements, 100 µl of the illuminated 
spore suspension was added to 100 µl 2 fold concentrated LB medium (containing 20 
mM glucose, 2 mM fructose, 20 mM L-asparagine, 2 mM KCl) in 96-wells plates. 96-
wells plates are placed at 37°C under shaking and OD595 is measured every 5 minutes. 
Non-illuminated spores serve as a control. 

Results 

Light effect on bacterial growth 

We started these experiments with measuring growth of WT E. coli K12 MG1655 and 
the corresponding deletion mutant ∆ycgF at 16°C, as shown in Figure 2.2. All cultures 
were grown for 4 days, either in blue light (at 100 µEinstein m-2s-1) or in the dark. For 
dark conditions erlenmeyer flasks were wrapped in aluminum foil and placed aside 
illuminated cultures. We calculated the specific growth rate through fitting the 
exponential part of the growth curves with the formula: 

��� = ����     Equation 2.2 

Growth is measured via optical density (OD) at 600 nm. Time (�) is measured in hours. 
� is the amplitude, which is the ��� at � = �. This ��� is different than the starting 
OD600, because the cultures have a lag phase before exponential growth start. The 
specific growth rate is represented by �. The specific growth rates obtained are shown 
in table 2.1. 

We observe no difference in growth rate -nor in growth yield- for WT in blue 
light, as compared to the dark (see Fig. 2.2). The exponential phase starts after a lag 
phase of 4 hours and continues for 20 hours. In the exponential phase cells have a 
doubling time of 4.7 hours. The ycgF deletion mutant shows a slightly lower growth 

Figure 2.2. Growth curve of E. coli 
cultures at 16°C. Lines/markers represent 
non-illuminated WT K12 MG1655 cultures 
(black), continuous illuminated cultures 
with 470 nm light (red) and cultures of 
K12 MG1655 ∆ycgF non-illuminated 
(green), and continuous illuminated with 
470 nm (blue). The markers represent the 
average of three cultures. 



Photo-inactivation of bacteria with UV and blue light 

35 

rate (doubling time 4.9 h) as WT, and also no difference between blue light illuminated 
cultures and cultures kept in the dark. 

To be sure that the temperature was not too high for a blue light effect at low 
temperature, we repeated the experiment at 14°C. In this experiment we also measured 
the growth rate of a complemented ycgF strain in which the gene ycgF has been re-
introduced. The growth rate at 14°C is lower than at 16°C, which is in agreement with 
expectation. For WT and the ∆ycgF strain the doubling time is around 6.5 hours. Again, 
we observe no difference in growth (rate) between cultures in the dark and illuminated 
with blue light for WT and the ∆ycgF strain. The complemented ycgF strain grows 
slightly slower and its exponential phase of growth is shorter, as compared to WT and 
∆ycgF. The doubling time of the complemented strain is 6.9 hours. However, also in 
this strain there was no significant difference between growth under blue light and in the 
dark. 

Table 2.1. Specific growth rate for dark and blue illuminated cultures of E. coli 

E. coli strain tempe-

rature 

Dark 470 nm illuminationa 

Growth rate Standard error Growth rate Standard error 

MG1655b d 16°C 0.15 0.0029 0.15 0.0026 
∆ycgFd 16°C 0.14 0.00064 0.14 0.00080 

MG1655b e 14°C 0.11 0.00076 0.11 0.00089 
∆ycgFe 14°C 0.11 0.0022 0.10 0.00042 

Complementedc e 14°C 0.10 0.00079 0.10 0.0048 
MG1655b e 16°C 0.13 0.0021 0.13 0.0051 
MC4100b f 16°C 0.13 0.00087 0.13 0.00053 

a Intensity of 100 µEinstein m-2s-1 

bMG1655 and MC4100 are E. coli WT K12 strains. 
cIn the ycgF complemented strain the ycgF gene has been re-introduced. 
dIn triplicate; eIn duplo; fIn quartet 

 

One possible explanation why we do not observe an effect of blue light on the 
growth could be that our K12 strain MG1655 reacts differently on blue light than the 
strain used by Tschowri and colleagues.29 To investigate this we compared our strain 
K12 MG1655 with the strain K12 MC4100 from reference29. In this third experiment, 
the doubling time of MG1655 is slightly higher than we measured in the first 
experiment, 5.4 hours compare to 4.7. This slightly higher doubling time is likely 
caused by very small differences in temperature. A decrease of two degrees already 
leads to an increase in doubling time of 1.8 hours. The MC4100 strain has the same 
doubling time of 5.4 hours as our WT strain. Furthermore, we did not observe 
differences in the cultures of the MC4100 strain in the dark and illuminated with blue 
light (see table 2.1). The difference in growth for the two WT strains is that MC4100 
starts earlier with exponential growth, but its growth also stops earlier, compared to 
MG1655. 
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Table 2.2. Growth rate for dark and blue (470 nm) illuminated cultures of E. coli and B. subtilis 

tempe-

rature 

E. coli B. subtilis 

Intensity 
µEinstein 

m-2s-1 

Growth rate h-1 Intensity 
µEinstein 

m-2s-1 

Growth rate h-1 

Dark Illuminated Relativea Dark Illuminated Relativea 

37°C 253 1.28 1.37 1.07     
37°C 237 1.21 1.20 0.99 177 0.66 0.64 0.97 
37°C 166 1.36 1.44 1.06 173 0.73 0.73 0.99 
37°C 202 1.34 1.38 1.03     
25°C 201 0.52 0.56 1.07 144 0.19 0.17 0.86 
25°C 182 0.56 0.57 1.01 207 0.19 0.15 0.77 
15°C 179 0.069 0.067 0.97     
15°C 182 0.066 0.062 0.94 171 0.043 0.017 0.41 
15°C 179 0.079 0.076 0.97 204 0.042 0.013 0.30 
15°C 182 0.081 0.077 0.95     

a Relative growth rate for continuous illuminated cultures compare to cultures in the dark. 

 

To further investigate the effect of visible light on bacterial growth as a 
function of temperature, we included another prokaryote, B. subtilis. In these 
experiments we use light with a higher intensity compared to the experiments described 
above. The growth rate of E. coli and B. subtilis (strain 168 1A700) cultures in the dark 
and continuous illuminated by 470 nm light is shown in table 2.2. Also, the relative 
growth rate for continuous illuminated cultures compare to cultures in the dark is listed 
in this table. We observe for E. coli a small inhibition of the growth rate at 15°C by blue 
light illumination with intensities above 170 µEinstein m-2s-1. B. subtilis is more 
sensitive to blue light than E. coli. Blue light has already an effect at 25°C on B. subtilis. 
At 15°C the relative growth rate under blue light illumination is decreased to 0.3-0.4 of 
the growth rate in the dark. For E. coli this is only around 0.96. 

Table 2.3. Growth rate for dark and 395 nm illuminated cultures of E. coli and B. subtilis 

tempe-

rature 

E. coli B. subtilis 

Growth rate h-1 Growth rate h-1 

Dark Illumi-

nated 

Relativea Standard 

errorb 

Dark Illumina

ted 

Relativea Standard 

errorb 

37°C 1.31 1.29 0.98 0.017 0.36 0.35 0.96 0.040 
25°C 0.41 0.37 0.89 0.004 0.17 0.17 0.98 0.014 
15°C 0.092 0.086 0.94 0.022 0.021 0.0039 0.18 0.068 

a Relative growth rate for continuous illuminated cultures compare to cultures in the dark. 
b Standard error for relative growth rate 

 

We included also light of another wavelength (395 nm). In table 2.3 is shown 
the growth rate of E. coli and B. subtilis cultures in the dark and continuous illuminated 
by 395 nm light. All growth rates are the average of the growth rate from two 
independent cultures. The table includes the relative growth rate for continuous 
illuminated cultures. In contrast to blue light, 395 nm light inhibits growth of E. coli 
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cultures at all three temperatures with the largest inhibition at 25°C. Illumination with 
395 nm has a large effect on growth of B. subtilis at 15°C and a small effect at 37°C. 

B. subtilis is more sensitive to blue light than E. coli. Therefore, B. subtilis is 
suitable to investigate if a blue light photoreceptor is involved in the regulation of this 
growth inhibition. The genome of B. subtilis contains one blue light photoreceptor 
protein from the currently known photoreceptor families, namely YtvA. To study a 
possible function of YtvA in growth inhibition by blue light, we measured the growth 
inhibition by blue light for two B. subtilis strains, strain pB198 and its ytva deletion 
mutant PB565. Both strains are transcriptional fusion strains of B. subtilis which report 
σB activity through β-galactosidase activity.26 We measured the growth of these two 
B. subtilis strains at 16°C in the dark and from cultures that are illuminated with 470 nm 
light. We calculated the specific growth rate from the exponential part of the growth 
curves. The obtained growth rates are shown in table 2.4. In addition, the β-
galactosidase activities were measured at three time points during the experiment and 
expressed in Miller units as described previously.174 

Table 2.4. Growth rate and σB activity for dark and blue illuminated cultures of B. subtilis 

B. subtilis 

strain 

Intensity 
µEinstein m-2s-1 

Growth rate σB activity Miller units 

µ 
h-1 

Relativeb Growth timec 

28 h 52 h 75 h 

PB198 102 0.093 0.83 3.3 10.8 17.5 
PB198 0 0.112 1.00 2.3 3.9 6.5 
∆ytvA 1a 152 0.087 0.88 1.2 6.3 16.7 
∆ytvA 1a 0 0.099 1.00 0.0 1.6 4.1 
∆ytvA 2a 114 0.092 0.94 2.9 9.5 19.0 
∆ytvA 2a 0 0.098 1.00 0.9 2.9 5.7 

a∆ytvA strain (pB565) is derived from strain PB198. Cultures 1 and 2 are grown from two 
independent colonies. 
bRelative growth rate compare to the dark condition. 
cAt 28 hours of growth the cultures are grown exponential; around 52 hours the cultures reach 
the stationary phase; After 75 hours the experiment is ended. 

 

We observe a difference in growth rate in blue light, as compared to the dark 
for strain PB198 and its ytva deletion strain. The growth inhibition by blue light is for 
∆ytva strain smaller than for strain PB198. However, this difference is small and in the 
dark strain PB198 has a slightly higher growth rate compare to ∆ytva. The growth 
inhibition by blue light for these two B. subtilis strains (pB198 and PB565) is smaller 
than the growth inhibition measured earlier for B. subtilis strain 168 1A700 (see above). 
This may be caused by differences between the strains, by the lower light intensity, 
or/and by differences in temperature (16°C instead of 15°C) used in the experiment with 
pB198 and pB565. The σB activity increases during the experiment with high activity in 
the stationary phase. For all samples the σB activity is higher for the cultures illuminated 
with blue light compare to their corresponding samples from the cultures kept in the 
dark. For PB198 strain, the growth from a single culture in the dark en with blue light 
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illumination is measured; the ∆ytva strain is measured in duplo. These experiments has 
to be repeated to determine standard error, however the trend is clear. Blue light inhibits 
in both strains pB198 and ∆ytva strain the growth rate. The β-galactosidase results show 
that blue light illumination increase σB activity independent from YtvA. 

Cell survival 

As is well-documented in literature, illumination with UV light for only a few seconds 
can already kill bacterial cells.33 In most of these studies a low-pressure mercury arc 
lamp is used, which emits predominantly at 254 nm. We have tested two UV lamps, the 
common used mercury lamp and a UV-lamp whit emission predominantly at 207 nm 
(see Fig. 2.1). Their disinfection efficiency is measured by illumination of E. coli and 
B. subtilis cells on an agar surface. Cells from an overnight culture are diluted and 
plated out on Luria Broth (LB) agar plates. The plates are briefly illuminated with UV 
light for a period ranging from 2 to 1200 s, with a distance of 8 or 20 cm between the 
lamp and the plates. For the 207 nm lamp, the light intensity is 28.1 and 11.8 J s-1m-2 at 
a distance of 8 and 20 cm, respectively. The other lamp with 254 nm radiation has light 
intensities of 46.8 and 23.4 J s-1m-2 at a distance of 8 and 20 cm, respectively. As a 
control, plates with cells are used that are not illuminated. After 20 hours of incubation 
at 37°C, colonies are counted. From these data the survival is calculated. Also, agar 
plates of defined medium have been used. For B. subtilis MOPS medium175 was 
selected; a medium that is often used for B. subtilis. However, for E. coli MOPS 
medium is rather uncommon. Therefore, we used Evans medium172 for E. coli. Cells 
grow slower on these defined medium plates than on plates with LB. Therefore, the 
MOPS and Evans plates were incubated for 6 days. Nevertheless, already after 3 days of 
incubation most of the cells had grown into visible colonies. We have also compared 
these two UV lamps with light of 395 nm. As described above, 395 nm light inhibits 
growth of both E. coli and B. subtilis cells. 

Disinfection by UV illumination can be described by the parameters of 
inactivation kinetics (reviewed in Hijnen et al.33). Inactivation is defined by reduction in 
the survival of the cells due to UV dose. Inactivation of microorganisms is usually 
described by the log survival which has a linear relationship with the UV dose. In our 
experiments the UV dose depends on illumination time and light intensity. This can be 
described by the next equation: 

� !� = −�#     Equation 2.3 

In which � is the survival, # the UV dose which is defined by illumination time times 
light intensity, and the �-value is the rate constant of the inactivation. However, in 
many actual results it can be observed that a very low rate of inactivation of cells at low 
UV dose is followed by a log-linear relationship at longer times. This ‘shoulder’ in the  
inactivation curve can be described mathematically as followed: 

� !� = (−�#) − $    Equation 2.4 
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In which $ is the y-intercept. Furthermore, also at longer illumination times often a 
deviation from the log-linear relationship is observed; a phenomenon which is called 
“tailing”. We also observed tailing in our data set. The actual background behind this 
process is not known, therefore, we used the linear part of the inactivation curve to 
calculate the rate of inactivation. 

 

 

Figure 2.3. Survival of E. coli 
and B. subtilis cells on LB agar 
plates after illumination with UV 
light. A) Illumination with 
207 nm light of E. coli with 11.8 
(●) and 28.1 J s-1m-2 (■) light 
intensities and of B. subtilis with. 
11.8 (▼) and 28.1 J s-1m-2 (▲). B) 
Illumination with 254 nm light of 
E. coli with 23.4 (●) and 46.8 J s-

1m-2 (■) light intensities and of 
B. subtilis with. 23.4 (▼) and 
46.8 J s-1m-2 (▲). C) Illumination 
with 395 nm light of E. coli (●) 
and B. subtilis (▼).Fitted lines are 
best fits through the data with 
equation 2.4. The line styles are 
dashed (low light intensity) and 
solid (high intensity) for E. coli 
and dash-dotted (low intensity) 
and dotted (high intensity) for 
B. subtilis. 
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Table 2.5. Parameters of the inactivation kinetics 

E. coli 

Medium of 

agar plate 

207 nm radiation 254 nm radiation 

Intensity 
J s-1m-2 

k 
mJ-1m2 

Shoulder 
J m-2 

Intensity 
J s-1m-2 

k 
mJ-1m2 

Shoulder 
J m-2 

LB 11.8 3.7 665 23.4 36 82 
LB 28.1 4.1 0 46.8 >3.9 0 

Evans 11.8 1.6 14 23.4 37 57 
Evans 28.1 4.0 40 46.8 >39 0 

B. subtilis 

Medium of 

agar plate 

207 nm radiation 254 nm radiation 

Intensity 
J s-1m-2 

k 
mJ-1m2 

Shoulder 
J m-2 

Intensity 
J s-1m-2 

k 
mJ-1m2 

Shoulder 
J m-2 

LB 11.8 1.9 463 23.4 36 71 
LB 28.1 5.9 0.25 46.8 >32 0 

MOPS 11.8 1.0 510 23.4 2.6 100 
MOPS 28.1 0.60 99 46.8 5.8 75 

 

Figure 2.3 shows the survival of E. coli and B. subtilis cells after illumination 
with 207 nm, 254 nm, and 395 nm radiation. For 395 nm light the percentage of 
survival is at least 28 %. Through the high survival rate with 395 nm light, this survival 
is difficult to fit with the formula for the inactivation kinetics. The survival curves 
obtained after illumination with the other wavelengths have been fitted with 
equation 2.4. The fit is shown in figure 2.3 and the parameter values are listed in 
table 2.5. UV dose can be calculated from the light intensity and the illumination time. 
Therefore we tried to fit both light intensities for the same wavelength together. 
However, the high light intensity has a lower survival of bacterial cells with the same 
UV dose than the low light intensity. Therefore, we have fitted the different light 
intensities separately. This effect of light intensity on survival is also observed in the k-
values in table 2.5. 

The light of 254 nm light at an intensity of 46.8 J s-1m-2 is so strong that after a 
few seconds almost all bacterial cells are killed. We did not measure for periods less 
than 2 s, because then the illumination time cannot be measured accurately anymore in 
our setup. The low survival already after 2 s gives problems with an accurate 
determination of the k-value. Therefore, for these latter data we only determined a 
minimum value. 

After illumination with light of 395 nm for 300 s (data not shown), the survival 
is still above 0.28. So, 395 nm light is not effective in the inactivation of bacterial cells. 
The most effective disinfection method has no shoulder and has a high k-value. For 
254 nm light with 46.8 J s-1m-2, using LB plates, no shoulder in the survival of E. coli 
and B. subtilis is observed. For B. subtilis on MOPS plates illuminated with 46.8 J s-1m-2 
254 nm light, a shoulder of 75 J m-2 is measured. Radiation of 207 nm of 28.1 J s-1m-2 
has no shoulder for the survival of E. coli and a small shoulder for B. subtilis. This is 
true only for the cells on LB plates; E. coli cells on Evans plates have a shoulder of 
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40 J m-2 and B. subtilis on MOPS plates a shoulder of 99 J m-2. At lower intensity of 
254 nm and 207 nm light the length of the shoulder increases, except for E. coli on 
Evans plates illuminated with 207 nm light. The k-values of the 207 nm light range 
from 0.6 and 5.9 mJ-1m2, whereas the k-value for 254 nm radiation can reach up to 
values of 39 mJ-1m2. However, the lamp emitting 254 nm has a higher intensity than the 
207 nm lamp. Comparing the 207 nm light of 28.1 J s-1m-2 with 23.4 J s-1m-2 254 nm 
light, leads to the observation that 254 nm light still has higher k-values than 207 nm 
light with a slightly higher intensity. In summary, the most effective light in killing 
E. coli and B. subtilis is 254 nm light, as compared to 207 nm light. 

In addition to these radiation-inactivation experiments, also measurements 
were performed of the re-activation of growth of the cells, a few days after the radiation 
treatment. After 68 hours incubation, only a few new colonies on LB plates were 
visible. This number was so small that it was negligible (i.e., < 1.0 % of the total 
number of colonies at that illumination time). 

Figure 2.4. Inhibition of growth after 10 s illumination with 207 nm and 254 nm light for E. coli (A) and 
B. subtilis (B). Lines represent non-illuminated culture (solid bold line), illumination with 207 nm at 
intensities of 11.8 J s-1m-2 (dashed line) and 28.1 J s-1m-2 (dash-dotted line), and illumination with 254 nm at 
intensities of 23.4 J s-1m-2 (solid light line) and 46.8 J s-1m-2 (dotted line). 

Bacterial growth after UV-C illumination 

From the survival measurements on agar plates it can be concluded that cells exposed to 
UV-C light for a longer time period will die. Measuring growth rate for bacterial 
cultures, continuously illuminated with UV-C light, is therefore not meaningful. To 
determine the effect of UV-C light on the growth rate, we illuminated cultures during 
their exponential growth phase for a short time period, with light of 207 nm and 
254 nm. E. coli cells were grown in Evans medium and B. subtilis in MOPS medium. 
When the cultures were growing exponentially, they were divided over small petri 
dishes and illuminated. After illumination the growth at 37°C was measured by OD595. 
A small part of the culture was diluted and plated out on plates as an assay of the viable 
count for measuring the survival. 

The growth curves of E. coli and B. subtilis cultures after illumination are 
shown in figure 2.4. There are large differences in the growth curves between these two 
organisms. Both bacteria show exponential growth after illumination; however E. coli 
continued with exponential growth until it reached the stationary phase. The growth 
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curve of B. subtilis is multi-phasic. It starts with exponential growth, followed by a 
decrease in OD. After this decrease, the OD increases exponentially, followed by an 
increase with a lower rate, to finally reach a plateau value. The decrease in OD is clearly 
visible after illumination with 254 nm light. This decrease is likely caused by lysis of 
cells. The decrease in OD starts after approximately 1 hour, which indicates that (dead) 
cells stay intact for a while. For the growth curve of B. subtilis, after illumination with 
207 nm light, the decrease in OD is not so clear. Presumably, the loss of cells due to 
lysis is compensated by the growth of other cells. Therefore, fewer cells have died after 
illumination with 207 nm light, compared to 254 nm light. Another characteristic of the 
growth curve of B. subtilis is that between the phase of exponential growth and the 
stationary phase, the cells have a lower growth rate for several hours. This change in 
growth rate can be caused by depletion of a nutrient in the medium. 

Table 2.6. Parameters of growth 

207 nm radiation 

 E. coli B. subtilis 

Intensity 
J s-1m-2 

Illumina-

tion time 
s 

Growth 

rate µ 
h-1 

Fraction 

grown 

Survival 

on plate 

Growth 

rate µ 
h-1 

Fraction 

grown 

Survival 

on plate 

11.8 2 0.46 0.94 0.63 1.13 0.42 1.55 
11.8 5 0.44 0.99 0.78 0.79 0.77 0.85 
11.8 10 0.46 0.95 0.65 0.89 0.91 1.50 
11.8 20 0.45 1.00 0.89 0.79 0.89 1.20 
28.1 2 0.44 0.95 1.04 0.99 0.86 0.75 
28.1 5 0.44 0.99 0.92 0.84 0.74 0.75 
28.1 10 0.42 0.98 0.59 0.78 0.76 0.80 

254 nm radiation 

 E. coli B. subtilis 

Intensity 
J s-1m-2 

Illuminati

on time 
s 

Growth 

rate µ 
h-1 

Fraction 

grown 

Survival 

on plate 

Growth 

rate µ 
h-1 

Fraction 

grown 

Survival 

on plate 

23.4 2 0.47 1.00 0.82 1.03 0.88 0.60 
23.4 5 0.46 0.97 0.43 0.83 0.24 0.70 
23.4 10 0.42 0.95 0.12 0.70 0.12 0.75 
46.8 2 0.46 0.92 0.37 1.00 0.07 0.60 
46.8 5 0.42 0.98 0.08 0.55 0.09 0.20 
46.8 10 0.23 1.01 0.04 0.44 0.14 0.05 

-a - 0.43 0.94 1.00 1.08 0.87 1.00 
a Control culture which is not illuminated. 

 

We have fitted the linear part of the growth curves with equation 2.2. The first 
part of the growth curves of E. coli gives a good fit with this formula for exponential 
growth. For B. subtilis we split the OD in two groups of cells: Cells that grow 
exponentially and cells that are dead or too much damaged for further growth. To fit the 
exponential phase with equation 2.2 gives a growth rate for the first group of cells (and 
very low amplitude). The ratio between the measured OD at time point zero and 
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amplitude gives the fraction of cells that have grown. From the viable count of the 
plates the survival can be calculated. In table 2.6 we listed the results of this analysis 
from the growth curves of E. coli and B. subtilis. 

The growth rate of E. coli for all cultures is between 0.42 and 0.47 h-1, except 
after exposure to the highest radiation dose applied here (i.e., after illumination for 10 
seconds with 46.8 J s-1m-2 254 nm radiation). This latter culture has a growth rate of 
0.23 h-1. The slow growth of this culture is also visible in figure 2.4A. The amplitudes 
are equal or a little bit lower than the measured OD at time point zero. This indicates 
that almost all cells have been growing. The fraction of growing cells is larger than 
0.92. On the other hand, an effect of illumination is clearly observed in the survival 
calculated from the plates made from these cultures. The largest decrease in survival is 
observed after illumination with 254 nm light. 

In contrary to E. coli, short illumination with UV light has large effects on the 
growth of B. subtilis cultures. Illumination with both wavelengths leads to a decrease in 
the growth rate. This decrease after illumination with 254 nm light is larger than for 
207 nm light. Also the amplitude is much lower after illumination with 254 nm light 
compared to 207 nm light. This leads to a calculated fraction of growing cells lower 
than 0.1 after illumination with 46.8 J s-1m-2 254 nm light. Also the survival counted on 
plates shows the strongest decrease after illumination with 254 nm light. The survival 
on plates is higher than the fraction of grown cells in the culture. This is likely due to 
the fact that the colonies on plates are counted the next day. This suggests that in the 
cultures there is a relative large fraction of living cells that are slowly or not growing in 
the first hours after illumination. Light of 254 nm has a larger effect on growth rate and 
survival compared to 207 nm light. However, in our experiments the lamp emitting 
254 nm has a higher intensity than the 207 nm lamp. Comparison of 254 nm radiation 
with 23.4 J s-1m-2 intensity to 28.1 J s-1m-2 207 nm light shows that 254 nm light causes 
higher cell death. For the growth rate less difference is observed for these two light 
sources. That light can inhibit growth is also shown with illumination of 470 nm and 
395 nm light (see above). 

 

Figure 2.5. Survival of B. subtilis spores after 
illumination with 207 nm light with 11.8 (●) 
and 28.1 J s-1m-2 (■) intensities and 254 nm 
light with. 23.4 (▼) and 46.8 J s-1m-2 (▲) 
intensities. Fitted lines are best fits through the 
data with equation 2.4. The line styles are 
dashed (11.8 J s-1m-2 207 nm), dash-dotted 
(28.1 J s-1m-2 207 nm), solid (23.4 J s-1m-2 
254 nm), and dotted (46.8 J s-1m-2 254 nm). 
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Table 2.7. Parameters of inactivation for B. subtilis spores 

207 nm radiation 254 nm radiation 

Intensity 
J s-1m-2 

k 
mJ-1m2 

Shoulder 
J m-2 

ratio k 

cell/spore 
Intensity 

J m-2 
k 

mJ-1m2 
Shoulder 

J m-2 

ratio k 

cell/spore 

11.8 0.21 150 9 23.4 1.1 0 32 
28.1 0.43 36 14 46.8 2.6 0 12 

 

B. subtilis spores 

We have also investigated the inactivation of B. subtilis spores by UV light, by 
measuring their survival and germination, followed by exponential growth of the 
resulting vegetative cells. First we measured the survival of spores by illumination a 
spore suspension in H2O. After illumination, LB agar at 55°C was added, which 
initiates spore germination. Colonies are counted after 4 days of incubation at 37°C. The 
resulting survival curve is fitted with equation 2.4. These results, with the fitted lines, 
are shown in figure 2.5. In table 2.7 the k-values and the length of the shoulders 
calculated from these fits are presented. 

For 254 nm light no shoulder in the survival of spores is observed. For 207 nm 
light a shoulder in the survival is present; however, this shoulder is smaller after 
illumination with 28.1 J s-1m-2 intensity compared to vegetative cells. The k-value for 
inactivation of spores is higher for 254 nm light as compared to 207 nm light. The light 
of 254 nm with 23.4 J s-1m-2 intensity has more than a 2 fold higher k-value compared to 
the 28.1 J s-1m-2 207 nm radiation. We also calculated the ratio of the k-value between 
B. subtilis cells and spores. Spores are 9 to 32 fold more resistant against UV light. 

Secondly, we analyzed the germination of spores that leads to outgrowth and a 
population of exponentially growing cells. These processes were measured via the OD 
of the culture at 595 nm, after short UV-C illumination of a spore suspension. The 
results of these measurements are shown in figure 2.6. Germination initially causes a 
drop in OD595, because cells have a lower OD595 than spores.176 The OD increases when 
the cells start to divide. Illumination with UV light leads to a delay in the initiation of 
growth. As a quantitative measure for this delay we use the time that the cultures need 
to reach OD595 of 0.04 (start OD595 = 0.01). These delay times are listed in table 2.8. 
The delay is larger after illumination with 254 nm light than after use of 207 nm light. 

Figure 2.6. Germination and outgrowth of 
B. subtilis spores measured by OD595 after 
illumination for 20 s with 207 nm and 254 nm 
radiation. Lines represent non-illuminated 
culture (solid bold line), illumination with 
207 nm at intensities of 11.8 J s-1m-2 (dashed 
line) and 28.1 J s-1m-2 (dash-dotted line), and 
illumination with 254 nm at intensities of 
23.4 J s-1m-2 (solid light line) and 46.8 J s-1m-2 
(dotted line). 



Photo-inactivation of bacteria with UV and blue light 

45 

After the germination vegetative cells start to grow exponentially. We 
calculated the specific growth rates of the exponentially growing cells (see table 2.8). 
They range from 1.5 to 2.5 h-1. The growth rate increases with increasing illumination 
time. This may seem contradictionary, but a high growth rate might be correlated with a 
long delay time. Likely, in the cultures with a short delay time, spores still germinate 
when other cells already start to grow exponentially. The germination of spores has a 
negative effect on the OD595 and therefore on apparent growth rate. This is in line with 
the large drop in OD595 for cultures with a long delay time (see Fig. 2.6). The depth of 
the drop in OD595 can be used as measure for germination of spores. However, in our 
data this suggests that with increasing illumination time also more spores germinate. 
This is likely not what happens. More plausible is that in cultures with shorter delay 
times the germination is still going on when the OD595 already started to increase. 

Table 2.8. Specific growth rate (µ) and delay time of inactivation for B. subtilis after germination 

207 nm radiation 254 nm radiation 

Intensity 
J s-1m-2 

Illumination 

time 
s 

µ 
h-1 

Delay 

timea 
h 

Intensity 
J m-2 

Illumination 

time 
s 

µ 
s-1 

Delay 

timea 
h 

11.8 5 1.49 2.9 23.4 5 1.55 2.9 
11.8 10 1.52 2.7 23.4 10 1.75 3.5 
11.8 20 1.51 2.9 23.4 20 1.81 3.3 
11.8 30 1.61 3.0 23.4 30 2.42 5.6 
11.8 60 1.89 3.7 23.4 60 2.13 5.5 
11.8 120 2.26 4.5 23.4 120 2.50 5.1 
11.8 300 1.98 6.4 46.8 5 2.24 4.4 
28.1 5 1.54 2.7 46.8 10 2.10 5.7 
28.1 10 1.69 3.1 46.8 20 2.02 7.0 
28.1 20 2.19 3.7 -b - 1.52 2.7 

a Delay time is measured by time to reach OD595 of 0.04. 
b Control culture which is not illuminated. 

 

Discussion 

470 nm and 395 nm light 

Tschowri and colleagues measured growth inhibition for E. coli by blue light (at 
100 µEinstein m-2s-1) at 16°C.29 They observed a lower growth rate and final yield for 
cultures illuminated with blue light compared to cultures in the dark. However, no 
experiment was performed with an ycgf deletion mutant to prove that this blue light 
effect is regulated by YcgF. Therefore, we repeated these experiments with WT strain 
K12 MG1655, two genetically modified strains and the WT strain K12 MC4100. We 
have not observed any blue light effects on the growth rate or final growth yield of these 
four strains at low temperature, including strain K12 MC4100. However, at higher light 
intensities (>170 µEinstein m-2s-1), we observed a very small inhibition of the growth 
rate at 15°C. This growth inhibition is much smaller than the inhibition reported by 
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Tschowri and colleagues.29 Due to this very small inhibition of the growth rate at high 
intensities of blue light, we did not measure the growth of ∆ycgF strain and the 
complemented ycgF strain under these high blue-light intensities. 

The blue-light photoreceptor YcgF presumably has a role at low 
temperatures.29-31 It regulates the expression of the ycgZ-ymgABC operon, which is 
conserved in various enteric bacteria. The very small inhibition by high intensity of blue 
light at low temperature that we observe, may be regulated by photoreceptor YcgF. The 
photocycle of the BLUF domain of YcgF has a slow ground state recovery.177 A long 
living signaling state is correlated with a high sensitivity for light. Indeed, from 
unpublished data is observed an YcgF dependent blue light phenotype in biofilm 
formation with half-saturation at around 5 µEinstein m-2s-1.173 The blue light inhibition 
on growth rate that we report in this chapter occurs with light intensities above 
170 µEinstein m-2s-1. Such high intensity is uncommon for light dependent process 
regulated by a photoreceptor with a slow recovery. 

Alternatively, the small inhibition by blue light can be also caused by rather 
non-specific radiation damage. This is supported by the observed growth inhibition by 
395 nm light and by UV light. The growth inhibition by 395 nm light is also 
temperature dependent. At 37°C, this growth inhibition is not significant. The growth 
rates at 25°C and 15°C are ~0.89 and ~0.93 of the growth rate from not illuminated 
cultures. That the inhibition is larger at 25°C than at 15°C, which might be due to the 
very low growth rate at 15°C. 

In contrast to E. coli, B. subtilis is more sensitive to blue light than to 395 nm 
light at 25°C. At 15°C, both wavelengths cause large inhibition of the growth rate of 
B. subtilis. The general stress response is activated at low temperatures.155 The 
activation of the general stress response provides non-growing and non-sporulating 
cells.159, 160 Light-dependent activation of the stress response by YtvA is not detected 
unless the cells are simultaneously exposed to another stress or YtvA is 
overexpressed.26 Maybe, the combination of blue light and cold stress is also sufficient 
to induce blue light dependency in the general stress response. Therefore, we measured 
the growth rate with B. subtilis transcriptional fusion strain PB198 and its ytva deletion 
mutant pB565. These transcriptional fusion strains report σB activity, which we use to 
determine if growth rate inhibition by blue light is correlated with σB activity. We have 
observed growth inhibition by blue light at low temperature (16°C) for both strains. 
This shows that blue light is able to slow down growth independent from YtvA. Also, 
the stress response is increased by blue light independent from YtvA. YtvA is the only 
known blue light photoreceptor from B. subtilis. This indicates that blue light effects the 
growth via non-specific radiation damage. This radiation damage likely increases the σB 
activity. 
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UV-C light 

UV light is more harmful for cells than visible light. In the survival experiments, we 
observe that the lethality of the UV dose is dependent on time and intensity of the 
illumination (radiation) treatment. The same UV dose is more lethal when the exposure 
time is short and the intensity is high instead of longer exposure time and lower 
intensity. The most effective illumination for killing bacteria has inactivation kinetics 
with no shoulder and a high k-value. In the survival experiments 254 nm light has 
higher k-values and shorter shoulders, compared to 207 nm light. This suggests that the 
cells do not contain important photosensitizers for the wavelength region of 207 nm. 
Indeed, in most reports the effectiveness of UV-C light as disinfectant is ascribed to 
absorption by DNA.32, 33, 149, 178 DNA absorbs maximally around 260 nm32, which is 
very close to the 254 nm light. 

Light of 254 nm is also more lethal for growing cells in liquid cultures 
compared to 207 nm light. In contrast to the growth rate after UV light illumination, the 
inhibition of growth rate in liquid cultures is not so different for both wavelengths. 
Illumination with both 207 nm and 254 nm light leads to a decrease in growth rate. For 
B. subtilis cultures the decrease in growth rate was larger than for E. coli. Also a drop in 
OD595 after illumination was clearly observed for B. subtilis cultures and not for E. coli 
clutures. All in all, the B. subtilis cells in liquid cultures were more sensitive for UV-C 
radiation than E. coli cells. 

Spores are more resistant against UV light illumination than vegetative cells.166 
We observe 9 to 32 fold more resistance for B. subtilis spores. We also measured the 
germination and outgrowth of spores. The growth rate after germination of spores was 
difficult to analyze, because in the germination and outgrowth of spores two different 
processes partly overlap in time. However, we observe that illumination with UV-C 
light leads to a delay in the initiation of growth. This delay is larger after illumination 
with 254 nm light compared to illumination with 207 nm light. We cannot conclude 
which effect UV-C light has on growth rate after germination. The growth rate in our 
experiments was correlated with the delay time, such that a longer delay time leads to a 
higher growth rate. Comparing illumination with 207 nm and 254 nm light for the delay 
time in germination and the survival of spores shows that 254 nm light has the largest 
effect on spores. This is consistent with the effect of these wavelengths on vegetative 
cells. 
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Abstract 

Prior experimental observations, as well as theoretical considerations, have led to the 
proposal that C4-C7 single-bond rotation may play an important role in the primary 
photochemistry of photoactive yellow protein (PYP). We therefore synthesized an 
analog of this protein’s 4-hydroxy-cinnamic acid chromophore, (5-hydroxy indan-(1E)-
ylidene)acetic acid, in which rotation across the C4-C7 single-bond has been locked with 
an ethane bridge, and we reconstituted the apo form of the wild type protein and its 
R52A derivative with this chromophore analog. In PYP reconstituted with the rotation-
locked chromophore, (i), absorption spectra of ground and intermediate states are 
slightly blue-shifted; (ii), the quantum yield of photochemistry is ~60 % reduced; (iii), 
the excited-state dynamics of the chromophore are accelerated; and (iv), dynamics of 
the thermal recovery reaction of the protein are accelerated. A significant finding was 
that the yield of the transient ground state intermediate in the early phase of the 
photocycle was considerably higher in the rotation-locked samples than in the 
corresponding samples reconstituted with p-coumaric acid. In contrast to theoretical 
predictions, the initial photocycle dynamics of PYP were observed to be not affected by 
the charge of the amino acid residue at position 52, which was varied by (i), varying the 
pH of the sample between 5 and 10; and (ii), site-directed mutagenesis to construct 
R52A. These results imply that C4-C7 single-bond rotation in PYP is not an alternative 
to C7=C8 double-bond rotation, in case the nearby positive charge of R52 is absent, but 
rather facilitates, presumably with a compensatory movement, the physiological E/Z 
isomerization of the blue-light-absorbing chromophore. 
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Introduction 

In addition to reproduction, and its inherent errors, which are cornerstones of evolution, 
the ability to perceive environmental signals and adjust accordingly is a key 
characteristic of (cellular) life. It is therefore of prime importance to understand the 
molecular basis of the elementary steps of such signal transduction processes and when 
necessary to repair or improve these processes. Photosensory receptors, i.e., proteins 
that can generate a biological signal upon the absorption of a photon of visible 
electromagnetic radiation, have traditionally played a key role as model systems for 
such studies.3 The accuracy with which these proteins can be activated in time and 
space is unrivalled. 

Several different families of these photosensory receptors have been 
characterized, each with their own specific (chromophore) structure and mechanism of 
primary photochemistry. Best known are the rhodopsins, in which the absorption of 
green light leads to E/Z isomerization of the retinal chromophore, and the LOV 
domains, which show blue-light-induced covalent adduct formation between the flavin 
chromophore and a nearby cysteine. Here, however, we have chosen yet another model 
system for such studies, photoactive yellow protein (PYP46), which functions as a 
photosensory receptor for a photophobic response in Halorhodospira halophila.52 

This protein displays an exceptional chemical and photochemical stability and 
has been characterized in detail with respect to structure and function, as discussed in 
previous work.179-181 PYP is a relatively small protein (125 amino acids), containing a 4-
hydroxy cinnamic acid (or p-coumaric acid) chromophore, which is thiol-esterified to a 
cysteine residue, C69 of apo-PYP.68 The chromophore is buried inside the main 
hydrophobic core of this α/β-fold protein as a phenolate anion,82 stabilized by hydrogen 
bonding with E46 and Y4269 and in the trans configuration.182 It is significant that both 
hydrogen bonds show exceptional characteristics: they are very short and of the low-
barrier and ionic-types, respectively.72 

Light absorption by the chromophore of PYP induces primary photochemistry 
in a photocycle that leads to its cis configuration within a few picoseconds,183 with a 
quantum yield of 0.35.113, 114 The structural transition underlying this E/Z isomerization 
can only be completed in a complex reaction, in which also the hydrogen bond between 
the C=O group of the chromophore and the nitrogen atom of the peptide bond between 
P68 and C69, is disrupted, after which the C=O group starts to rotate around the long 
axis of the chromophore to stabilize the isomerization of the C7=C8 ethylenic bond87, 104, 

184 to form the first cis ground state intermediate (GSI), I0, of this photocycle. In 
parallel, a transient GSI116 is formed that also may have an isomerized C7=C8 ethylenic 
bond but has its carbonyl group still hydrogen bonded to the nitrogen atom of the 
protein’s backbone.117 This GSI then rapidly (i.e., with a half-life of 6 ps) thermally 
relaxes back to the stable GSI. 
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The I0 intermediate converts with ~100 % efficiency to pR1 (also denoted I1), 
and subsequently to the pR2 intermediate, presumably by additional configurational 
relaxation of the cis chromophore. Next, a proton is transferred from E46 to the 
chromophore98, 104 at a rate of ~103 s-1 to form the first of a series of blue-shifted 
intermediates (i.e., pB’) in this photocycle, which leads to (partial) unfolding of the 
protein94 to form the signaling state pB. A complex thermal recovery process, which 
involves the pG’ intermediate, leads to re-formation of the ground state within 1 s.91, 92, 

105, 107, 185 
Formation of the electronically excited singlet state through absorption of a 

blue photon is accompanied by a profound charge redistribution in the cinnamyl 
chromophore of PYP, as demonstrated with Stark spectroscopy.119 It is significant that 
in several polar organic dyes with a similar characteristic, based on a pronounced 
donor/acceptor asymmetry across their ethylenic bond, light absorption leads to the 
formation of a so-called twisted-intramolecular charge transfer (TICT) state.186 
However, the structural transition that underlies formation of a TICT state may well be 
a rotation across a single rather than a C=C double-bond,187 e.g., to position the π 
electron system of the tail of the coumaryl chromophore orthogonally with respect to 
those of its aromatic ring system (to which it is conjugated in the trans configuration). 

The above described similarities have led to discussions as to whether or not 
single-bond rotation (e.g., around the C4-C7 bond) would be involved in the primary 
photochemistry of PYP as well. This issue became even more relevant when it was 
reported that quantum mechanics/molecular mechanics calculations on its primary 
photochemistry predicted that the positive charge of R52 is crucial to prevent the 
primary photochemistry of PYP from shifting from partial E/Z isomerization to single-
bond isomerization only.87, 188 However, experimental observations made on site-
directed mutant derivatives of PYP in which R52 was replaced by a noncharged amino 
acid have so far not provided indications for such a dramatic transition.189 

Nevertheless, there is yet another reason why this single-bond rotation could be 
relevant for the primary photochemistry of PYP: Besides the productive photochemistry 
of the protein, which leads to sequential formation of the photocycle intermediates I0, 
pR/I1, pB’, etc., a second GSI is formed in parallel to I0 directly from the decay of the 
(manifold of) singlet excited state(s).116, 190 This intermediate has been characterized 
with both time-resolved UV/Vis and infrared spectroscopy,117 although the 
configuration of the chromophore in this GSI intermediate has not yet been conclusively 
resolved. Suggestions put forward range from a vibrationally hot ground state, via a cis-
like intermediate, to a twisted phenolate intermediate. 

Here, we address this issue by reconstituting apo-PYP with a chromophore 
analog in which rotation across the C4-C7 single-bond was locked with an ethane bridge, 
thus creating a cyclopentane ring (Fig. 3.1). For convenience, we refer to proteins 
reconstituted with this modified chromophore as rotation-locked. Furthermore, this 
modified chromophore was used not only in wild type PYP but also in the R52A 
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mutant, whereas the charge of R52 was also altered by varying the buffer pH. The 
primary photochemistry and subsequent photocycle transitions of these four proteins 
were then characterized with UV/Vis transient absorption spectroscopy in the time 
domain ranging from picoseconds to seconds. 

The results obtained reveal that neither the net charge of R52 nor C4-C7 single-
bond rotation is critically required for the primary photochemistry of PYP. 
Nevertheless, rotational flexibility of the C4-C7 bond does contribute to an increase in 
the quantum yield of signaling state formation in PYP: restriction of this flexibility 
decreases the quantum yield of product formation in PYP and dramatically increases the 
yield of the GSI. 

Figure 3.1. Schematic representation of the structure of the chromophore-binding pocket of wild type PYP 
before (A) and after (B) the two modifications characterized in this study, namely, the R52A mutation and 
replacement of the coumaryl chromophore by a rotation-locked derivative, (5-hydroxy indan-(1E)-
ylidene)acetic acid. 

Materials and methods 

Site-directed mutagenesis 

Site-directed mutagenesis was performed using the QuikChange kit (Stratagene, La 
Jolla, CA) and confirmed by DNA sequencing, as described previously.191 

Overproduction and purification of photoactive yellow protein 

Wild type PYP and its R52A mutant derivative were produced and isolated as described 
previously for wild type PYP.58 Apo-PYP was reconstituted with the 1,1’-
carbonyldiimidazole derivative of p-coumaric acid or rotation-locked chromophore, as 
described by Hendriks et al..135 The reconstituted holoproteins were purified in two 
subsequent steps, with Ni-affinity and anion-exchange chromatography, respectively.135 
The purified holoproteins were used without removing the genetically introduced N-
terminal hexahistidine-containing tag, in a buffer containing 20 mM Tris-HCl, pH 8.0. 
The purity index for all samples was better than 0.5, except for R52A PYP reconstituted 
with p-coumaric acid, in which case it was better than 0.75. 
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Synthesis of (5-hydroxy indan-(1E)-ylidene)acetic acid (rotation-locked 

chromophore) 

After protection of its phenolic hydroxy group with tert-butyl-dimethylsilanyloxyl 
chloride, ~300 mg of (5-hydroxy-indan-(1E)-ylidene)-acetic acid (190.20 mol wt) was 
synthesized from 5-hydroxy-1-indanone through coupling with 
diethylphosphonoacetate. The phenolic hydroxyl group was deprotected with tetra-n-
butyl-ammonium fluoride. For this synthesis, reagents were purchased at the highest 
commercial quality available and used without further purification. Flash 
chromatography was carried out with ACROS silica gel (particle size 35–70 µm). 
Infrared spectra were recorded using an IFS 28 spectrophotometer (Bruker, Billerica, 
MA), NMR spectra were obtained using a Bruker ARX 400 spectrometer (400 MHz), 
and accurate mass values of intermediates and the final product were recorded on a JMS 
SX/SX102A four-sector mass spectrometer (JEOL, Tokyo, Japan), coupled to a JEOL 
MS-MP7000 data system or a TSQ7000 mass spectrometer (Thermo Finnigan, San 
Jose, CA) using Xcaliber 1.2 software for acquisition and data processing. 

Sample/buffer preparation 

For measurements at pH 5, 8, and 10, buffer solutions containing 20 mM acetic acid, 
20 mM Na2HPO4, 20 mM Tris, and 20 mM boric acid, with the same ionic strength, 
were prepared as described previously.105 For ultrafast spectroscopy, samples were 
concentrated to a final optical density of ~0.3 at 400 nm in a 50-µm-thick cell 
constructed from two CaF2 windows separated by a Teflon spacer. 

Set-up for ultrafast visible spectroscopy 

The ultrafast transient absorption experiments in the visible spectral range were 
performed with a setup described in more detail in Groot et al..192 Briefly, the output of 
a Ti:Sapphire regenerative-amplified laser system operating at 1 kHz (Hurricane; 
SpectraPhysics, Mountain View, CA) is divided into two beams. One beam is sent to a 
BBO crystal to generate the excitation pulse at the desired center wavelength of 400  nm 
by frequency doubling. With the second beam, a white light continuum was generated 
by focusing it on a 2 mm quartz plate. The excitation pulse from the BBO crystal was 
focused in the sample to a diameter of ~130 µm and spatially overlapped with the 
smaller probe beam. The overlap between pump beam and probe beam was carefully 
checked to be homogeneous by means of spectral shape comparison on variation of the 
pump spot size. The absorption changes in the visible were recorded after dispersion in 
a spectrograph, with a 256-element diode array (S4801-256Q; Hamamatsu, Hamamatsu 
City, Japan). The pump beam was polarized at the magic-angle orientation (54.7°) with 
respect to the probe beam using a Berek polarizer. The sample was moved during the 
measurement in a Lissajous scanner to ensure a fresh spot for every excitation pulse. A 
phase-locked chopper operating at 500 Hz was used to ensure that on every other shot 
the sample was excited and the changes in transmission, and hence optical density, 
could be measured. The time delay between the pump and probe beam was controlled 
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by sending the pump beam over a moveable delay line. The instrument response 
function, determined via the cross correlation of pump and probe, was ~150 fs. For each 
experiment, ~100 time-gated spectra were recorded between 10 ps and 2.5 ns relative to 
the maximum of the instrument response function. All experiments were performed at 
room temperature. 

Set-up for µs/ms time-resolved visible spectroscopy 

An Edinburgh Instruments LP900 spectrometer (Livingston, West Lothian, United 
Kingdom) equipped with a photomultiplier, in combination with a Continuum Surelite 
OPO laser (for further details, see Hendriks et al

136) was used for µs/ms time-resolved 
visible spectroscopy. PYP samples were excited with 446 nm laser flashes of ~5–
6 mJ/pulse (pulse duration 6 ns). Time traces were recorded for the four proteins at 
360 nm, ~446 nm, and between 484 and 503 nm (dependent on the λmax of the particular 
protein), with the slow-board option of the photomultiplier (time resolution ~2 µs). 
Optical interference filters were used before the sample to minimize measurement 
artifacts induced by probe light. 

Transient ms/s UV/Vis spectroscopy 

UV/Vis spectra were recorded using an HP8453 UV/Vis spectrophotometer (Hewlett 
Packard, Palo Alto, CA). Time-resolved spectra were recorded from 250 to 600 nm, 
using an integration time of 0.1 s. A Kraayenhof193 cuvette was used to thermostat the 
sample at 25°C, with simultaneous pH recording. A Schott KL1500 LCD lamp was 
used to illuminate the samples with wild type or R52A protein. For the rotation-locked 
proteins, a microsecond flash lamp was used. 

Steady-state fluorescence measurements 

Steady-state fluorescence spectra were recorded on a Fluorolog 3 spectrometer (Spex, 
Metuchen, NJ) with a 450 W Xe lamp as the excitation light source. The excitation 
wavelength was set at the absorption maximum of the respective protein (see Fig. 3.2), 
and emission was recorded from 450 to 600 nm for the two rotation-locked derivatives 
(i.e., the rotation-locked WT and rotation-locked R52A) and from 455 to 600 nm (with 
a slit width of 5 nm) for the two proteins reconstituted with p-coumaric acid (i.e., wild 
type and R52A). The slit width for the excitation and emission light was set at 0.5 and 
5 µm, respectively, for all four samples. 

Data analysis 

The transient difference absorption spectra were subjected to global and target analysis, 
as reviewed in van Stokkum et al..194 Briefly, the basis of global analysis is the 
superposition principle, which states that the measured ),( λψ t data result from a 

superposition of the spectral properties, )(λε l
, of the components present in the system 

of interest weighted by their concentration )(tcl
. 
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compn components are described by a compartmental model that 

consists of first-order differential equations, with sums of exponential decays as 
solution. We will consider two types of compartmental model: (i), a sequential model 
with increasing lifetimes, also called an unbranched unidirectional model, which results 
in evolution-associated difference spectra (EADS); and (ii), a full compartmental 
scheme, possibly including branchings and equilibria, which yields species-associated 
difference spectra (SADS). The latter is most often referred to as target analysis, where 
the target is the proposed kinetic scheme, including specific spectral assumptions. 

With ultrafast spectroscopy, the instrument response function can usually 
adequately be modeled with a Gaussian with parameters for location and full width at 
half-maximum (typically 100–250 fs). The dispersion of this location parameter is 
described by a polynomial. All exponential decays from the above models have to be 
convolved with this instrument response function. 

Figure 3.2. Characterization of the static UV/Vis absorbance and fluorescence emission of the four PYP 
derivatives. A) Absorption spectra of WT PYP (black line), rotation-locked WT (red line), R52A (blue line), 
and rotation-locked R52A (green line) in 20 mM Tris buffer, pH 8.0. The absorption maxima are centered at 
446, 443, 450, and 445 nm, respectively. B) The corresponding emission spectra, with excitation of all 
samples at their respective absorbance maxima. Line colors are the same as in A. 

Results 

After heterologous overexpression in Escherichia coli and purification, the four proteins 
studied in this investigation, i.e., wild type and R52A PYP reconstituted with 4-
hydroxy-cinnamic acid and (5-hydroxy indan-(1E)-ylidene)acetic acid (see Fig. 3.1 for 
an overview of the structure of their chromophore-binding pocket), were characterized 
with static UV/Vis spectroscopy (Fig. 3.2A). The results show that whereas the R52A 
mutation causes a slight red-shift (4 nm for samples containing the p-coumaryl 
chromophore), the two rotation-locked PYPs show a modest blue-shift. The full width at 
half-maximum of the latter spectra, however, is significantly smaller than that of the 
two samples reconstituted with the endogenous chromophore, p-coumaric acid, 
presumably due to a much smaller contribution of the vibronic sideband of the main 
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electronic transition of PYP. The decrease in the dynamic Stokes shift in the 
fluorescence emission spectra of the two rotation-locked PYPs is even more 
pronounced, shifting from >500 nm for the endogenous chromophore to <475 nm 
(Fig. 3.2B) for the rotation-locked derivatives. This figure also reveals that the already 
low fluorescence quantum yield of PYP is even lower (~50 %) in the rotation-locked 
derivatives, whereas substitution of R52 by an alanine results in an almost three fold 
increase of this yield. 

Next, time-resolved visible pump/visible probe measurements in the 100 fs to 
2 ns time domain were performed on all four samples, using 400 nm excitation. All four 
samples show rich dynamics in which some trends are immediately apparent, like the 
more extensive ultrafast relaxation in the rotation-locked PYPs leading to a significantly 
shorter-lived signal than in wild type PYP, as shown in Figure 3.3 for a set of transients 
of all four samples collected at 446 nm that are derived from the time-gated spectra. 
However, much more detail is visible in the analysis of the corresponding EADS 
(Fig. 3.4). An optimal fit to the data requires four lifetimes for each sample plus a 
component that does not decay on the timescale of our experiment (i.e., >>2.7 ns). 

These EADS clearly show that the two rotation-locked proteins have (i), a 
smaller red-shifted stimulated emission with respect to the 510 nm position at which the 
stimulated emission band of the coumaryl derivatives is centered, consistent with their 
fluorescence characteristics (see Fig. 3.2B); (ii), significantly faster and mono-
exponential excited state decay (decay in 0.5 and 0.6 ps, respectively, versus the 0.7–
7 ps in wild type), as can be concluded from the disappearance of the contribution of 
stimulated emission from the subsequent spectra in each series of EADS; (iii), both 
rotation-locked proteins form decreased amounts of the primary photoproducts (the blue 
and green spectra can be assigned to the states I0 and pR1, with product absorption 
bands at ~485 and 475 nm, respectively). Note that the product bands of the rotation-
locked proteins appear to be slightly blue-shifted, which may result in partial 
cancellation of their absorbance with the bleached ground state absorption, thus making 

Figure 3.3. Transient absorption time traces of WT PYP 
(black), rotation-locked PYP (red), R52A (blue), and 
rotation-locked R52A (green) at the detection 
wavelength of 446 nm. Data points are represented in 
filled squares. Solid lines represent the multi-
exponential fit to full dataset with 4 time constants (for 
further analysis of this data: see Figure 3.6). 
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a reliable estimate of the amount of these products formed difficult; and finally, (iv), the 
rotation-locked proteins display an intermediate spectrum with a 3 ps lifetime that 
resembles the spectrum of the GSI of wild type PYP resolved in pump-dump-probe 
experiments116, 195 and target analysis.118 

Figure 3.4. Evolution associated UV/Vis difference spectra (EADS) of the four PYP derivaties WT (A), 
R52A (B), rotation-locked PYP (C), and rotation-locked R52A (D). The. EADS result from a global fitting of 
the data to a sequential model with increasing lifetimes: EADS (solid lines) τ1 → EADS (dash-dotted lines) 
τ2 → EADS (dotted lines) τ3 → EADS (dashed lines) τ4 → ∞ 

However, to be able to characterize in more detail these initial photocycle steps 
and the distinct spectral characteristics of the various intermediates formed upon 
photoactivation in these four proteins, a target analysis of the data is required. A 
complication in this analysis is the multiplicity of the excited state of each sample: the 
decay of the excited state has to be fitted by up to three time constants, and in a similar 
way, the appearance of I0 can be described with two to three time constants. From these 
excited states, the yield of I0 formation is largest for the shorter-lived excited states, in 
agreement with previous observations (see, e.g., works by Larsen and colleagues116, 190). 
However, the target analysis of the spectral data of the two rotation-locked proteins 
already provides satisfactory results using a single excited state. Therefore, to facilitate 
comparison between the four samples here, we have fitted the datasets obtained with the 
two proteins reconstituted with the p-coumaryl chromophore (i.e., wild type PYP and 
R52A) with a single component for the excited state decay as well, at the cost of a small 
decrease in root-mean-squared value. 
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Figure 3.5. Target-model-based analysis of the initial stages of the photocycle of the four PYP derivatives. I0 
decays into pR with a time constant of ~1 ns and a yield of 100 %. The fitted lifetimes and relative 
populations of the states accessible from the ES are shown. The excited states of wild type and R52A were 
found to decay bi-exponentially with time constants of 0.7 and 6.8 ps and 1.9 and 27 ps, respectively, with the 
quantum yield of I0 formation largest for the fastest fraction, in agreement with Larsen et al. (18).116 To 
facilitate comparison with the rotation-locked samples, the data for excited-state decay for all four proteins 
were fitted here with single exponents of 1.5 ps and 2.3 ps, respectively. The yield of the ground state in 
rotation-locked WT (WTRL) and rotation-locked R52A (R52ARL) is very low, and can be fitted with yields 
between 0 and 10 %. The reduction of this yield and that of I0 in the rotation-locked samples is due to a four to 
six fold increase in the rate of ES/GSI. 

Table 3.1. Rate constants for the models depicted in Figure 3.6, obtained from a target analysis. 
Spectra (SADS) are presented in Figure 3.7. 

Rate constants 

PYP derivative 
ES→I0 

ps-1 
I0→pR 

ns-1 
ES→GSI 

ps-1 
GSI→GS 

ps-1 
ES→GS 

ps-1 

WT 0.3 0.64 0.27 0.17 0.31 
WTRLa 0.25 0.52 0.95 0.08 0 
R52A 0.18 0.73 0.17 0.29 0.32 

R52ARLb 0.32 0.68 1.56 0.21 0 
a WTRL is rotation-locked WT PYP. 
b R52ARL is rotation-locked R52A PYP. 
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Figure 3.6. Species-associated difference spectra (SADS) of the four PYP derivatives -WT PYP (black lines), 
rotation-locked PYP (red lines), R52A (blue lines), and rotation-locked R52A (green lines)-, obtained from 
fitting the target model of Figure 3.5 to the data. The panels show SADS for ES (A), I0 (B), GSI (C), and pR 
(D). The SADS of WT PYP are in good agreement with earlier reports in the literature.116, 195 The GSI 
spectrum of the rotation-locked samples is easily resolved, as it appeared pronounced in the data, as shown in 
Figure 3.4. The quantum yields depicted in Figure 3.5 were determined by scaling the SADS of each state to 
that of the ES, which may result in ~10 % uncertainty. An exception is the pR state, for which we have used a 
yield of 100 % for the I0 to pR transition, as determined with femtosecond mid-infrared spectroscopy.114, 117 

The results of this target analysis (Fig. 3.5) and the corresponding table with 
rate constants (see Table 3.1) provide more quantitative information on the systems 
dynamics in the four proteins and give information beyond that derived from the global 
analysis (e.g., the quantum yields). From this target analysis, it is clear that rotation-
locking of the chromophore causes not only much faster excited state decay but also an 
almost two fold lower quantum yield of photochemistry. We were surprised to find that 
in the latter two samples this is accompanied by the absence of internal conversion 
directly to the ground state, presumably because the free-energy barrier for the 
transition that leads to the GSI is even lower. The result is that in these two samples, the 
quantum yield of formation of the GSI state reaches values that approach unity (i.e., 
83 %). The spectral characteristics of these intermediates are consistent with the above 
observations (Fig. 3.6): the stimulated emission of the rotation-locked proteins is blue-
shifted to the extent that it is only visible as a broadening of the low-energy shoulder of 
the ground state bleach. The corresponding I0 and GSI have not only a blue-shifted 
absorption maximum (~25 nm for I0), but also a smaller molar extinction coefficient. 
For the GSI, it is difficult to estimate the λmax because of the extensive overlap with 
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ground state depletion. The pR1 intermediates show the expected blue-shift relative to 
their corresponding I0 states, except in the case of the pR1 state of the R52A protein, 
which is almost iso-energetic with its I0. 

The results obtained to date have revealed that within this set of four proteins, 
R52A is the most similar to wild type PYP. One would expect the rotation-locked 
samples to be more similar to wild type PYP, but different from R52A PYP if the 
charge on R52 were steering the primary photochemistry of PYP toward single-bond 
rotation (see above). As this observation is clearly different from what has been 
predicted by theory,87, 188 we tested a second approach in which the charge on R52 is 
varied. 

By varying the pH of the buffer in the range 5–10, we modulated the net 
charge of the side-chain of R52 (see Discussion) and, by consequence, the 
environmental electrostatics of the p-coumaryl chromophore. The results presented in 
Figure 3.7 reveal that the primary photochemistry in PYP is totally invariant with pH in 
this pH range. This applies to both the observed lifetimes and the shape of the difference 
spectra. 

Table 3.2. Global analysis of the photocycle of PYP in the microsecond to second time domain. 

Time constants 

PYP derivative τ1 τ2 τ3 

WT 0.14 0.79 273 
Rotation-locked WT 0.061 1.1 2032 

R52A 0.73 36  
Rotation-locked R52A 0.57 131  

Estimated time constants (in ms, estimated relative error 5 %) from global analysis of difference 
absorption transients (see Fig. 3.9) measured at three wavelengths, 360, 446, and 484-503 nm, 
respectively. 

 

Figure 3.7. pH dependence 
of the ultrafast kinetics of 
WT PYP. At each pH, the 
dynamics could be fitted 
with four time constants. 
The EADS for each time 
constant are indicated: 0.9, 
0.9, and 0.8 ps (black); 6, 
5, and 5.5 ps (red); 1.4, 1.7, 
and 1.4 ns (blue), and 
infinite (green), for WT 
PYP at pH 5.0 (solid lines), 
8.0 (dashed lines), and 10.0 
(dotted lines), respectively. 



On the involvement of single-bond rotation in the primary 

61 

Locking the rotation around the C4-C7 bond not only has consequences for the 
ultrafast photochemistry of PYP but might also affect the slower processes that occur in 
the photocycle of PYP. We therefore also analyzed the µs/ms time-resolved visible 
absorption changes at three different wavelengths: 360 nm, at which the main 
contribution is from pB intermediates; in the range 484–503 nm, to record the 
contribution of the red-shifted intermediates (i.e., pR) (Table 3.2); and ~446 nm, the 
absorbance maximum of the four proteins, at which bleaching of pG and absorption of 
pR contribute to the dynamics of the changes in UV/Vis absorbance. The absorbance 
traces at 360 nm are of particular interest, because at this wavelength both the decay of 
the pR state (which coincides with formation of pB’98) and the thermal recovery of the 
ground state can be observed. The results obtained (Fig. 3.8) clearly reveal that the 
R52A mutation accelerates pB’ formation (in combination with the p-coumaryl 
chromophore) and retards ground state recovery. This is similar to the effect observed 
by others (e.g., Hellingwerf et al.

179 and Cusanovich and Meyer180) in R52Q and several 
other mutant proteins. A global analysis of these data (see Table 3.2, Fig. 3.9, and 
Fig. 3.10) furthermore shows that the effect of replacing the p-coumaryl chromophore 
with the rotation locked chromophore is an approximately five and nine fold retardation 
of the rate of formation of the first blue-shifted state for wild type PYP and R52A, 
respectively, whereas the recovery reaction (i.e., the re-formation of pG) for these 
proteins is accelerated 8 and 16 fold, respectively. However, the data for the two 
rotation-locked proteins in this time domain are well-fitted with a sum of two 
exponentials (see Table 3.2), whereas for the wild type protein, at least three 
exponentials are required.105 We therefore carried out a target analysis of this same data 
set based on the photocycle scheme pR ↔ pB’ → pB → pG. For the wild type protein, 
the results obtained confirm previous observations,105, 107, 180 whereas the data obtained 
with the R52A protein show that this mutation particularly accelerates proton transfer 
from E46 to the chromophore (i.e., pR → pB’) and also decelerates pG recovery 
(Table 3.3). We therefore tentatively conclude that single-bond rotation around the C4-
C7 bond contributes to both of these processes. The slower part of the photocycle of the 

Figure 3.8. Time traces of the 
absorbance changes during the 
later part of the photocycle of the 
four PYP derivatives -WT PYP 
(black), rotation-locked PYP (red), 
R52A (blue), and rotation-locked 
R52A (green)-, recorded at 
360 nm. The pB intermediates 
absorb maximally at 360 nm. 
Their rise and decay can be fitted 
with the time constants, as shown 
in Table 3.2. 
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two rotation-locked proteins is well described by the sequential model pR → pB → pG, 
in which a single exponent suffices to describe the pR to pB transition. The estimated 
SADS (Fig. 3.11) are consistent with the expected shapes for pR and pB, establishing 
the suitability of these two photocycle schemes for the two sets of proteins (i.e., wild 
type and R52A on the one hand and rotation-locked WT and rotation-locked R52A on 
the other). 

Figure 3.9. Fits (dashed lines) resulting from global analysis of difference absorption transients (the unit is 
mOD) in the µs to second time domain, measured at three wavelengths. From top to bottom: WT (A-C), 
R52A (D-F), rotation-locked WT (G-I), and rotation-locked R52A (J-L). The different grey traces indicate 
different, subsequent, experiments, each with different time resolution via a sliding time window. pB rise and 
decay are clear from the 360 nm traces, the 484-503 nm traces are governed by pR decay, and at 446 nm pG 
(bleach) as well as pR contribute. Note that the time axis is linear until 0.01 ms, and logarithmic thereafter. 
The 446 and 484-503 nm traces contain an artifact straddling time zero. Note the differences in the vertical 
scale. Estimated lifetimes are collated in Table 3.3, whereas the estimated EADS are shown in Figure 3.10. 
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Figure 3.10. Evolution associated UV/Vis difference spectra (EADS) of the four PYP derivatives in the µs to 
second time domain, estimated at three wavelengths. The EADS result from a global fitting (see Fig. 3.9) of 
the data to a sequential model with increasing lifetimes. For WT and R52A three lifetimes are needed: EADS 
(dotted lines) τ1 → EADS (dash-dotted lines) τ2 → EADS (dashed lines) τ3 →. The absorption changes in the 
rotation-locked derivatives can be described by two lifetimes: EADS (dotted lines τ1 → EADS (dashed lines) 
τ2 →. The first (dotted lines) and last EADS can be interpreted as pR and pB, respectively. The dash-dotted 
EADS (needed only for WT and R52A) can be interpreted as a mixture of pR and pB’, which is a precursor of 
pB with a similar UV/Vis absorption spectrum. 

Table 3.3. Target analysis of the transitions between the intermediates of the photocycle of PYP 
in the microsecond to second time domain. 

Rate constants 

PYP 

derivative 

p-coumaric acid Rotation locked 

pR→pB’ 
ms-1

 

pB’→pR 
ms-1 

∆Ga 
meV 

pB’→pG 
ms-1 

pB→pG 
ms-1 

pR→pB 
ms-1 

pB→pG 
ms-1 

WT 3.65 1.72 19 2.02 0.00366 1.37 0.0276 
R52A 15.2 0.97 71 2.71 0.00049 1.76 0.0076 

a ∆G of the reaction between pR and pB’. 

Figure 3.11. Species associated UV/Vis difference 
‘spectra’ (SADS) of the four PYP derivatives -WT (solid 
lines), R52A (dotted lines), rotation-locked WT (dashed 
lines), and rotation-locked R52A (dash-dotted lines)- in the 
µs to second time domain, estimated at three wavelengths. 
The SADS (grey pR and black pB/pB’) result from a target 
analysis using the kinetic scheme: pR ↔ pB’ → pB → pG 
for WT and R52A. The rotation-locked derivatives can be 
described by the sequential model: pR → pB → pG. 
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Discussion 

In the past, the use of various rotation-locked chromophores has provided important 
information on the primary photochemistry in the two largest and most diverse families 
of photosensory receptors that use E/Z/E isomerization of their chromophore to initiate 
the biological signaling process, i.e., the rhodopsins196, 197 and the phytochromes198. For 
the xanthopsin family also, chromophore derivatives with the C7=C8 ethylenic bond of 
the chromophore locked in the trans and cis states, respectively, have been exploited to 
better understand the molecular basis of functioning of this family.199, 200 

Here, we have made use of yet another rotation-locked chromophore, i.e., one 
in which rotation of the C4-C7 single-bond is prevented by making it part of a 
cyclopentane ring. This restricts the flexibility within this chromophore even more than 
it does within derivatives in which a cyclohexane ring is used instead (45).201 This 
rotation-locked analog has been used to reconstitute wild type PYP and a mutant with 
an altered amino acid at position 52, R52A. Although studies were available in the 
literature on the nanosecond to-microsecond spectroscopic characterization of the R52Q 
mutant of PYP, here we have used the R52A mutant to have the arginine substituted by 
the even less polar amino acid alanine, and we have characterized this protein at higher 
time resolution. Nevertheless, with respect to the quantum yield, absorbance maxima, 
and dynamics characteristics, the two mutants are quite similar.8, 103, 189 

The results of the ultrafast spectroscopy have been shown to be very similar 
between the two rotation-locked samples on the one hand and the two PYP derivatives 
reconstituted with p-coumaryl chromophore on the other. If the charged R52 had been 
decisive for the occurrence of C=C double-bond isomerization,87 one would have 
predicted a much larger difference between the wild type and R52A PYP isomerization. 
It seems to us that in this aspect, the computational description of E/Z isomerization in 
PYP has to be refined. Conversely, the two rotation-locked proteins are similar in their 
spectroscopic properties and their dynamics, and show a reduced, but not blocked, 
product formation. Therefore, we conclude that the flexibility to rotate around the C4-C7 
bond is necessary for maximal yields of photochemistry in PYP. We think that it will be 
revealing in future computational analyses of PYP to include studies of protein 
reconstituted with this single-bond rotation-locked chromophore, to provide a firm 
theoretical basis for our observations. It is relevant to note that considering the 
mechanism of isomerization of the C7=C8 ethylenic bond in PYP, which is followed by 
a rotary movement of the carbonyl group around the long axis of the p-coumaryl 
chromophore, single-bond rotation around the C-S bond and/or around single-bonds 
within C69 may also be part of the primary photochemistry in PYP. Several additional 
features reported in this study form a challenge for future calculations based on first 
principles. A relevant example is the relatively blue peak position of the rotation-locked 
derivatives in the I0 state (see Fig. 3.6). 

For the rotation-locked proteins, just a single excited state (ES) compartment 
was sufficient to fit the ultrafast transient absorption data. This suggests that the 
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multiphasic nature of the decay of the ES, which for wild type PYP needs to be fitted 
with up to three ES compartments,116, 118 is an inherent property of the chromophore and 
is absent in the rotation-locked samples. Furthermore, the increased rigidity of the 
locked chromophore abolishes internal conversion (see Fig. 3.5), which is according to 
expectation based on theory set forth by others (e.g., Seidner and Domcke202 and 
Abbruzzetti et al.

203), and approximately halves the quantum yields of photochemistry 
and fluorescence in the two rotation-locked proteins. As a result, the contribution of 
decay of the ES through the channel for GSI formation has increased, up to 0.83 in 
rotation-locked R52A PYP. This latter observation will aid in the further 
characterization of the precise configuration of this GSI intermediate with time-resolved 
infrared spectroscopy.114, 117 

Although biochemistry textbooks generally quote a value of ~12.5 for the pK 
of the side-chain of an arginine (see, e.g., Berg et al.

204), the value for R52 in PYP must 
be much lower. First, in the neutron diffraction study of PYP that revealed the existence 
of the low-barrier hydrogen bond between E46 and the chromophore, it was observed 
that even at pH 7.5 (the pH of the mother liquor), R52 was fully uncharged.72 This result 
implies that the pK of R52 is <7.5, although this pK might be tuned slightly because 
R52 is a surface residue. In this respect, it is relevant to note that a recent study in which 
an NMR titration of all amino acids of PYP was presented revealed that R52 has a pK 
of 8.7 (F. A. A. Mulder, unpublished). Hence, one can safely assume that the net charge 
of R52 will change from positive to neutral when one increases the pH from 5 to 10. As 
in this transition the primary photochemistry of PYP remains unaltered (Fig. 3.7), this 
provides independent evidence that the charge on R52 does not have a profound effect 
on the outcome of the isomerization process in the chromophore of PYP that follows 
(blue) light absorption. 

Restriction of the rotation across the C4-C7 bond also significantly affects the 
kinetics in the intermediate and slower parts of the photocycle of PYP. Two effects are 
distinguishable: the rate of formation of the blue-shifted intermediate is decreased, and 
its rate of decay is accelerated (see Table 3.3). Both effects are compatible with the 
interpretation that the pB state of the rotation-locked proteins represents an 
incompletely unfolded signaling state, leading to the prediction that its absorbance 
maximum is slightly red-shifted compared to the corresponding intermediate of wild 
type PYP.99, 105 Apparently, hindering C4-C7 single-bond rotation increases the time it 
takes to bring E46 and the chromophore into a position that allows unidirectional proton 
transfer, which in turn leads to a less stable signaling state. 

Comparing wild type PYP with R52A shows that this mutation stabilizes the 
pB state with respect to pR (see Table 3.3, column 4). Considering the recovery rates of 
the two proteins, it may well be that this is due to stabilization of pB in the R52A 
protein, but a strained chromophore may of course also destabilize pR. It has been 
reported that R52 in the pB state hydrogen bonds to the chromophore.90 However, as 
this observation was made on a pB state confined in a crystal lattice, whereas the pB 
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states in solution appear to be quite different,95, 96 we do not think that such direct 
hydrogen bonding is involved. 

The effects of the restricted single-bond rotation, and the R52A mutation, on 
the photocycle kinetics turn out to be additive, so that in the rotation-locked R52A 
protein, the recovery rate is close to that of WT PYP. 

A comparison of the maximal increase in absorbance at 360 nm and the 
maximal decrease at 446 nm (see Fig. 3.8 and Fig. 3.11) using the 
microsecond/millisecond data from wild type PYP as a reference also allows an 
independent estimate of the quantum yield of these PYP derivatives. Considering the 
accuracy with which such data can be measured, the data obtained are consistent with 
the results displayed in Figure 3.5: An approximately two fold decrease is caused by the 
rotation-locked chromophore. 

It will be of interest to test this and other chromophore analogs on the 
phototactic capabilities of H. halophila, similar to the way they were exploited in 
Idiomarina halophila.200 

Conclusion 

We have studied the isomerization pathway of PYP and the role of the charge of the 
side-chain of amino acid R52 therein by selectively locking one of the single-bonds of 
the chromophore. Preventing rotation of the C4-C7 chromophore bond enhances the rate 
of formation of a nonproductive intermediate state, GSI, and leads to reduction of the 
physiological E/Z isomerization of the chromophore. These results confirm that C4-C7 
single-bond rotation in PYP is not an alternative to C7=C8 double-bond rotation but 
appears to optimize double-bond isomerization (e.g., with a compensatory movement). 
The initial photocycle dynamics of PYP were observed to be not significantly affected 
by the charge of the amino acid residue at position 52, which was varied by (i), varying 
the pH of the sample between 5 and 10; and (ii), site-directed mutagenesis to construct 
R52A. 

Acknowledgment 

The authors thank Dr. Jan van Maarseveen (Van ’t Hoff Institute of Molecular Sciences, 
University of Amsterdam) for synthesis of (5-hydroxy indan-(1E)-ylidene)acetic acid 
and ing. Jos Thieme and ing. Jos Arents for excellent technical support. 

K.J.H. and R.v.G. acknowledge support from the Human Frontier Science 
Program through grant number HFSP-RGP0038/2006. 



 

67 

Binding of hydrogen-citrate to photoactive yellow protein 

is affected by the structural changes related to signaling 

state formation 

M. Hospes, J. H. Ippel, R. Boelens, K. J. Hellingwerf and J. Hendriks, submitted, 2012. 

Abstract 

The tricarboxylic acid citric acid is a key intermediary metabolite in organisms from all 
domains of the tree of life. Surprisingly, this metabolite specifically interacts with the 
light-induced signaling state of the photoactive yellow protein (PYP), such that at 
30 mM, it retards recovery of this state to the stable ground state of the protein with up 
to 30 %, in the range from pH 4.5 to pH 7. We have performed a detailed UV/Vis 
spectroscopic study of the recovery of the signaling state of wild type (WT) PYP and 
two mutants, H108F and ∆25 PYP, derived from this protein, as a function of pH and 
the concentration of citric acid. This revealed that it is the di-anionic form of citric acid 
that binds to the pB state of PYP. Its binding site is located in-between the N-terminal 
cap and central β-sheet of PYP, which is accessible only in the signaling state of the 
protein. The obtained results show how changes in the distribution of sub-species of the 
signaling state of PYP influence the rate of ground state recovery. 
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Introduction 

Photoactive yellow protein (PYP) from Halorhodospira halophila is a relatively small 
(125 amino acids), water soluble photoreceptor protein. For more than 10 years already 
PYP has been studied intensely as a model system in photoreceptor research, because it 
is: (i) chemically and photochemically very stable,179, 180 (ii) shows considerable 
structural change during signaling state formation94 and (iii) is the proto-type of the Per-
Arnt-Sim (PAS) domain super-family of signal transduction domains.13 Most of these 
PAS domains are involved in protein-protein interactions and function as sensors and 
signal transducers.12 For signal transfer many bind, or interact with, a ligand or 
chromophore. PYP contains p-coumaric acid as a chromophore that is bound to the 
protein via a thiolester bond with C69.68, 77, 81 

As photoreceptor PYP has a light induced photocycle. In this cycle three major 
intermediates can be identified, pG, pR, and pB. In the ground state of PYP, pG (also 
named P or PYP), the chromophore is deprotonated and has a trans configuration.82 The 
absorption maximum of pG is at 446 nm.92 Upon, excitation with light the pR 
intermediate (also named I1 or PYPL) can be formed. Here the chromophore has 
received a cis configuration, but is still deprotonated.104 As a result the absorption 
maximum (~460 nm) is red-shifted. The isomerization of the chromophore facilitates 
the formation of the signaling state pB (also named I2, I2’, or PYPM), where the 
chromophore is typically protonated, and where the structure of the protein has changed 
significantly, compared to pG.94, 98 Furthermore, the absorption maximum is blue-
shifted relative to pG. Presumably the structural changes that accompany pB formation 
lead to alteration of the interaction with a downstream, and currently poorly 
characterized, transducer.111 pB subsequently recovers to pG, closing the photocycle. 

Note that depending on the conditions, certain characteristics of these basic 
phototcycle species may change. As such we can divide these photocycle species into 
several sub-species. Depending on conditions one or more of these sub-species may 
then be dominantly present.105 A prime example is the pB species. The light-induced 
structural changes in PYP show pronounced pH dependence, such that at low pH the 
amount of structural change is decreased205 compared to neutral and moderately alkaline 
pH. The two corresponding sub-species of pB also display different absorption spectra, 
with the less unfolded form (i.e., the low-pH form of pB) having an absorption 
maximum of 368 nm and the more unfolded form having an absorption maximum of 
355 nm.105, 107, 185, 206 At very high pH a third form of pB can be formed, in which the 
solvent-exposed chromophore is deprotonated. This leads to a shift of the absorption 
maximum of pB to 430 nm.105 Therefore, depending on the pH one or more of these 
sub-species may be present in significant amounts. 

Recently, a photocycle intermediate (pG’) was identified that appears to 
catalyze the recovery from pB to pG.105 This pG’ intermediate is characterized by a 
deprotonated chromophore in combination with a specific fold of the apo-protein. This 
configuration is then able to catalyze the photocycle recovery reaction, which includes 
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re-isomerization of the chromophore and refolding of the protein.105 The intermediates 
pB and pG’ are in a fast pH-independent equilibrium, while the decay of pG’ to pG is 
pH-dependent. Recovery via pG’ is much faster than the direct recovery of pG from 
pB.105 

The photocycle of PYP has been well-studied over the entire time-domain that 
is relevant for its functioning, i.e., from femtoseconds to seconds. In this study we focus 
on the recovery reaction of the signaling state (pB) back to the ground state (pG). 
Solvent conditions, such as ionic strength,185 temperature,94 pH,107, 108 and buffer 
composition,207 have an effect on the rate of this recovery. E.g., the recovery rate 
decreases as the ionic strength is increased.185 For this study we have specifically 
studied the influence of citric acid as it has been shown that, on top of its effect on ionic 
strength, it slows down the recovery rate of PYP more than other organic acids do.207 As 
such it may interact with potential signal transducer interaction sites. To resolve the 
specific site(s) of interaction between PYP and anionic species of citric acid we have 
measured pG recovery of WT PYP, and the mutants H108F and ∆25 PYP, as a function 
of both pH and citrate concentration, keeping temperature and ionic strength constant. 
From these measurements we were able to determine that it is the di-anionic form of 
citric acid that affects the recovery rate in WT PYP. In addition, for the mutant PYPs we 
observed differences in the influence that citrate has on recovery. From these 
observations we were able to deduce that the citrate-binding surface of PYP is located 
in-between the N-terminal cap and the β-sheet. Subsequent NMR measurements support 
the assignment of this binding site for citrate. 

Materials and methods 

Overproduction and purification of photoactive yellow protein 

WT, H108F,136 and ∆25 PYP128 were produced and isolated as described previously for 
WT PYP.58 Apo-PYP was reconstituted with the 1,1’-carbonyldiimidazole derivative of 
p-coumaric acid, as described previously.135 The reconstituted holo-proteins were 
purified by using a Pharmacia Äkta FPLC system (Amersham Pharmacia Biotech AB, 
Uppsala, Sweden) in two subsequent steps, with Ni-affinity chromatography and anion 
exchange chromatography, respectively. For WT and H108F PYP, in the Ni-affinity 
chromatography, 20 mM NaPO4/acetate buffer pH = 7.0, containing 150 mM NaCl, was 
used as the loading buffer. The proteins were eluted with a pH gradient by using the 
same buffer with a pH of 4.0 as the elution buffer. Immediately after Ni-affinity 
chromatography, the proteins were dialyzed against 50 mM Tris buffer, pH 8.0. Anion 
exchange chromatography was performed with 20 mM Tris, pH 8.0 as the loading 
buffer and a gradient of 0 to 1 M NaCl. For ∆25 PYP in the Ni-affinity chromatography 
20 mM NaPO4 pH 7.0 buffer was used with an imidazole gradient up to 0.5 M for 
protein elution. In anion exchange chromatography, the loading buffer was 20 mM 
ethanolamine pH 9.5, whereas for elution the same buffer with 1 M NaCl was used. The 
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purified holo-proteins were used without removal of the genetically introduced N-
terminal hexa-histidine containing tag. Their purity index (OD280/OD446) was better than 
0.5. A part of the samples were prepared with uniform 15N labeling of PYP.70 

Sample/buffer preparation 

Buffer solutions with defined ionic strength were prepared by mixing 1.0 M Acetic acid, 
0.2 M Na2HPO4, 1.0 M Trizma® base, 0.5 M Boric acid, 4.0 M NaCl, 1.0 M HCl, and 
1.0 M NaOH. The required amount of these stock solutions was calculated.105 Where 
necessary, minor pH adjustments were made with either 1.0 M HCl or NaOH. 

Transient ms/s UV/Vis spectroscopy 

UV/Vis spectra were recorded using an HP8453 UV/Vis spectrophotometer. Time 
resolved spectra were recorded from 250 to 600 nm, using an integration time of 0.1 s. 
A ‘Kraayenhof’-cuvette193 was used to thermostat the sample at 25°C, and allowed 
measurement of the sample pH in the measurement set-up. A Schott KL1500 LCD lamp 
was used to illuminate the sample. Actual sample illumination was computer controlled 
via a shutter system, allowing synchronization of sample illumination with the 
spectroscopic measurement. A 2 s delay was used between the start of the measurement, 
and a typical 5 s illumination period of the sample. 

Data analysis: Transient UV/Vis data 

Datasets obtained for each condition were analyzed as described previously.105 From 
this analysis both recovery rate constants and pB spectra were extracted. A typical 
analysis is described below (see Data analysis walkthrough). 

Data analysis: Spectral 

The pH and citrate-concentration dependence of the pB spectra obtained from the 
transient UV/Vis data was analyzed using the model depicted inside the ‘pB balloon’ in 
Figure 4.8. The rationale behind this model is further explained in the Results section. 
Equation 4.1 is a mathematical description of the fraction of each species in this model 
as function of pH and citrate concentration. Here the subscripts A though E represent 
the different pB species: A, pBl; B, pBm/pG’ mixture; C, pBh1; D, pBh2; and E, pBcitr. 
Kcitr represents the binding constant of HCitrate2− to pBm (for a detailed explanation of 
this nomenclature: see legend to Figure 4.8). Note that [HCitrate2−] is pH dependent; the 
concentration of HCitrate2− was calculated on the basis of the pH and the total amount 
of citrate in the sample. We used the following pK values for transition between the 
different forms of citrate: 3.15, 4.77 and 6.40.208  
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Data analysis: Kinetic 

To analyze the pH dependence of the recovery rate at different citrate concentrations we 
assumed that this rate is directly related to the fraction of each species of pB. Therefore 
we assigned a rate constant to each species of pB as indicated by Equation 4.2. Here the 
fraction of each species (fA through fE) is obtained from Equation 4.1. Furthermore, the 
rate constant for the pBm/pG’-mixture (kB) is pH dependent.105  
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Data analysis: Parameter confidence 

Confidence intervals were determined, for the parameters used in the spectral and 
kinetic analysis, according to a method described elsewhere.209 In short, confidence 
intervals were determined by varying the value of the parameter around the calculated 
optimum, and subsequently re-optimizing the other parameters. The values of the 
parameter were subsequently plot against the Sum Square Error (SSE) of the re-
optimized analysis. Obtained plots generally have a parabola-like shape, with the 
optimum value at the minimum. The confidence interval was subsequently determined 
by setting a threshold SSE-value (using a Fisher's F distribution). 

Guanidine HCl denaturation 

Measurements were performed at 25°C and pH 6.0 using the previously described 
buffer (see sample/buffer preparation). Buffer with varying amounts of Guanidine HCl 
were prepared by mixing buffers containing 0 M and 5.5 M Guanidine HCl. The 
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Guanidine HCl concentration was determined via the refractive index of the buffer 
solution.210 The same spectrophotometer setup as described above was used to record 
spectra. For each condition first a dark spectrum was recorded, followed by a spectrum 
of the sample in a light induced steady state. 

For the analysis spectra at 0 M Guanidine HCl were taken as native species 
reference spectra. Fully denatured species spectra were determined by averaging the 
spectra at the highest concentration Guanidine HCl (~3.3 M). These reference spectra 
were used in combination with Equation 4.3 to determine protein stability. In 
Equation 4.3 fnative and fdenatured represent the fraction native and denatured protein 
respectively; m is the m-value; [Gnd]½ the Guanidine HCl concentration for which 
fnative = 0.5; R the gas constant (8.314 J K–1 mol–1); T temperature (293 K); ∆G0 is an 
estimate of the conformational stability of the protein in absence of denaturant. 
Parameter confidence was determined as described earlier for the spectral and kinetic 
analysis of the transient UV/Vis data (see above). 
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NMR measurements 

Solution-NMR spectra were recorded on a Bruker AvanceII 500 MHz spectrometer 
operating at a 1H frequency of 500 MHz. NMR samples of uniformly [15N]-labeled WT 

PYP were prepared in Shigemi tubes, containing 200 µl 0.6 mM protein in 20 mM 
buffer solution (90 % H2O/10 % D2O, 150 mM NaCl, pH 6.2), both in absence and 
presence of 20 mM or 50 mM sodium citrate. DSS (0.2 mM) was used as internal 
chemical shift reference. 1D proton spectra and sensitivity enhanced 2D 15N-1H HSQC 
spectra211 were recorded at 38 and 53.5°C. Typically, 256 and 8 scans were collected for 
1D and 2D spectra, respectively, with 160 increments used in the 2D HSQC spectra. To 
measure NMR spectra of the pB state of PYP, laser light was sent from a Spectra 
Physics Stabilite 2017 Argon Ion Laser (5 Watt) through an optical fiber attached to a 
Shigemi glass insert into the NMR sample. The laser was operating in multiline 
emission mode, delivering blue-green light at maximum amplitudes between 447 to 
515 nm. The duration of laser illumination was controlled by a mechanical shutter that 
was controlled from the pulse program of the spectrometer. Each scan of the 1D and 2D 
spectra was started with a 400 ms pre-illumination period at a power of 2.7 Watt. The 
sample was illuminated during the pulse sequence and the acquisition of the FID and 
kept in the dark during the 3.6 s relaxation delay. 
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Autodock calculations 

Docking of HCitrate2− on PYP was carried out using the Autodock 4.0212 routine that 
has been implemented in Yasara Structure version 10.11.8. The high-resolution 0.82 Å 
crystal structure 1nwz.pdb71 was used for pG. A simplified model for the structure of pB 
was generated by deleting amino acids 1-18 of the atomic coordinates of 1nwz.pdb. 
This choice is based on the high-temperature solution NMR data of pB that show a lack 
of secondary structure and solvent protection for amides in this region. In addition, the 
ensemble structure 2kx6.pdb213 was used for pB. HCitrate2− was built in Yasara with 
idealized geometry using optimized AM1 atom charges at pH 6.2 and a final -2 charge 
distribution, which leads to one terminal protonated carboxyl group.214 The atom 
charges of the protein together with its pCA chromophore were calculated at pH 6.2 in 
Yasara and the final pG and pB structure both contain a protonated H108 imidazole ring 
with charge +1. Global docking with a fully flexible citrate ligand was performed over 
200 runs for both pG and pB using standard Autodock parameters. Grid size was 0.4 Å 
and the clustering criterion was set to 5 Å. The six clusters that had favorable binding 
energies were further analyzed. The lowest-energy global conformer per cluster was 
solvated in Yasara, equilibrated in 200 mM NaCl at 53.5°C and energy-minimized by 
simulated annealing in a free Molecular Dynamics run (Amber03 force field, periodic 
boundary conditions, 7.86 Å non-bonded cutoff, Ewald electrostatics). Details of 
molecular binding interactions were calculated and visualized by Ligplot.215 

Data analysis walkthrough 

This chapter focuses on the analysis of the results from a series of transient ms/s 
UV/Vis datasets, where the results from analyses of single datasets are used. Here we 
would like to walk through a typical analysis of a single raw dataset. This analysis 
consists of the following three steps, baseline correction, Singular Value Decomposition 
(SVD) analysis, and a Non-linear Least-Squares Fit (NLSF) of the data. The 
mathematical details of the analysis are described elsewhere,105 as such for this 
walkthrough we are mostly limiting ourselves to a graphical depiction of the analysis. 
For this walkthrough we have taken a WT PYP dataset recorded at pH 6.0 in the 
absence of citrate. 

A single raw dataset typically consists of a time series (30 seconds in length) of 
absorption spectra (250-600 nm) recorded with a 100 ms time interval. Baseline 
correction is performed on a per absorption spectrum basis, where the average of the 
OD values between 550 and 600 nm is subtracted from the absorption spectrum. 
Though this correction is generally a minor one, it does improve the quality of the 
subsequent analysis. Figure 4.1 depicts two representations of the baseline corrected 
data. In both the influence of the 5 s light pulse (from 2 to 7 s) can clearly be seen. First 
the sample is bleached by the light pulse. This is followed by dark recovery of the 
sample. For subsequent analysis only the recovery part of the dataset is used, i.e., the 
data to the right of the white line in Figure 4.1B. 
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Figure 4.1. Baseline corrected dataset. Note grey scale in panel A and B are not identical (grey scale in panel 
B from low to high intensity is from black to white). B) Data to the right of the white line was used for 
subsequent analyses.  

The second analysis step is mainly used to check if the model we use for 
analysis is consistent with the dataset. This is done by performing an SVD-analysis on 
the recovery part of the baseline corrected dataset. In the SVD-analysis the dataset is 
split into three components, a scaling matrix (i.e., a diagonal matrix with scaling factors; 
S-matrix), a matrix with spectral components (U-matrix), and a matrix with temporal 
components (V-matrix). From the obtained scaling matrix alone it is clear that there are 
only two significant components in our dataset (Figure 4.2). A closer look at the 
spectral-matrix multiplied by the scaling-matrix, confirms this (Figure 4.3). Note that 
there is a minor third component that has some structure, all other components are 
basically noise. However, since this third component is so small we can safely ignore it 
for our subsequent analyses. A closer look at the temporal multiplied by the scaling-
matrix, paints a similar picture (Figure 4.4). 

Figure 4.2. SVD-analysis -scaling matrix. 
The diagonal of the SVD-scaling matrix is 
plotted as a function of the SVD-rank. 
Plots A and B only differ in the way the 
Y-axis is scaled. 
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Figure 4.4. SVD-analysis -V matrix. The V matrix obtained in the SVD-analysis contains temporal 
information. The first 5 ranks of the matrix are shown. Line styles by rank number: 1 (dashed), 2 (dotted), 
3 (solid black), 4 (grey), 5 (light grey). Note, the only difference between shown plots is the Y-axis scaling. 

In the third analysis step the data is generated that is used for the analysis 
described in this chapter. The model we use in the NLSF analysis of the recovery part of 
our dataset assumes the dataset contains only two significant components.105 This is in 
line with the SVD-analysis described above. 

The result of the NLSF-analysis is basically two rate constants, the fraction the 
first rate constant contributes, and two spectra. Of these two spectra one represents the 
ground state spectrum. The other represents the light induced steady state spectrum, 
which is mostly a mixture of the pG and pB species. In Figure 4.5 the temporal part of 
the analysis is shown, and in Figure 4.6 the spectral part. From the residuals of the 

Figure 4.3. SVD-analysis -U matrix. The 
U matrix obtained in the SVD-analysis contains 
spectral information. The first 5 ranks of the 
matrix are shown. Line styles by rank number: 
1 (dashed), 2 (dotted), 3 (solid black), 4 (grey), 
5 (light grey). Note, the only difference 
between shown plots is the Y-axis scaling. 
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analysis a temporal and spectral standard deviation was determined (see Figure 4.5B 
and 4.6B).The described analysis was performed for three datasets at each measured 
condition. 

Results 

We have extended our previous work on WT PYP,105 by measuring the pH dependency 
of the photocycle recovery rate over a large pH range (4.5 to 10.5) in the presence of 
citrate. As before, we have kept temperature, ionic strength, and buffer composition 
constant and varied only pH and citrate concentration (0, 10, 20, and 30 mM). It should 
be noted that with 30 mM citrate we could only measure up to pH 7.5, as it was not 
possible to keep the ionic strength at 250 mM above this pH in the presence of 30 mM 
citrate. Furthermore, we have carried out the same set of measurements with the mutant 
derivatives H108F134 and ∆25128. 

Figure 4.5. NLSF-analysis -temporal. A) 
Fraction ground state (solid line) and fraction 
light induced steady-state (dashed line, is 
mostly a mixture of pG and pB). B) standard 
deviation based on fit residuals. 

Figure 4.6. NLSF-Analysis -Spectral. A) 
spectra of groundstate (solid line) and light 
induced steady-state (dashed line, is mostly a 
mixture of pG and pB). B) Standard deviation 
based on fit residuals. 
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Figure 4.7. Initial analysis of WT PYP. A) kinetic analysis of pH dependent recovery rate in the presence of 
varying amounts of citrate. 0 mM citrate (●), 10 mM (▲), 20 mM (▼), and 30 mM (■). Fitted lines are best 
fits through the data, i.e., no parameter constraints were used. B) Left-axis, difference curve (solid line) of two 
fit curves from panel A (0-20 mM citrate). Right axis, fraction of citrate species H3Citrate (dashed line), 
H2Citrate− (dash single-dotted line), HCitrate2− (dash double-dotted line), Citrate3− (dash triple-dotted line). 
C) Spectral analysis of pH dependent pB spectra at 0 mM citrate. From low to high pH the spectral line styles 
are dotted, solid, dashed, and dash-dotted. 

WT PYP - initial analysis 

We confirmed the observation for WT PYP that at low pH the presence of citrate retards 
the recovery reaction of PYP.207 When we look at the pH dependence of the recovery 
kinetics, the pH transition of these kinetics appears to shift towards higher pH with 
increasing citrate concentration (Fig. 4.7). We fitted the data-points using the model 
from our previous work.105 To visualize the citrate induced change we subtracted the 
fitted curve from Figure 4.7A at 20 mM from the one at 0 mM citrate. Comparison with 
citrate titration curves (see Fig. 4.7B) revealed that the citrate induced retardation seems 
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to correlate specifically to the presence of hydrogen-citrate (i.e., HCitrate2−). It is 
therefore likely that this species retards the photocycle recovery rate. The slight 
discrepancy between the maxima for HCitrate2− and the retardation effect in Figure 4.7B 
is likely caused by a difference in influence of HCitrate2− on the different pB sub-
species. 

At higher pH (>7.5), i.e. the pH range in which Citrate3− is most abundant, the 
addition of citric acid has the opposite effect: consistently a small acceleration of the 
recovery reaction is observed. Because of its small size this effect has not been further 
analyzed. 

In our previous work we linked the pH transition of the recovery rate to the pH 
transition of pB spectra.105 In this previous study we obtained a low pH pB spectrum 
(pBl; λmax ~368 nm), a medium pH pB spectrum (mixture of pBm with λmax ~355 nm, 
and pG’ λmax ~450 nm), and a high pH pB spectrum (pBh; λmax ~430 nm). One might 
therefore expect the transition of the low to medium pH pB spectra to shift to higher pH 
as well. However, in our initial analysis the spectral pH transition appeared to shift to 
lower pH, i.e., in the opposite direction of the shift of the kinetic pH transition. It was 
therefore clear to us that our relatively simple photocycle scheme no longer sufficed to 
analyze pH dependent photocycle events in the presence of citrate. 

In our previous work we noted that in all likelihood there is an additional 
spectral transition for pB at high pH, caused by deprotonation of tyrosine residues. 
Improvements in our analysis protocol have allowed us to confirm the presence of this 
transition. As a result we now include two high pH pB sub-species instead of just one 
(i.e., pBh now becomes pBh1 and pBh2). The resulting spectra for each sub-species of pB 
are shown in Figure 4.7C. 

WT PYP: incorporation of the influence of citrate into the photocycle model 

For the incorporation of the influence of citrate into our photocycle model, we have 
used the following criteria and assumptions, which are based on our initial analysis. The 
influence of citrate on PYP is caused by HCitrate2−. HCitrate2− only influences PYP 
when it can bind to a relatively unfolded form of PYP, i.e., the pB form that dominates 
at medium pH (pBm). When HCitrate2− is bound to pB, the latter can no longer form 
pG’. Effectively, this leads to the addition of a HCitrate2− bound pB intermediate 
(pBcitr), which is in equilibrium with pBm (Fig. 4.8). As, such our pH dependency model 
for pB has changed from a basic single species with 2 pH transitions model,105 to one 
that has 3 pH transitions plus a HCitrate2− dependent equilibrium. Here we should be 
able to distinguish spectra for, pBl, (pBm + pG’), pBh1, pBh2, and pBcitr. Note, that pBcitr 
and pBm are expected to have similar spectral characteristics, with one difference, the 
pBm intermediate cannot be distinguished from pG’. Furthermore, by introducing an 
additional pB species at high pH we can no longer assume that only the pBm + pG’ 
mixture contributes significantly to the recovery rate. As such, the recovery rate is 
determined by summing the fraction of each sub-species of pB multiplied by its 
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representative recovery rate. Note, that only the recovery rate linked to the pBm + pG’ 
mixture is pH dependent (see Eq. 4.2). Also, this pH dependent rate should have a 
significantly higher value than the other rate constants. Simulations with this model 
(Eq. 4.1 and 4.2) confirm that with increasing citrate concentration the pH dependence 
of the presence of pG’ shifts to higher pH, while the transition from (pBm + pBcitr) to pBl 
shifts to lower pH. 

Figure 4.8. Photocycle scheme of PYP indicating pH and citrate dependence of pB species. In this scheme the 
three basic photocycle species pG, pR, and pB are indicated by boxes. Inside the box of the pB species a 
scheme is shown for the distribution of pB sub-species as function of pH and citrate, where pBl, pBm, pBh1, 
and pBh2 represent sub-species of pB that dominate at low-, medium-, and high pH, respectively. As pKBC and 
pKCD differ only modestly (~1 pH unit; see Table 4.1), we introduced two sub-species with subscript h for 
high pH (i.e., h1 and h2). pBcitr represents a sub-species of pB that has HCitrate2− bound to it, and is in 
exclusively formed via an equilibrium with pBm. The thick black arrows between the boxes of the basic 
photocycle species indicate the route of the photocycle. Intermediates that may be involved in the transition 
from one basic species to the other are indicated inside these arrows. Note that depending on the conditions 
these intermediates may or may not be involved. E.g., pG’ is only involved if the transition of pB to pG goes 
through the pBm sub-species of pB. If the transition of pB to pG goes through any of the other sub-species of 
pB, pG’ is not involved. 

Analysis of the data with the model incorporating citrate would benefit from a 
global approach that includes all datasets in a single analysis and combines kinetic and 
spectral analysis. However, at this time this is not possible due to the size of the 
complete dataset, as well as minor differences in scaling between datasets recorded 
under a multitude of conditions. As such, we were forced to apply the model on sub-sets 
of the data. To retain the required global aspect in the analysis we made the following 
assumptions: (i) The pKs of the transitions between the different sub-species of pB are 
constant between sub-sets of data, (ii) The pK-values for transition between the different 
forms of citrate are 3.15, 4.77 and 6.40,208 and have a cooperativity constant of 1, (iii) 
The binding constant for the binding of HCitrate2− to pBm is constant between sub-sets 
of data, (iv) The pH dependence of the recovery rate, which is linked to the fraction 
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pBm/pG’, is not dependent on the citrate concentration, and (v) the model parameters 
should allow for a good fit through both kinetic and spectral aspects of the dataset. 

Table 4.1. Analysis results with pH and citrate dependent model for the rate of PYP recovery 

WT PYP 

Transitiona Kineticb 

 fit 

lower 

limit 

upper 

limit  fit 

lower 

limit 

upper 

limit 

pKA,B 5.9551 5.9503 5.9598 kA 0.082 0.035 0.125 
pKB,C 9.869 9.852 9.884 pKB 7.00 6.80 7.14 
pKC,D 10.564 10.513 10.618 nB 1.01 0.77 1.31 
nA,B 1.037 1.027 1.048 kB,low 2.81 2.64 3.06 
nB,C 1.182 1.172 1.194 kB,high 1.620 1.562 1.670 
nC,D 1.60 1.49 1.71 kC 0.242 0.159 0.320 
Kcitr 0.063 0.047 0.090 kD 0.00 0 0.10 

    kE 0.00 0 0.30 
H108F PYP 

Transitiona Kineticb 

 fit 

lower 

limit 

upper 

limit  fit 

lower 

limit 

upper 

limit 

pKA,B 5.406 5.381 5.430 kA 0.0000 0 0.0084 
pKB,C 9.5086 9.4992 9.5179 pKB 6.89 6.72 7.04 
pKC,D 10.564 − − nB 0.94 0.69 1.26 
nA,B 0.743 0.720 0.767 kB,low 0.694 0.672 0.723 
nB,C 0.8654 0.8586 0.8723 kB,high 0.466 0.446 0.482 
nC,D 1.60 − − kC 0.047 0.022 0.068 
Kcitr 100 0.16 − kD 0.000 0 0.065 

    kE 0 − − 
∆25 PYP 

Transitiona Kineticb 

 fit 

lower 

limit 

upper 

limit  fit 

lower 

limit 

upper 

limit 

pKA,B 1 − − kA 0 − − 
pKB,C 9.270 9.256 9.289 pKB 7.1 6.7 7.7 
pKC,D 10.174 10.126 10.247 nB 1.05 0.43 − 
nA,B 1 − − kB,low 0.00425 0.00387 0.00450 
nB,C 0.917 0.905 0.927 kB,high 0.00612 0.00567 0.00712 
nC,D 1.51 1.35 1.66 kC 0.02017 0.01947 0.02086 
Kcitr 100 − − kD 0.01759 0.01692 0.01823 

    kE 0 − − 
Values that were forced are depicted in Italic. Unit of Kcitr is M. Unit of the rate constants (kx) is 
s−1. 
a Parameters in the Transition-column were determined via pH dependent spectral analysis in the 
absence of citrate, with the exception of the Kcitr-parameter, which was based on global analysis of 
kinetic data. 
b Parameters in the Kinetic-column were determined via a global analysis of kinetic data. 
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PYP: Analysis with citrate-incorporated model 

As a starting point we used the spectral analysis in the absence of citrate. The 
parameters obtained from this analysis cannot be influenced by citrate and therefore 
conform to our constraint that these parameters are not citrate dependent. Subsequently, 
a kinetic analysis was performed, which allowed us to fit data measured as function of 
both pH and citrate concentration in a single global fit. In this analysis all parameters 
related to the transition between the different sub-species of pB and citrate were fixed, 
with the exception of the binding constant of HCitrate2− to pBm. The result of this 
analysis is summarized in Table 4.1. When these values for the model parameters were 
applied to the pH dependent spectral data in the presence of citrate, a reasonably good 
description of the data was obtained (data not shown). The resulting spectrum for pBcitr 
is indeed similar (not identical) to pBm, only without the contribution of pG’ (data not 
shown). 

Ionic strength choice 

When it became clear the binding constant of citrate was likely higher than 30 mM, we 
decided to see if we could measure with citrate concentrations up to 100 mM. However, 
this required an increase of the solvent ionic strength that we had been using up till that 
point. As ionic strength also influences photocycle kinetics, we did a quick test over a 
limited pH range before starting an extensive series of new measurements. This test 
revealed that at an ionic strength of 1.0 M we were no longer able to clearly distinguish 
the citrate induced retardation of the recovery rate (Fig. 4.9). 

H108F-PYP analysis 

Since citrate appears to bind only to PYP’s pBm sub-species, we decided to determine 
the effect of citrate on the H108F mutant of PYP. This mutant seems to undergo less 
structural change upon formation of pB.134 Therefore, it may not be able to bind citrate, 
or behave differently in the presence of citrate. 

The analysis of the data obtained for H108F PYP was done in the same way as 
for WT PYP. However, the analysis proved to be less straightforward than that of WT 
PYP. The confidence intervals for the pKCD, nCD, and Kcitr parameters turned out to 
cover a very large range, indicating they could not be determined from the current 
dataset. Therefore, for the pKCD, and nCD parameters, values obtained for WT PYP were 

Figure 4.9. pH dependent recovery rate. Recovery 
rate of WT PYP at an ionic strength of 1.0 M in the 
presence of 0 (●), 20 (▼), and 100 (♦) mM citrate. 
Lines are fitted curves from Figure 4.7A and are 
from WT PYP at an ionic strength of 250 mM in 
the presence of 0 (solid line), 10 (dashed line), 20 
(dotted line), and 30 (dash-dotted line) mM citrate. 
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used. The Kcitr parameter was fixed to a value (100 M) that basically removes the 
influence of citrate from the model. As a result the parameter kE could also be fixed (to 
0 s−1) as it should have no influence in the model anymore. The results from this 
analysis are collected in Figure 4.10 and Table 4.1. We were not able to perform these 
measurements at citrate concentrations above 30 mM. It was therefore extra important 
to determine the confidence limits of the fitted value for the binding constant of citrate. 
To determine the lower limit of the Kcitr parameter for H108F the parameter kE was not 
fixed. The determination of the confidence limit for Kcitr, as shown in Figure 4.11 for 
WT and H108F PYP, enabled us to determine that our limited citrate concentration 
range made determination of Kcitr not very precise and for the H108F mutant essentially 
impossible (Fig. 4.11B), though we were able to determine a lower limit for Kcitr in the 
H108F mutant. Notably, the lower limit for Kcitr (160 mM) is still significantly higher 
than the WT value for Kcitr (47-90 mM). 

Figure 4.10. Analysis of H108F PYP. A) Kinetic analysis of pH dependent recovery rate in the presence of 
varying amounts of citrate. 0 mM citrate (●), 10 mM (▲), 20 mM (▼), and 30 mM (■). Fitted line is global fit 
at 0 mM citrate using our photocycle model that includes the influence of citrate (see Table 4.1 for model 
parameters). Fitted lines at 10, 20, and 30 mM are highly similar and are therefore not shown. B) Spectral 
analysis of pH dependent pB spectra at 0 mM citrate. From low to high pH the spectral line styles are dotted, 
solid, dashed, and dash-dotted. 
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Figure 4.11. Determination of parameter confidence for Kcitr for WT PYP (A) and H108F PYP (B). 
Horizontal line indicates SSE value that was used as limit to determine confidence range for the parameter. 

Other major differences with the WT data are that the pK transition between 
sub-species of pB at low pH has shifted to a lower pK by ~0.5 pH unit. A similar, shift 
was observed for this mutant when monitoring the pH dependent proton uptake and 
release upon illumination.136 Furthermore, the contribution of pG’ in the mixed pBm/pG’ 
spectrum is significantly less compared to that in WT PYP, as we noted previously.105 
Lastly, from the obtained rate constants for H108F PYP (see Table 4.1) it is clear that 
recovery of H108F is significantly slower than WT PYP. 

∆25 PYP analysis 

Since there is a good chance that the N-terminus is involved in citrate binding, we 
decided to also determine the effect of citrate on the ∆25 mutant of PYP. In this mutant 
the N-terminus is absent. Due to the very slow recovery kinetics of this mutant we 
added a neutral density filter between the light source of the spectrophotometer and the 
sample, to minimize probe light induced photocycle activation. As a result we were no 
longer able to reliably record spectral information below 300 nm. 

The analysis of the data obtained for ∆25 PYP ground state recovery shows no 
sign of being influenced by citrate. For the analysis of ∆25 PYP recovery, we were only 
able to detect pH induced transitions at high pH; the low pH transition around pH 6 
appears to be absent in ∆25 PYP (Fig. 4.12). As a result we had to adjust the analysis 
models. The spectral analysis at 0 mM citrate was performed with a simple 2 pH 
transition model. For the subsequent kinetic analysis, the low pH transition was fixed at 
a pK of 1, effectively removing the influence of the pBl-species from the model in the 
pH domain we analyzed. Also Kcitr was set to 100 M to remove the influence of citrate 
from the model. Additionally the rates kA and kE were fixed to 0 s−1 as they should have 
no influence in the model. Again, the parameters obtained from the spectral analysis at 
0 mM citrate were used (fixed) in the global analysis of the pH-dependent kinetic data 
(see Fig. 4.12 and Table 4.1). Note, that the low pH spectrum for pB of ∆25 PYP is 
similar to the pBm spectra of WT and H108F PYP. Also, recovery is slower for this pBm 
species than pBh1. The contribution of pG’ in the pBm spectra is very low. Furthermore, 
the pH dependence of kB remains, although in contradiction to the WT and H108F data, 
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the rate is slower at low pH. Removing, the pH dependence of kB results in a poor fit 
(data not shown), indicating this pH dependence is not destroyed when removing the N-
terminus from PYP. 

Figure 4.12. Analysis of ∆25 PYP. Kinetic analysis of pH dependent recovery rate in the presence of varying 
amounts of citrate. 0 mM citrate (●), 20 mM (▼), and 30 mM (■). Fitted line is global fit at 0 mM citrate 
using our photocycle model that includes the influence of citrate (see Table 4.1 for model parameters). Inset: 
spectral analysis of pH dependent pB spectra at 0 mM citrate. From low to high pH the spectral line styles are 
solid, dashed, and dash-dotted. 

Protein stability 

The citrate induced slower recovery of WT PYP can be interpreted as a stabilization of 
the pB structure by citrate. Therefore we determined the relative stability of WT, H108F 
and ∆25 PYP (both in their pG- and pB-form) in the absence and presence of citrate via 
Guanidine HCl titrations. The results are summarized in Table 4.2. Interestingly, based 
on ∆G0 alone, citrate only has a clear stabilizing impact on the protein’s conformational 
stability in pG of ∆25 PYP and destabilizes WT in pG. For pB no significant 
stabilization by citrate is observed. Therefore, the retardation of pG recovery in the 
presence of citrate is likely not caused by a stabilizing effect of citrate. 

When we look at the [Gnd]½ parameter, a consistently higher value is observed 
in the presence of citrate, with the single exception of the pG form of WT PYP. This 
indicates that the denaturant and citrate compete, at least in part, for the same binding 
sites. Furthermore, in pB of WT and H108F the shift is larger (~0.3-0.4 mM) compared 
to the shift under the other conditions (~0.1 mM). This is consistent with the disruption 
of the N-terminus in pB. 

Finally, the m-value is interesting in the sense that it represents the change in 
solvent accessible surface area (SASA) upon denaturation.216 Here a higher m-value 
represents a larger change in SASA. As might be expected, between pG and pB the m-
value is consistently smaller in pB, even in ∆25 PYP. Furthermore, citrate seems to 
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consistently decrease the m-value in WT and H108F, while no significant change is 
observed for ∆25 PYP. This indicates that citrate may have a disruptive effect on the N-
terminus of PYP. 

Table 4.2. PYP conformational stability based on guanidine denaturation 

 WT PYP a 

 pG pB 
[Citrate] 0 mM 52 mM 0 mM 52 mM 

[Gnd]½ 

M 
2.616 2.547 1.918 2.358 

(2.614-2.617) (2.546-2.548) (1.910-1.926) (2.318-2.401) 

m-value 
kJ·mol−1·M−1 

17.38 16.60 13.87 11.96 
(17.22-17.54) (16.48-16.73) (13.38-14.39) (10.60-13.61) 

∆G0 
kJ·mol−1 

45.4 42.29 26.6 28.2 
(45.0-45.9) (42.0-42.6) (25.6-27.7) (24.6-32.7) 

 H108F PYP a 

 pG pB 

[Citrate] 0 mM 52 mM 0 mM 52 mM 

[Gnd]½ 

M 
2.532 2.626 2.253 2.583 

(2.530-2.533) (2.625-2.628) (2.236-2.270) (2.564-2.602) 

m-value 
kJ·mol−1·M−1 

15.95 15.45 7.66 7.05 
(15.83-16.08) (15.33-15.57) (7.29-8.05) (6.74-7.37) 

∆G0 
kJ·mol−1 

40.4 40.6 17.3 18.2 
(40.0-40.7) (40.2-40.9) (16.3-18.3) (17.3-19.2) 

 ∆25 PYP a 

 pG pB 

[Citrate] 0 mM 52 mM 0 mM 52 mM 

[Gnd]½ 

M 
2.062 2.120 2.015 2.158 

(2.060-2.064) (2.119-2.122) (1.994-2.036) (2.138-2.179) 

m-value 
kJ·mol−1·M−1 

14.32 14.36 7.54 7.45 
(14.16-14.48) (14.24-14.49) (7.09-8.04) (6.98-7.91) 

∆G0 
kJ·mol−1 

29.5 30.4 15.2 16.1 
(29.2-29.9) (30.2-30.7) (14.1-16.4) (14.9-17.2) 

a Conformational stability was determined for WT, H108F, and ∆25 PYP at pH 6.0 for both the pG 
and pB form at 0 and 52 mM citrate. Values in brackets indicate the 95 % confidence interval for 
the fit-parameters. 

 

Solution-NMR analysis of citrate binding 

To get more detailed information about a possible binding site for citrate we performed 
several solution-NMR measurements on WT PYP. Experiments were performed in the 
presence and absence of citrate at pH 6.2. Assignment of individual amides in the 
ground state (pG) follow from 3D NOESY spectra, while corresponding assignments in 
the pB state were made at a higher temperature than in previous studies132 to eliminate 
the conformational line broadening that hampered resonance assignments of the pB 
state of WT PYP. Details of the assignments for pB at high temperature will be 
described elsewhere. 
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Figure 4.13. Chemical shift perturbations of amide proton pairs of WT PYP in the pG (panel A) and the pB 
state (panel B) in the presence of 50 mM citrate. Absolute chemical differences ∆1H + 15N are calculated as 

root-mean-square differences weighted according to √(δ1H)2 + (δ15N/6.515)2. Missing data points due to high-
solvent exchange rates or exchange broadening are indicated by small circles, triangles correspond to proline 
positions. Yellow bars in panel D show amides for which less accurate delta values are calculated, mostly due 
to partial overlap of amide protons in the compared NMR spectra, or by low sensitivity of peaks in the non-
citrate reference spectrum. The horizontal dotted lines give the estimated average limit for which significant 
chemical shifts differences can still be measured accurately (>0.003 and >0.007 ppm for pG and pB, 
respectively). The secondary structure cartoon displayed at the top of the diagrams in panel A and B is derived 
from the crystal structure of pG (1nwz.pdb)71. C) Overlay of the 15N-1H spectrum of pG recorded at 53.5 °C. 
Inserts of HN-N F6 and the amino HD22-ND2 Q32 cross peaks actually show the maximal chemical shifts 
changes that have been observed in pG (<0.04 ppm). D) Overlay of the 15N-1H spectrum of pB recorded at 
53.5 °C. The largest chemical shift perturbations of amide proton signals are labeled in the plot. 
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Titration up to 20 mM citrate does not reveal any chemical shift perturbation of 
amide protons in the spectra of the pG state at 38°C. Only at 50 mM citrate and a higher 
temperature (53.5°C) small perturbations are seen just above the detection limit of 
0.003 ppm (Fig. 4.13A and C). The largest changes (up to 0.04 ppm) are observed for 
amino proton HE22 of Q32, amides F6, F28, R124. The amides in loop regions around 
L88-N89 and G112-S117 are perturbed up to 0.02 ppm. In conclusion, citrate displays 
very weak binding towards the pG state of PYP. 

In contrast, a clear citrate-induced difference can be observed in the HSQC 
spectrum of the pB intermediate, recorded under similar conditions as for pG (see 
Fig. 4.13B and D). Chemical shift changes of pB in the presence of citrate amount up to 
0.06 ppm and are spread over the entire protein sequence. The most pronounced 
perturbations, however, are observed for amides in the important helical region (44-51), 
and the β-strand regions (90-99) and (103-110). Also the N-terminal region at positions 
G25 and G29 is disturbed relatively strongly in the pB state after binding of citrate. 
Figure 4.13B shows that the first 19 amino acids of the N-terminus remain largely 
invisible despite the much improved spectral quality of the HSQC spectra of pB at 
elevated temperature. Possibly, the loss of secondary structure in the N-terminus of pB 
causes an increased solvent-exchange rate of these amides that result in diminished 
proton signals. From the titration data on pB it is concluded that HCitrate2− may bind to 
either the junction between the N-terminal side and helix (44-51) of PYP and/or the 
exterior side of the two long β-sheets (88-97) and (103-111) that are bridged by a 
hairpin loop. Either way, the NMR perturbation data indicate that almost the whole 
structure of the pB molecule is affected by binding of citrate. 

Docking studies of citrate binding 

In order to independently search for possible binding positions of HCitrate2− (see 
Fig. 4.14E) on the surface of the pG and pB states of PYP, we performed a docking 
study at pH 6.2 using Autodock. The docking results on pG are schematically displayed 
in Figure 4.14A. The four main clusters indicated by roman numerals point to binding 
sites that are complementary to the negatively charged citrate molecule. In summary, 
the preferred binding positions are located at (I) in the loop pocket surrounded by K17, 
W119, L113, S114 and the side-chain of Q32, (II) near F6, and the side-chains of K106 
and K123, (III) near side-chains of K123 and R124, and (IV) in the loop region 
adjacent to N87 and L88. In fact, the amide protons that are predicted to ligate to citrate 
correspond exactly to the slight perturbations observed in the HSQC spectra. Thus, 
despite the low-affinity binding of citrate, these calculations are in full agreement with 
the experimental observations. 
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Figure 4.14. Autodock results of docked divalent citrate (see also the structural formula in E) on the pG and 
pB structure. Citrate docking orientations of the best 200 solutions are shown as clusters. Circles indicate the 
position of the most favorable docking solutions, sequentially ordered with roman numerals going from high 
to low binding energy. The chromophore pCA covalently attached to Cys69 is indicated in green. The N-
terminus (residues 1-28) is colored magenta, the backbone in red (29-43, 75-125), blue (44-51) and yellow 
(52-74) shows the corresponding structure of both pG and pB. A) front view of pG (1nwz.pdb, 0.82 Å crystal 
structure)71. B and C) front and side view, respectively, for a simplified pB model that is compatible with the 

NMR structure in solution (a truncated ∆(1-18) pG). D) ensemble pB structure (2kx6.pdb, based on various 
structural probes)213. E) Structural formula of sodium citrate in its HCitrate2− state. Note that the molecule has 
symmetric carboxylate end groups. For a schematic representation of the possible binding sites indicated by 
roman numerals in A-D see Figure 4.15. 

Figure 4.15 (next page). Proposed binding modes of trivalent citrate to PYP pG (1nwz.pdb)71 (A), truncated 
∆(1-18) pG derived from the same crystal structure (B), and chosen as most simplified pB model that is 
compatible with the NMR structure in solution, and an ensemble structure of pB (2kx6.pdb)213 that is based on 
data from a multitude of techniques and PYP mutants (C). Several docking positions have been found for pG 
and pB. The best representative, lowest energy conformer of each docking ensemble was immersed in a water 
box, annealed and energy-minimized by means of a short free Molecular Dynamics simulation. The detailed 
docking interactions between citrate and the protein for these refined structures are schematically represented 
by Ligplot215 maps, showing favorable hydrogen bonds and non-bonding molecular interactions in the 
complex. Ligand plots are numbered according to Autodock212 clustering analysis that sequentially order the 
best solutions from highest to lowest binding energy. The Ligplot interaction details agree well with the most 
significant shifts of amide atom pairs that are observed experimentally in the NMR spectrum of pG and pB. 



Binding of hydrogen-citrate to PYP is affected by the structural changes 

89 

Figure 4.15. 

  



Chapter 4 

90 

Docking studies of citrate binding 

In order to independently search for possible binding positions of HCitrate2− (see 
Fig. 4.14E) on the surface of the pG and pB states of PYP, we performed a docking 
study at pH 6.2 using Autodock. The docking results on pG are schematically displayed 
in Figure 4.14A. The four main clusters indicated by roman numerals point to binding 
sites that are complementary to the negatively charged citrate molecule. In summary, 
the preferred binding positions are located at (I) in the loop pocket surrounded by K17, 
W119, L113, S114 and the side-chain of Q32, (II) near F6, and the side-chains of K106 
and K123, (III) near side-chains of K123 and R124, and (IV) in the loop region 
adjacent to N87 and L88. In fact, the amide protons that are predicted to ligate to citrate 
correspond exactly to the slight perturbations observed in the HSQC spectra. Thus, 
despite the low-affinity binding of citrate, these calculations are in full agreement with 
the experimental observations. 

Docking results on the pB structure are difficult to obtain, as at the time of this 
writing no solution structure of the pB state of WT PYP at atomic resolution is 
available. The major problem for pB is that it is very dynamic. It basically is an 
ensemble of structures that may be divided in sub-ensembles. Depending on the used 
conditions the distribution of sub-ensembles may differ. It is therefore not surprising 
that a structure that perfectly suits our needs is not available. What we do know is that 
that the structure of the pB state is less ordered than that of pG, especially in the N-
terminus. To get an impression of the situation in WT PYP pB we opted to test two 
structures, one a simplified model based on the pG structure, the other an ensemble 
structure for pB based on various structural probes213. 

For the simplified model of pB we use a truncated model (∆1-18) derived from 
the pG crystal structure, in which the coordinates of 18 amino acids of the N-terminus 
are removed. This is based on the lack of amide proton signals from these 18 amino 
acids in the HSQC spectra at high temperature. With this model we basically test for 
possible binding sites that are protected by the N-terminus in pG. This model does not 
take into account any other structural changes that may occur in pB. The docking results 
for this simplified model of pB are shown in Figure 4.14B and 4.14C. The removal of 
the N-terminal residues leads to a newly available positively charged surface patch (I) 
that is normally occluded in the pG state by the aromatic ring of F6. The amino acids 
involved in this pocket are located on the beta sheet surface and include protonated 
H108, K106, K110, and K123. Cluster (I) is the dominant docking solution (74 %) 
found for the simplified pB model, other docking solutions of citrate are less favorable 
in energy and converge to similar surface positions already seen for the non-truncated 
structure of pG. Interestingly, the Cluster I binding position can be made accessible in 
pG by simply rotating the ring and backbone of F6 out of the way (see below). 

A structure for pB that recently became available (2kx6.pdb) is an ensemble 
structure that is based on data from a multitude of techniques and PYP mutants, that 
were recorded under varying conditions.213 Also for this structure multiple binding 
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possibilities for citrate were found (Fig. 4.14D). Clusters I (27 %) and II (30 %) are the 
dominant docking solutions. Docking cluster I is located in an open type loop in the N-
terminal domain consisting mostly of hydrogen bonds to the amide backbone involving 
residues K17, L23, L26-F28. Docking cluster II involves H108, a residue also found in 
the simplified model of pB, and is located on the N-terminal side of the central β-sheet. 

The problem with this ensemble of structures is that the presence of different 
sub-ensembles of pB structures was not really taken into account. Also, the structures in 
the ensemble are all relatively similar, and therefore may only reflect one of the sub-
ensembles of pB, or worse could represent a hybrid structure for pB that may not be 
representable for any of the major sub-ensembles of pB. In other words, the results from 
the docking studies of citrate binding to pB should be considered indications of possible 
citrate binding sites, and do not necessarily reflect reality. That said, the obtained results 
are in line with our measurements. 

From our docking study with the simplified pB model we noted a possible role 
for residue F6, which seems to block citrate from a possible binding site in pG. In order 
to show the structural involvement of the aromatic ring of F6 to gain improved citrate 
binding, a model of a pB-citrate complex was constructed from the crystal structure of 
the pG state. The ring and backbone of F6 were manually rotated out of the pocket 
originally surrounded by side chains of H108, K106 and K123 and F28 (Fig. 4.16) to 
make place for a single citrate molecule. In the final energy-minimized model in water 
(see Fig. 4.16) a single citrate molecule (both the Citrate3− and HCitrate2− variants) fits 
nicely into this pocket without further major conformational rearrangements of other 
protein parts being necessary. 

Figure 4.16. Plot of the energy-

minimized ∆(1-18) pG model 
containing a single, docked 
citrate molecule, bound at the 
side chain position of F6 near 
amino acids H108, K106, K123, 
F28 and F121. The structural 
model is based on the 0.82 Å 
crystal structure (1nwz.pdb) of 
the pG state of PYP. Three of 
these side chains (H108, K106 
and K123) interact with the 
negative charges of the citrate 
carboxylate groups (broken 
lines). The steric clash between 
citrate and the backbone of the 
N-terminal domain that would 
be present at position F6 in the 
non-truncated, full-length pG 
state is indicated by a circle. 
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Discussion 

An extensive amount of knowledge already exists about the bio-/photo-physics of PYP. 
As a result various versions of its photocycle have appeared over the years to try and 
describe how PYP functions. We have found that it helps to interpret the photocycle 
based on just three key species (pG, pR, and pB). The key is that each of these species 
should be considered a large ensemble of similar but ultimately different structures. 
This is of course not a radically new idea; it is just the consequence of the dynamic 
nature of proteins.217, 218 Each ensemble of species can subsequently be subdivided in 
sub-ensembles that may dominate under specific conditions, e.g., in a specific pH range. 

For this study we have generated an extensive dataset to study the recovery 
characteristics of PYP as a function of both pH and citrate concentration. It has already 
been established that citrate retards ground state recovery of PYP at low pH.207 By 
varying both pH and the concentration of citrate, we aimed to determine if the influence 
of citrate is general or linked to a specific species of citrate. Based on our experiments 
we have learned that specifically Hydrogen-citrate (HCitrate2−) slows down PYP 
recovery between pH 4.5 and 7. Furthermore, it only influences a specific sub-set of pB 
(pBm), which dominates between pH 6 and 10. 

Additionally, at pH > 7.5 there appears to be a slight citrate induced 
acceleration of PYP recovery. This effect is rather small, however, and is likely linked 
to the Citrate3− species. In order not to overly complicate the photocycle model, we 
ignored the influence of Citrate3−. Significantly though, solution-NMR measurements at 
pH 7.9 revealed that Citrate3− may bind to the same surface region of the β-sheet of PYP 
that is exposed in the signaling state (data not shown). 

By treating the pB intermediate as an ensemble of sub-species, it was fairly 
straightforward to incorporate the influence of HCitrate2− on the photocycle. All that 
basically was required was to add an equilibrium reaction for the binding of HCitrate2− 
to the pBm sub-species. This equilibrium is suggested by the data through the observed 
influence of citrate, which appears to be linked to both the presence of HCitrate2− and 
pBm (see Fig. 4.7B). As a result we were able to determine an equilibrium constant for 
the binding of HCitrate2− to pBm. It is clear that this equilibrium constant is greater in 
the H108F mutant of PYP. In other words, HCitrate2− appears to bind less efficiently to 
H108F PYP compared to WT PYP. Note that when the equilibrium constant of WT 
PYP was used in the analysis of H108F PYP anyway, not only did the fit of kinetic data 
become significantly worse also the spectral analysis resulted in clearly incorrect 
spectra (data not shown). Unfortunately, we were not able to perform these 
measurements at citrate concentrations above 30 mM. Due to the nature of citrate, a 
higher citrate concentration would also require a higher ionic strength of the sample. A 
test using an ionic strength of 1 M, instead of 250 mM, revealed that the influence of the 
higher ionic strength overshadows the influence of citrate and no citrate effect was 
visible anymore (see Fig. 4.9). As such we were not able to determine the citrate 
binding constant very accurately (see Table 4.1 and Fig. 4.11). Interestingly, the H108 



Binding of hydrogen-citrate to PYP is affected by the structural changes 

93 

residue also showed up as a possible citrate interaction partner in our Autodock 
calculations, which could explain the lower binding affinity in H108F PYP. 

Another aspect of the photocycle model we use here is the double transition at 
high pH for pB, signifying first deprotonation of the chromophore, resulting in a red-
shift in the spectrum, followed by a transition signified by deprotonation of Tyrosine 
residues. Data at high pH is difficult to measure and analyze, not only because of the 
relatively extreme solvent conditions required to measure these transitions, but also due 
to the overlap of the pG and pBh spectra. The values obtained for these high pH regions 
should therefore be considered approximate. Even so, it is still possible to see the 
typical absorption increase caused by tyrosine deprotonation, as also previously 
observed for pG.105 Furthermore, recent NMR measurements have shown that Y76 and 
Y98 have a pK of 10.2 in pG.219 It is likely these tyrosine residues are also involved in 
the transition we see here for pB at pK ~10.6. 

The pH dependence of the recovery rate in the ∆25 mutant has the same high 
pH transitions that we see in WT PYP (and H108F PYP). However, an equivalent to the 
transition around pH 6 that is observed in WT PYP could not be detected for the ∆25 
mutant within the pH range we analyzed. Notably, the spectrum of the low-to-medium 
pH range is similar to pBm in WT PYP. This is further proof that the transition from pBl 
to pBm is caused by solvent exposure of the central β-sheet due to changes in the N-
terminus. As in the ∆25 mutant the central β-sheet is always solvent exposed, it is 
reasonable to expect that the pB spectrum at low-to medium pH is similar to pBm in WT 
PYP. 

The experiments reported here were also initiated to obtain a better insight into 
the elusive pG’ intermediate. We already postulated that two elements are important for 
the catalytic properties of this intermediate, the protonation state of the chromophore 
(deprotonated), and the folding state of the protein.105 The protonation state reveals 
itself spectrally. The importance of the folding state has now revealed itself through 
comparison of the WT, H108F, and ∆25 PYP results presented here. Previously, we 
postulated that the recovery rate is linked to the amount of pG’ that is present. In other 
words, the recovery rate is dependent on the equilibrium between pBm and pG’. This fits 
nicely with what is observed in H108F PYP, where the recovery rate is slower than in 
WT PYP and where we observe less pG’ as well. However, if this is the only factor, we 
should not be able to observe pG’ for ∆25 PYP, which has a very slow recovery rate. 
The fact that we do observe a small amount of pG’ in this mutant indicates that also the 
catalytic efficiency of pG’ likely plays a role. As the N-terminus is removed in 
∆25 PYP it is reasonable to assume the N-terminus plays an important role in the 
catalytic activity of pG’. Furthermore, as it is likely that the catalytic activity of pG’ is 
largely absent in ∆25 PYP, the recovery rate of this mutant may be representative for 
the non-catalyzed recovery rate of PYP. It may therefore be interesting to have another 
look at mutants that severely influence the recovery rate characteristics such as the 
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M100 mutants146, 148 and the E46Q mutant108, 220, and investigate the possible role of pG’ 
in their behavior. 

Binding of HCitrate2− to PYP is fairly specific. Based on the NMR experiments 
it is clear that it binds – if at all – with very low affinity to the pG state, but clearly 
perturbs spectra of the pB state (see Fig. 4.13). Based on this chemical shift 
perturbation, it is likely that citrate anions bind between the central β-sheet and the N-
terminus, which is only possible when the N-terminus moves away from the central β-
sheet while forming the pB intermediate. This fits nicely with the observation that 
binding of HCitrate2− is specifically associated with the pBm sub-set of pB, for which 
large structural changes, likely involving the N-terminus, have been proposed.94, 98, 132 

Note that this does not mean citrate has no influence on pG. In fact, based on 
denaturation experiments, citrate seems to destabilize pG in WT PYP. Interestingly, 
where one can easily interpret the citrate induced slower recovery of WT PYP in pB as 
a stabilization of the pB structure by citrate, citrate appears to have no significant 
influence on the stability of pB. Therefore, the influence of citrate on the denaturation 
titrations seems mainly to be the result of competition for similar binding sites, and/or 
influencing the solvent accessible surface area of the protein. As such, the slower 
recovery rate that is observed in the presence of citrate in WT PYP is not so much a 
result of stabilization of a single pB state, but more the result of a change in the 
distribution of the different sub-species of pB. In fact, we would suggest that changes in 
recovery rate can often be related to a change in distribution of pB sub-species. In 
addition, a change in the distribution of the different sub-species of pB may also explain 
the NMR perturbation data where small shift-changes were observed in almost the 
whole pB structure. 

A previously proposed binding site for anionic citrate near the chromophore 
pocket207 of the pG state of PYP does not agree with our observation of a citrate binding 
site between the central β-sheet and the N-terminus. Therefore, we used the program 
Autodock212 to obtain a more detailed impression of the site(s) where HCitrate2− may 
bind. The major problem here is the dynamic nature of pB, which makes it essentially 
impossible to assign a single structure to this intermediate. Therefore we used two 
widely different structures for pB, each with their own pros and cons (see above). The 
analysis revealed several possible binding sites, none of which include the previously 
proposed binding site.207 The most favored binding sites are indeed between the central 
β-sheet and the N-terminus, as we predicted based on our measurements. Furthermore, 
for both pB structures a binding site was found where H108 was involved. The 
involvement of H108 is in line with the observation that the influence of citrate in 
H108F PYP is either diminished or eliminated. 
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Conclusion 

We have used the pH dependence of PYP as a tool to further refine the interpretation of 
the photocycle of this protein. To do this successfully we deem it essential to interpret 
the ‘classic’ photocycle intermediates/species of this protein as ensembles of sub-
species. Here the distribution of these sub-species is dependent on characteristics such 
as pH. As a result we were able to show that addition of citrate can influence photocycle 
recovery by influencing the distribution of pB sub-species. More specifically, we were 
able to show that HCitrate2− can interact with the pBm sub-species to retard photocycle 
recovery. Furthermore, by doing the same for several mutants of PYP (H108F and ∆25) 
we could deduce that the relevant interaction of HCitrate2− with the pBm sub-species 
was most likely situated between the central β-sheet and the N-terminus. This was then 
confirmed via NMR measurements and Autodoc calculations. 

The principles behind how citrate influences the PYP phototcycle may 
translate very well to how light signals received by PYP may be transduced to the cell, 
or how a transduction interaction partner for PYP may influence the photocycle of PYP 
in vivo; an aspect that has been very poorly characterized for PYP up to this point. 
Especially since, a transduction interaction partner for PYP may well interact at a 
similar place to where HCitrate2− interacts with pBm, i.e., between the central β-sheet 
and the N-terminal cap. 

We feel that the idea, that changes in the distribution of photocycle 
intermediate sub-species influences photocycle kinetics and even the route taken in the 
photocycle reaction scheme, is a powerful one that can and should be used in the 
(re)interpretation of PYP data. 
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Tryptophan fluorescence as a reporter for structural 

changes in photoactive yellow protein elicited by photo-

activation 

M. Hospes, J. Hendriks and K. J. Hellingwerf, submitted, 2012. 

Abstract 

Light-activation of Photoactive Yellow Protein (PYP) is followed by a series of 
dynamical transitions in the structure of the protein. Tryptophan fluorescence is well-
suited as a tool to study selected aspects of these. Using site-directed mutagenesis a 
series of eight ‘single-tryptophan’ mutants of PYP were made by replacement of either 
a tyrosine, phenylalanine or histidine residue by tryptophan, while simultaneously 
eliminating the endogenous W119. Surprisingly, only three of these eight mutants turn 
out to emit measurable tryptophan fluorescence: F6W/W119F, F96W/W119F and 
H108W/W119F. Significantly, all three display altered tryptophan fluorescence upon 
formation of the pB state. As F96 is located very close to the chromophore, the 
F96W/W119F mutant protein is particularly suitable for further studies on the 
dynamical changes of the polarity in the chromophore-binding pocket of PYP. 
Furthermore, WT PYP can be photo-activated by a UV photon via the highly conserved 
W119 plus fluorescence resonance energy transfer. Placing a unique tryptophan residue 
elsewhere in the protein shows that position 119 is favoured for UV-activation of PYP. 
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Introduction 

Per-Arnt-Sim (PAS) domains are protein domains found throughout all three Kingdoms 
of life.221 Most of these PAS domains are involved in signal transduction and function 
as sensors and/or transducers.13, 221 Their sensor function is often based on altered ligand 
or cofactor interaction with the (apo) PAS domain, but also protein-protein interaction 
plays an important role in their signal transduction. It is proposed that in various PAS 
domains, despite very different input signals, the mechanism of propagating the signal 
to the surface of the PAS domain is conserved.222-224 

The prototype of the PAS fold is photoactive yellow protein (PYP),13 which is 
a small (125 amino acids in total) water-soluble photo-active protein from the purple 
sulphur bacterium Halorhodospira halophila,46 that functions as photoreceptor for a 
light-avoidance response in this organism.52 PYP displays all the important functional 
characteristics of PAS domains, such as signal sensing, binding of a cofactor, and signal 
transduction through protein-protein interaction. In H. halophila it interacts with an as 
yet poorly characterized downstream transducer protein.111 Furthermore, it contains a p-
coumaryl chromophore, linked to C69 via a thiol-ester bond.68, 77, 81 

In the ground state of the protein (pG), this chromophore is in the trans 
configuration and deprotonated, with an absorption maximum at 446 nm.82 The 
hydrogen-bonding network around the chromophore stabilizes the negative charge of its 
phenolate group.69, 70 Upon absorption of a photon, the chromophore isomerizes across 
its C(8),C(9) ethylenic bond within a few picoseconds.182, 183 Also, the hydrogen bond 
between the carbonyl group of the chromophore and the backbone nitrogen atom of 
Cys69 is disrupted,117, 225 followed by rotation of the carbonyl group around the long 
axis of the chromophore to form the intermediate I0.

123 Through further relaxation of the 
chromophore, the pR1 and pR2 intermediates are then formed.126, 226 Next, an intra-
molecular proton transfer takes place from E46 to the phenolate moiety of the 
chromophore,136 thereby forming the intermediate pB’.98 From pB’, pB is formed, 
which is the presumed signaling state of PYP.93 The recovery to the ground state 
completes the photocycle and includes deprotonation and re-isomerization of the cis-
chromophore and refolding of the protein.91, 107 A wide range of techniques have 
demonstrated that formation of the signaling state of PYP is accompanied by large 
structural changes, that can even be described as a partial functional unfolding of the 
protein.98, 129, 130, 132 These large structural changes are initiated by intra-molecular 
proton transfer and presumably assist in altering interactions with a downstream 
transducer.98 

The incentive of the hydroxylic proton from E46 to migrate to the phenolate 
chromophore is amongst the most poorly understood aspect of the photocycle of PYP. 
Structural changes around the chromophore in the preceding steps of the photocycle 
may induce this transfer. X-ray crystallographic studies on early photocycle 
intermediates in PYP reveal only small structural changes, mostly around the 
chromophore.123 The pR state is formed as two coexisting sub-species.227, 228 One with 
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two hydrogen bonds from the chromophore to (Y42 and E46, respectively) and a second 
pR sub-state which lacks the hydrogen bond to E46. However, tryptophan fluorescence 
measurements from the unique tryptophan in PYP, only corresponds to a pR state with 
both two hydrogen bonds intact.229 

Molecular dynamics simulations of the pR state(s) revealed that a water 
molecule can enter the chromophore-binding pocket via E46.230 A subsequent study has 
shown that protonation of the chromophore occurs over a lower barrier if a water 
molecule replaces the positively charged R52.231 In WT PYP the chromophore is 
directly protonated by E46. The water molecule can stabilize the negative charge on 
E46 even better by changing the position of R52. In agreement with these simulations, 
experiments show that dehydration of PYP strongly affects the transition from pR to 
pB’.232 R52 appears to start moving away from the chromophore only a few 
nanoseconds after photon absorption.123 In all these simulations R52 has a positive 
charge which is important for the migration of water molecules into the chromophore-
binding pocket and the protonation of the chromophore.230, 231 This importance of the 
positive charge on R52, deduced from simulation studies, has not yet experimentally 
been confirmed. PYP mutants in which R52 was replaced by a non-charged amino acid 
have a relatively unperturbed spectra and photocycle kinetics (see chapter 3 and 
reference126). Indeed, in neutron crystallography of PYP, R52 is observed to be 
deprotonated.72 

We are interested to resolve the structural changes preceding intra-molecular 
proton transfer in the different functional regions of PYP. Tryptophan fluorescence is 
particularly suited as a tool to study this for proteins in solution, as both its wavelength 
of maximal emission and its quantum yield are sensitive indicators of the local structure 
and polarity in the micro-environment surrounding the side chain of this amino acid.233, 

234 Its emission maximum, for instance, shifts to the red when exposed to a more 
hydrophilic environment. Wild type PYP contains a single tryptophan at position 119. 
The dynamical changes of its fluorescence emission have already been analysed in 
detail. This revealed that W119 becomes more exposed to an aqueous environment in 
the signaling state.235 Nevertheless, W119 is still at quite some distance from the 
chromophore. To measure structural changes around the chromophore and in other 
functional regions of PYP, we have generated a series of site-directed PYP mutants in 

Figure 5.1. Structure of 
PYP (2phy.pdb) with the 
locations of the mutated 
residues. 
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which we have mutated W119 into a phenylalanine and additionally converted a 
specific phenylalanine, tyrosine or histidine residue into tryptophan (i.e., ‘single 
tryptophan’ mutants). In figure 5.1, the structure of PYP is shown with the mutated 
residues highlighted. Accordingly, we can probe local changes in protein structure 
specifically at these mutated sites. Here we present the initial characterization of these 
mutants to determine their suitability for follow-up studies. Suitable mutations should 
have a minimal impact on PYP function and the fluorescence characteristics of the 
introduced tryptophan should change measurably during photocycle transitions. Our 
initial characterization assayed the photocycle recovery kinetics and the changes in the 
tryptophan fluorescence characteristics between pG and pB at pH 6 and 8. This revealed 
several unexpected yet interesting characteristics in some of the mutants. 

Table 5.1. Primer sequences 

Mutation Sense primer 

F6W GACAAAATGGAACACGTAGCCTGGGGTAGCGAGGACATCG 
F28W CGACGGCCTGGCCTGGGGCGCCATCCAGC 
F62W GGTCATCGGCAAGAACTGGTTCAAGGACGTGGCC 
F92W GCAACCTGAACACGATGTGGGAGTACACCTTCGATTACC 
Y94W GCAACCTGAACACGATGTTCGAGTGGACCTTCGATTACCAAATGACGCCCAC 
F96W CGATGTTCGAGTACACCTGGGATTACCAAATGACGCCC 
Y98W CGATGTTCGAGTACACCTTCGATTGGCAAATGACGCCCACGAAGG 

H108W CCCACGAAGGTGAAGGTGTGGATGAAGAAGGCCCTCTCCG 
W119F CCGGCGACAGCTACTTCGTCTTCGTCAAGCGC 

 

Materials and methods 

Site-directed mutagenesis 

Site-directed mutagenesis was performed with the QuickChange kit (Stratagene) and 
using the plasmid pHisp as template.58 The sequences of the mutagenic sense primers 
are listed in table 5.1. The corresponding anti-sense primer is the reverse-complement of 
the sense primer. The mutation was confirmed by DNA sequencing. 

Overproduction and purification of photoactive yellow protein 

WT PYP and its mutant derivatives were produced and isolated as described previously 
for WT PYP.58 Apo-PYP was reconstituted with the 1,1’-carbonyldiimidazole 
derivative of p-coumaric acid, as described elsewhere.135 The reconstituted holo-
proteins were purified by using a Pharmacia Äkta FPLC system (Amersham Pharmacia 
Biotech AB, Uppsala, Sweden) in two subsequent steps, with Ni-affinity 
chromatography and anion exchange chromatography, respectively. For WT PYP, in the 
Ni-affinity chromatography, 20 mM sodium phosphate/acetate buffer pH = 7.0, 
containing 150 mM NaCl, was used as the loading buffer. The proteins were eluted with 
a pH gradient by using the same buffer with a pH of 4.0 as the elution buffer. 
Immediately after Ni-affinity chromatography, the proteins were dialyzed against 
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50 mM Tris buffer, pH 8.0. Anion exchange chromatography was performed with 
20 mM Tris, pH 8.0 as the loading buffer and a gradient of 0 to 1 M NaCl. For PYP 
mutants in the Ni-affinity chromatography 20 mM sodium phosphate buffer pH = 7.0 
was used with an imidazole gradient up to 0.5 M for protein elution. For dialysis and 
anion exchange chromatography the same buffers were used as for WT PYP. The 
purified holo-proteins were used without removal of the genetically introduced N-
terminal hexa-histidine containing tag. The purity index (OD280/OD at maximum) of 
WT PYP, W119F, and the ‘single-Trp’ mutants was better than 0.5, except for 
F28W/W119F, F62W/W119F, F96W/W119F (see Results Section). The ‘double-Trp’ 
mutants have purity index better than 0.7. 

Sample/buffer preparation 

UV/Vis spectroscopy measurements were performed in 20 mM Tris buffer pH 8.0. 
Fluorescence was measured in a buffer containing 20 mM Acetic acid, 20 mM 
Na2HPO4, 20 mM Tris, 20 mM Boric acid, and NaCl to set ionic strength at 250 mM. 
The pH was adjusted to 6.0 with 1 M HCl or to 8.0 with 1 M NaOH. These two buffers 
were used for all UVVis or fluorescence measurements, except for measurements with 
varying amounts of (NH4)2SO4, at different pH values or with 1 % SDS. Buffers with 
varying amounts of (NH4)2SO4 were prepared by mixing 20 mM Tris buffer pH 8.0 with 
and without 3.0 M (NH4)2SO4. The measurements with (NH4)2SO4 were done within 
one hour, to limit precipitation. For spectra at pH 6.0, 8.0, 9.0 and 10.0 a buffer was 
used that contained 20 mM Acetic acid, 20 mM Na2HPO4, 20 mM Tris, 20 mM Boric 
acid, and NaCl to set ionic strength at 250 mM, using calculations described 
elsewhere.105 The pH was set with 1 M HCl or 1 M NaOH. The pH of the sample was 
checked in the measurement set-up of the spectrometer. PYP proteins were unfolded in 
20 mM Tris buffer with 1 % SDS at pH 8.0. Samples with an OD280 of 0.26 were 
incubated for 1 hour at room temperature. As a control for complete unfolding, samples 
were characterized with UV/Vis spectroscopy. Unfolded PYP absorbs around 346 nm 
instead of 446 nm. After addition of the detergent absorbance at 446 nm was less than 
0.0016. 

Transient ms/s UV/Vis spectroscopy 

UV/Vis spectra were recorded from 250 to 600 nm, using an HP8453 UV/Vis 
spectrophotometer. For time-resolved spectra an integration time of 0.1 s was used. 
Measurements were performed at 25°C at ODmax = 0.5. A Schott KL1500 LCD lamp 
was used to illuminate the sample for 5 s. The ground state recovery rate was 
determined by fitting a bi-exponential function through the recovery part of the data 
described in previous chapter. 
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Steady-state fluorescence measurements 

Steady-state fluorescence spectra were recorded on an Olis DM45 spectrofluorimeter 
(equipped with a 150 W Xe Arc lamp) and an AMINCO Bowman Series 2 
Luminescence spectrometer (with a 450 W Xe lamp). For tryptophan fluorescence, the 
excitation wavelength was set at 295 nm (2.4 nm bandpass) and emission was recorded 
from 300 to 580 nm (2.4 nm bandpass). For chromophore fluorescence, the excitation 
wavelength was set to the absorption maximum of the used PYP derivative, and 
emission was recorded from 450 to 550 nm. The bandpass for the excitation and 
emission beams was set at 0.50 nm and 2.4 nm, respectively. For mutants F92W, 
F92W/W119F, F96W, and F96W/W119F the intensity of the excitation light was 
decreased to minimize bleaching. WT PYP was measured with this low excitation 
intensity as reference. Excitation spectra of the chromophore were recorded from 
250 nm to 485 nm, with the emission set at 495 nm. The same bandpass settings were 
used for the chromophore emission spectra. Tyrosine residues were excited at 280 nm 
(with a 2.4 nm bandpass), and emission was recorded from 290 to 400 nm (with 2.4 nm 
bandpass). Excitation spectra of tryptophan/tyrosine residues were recorded from 
250 nm to 310 nm, with the emission set at 328 nm. The same bandpass settings were 
used as for the tryptophan fluorescence spectra. 

The PYP samples were analysed at room temperature and at ODmax = 0.5, 
except where otherwise indicated in Section Sample/buffer preparation. The samples 
were illuminated with LED light of 462 nm (FWHM: 22 nm) to produce a pB/pG steady 
state mixture. The contribution of the pG component in the steady state was determined 
with UV/Vis measurements. The recorded spectra were corrected for emission of the 
buffer. The emission spectra were normalized via the absorption at the excitation 
wavelength. The pG component of the pB/pG steady state spectra is subtracted from the 
spectra. The chromophore excitation spectra were corrected for protein concentration at 
the absorption maximum. The tryptophan excitation spectra were corrected for 
absorption at 295 nm. The spectra of tryptophan fluorescence (emission and excitation 
spectra), tyrosine fluorescence, and chromophore fluorescence (emission and excitation 
spectra) were normalized at the emission maximum of WT PYP, in the emission spectra 
of tryptophan fluorescence (in the pG state at pH 8.0), tyrosine fluorescence, and 
chromophore fluorescence, respectively. 

Results 

One way to follow (the dynamics of) structural changes in a protein is via analysis of 
tryptophan fluorescence. Upon excitation at 295 nm, the emission spectrum in the 
region from 300 to 400 nm reports about the micro-environment of its tryptophan 
residue(s).233, 234 Accordingly, the fluorescence of PYP mutant W119F, in which the 
only tryptophan is replaced by a phenylalanine, shows minor emission in this 
wavelength range (see below). The chromophore of PYP emits fluorescence in a 
different spectral range, i.e., between 450 and 600 nm.236, 237 Upon excitation of the 
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aromatic amino acids, a small part of the fluorescence is transferred via Förster 
Resonance Energy Transfer (FRET) to the chromophore, which then leads to emission 
by the chromophore above 450 nm.144 

We created a series of single-tryptophan PYP mutants in which we have 
mutated W119 into a phenylalanine and converted a selected phenylalanine, tyrosine or 
histidine residue into tryptophan. For each ‘single-tryptophan’ mutant also the 
corresponding ‘double-tryptophan’ mutant was made, to investigate whether or not each 
single mutation did significantly alter the PYP-photocycle characteristics. All the 
mutant proteins were heterologously overproduced in Escherichia coli, purified and 
characterized with respect to their UV/Vis spectra, using well established methods for 
this protein.58, 105, 107, 199 PYP mutants F6W, F6W/W119F, F28W, F62W, F92W, 
F92W/W119F, Y94W, Y94W/W119F, Y98W, Y98W/W119F, H108W, 
H108W/W119F, and W119F have similar absorption spectra as the wild type protein 
(Fig. 5.2), be it that the absorption maximum of several mutants has shifted a few nm. 
The absorption maxima are listed in table 5.2. 

Table 5.2. Parameters of PYP recovery kinetic 

PYP mutant Absorption 

maximum 

Recovery kinetic 

k1 (s
-1) k2 (s

-1) fraction k1 

WT 446 nm 2.42 0.67 0.90 
F6W 444 nm 2.15 0.33 0.95 

F6W/W119F 445 nm 2.11 0.26 0.96 
F28W 446 nm 0.37 0.092 0.89 

F28W/W119F 355/445 nm 0.12 - 1 
F62W 446 nm 0.87 0.15 0.96 

F62W/W119F 442 nm 0.21 0.010 0.96 
F92W 446 nm 0.017 0.0077 0.88 

F92W/W119F 444 nm 0.0088 0.0054 0.58 
Y94W 446 nm 1.50 0.78 0.81 

Y94W/W119F 445 nm 0.83 0.58 0.79 
F96W 440 nm 0.0053 0.011 0.79 

F96W/W119F 438 nm 0.0036 0.0098 0.88 
Y98W 446 nm 1.70 0.16 0.88 

Y98W/W119F 445 nm 0.77 0.22 0.90 
H108W 447 nm 1.51 0.31 0.96 

H108W/W119F 445 nm 2.13 0.33 0.97 
W119F 445 nm 1.29 0.69 0.89 
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Figure 5.2. Absorption spectra (dotted lines), excitation spectra of chromophore fluorescence measured at 
495 nm (solid lines), and emission spectra with excitation at absorption maximum (dashed lines) of WT PYP 
(A), F62W (B), F62W/W119F (C), F92W (D), F92W/W119F (E), Y94W (F), Y94W/W119F (G), F96W (H), 
F96W/W119F (I), and W119F (J). Absorption spectra are normalized with their maximum at 0.5. Excitation 
and emission spectra are normalized at the maximum of WT PYP. All samples have pH 8.0. 



Tryptophan fluorescence as a reporter for structural changes in PYP 

105 

Figure 5.3. Absorption spectra at different concentrations (NH4)2SO4: 0 M (NH4)2SO4 (solid black lines), 
1.0 M (NH4)2SO4 (dotted blue lines), 2.0 M (NH4)2SO4 (dashed green lines), and 3.0 M (NH4)2SO4 (dashed 
red lines) of F28W/W119F (A), F62W/W119F (B), WT (C), F28W (D), F62W (E), F96W (F), F96W/W119F 
(G), and W119F (H) in 20 mM Tris pH 8.0. In the graphs is not shown for every mutant the spectra at all 
(NH4)2SO4 concentrations. 

The spectral properties of the chromophore in mutants of PYP are a good 
indicator for structural perturbations in the protein. PYP has a low chromophore 
emission,237 indicating that the PYP binding pocket is adjusted to promote 
photochemistry over fluorescence. Changes in the PYP binding pocket cause higher 
fluorescence. However, it is also possible that only a small sub-fraction of the PYP 
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proteins in the sample causes this high fluorescence. To determine if this is the case, 
excitation spectra were measured. If the excitation spectrum does not follow the 
absorption spectrum, this reveals the presence of different conformations in the protein 
population. In figure 5.2 we show the absorption and emission and excitation spectra of 
WT PYP and of several mutants thereof. Excitation at the absorption maximum gives 
emission peaking around 493 nm for WT PYP. This chromophore emission has the 
same shape for the PYP mutants, and their maxima are between 491 and 495 nm, but 
differences are apparent in the quantum yield. For mutants F62W, F62W/W119F, 
F96W, and F96W/W119F the quantum yield is much higher compared to WT PYP. 
Excitation spectra of the chromophore fluorescence are measured with the emission 
wavelength set at 495 nm. In these excitation spectra, the excitation peak overlapped 
with the main absorption peak. A small additional excitation peak is present at 286 nm. 
This peak originates from excitation via aromatic residues, of which the fluorescence is 
transferred to the chromophore via FRET. However, it cannot be excluded that also 
direct excitation by UV light of the chromophore occurs. 

The absorption spectra of F96W and F96W/W119F are slightly different from 
WT. Their absorption peak is broadened at the high-energy side of the visible 
absorption peak. In addition, their UV/visible absorption ratio is relatively high and 
their absorption maximum is shifted to the blue. These differences are larger in 
F96W/W119F than in F96W. All in all, this suggests a less stable protein, which is in 
agreement with a relatively high chromophore fluorescence quantum yield and the 
broadened excitation peak (see Fig.5.2). Kosmotropic salts, such as ammonium 
sulphate, stabilize proteins. Ammonium sulphate stabilizes the main absorption peak by 
recucing the broadening at the high-energy sid of the peak of F96W and to a greater 
extent F96W/W119F (Fig. 5.3), such that the high UV/visible absorption ratio is 
decreased. These experiments are complicated by the fact that several proteins 
precipitate in 3.0 M ammonium sulphate. 

The absorption spectra of F28W/W119F and F62W/W119F differ from the 
spectra of WT and their single mutants as shown in figure 5.4. PYP F62W/W119F has a 
shoulder at 390 nm in its main absorption band. Also F62W/W119F has a high 
chromophore fluorescence quantum yield compared to WT PYP. The excitation 

Figure 5.4. Normalized 
absorption spectra of WT 
PYP (black solid line), F28W 
(red dashed line), 
F28W/W119F (red solid 
line), F62W (blue dashed 
line), F62W/W119F (blue 
solid line), and W119F (black 
dashed line) in 20 mM Tris 
pH 8.0. 
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spectrum of F62W/W119F has high fluorescence at the same wavelength of the 
shoulder in its absorbance spectra. All in all, this suggests that a fraction of the protein 
is in a different conformation. The high chromophore fluorescence of this different 
conformation suggests that the photocycle yield of this sub-fraction is low or completely 
absent. Ammonium sulphate stabilizes the main absorption peak of F62W/W119F by 
reducing the 390 nm shoulder and increasing the absorption around 442 nm (Fig. 5.3). 
This corresponds to a decreasing fraction of the protein with a different conformation 
from the majority of the protein. A shoulder in the absorption spectrum has been 
observed before for Y42 mutants (Y42F, Y42A, and Y42W).238-240 The shoulder of 
F62W/W119F has several characteristics in common with the shoulder of the main 
absorption band of Y42F,241 such as only a small pH dependence (Fig. 5.5C) and the 
fact that the main peak can be stabilized by ammonium sulphate. On the other hand, the 
excitation spectrum of the chromophore in Y42F follows the absorption spectra. 

F28W/W119F in contrast has decreased absorption around 445 nm and a peak 
at 355 nm at neutral pH. The main absorption peak is not stabilized by ammonium 
sulphate (see Fig. 5.3). The absorption at 355 nm is typical for the protonated 
chromophore.81 Indeed, the 445 nm peak of F28W/W119F can be increased by 
increasing the pH (Fig. 5.5). At pH 10.0 the absorption at 445 nm is higher than the 
absorption at 355 nm, but the spectra still show a second peak, which represents PYP 
with a protonated chromophore. At pH >10 the link between C69 and the chromophore 
spontaneously hydrolyses. Determination of a precise pK for the chromophore in the 
W28F/W119F mutant is therefore difficult. From the spectra in figure 5.5, we estimate a 
pK of around 10. However, the possible presence of multiple intermediates, such as in 
G29A,242 makes this estimation difficult. A pK near the pK of p-coumaric acid in 

Figure 5.5. Absorption spectra at different pH 
values: pH 6.0 (dashed red lines), pH 8.0 (solid 
black lines), pH 9.0 (dashed green line), and pH 
10.0 (dotted blue lines) of F28W/W119F (A), 
F28W (B), and F62W/W119F (C). The 
spectrum at pH 9.0 is only shown for 
F28W/W119F 
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denatured PYP of 8.8128 is not excluded for F28W/W119F. A chromophore pK around 
8.8 for F28W/W119F suggests the chromophore is fully exposed. Because of the high 
pK, it is not possible to convert the chromophore of all F28W/W119F proteins into the 
deprotonated form. Therefore tryptophan fluorescence measurements on F28W/W119F 
will not represent the WT environment of W28. This makes W28 unsuitable as a 
reporter for structural changes. Therefore, we did not use this protein in subsequent 
fluorescence experiments. 

F62W has high chromophore fluorescence, which is relatively high upon 
excitation around 390 nm (see Fig. 5.2). Also, addition of 3.0 M (NH4)2SO4 leads to a 
small increase in absorption at 446 nm and a reduction in absorption between 340 and 
400 nm (Fig. 5.3). On the other hand, we do not observe a shoulder in its absorption 
spectrum. The high fluorescence and stabilisation by (NH4)2SO4 suggests that F62W 
contains a very small fraction of protein in the conformation that causes the shoulder in 
the absorption spectra of F62W/W119F. Also, the single mutants W119F and F28W 
have unperturbed absorption spectra. The pK of the single mutant F28W is much lower, 
i.e. more like the pK in WT PYP243, because even at pH 6.0 the chromophore is still 
deprotonated (Fig. 5.5B). It is therefore the combination of the two mutations that gives 
these large effects on the UV/Vis spectra of these proteins. 

All mutants were photoactive, with transient absorption spectra similar to those 
of wild type PYP. Their recovery rate was analysed using a bi-exponential decay 
function. The rate of the recovery reaction in all mutants is decreased, as can be seen in 
table 5.2. In most of these mutants, however, the recovery rate is only slightly 
decreased. A large deceleration of the recovery rate is observed in F28W/W119F 
(20 fold), F62W/W119F (12 fold), F92W (144 fold), F96W (457 fold), and 
F96W/W119F (680 fold). These large decreases may affect the functional 
conformational changes in the protein; especially in light of the fact that this series 
includes all mutants with altered absorption spectra. 

Tryptophan fluorescence could be measured from mutants F6W/W119F, 
F96W/W119F, and H108W/W119F. Figure 5.6 shows the fluorescence of these mutants 
in the pG and the pB state, at pH 6.0 and pH 8.0. The fluorescence of the pB state is 
calculated from the spectrum of a light induced pB/pG steady state mixture via 
correction for the pG contribution. The tryptophan residue in all three mutant proteins 
senses changes in its environment upon pB formation; however, these changes are of a 
different nature in the three proteins. For W6 at pH 8.0 the quantum yield is decreased 
and the emission maximum is red-shifted in the pB state (λmax = 354 nm) compared to 
pG (λmax = 333 nm). However at pH 6.0 these emission maxima show a small blue shift 
(pG λmax = 331 nm and pB λmax = 351 nm), as compared to pH 8.0. Upon formation of 
pB, the quantum yield of W96 decreases with 41 % and the spectrum shifts slightly to 
the red. The maxima shift from 336 nm to 338 nm at pH 8.0 and from 333 nm to 
335 nm at pH 6.0. For W108 the quantum yield is decreased in the pB state as compared 
to the pG state at pH 6.0, while at pH 8.0 tryptophan fluorescence disappears in pB. In 
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the emission maxima no shift is observed. The emission maximum for the pG, at both 
pH values and for the pB at pH 6.0, is approximately 335 nm. 

The fluorescence properties of W119 in pG are independent of pH in the range 
from pH 6.0 to pH 8.5. It has an emission maximum at 328 nm.235 We observe 
differences in the fluorescence of W6, W96, and W108 between pH 6.0 and pH 8.0. For 
all three mutant proteins the fluorescence quantum yield is slightly increased at pH 6.0 
compared to pH 8.0 in both pG and pB. The difference in the position of the 
fluorescence maxima is maximally 3 nm at the two pH values. The fluorescence of W6 
and W108 has larger differences in the pB state between pH 6.0 and pH 8.0 than in the 
pG state. Fluorescence of W96, however, has similar pH dependence in the pG and pB 
state. 

Figure 5.7 shows emission spectra, obtained after excitation at 295 nm for WT 
PYP and the mutants F62W/W119F, F92W/W119F, Y94W/W119F, Y98W/W119F, 
and W119F in the pG and in the pB state at pH 8.0. The emission between 310 and 
350 nm of W119F, which lacks tryptophan residues, is lower than 40 % of the emission 
of WT PYP. To see what causes this remaining emission, we measured excitation 
spectra of W119F and WT at pH 8.0 and 6.0. These excitation spectra are shown in 
figure 5.7C. The excitation spectra of WT are in agreement with excitation of tyrosine 
and tryptophan residues, which has absorption maxima around 274 and 280 nm, 
respectively.244 Compare to WT, W119F has a lower emission after excitation above 
290 nm. This is in line with the absence of tryptophan residues in W119F. The 
excitation of the five tyrosine residues in W119F gives a lower emission at 328 nm than 
for WT. This is caused by tyrosine fluorescence being transferred via FRET to W119 in 
WT and not in W119F. In sum, the excitation spectra of WT is in agreement with 

Figure 5.6. Tryptophan fluorescence emission 
spectra of PYP mutants F6W/W119F (A), 
F96W/W119F (B), and H108W/W119F (C) at 
pH 6.0 (light lines) and 8.0 (bold lines) in pG (solid 
lines) and pB state (dashed lines). Excitation is at 
295 nm. 
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excitation of tyrosine and tryptophan residues and the spectra of W119F with only 
excitation of tyrosine residues. However, the chromophore absorbs also in the UV and it 
cannot be excluded that part of the emission at 328 nm is from the chromophore. The 
fluorescence quantum yield of W119F may be higher than expected for a protein 
without tryptophan residues. It has to be mentioned that the fluorescence is corrected for 
the absorption at 295 nm, which in W119F is a combination of the absorption of amino 
acids without tryptophan and the chromophore. For WT PYP the absorption at 295 nm 
is for a large part by the tryptophan residues. The difference in excitation spectra 
between pH 8 and 6 for WT and W119F is in the fluorescence quantum yield. The 
shape of the excitation spectra shows only minor differences between these pH values. 
This is in line with the pK of the five tyrosine residues in PYP are all above 10.219 

The emission between 310 and 400 nm of F62W/W119F, F92W/W119F, 
F94W/W119F, and F98W/W119F is lower than, or close to, the level of the emission of 
W119F. The very low emission of these mutants makes them unsuitable as reporters for 
structural changes. Also at pH 6.0, the fluorescence from W62, W92, W94, and W98 
was low. The emission spectra were comparable with those at pH 8.0 (data not shown). 
The emission spectrum of F62W/W119F PYP shows high chromophore-, but negligible 
tryptophan emission. The relatively high emission from the chromophore at 492 nm is 
likely caused by a more efficient FRET from tryptophan to the chromophore in 
combination with a high chromophore quantum yield. Indeed, we measured a high 
chromophore quantum yield for F62W/W119F, especially at excitation of the shoulder 
in the main absorption peak (see Fig. 5.2). The low emission between 320 and 380 nm 

Figure 5.7. Tryptophan emission spectra with 
excitation at 295 nm of WT PYP (black solid line), 
F62W/W119F (red solid line), F92W/W119F (red 
dashed line), Y94W/W119F (blue solid line), 
Y98W/W119F (blue dashed line), and W119F (green 
solid line) at pH 8.0 in pG state (A) and pB state (B). 
The spectra are normalized at emission maximum of 
WT in pG. C) Tryptophan excitation spectra of WT 
(black lines) and W119F (green lines) in pG at pH 8.0 
(solid lines) and pH 6.0 (dotted lines). Emission is 
measured at 328 nm. 
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is in line with an efficient FRET from the tryptophan to the chromophore. Such efficient 
energy transfer is presumably caused by protein fraction with an altered conformation 
that is represented by the shoulder in the main absorption band in the spectrum of pG. 
This shoulder has a large spectral overlap with the tryptophan emission. Decreasing the 
shoulder by addition of 2 M (NH4)2SO4 indeed decreases the amount of FRET, resulting 
in a 44 % decrease of the emission at 492 nm (Fig. 5.8). However, the emission between 
300 and 400 nm does not increase in parallel, but the emission around 310 nm decreased 
compare to F62W/W119F in buffer without (NH4)2SO4. Emission of the chromophore 
of these proteins is reduced by adding 2.0 M (NH4)2SO4, as shown in the excitation 
spectra in Figure 5.8B. In sum, the addition of 2.0 M (NH4)2SO4 decreases the fraction 
of protein in the altered conformation, as is evident from the absorption and excitation 
spectra. This reduction leads to lower chromophore emission and less FRET from the 
tryptophan to the chromophore. However, a small fraction of the protein is still in this 
different conformation and causes considerable FRET. At higher concentrations of 
(NH4)2SO4 the PYP protein starts to precipitate. 

Figure 5.8. A) Tryptophan emission spectra with excitation at 295 nm of F62W/W119F PYP at pH 8.0 (solid 
line) and in 20 mM Tris buffer pH 8.0 containing 2.0 M (NH4)2SO4 (dashed line). B) Excitation spectra of 
chromophore fluorescence. Emission is measured at 495 nm. Line styles are the same as in A. 

F92W/W119F, Y94W/W119F and Y98W/W119F have negligible tryptophan 
fluorescence, but all three mutant proteins show normal chromophore fluorescence. To 
investigate further the reasons behind the low tryptophan fluorescence of these mutants, 
we measured the emission after excitation of the tyrosine residues at 280 nm, as shown 
in figure 5.9. Upon excitation at 280 nm tyrosine residues emit fluorescence at 300 nm. 
In most proteins the tyrosine fluorescence is transferred via FRET to the tryptophan 
residues.244 For the PYP mutant without tryptophan, W119F, tyrosine fluorescence is 
clearly observed. As expected, for WT PYP, FRET occurs from tyrosine residues to the 
tryptophan at position 119. In contrast, in F62W/W119F, F92W/W119F, 
Y94W/W119F, and F96W/W119F both the tyrosine and the tryptophan emit 
fluorescence. The emission of F62W/W119F has its maximum at 306 nm. This tyrosine-
fluorescence-like maximum could be caused by the fact that the emission above 300 nm 
is transferred efficiently to the chromophore. Nevertheless, at least a part of the 
emission between 290 and 306 nm is from tyrosine, because the emission in this region 
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is higher for F62W/W119F than for F62W. For F92W the introduction of an extra 
tryptophan residue at position 92 leads to a lower tryptophan emission upon 280 nm 
excitation. W92 does not display efficient FRET from its tyrosine residues and the 
tryptophan emission of W92 is lower than for W119. The emission from Y94W and 
Y94W/W119F is higher than for W119, despite the fact that these mutants have one 
tyrosine residue less. In F96W the emission is lower than in WT PYP, in contrast to 
F96W/W119F that has a relatively high emission. All in all, in F62W/W119F, 
F92W/W119F, Y94W/W119F and F96W/W119F this tyrosine-to-tryptophan FRET is 
not complete. This incomplete FRET is not unique for proteins that have no tryptophan 
fluorescence. F96W/W119F has incomplete FRET from tyrosine residues to tryptophan 
upon excitation at 280 nm and has tryptophan fluorescence upon excitation at 295 nm. 

Figure 5.9. Emission spectra from tyrosine excitation (280 nm) of WT PYP (A-D, light solid lines), W119F 
(A-D, light dashed lines), F62W (A, bold dashed line), F62W/W119F (A, bold solid line) , F92W (B, bold 
dashed line), F92W/W119F (B, bold solid line) , Y94W (C, bold dashed line), Y94W/W119F (C, bold solid 
line) , F96W (D, bold dashed line), and F96W/W119F (D, bold solid line) at pH 8.0 in pG state. The spectra 
are normalized at the emission maximum of WT PYP. 

The fluorescence of tryptophan displays large differences between WT PYP, 
F92W/W119F, and Y94W/W119F. Unfolding these PYP proteins leads to almost the 
same environment of the tryptophan residues at the different locations. We have used 
1 % (w/v) SDS in 20 mM Tris pH 8.0 to unfold WT PYP, F92W, F92W/W119F, 
Y94W, Y94W/W119F, and W119F. From these samples the emission after tryptophan 
excitation at 295 nm and tyrosine excitation at 280 nm were measured (Fig. 5.10). The 
emission of W119F after excitation at 295 nm is low. For intact W119F protein, this 
emission is 40% of the emission of WT PYP. The emission from W119F is likely a 
combination of fluorescence from tyrosine residues and the chromophore, which also 
absorbs in the UV range. In unfolded W119F protein the emission is separated in 
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fluorescence emitted from the tyrosine residues (at wavelengths shorter than 350 nm) 
and chromophore fluorescence (between 400 and 500 nm, Fig. 5.10A). However, it 
cannot be excluded that the chromophore has also a small contribution in the emission 
in the UV. FRET to the chromophore and its fluorescence in unfolded PYP is not 
comparable with intact PYP because the chromophore is protonated in unfolded PYP at 
neutral pH. 

The emission spectra after 295 nm excitation from the unfolded proteins WT 
PYP, F92W/W119F, Y94W, and Y94W/W119F have a similar shape, showing that the 
environment of these tryptophan residues is similar. However, the quantum yield is 
lower for W92 and W94, compared to W119. Excitation of the tyrosine residues 
(Fig. 5.10B) results in emission spectra of F92W/W119F, Y94W/W119F, and WT PYP 
that are comparable with respect to shape. The quantum yield in these spectra is lower 
for F92W and F94W compare to WT. The FRET from tyrosine-to-tryptophan for all 
three PYP proteins is incomplete. Introduction of a second tryptophan such as in 
mutants F92W and Y94W causes an increase of this FRET. All in all the low tryptophan 
fluorescence is primarily determined by the local environment of W92 and W94. Even 
in unfolded PYP proteins the fluorescence of W92 and W94 is quenched by nearby 
residues. 

Figure 5.10. A) Tryptophan emission spectra with excitation at 295 nm of PYP proteins unfolded with 1 % 
SDS. WT PYP (black solid line), F92W (red dashed line), F92W/W119F (red solid line), Y94W (blue dashed 
line), Y94W/W119F (blue solid line), and W119F (green solid line) at pH 8.0. B). Emission spectra from 
tyrosine excitation (280 nm) of unfolded PYP proteins. Line colours and styles are the same as in A. 

Discussion 

In order to be able to use the aromatic amino acid tryptophan as a reporter of the local 
polarity within the PYP protein, a series of eight 'single-tryptophan' mutants was 
constructed, while the corresponding eight ‘double-tryptophan’ mutants, and a PYP 
mutant without tryptophan, served as controls. The tryptophan fluorescence of the 
'single-tryptophan' mutants was analysed in detail. 

Importance of iso-steric replacement 

The mutations F6W, Y94W, Y98W, H108W, W119F, also in combination with W119F, 
cause only small changes in visible absorption spectra and in recovery rate of the 
protein. W119 is located at a relatively large distance from the chromophore. Carroll et 
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al. have shown, with laser excitation of W119F PYP, that the photocycle dynamics and 
chromophore photochemistry are essentially the same for this mutant and for WT 
PYP.245 This is in agreement with our present results. The mutation W119F causes only 
small changes in ground state recovery rate and visible absorption spectrum of the 
protein. In addition, we show that W119F is a stable protein with slightly higher 
chromophore fluorescence compared to WT PYP. Another mutation of W119, W119G 
also does not alter the nature of the photocycle dynamics and chromophore environment 
of PYP.126, 246-249 Nevertheless, W119 is a highly conserved residue (see chapter 1), 
possibly because of its function in UV sensing245, rather than being essential for the 
chromophore photochemistry and photocycle dynamics (see further below). 

The phenyl ring of F6 has cation/π interaction with K123. Loss of this 
interaction in mutants F6A and ∆6 (in which the six N-terminal residues have been 
deleted) slow down the recovery rate of the protein 50 times.250 Other mutations at the 
same position (i.e., F6D, F6H, F6L, and F6Y) have smaller effects on the recovery 
rate.250 The small inhibition of the recovery rate of mutant F6W suggests that the 
cation/π interaction with K123 is intact in this mutant and that substitution of F6 with 
tryptophan has no large effect on the photocycle or on the conformation of PYP. 

In H108F PYP, the kinetics of the photocycle are slightly affected: The 
recovery rate is slightly decreased, as compared to WT PYP (see Chapter 4). However, 
FTIR measurements suggest that in the H108F mutant the structural changes upon 
formation of the pB state are smaller than in the WT protein.134 The H108W mutant has 
also a slightly lower recovery rate than WT. We did not analyse whether the structural 
changes in the proteins of the series of ‘single tryptophan’ mutants are affected by the 
mutations. 

The chromophore in PYP F28W/W119F has a much higher pK than WT PYP. 
At pH 8 most F28W/W119F protein molecules contain a protonated chromophore. An 
increased pK of the chromophore is also observed in G29A.242 G29 is the first amino 
acid of the PAS core of PYP (i.e., F28 is the last one of the N-terminal cap)(see 
chapter 1). In G29A, E46 is displaced by steric hindrance caused by the increase in size 
of A29. Likely, the displacement of E46, which results in changes of its hydrogen 
bonding, causes the increased pK of its chromophore.242 A possible explanation of the 
high pK in F28W/W119F therefore is that the mutation F28W also gives a small change 
in the position of W28 and G29. Adding the mutation W119F makes the conformation 
of the protein even less stable and may result in a larger change in conformation around 
residue G29, which then may lead to displacement of E46, and again result in a high pK 
of the chromophore. 

PYP F62W/W119F has a shoulder at 390 nm in its main absorption band. Such 
an intermediate spectral species is also observed in several Y42 mutants,238-240 the best 
studied of which is Y42F. In these mutants the chromophore in the dark (pG) state is in 
equilibrium between the yellow form and the blue-shifted intermediate spectral form. 
This equilibrium can be shifted towards the yellow form by addition of kosmotropic 
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salts.241 Such a stabilisation of the yellow form we observe also for F62W/W119F. The 
equilibrium between yellow and intermediate spectral pG species in F62W/W119F and 
in Y42F is relatively insensitive to pH.241 The explanation for the high fluorescence 
quantum yield of the blue-shifted pG form in F62W/W119F is different: Whereas the 
normalized fluorescence excitation and absorption spectrum of Y42F coincide, 
including the ratio between main peak and shoulder,241 which is in agreement with the 
supposed photoactivity of the intermediate species of Y42F,251 the high fluorescence of 
the blue shoulder in F62W/W119F suggests minimal or no photoactivity for this blue-
shifted pG species. These differences in chromophore fluorescence between the 
intermediate spectral species in F62W/W119F and Y42F indicate that they have a 
different spatial structure. El-Mashtoly et al. have reported that in WT PYP in the pG 
state (in the dark) 5 % of the protein carries the chromophore in the intermediate 
spectral form.252 Considering the fact that the structure of the blue shifted pG state of 
F62W/W119F differs from that of the corresponding intermediate of Y42F, this low-
abundance intermediate of WT PYP may also have a low photoactivity. Significantly, 
decreasing the stability of WT PYP (e.g., via addition of a chaotropic salt) increases the 
amount of the intermediate spectral form.252 F62 is part of the chromophore-binding 
pocket and points towards the phenyl ring of the chromophore at a distance of 3.9 Å.69 
Presumably, the mutation F62W slightly disturbs the position of the chromophore 
and/or its hydrogen bonding network, thus resulting in a slightly increased fraction of 
the blue-shifted pG intermediate. Also W119F PYP is less stable than WT PYP. This 
explains why in the F62W/W119F double mutant the relative amount of this blue-
shifted pG intermediate is considerable. In Y42F this intermediate most likely originates 
from the stronger and shorter hydrogen bond between E46 and the chromophore, 
resulting in protonation of the chromophore.251 The shoulder of F62W/W119F has a 
similar absorption maximum of the intermediate as in Y42F. This indicates that the 
chromophore in the intermediate spectral form in F62W/W119F is also protonated, be it 
that the structure of this intermediate is not identical in the two proteins, as is evident 
from their fluorescence properties (see above). 

The residues F92, Y94 and F96, are located in the β4 strand and form an 
aromatic array which points towards the chromophore. Y98 is also part of this aromatic 
array, but is located in the adjoining loop and its side chain is exposed to the solvent. 
Alanine substitution of the aromatic residues in the β4 strand results in a ~100, ~30, 
~3000, and ~4 fold lower recovery rate than in WT PYP, for F92A, F94A, F96A, and 
Y98A, respectively.253 Tryptophan substitution of these residues causes less decrease in 
recovery rate, except for F92W. The recovery rates of F92W, Y94W, F96W, and Y98W 
are 144, 1.6, 457, and 1.4 times lower than WT, respectively. Also the absorption 
spectra of these mutants show smaller changes compared to those of the corresponding 
alanine substitution mutants. This is another example to show that replacing an aromatic 
amino acid by an alanine causes more disturbance of protein structure than replacing 
one aromatic residue by another. However, mutations F92W and F96W do cause a 
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substantial decrease of the recovery rate of pG. F92W and F92W/W119F show normal 
absorption spectra, in contrast to F96W and F96W/W119F. F96W has a 6 nm blue 
shifted absorption maximum and its absorption peak is broadened at the high-energy 
side. F96A also has a blue-shifted and broadened absorption peak253 and these changes 
are larger than for F96W. The broadened absorption peak is most likely caused by 
decreased stability of the protein (see above). This shows that F96W and F96W/W119F 
are more stable than F96A, be it still less stable than WT PYP. F96W/W119F carries a 
small contribution from chromophores absorbing in the 350 to 400 nm region (see 
Fig. 5.3). However, these proteins that contain a chromophore absorbing below 400 nm, 
will contribute least to tryptophan emission due to FRET to the chromophore. 

Photocycle-modulated tryptophan fluorescence 

Signaling state formation in the PYP mutants F6W/W119F, F96W/W119F, and 
H108W/W119F leads to changes in tryptophan fluorescence, both with respect to 
emission maximum and to fluorescence intensity. The red shift in the emission of W6 
and W96 suggests that they are more exposed in the pB state than in the pG state. W6 is 
located in the N-terminus. In pG, W6 is located close to the central β-sheet.69 The N-
terminal cap moves away from the β-sheet upon formation of the pB state.254 In the pB 
structure determined with DEER spectroscopy, NMR, and TR-SAXS/WAXS, the first 7 
N-terminal residues are separated from the rest of the protein and completely exposed to 
the solvent.213 Residue 6 in the signaling state is only close to R52 (at a distance of 
2.0 Å)213 whereas in the ground state residue 6 is close to the β-sheet and the N-
terminus is more compact.69 This is in line with the large red shift we observe for W6 
upon formation of pB. W96 is located in the chromophore-binding pocket. The red shift 
in the fluorescence emission of W96 is consistent with the exposure of the chromophore 
pocket to solvent.98, 135 

Upon formation of the pB state, the environment of W108 is changed such that 
its fluorescence is efficiently quenched. In the pB state residue 108 is close to N89, 
K110, and K123.213 Asparagine and lysine residues are known as efficient quenchers for 
tryptophan fluorescence.255 K110 and K123 are at a larger distance from residue 108 in 
the ground state than in the signaling state. On the other hand, N89 is located closer to 
residue 108 in pG, compared to the pB state. As for quenching not only distance is 
important, but also orientation,256 the question which of these three residues is most 
important cannot be answered based on the available data. Alternatively, the 
chromophore could act as quencher of tryptophan fluorescence. For WT the orientation 
of the chromophore and W119 is favourable for quenching in pG, but not in pB.206 
W108 has a different orientation than W119 with respect to the chromophore, and the 
spectral overlap between W108 and the chromophore will increase upon formation of 
the signalling state. An efficient quenching of the W108 fluorescence by the protonated 
chromophore in pB is one possible explanation for the large decrease in fluorescence. 
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The changes in the environment of W6 and W108 between the pG and pB 
states are larger at pH 8 than at pH 6. The signaling state of PYP exists in multiple 
subspecies of which the population depends on pH.205 At pH 8 a ‘medium pH’ pB sub-
species is dominant, while at pH 6 also a significant amount of the ‘low-pH’ pB species 
(pK 5.9) is present.105 The ‘low pH’ pB sub-species presumably is unfolded to a smaller 
extent than the ‘medium pH’ pB sub-species.205 

Quenching of tryptophan fluorescence 

Surprisingly, PYP mutants F62W/W119F, F92W/W119F, Y94W/W119F, and 
Y98W/W119F emit (almost) no tryptophan fluorescence. A fraction of the pG state of 
F62W/W119F is present as the blue-shifted pG intermediate species. The absorption 
maximum of this intermediate species (~390 nm) causes a large overlap with the 
emission of tryptophan, which allows efficient FRET between them. The emitted 
tryptophan fluorescence in this mutant is (almost) completely transferred to the 
chromophore. An increase in spectral overlap, which thereby leads to efficient FRET, is 
also observed for the acid-denatured state of PYP, pBdark.

144 Stabilisation of the main 
absorption peak of this protein by 2.0 M (NH4)2SO4 leads to lower chromophore 
fluorescence intensity; however the tryptophan fluorescence does not increase in 
parallel. Either the intermediate species is still too abundant, or the fluorescence of W62 
is also significantly quenched in the ground state conformation. We did not measure the 
fluorescence of W62 at higher concentrations of (NH4)2SO4, because this leads to 
precipitation of the protein. 

For W92, W94, and W98 it is not so clear why there was no tryptophan 
emission. Therefore, we performed extra measurements, of which the results are shown 
in the Results Section. The absence of tryptophan fluorescence in F92W/W119F and 
Y94W/W119F is caused by the location and/or orientation of the tryptophan residues. 
Unfolding of these proteins by denaturation leads to the emergence of tryptophan 
fluorescence from W92 and W94. To explain this knowledge about the exact position of 
potential quenchers is crucial. The amino acids lysine, tyrosine, glutamine, asparagine, 
glutamate, aspartate, cysteine, and histidine are all known as efficient quenchers of 
tryptophan fluorescence.255 A part of the residues that quench the fluorescence of W92 
and W94 are located next to these residues, because the quantum yield of W92 and W94 
in unfolded protein is lower than the yield of unfolded WT PYP. This indicates that 
W92 and W94 are subject to more quenching from nearby amino acids than W119. 
Good candidates for the quenching of the fluorescence from W92 and W94 are E93, 
Y94 (for W92) and Y98. 

Also the chromophore of PYP can be a quencher of the tryptophan 
fluorescence. Consistent with this, it is observed that all the tryptophan residues that 
show low fluorescence are located close to the chromophore. In WT PYP, the 
fluorescence of W119 is partly quenched by the chromophore.206 W62, W92, W94, and 
W98 are located closer to the chromophore than W119. On the other hand, not only 
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distance determines the efficiency of FRET, also the orientation is important.206 Only 
one tryptophan located near the chromophore (i.e. W96) emits fluorescence, but with 
lower quantum yield than W119. 

Mutants of interest 

W6 and W108 are located at a relatively large distance from the chromophore. W96, on 
the other hand, is located nearby the chromophore. Therefore, in the follow-up work of 
this study we want to use mutant F96W/W119F to unravel the temporal dynamics of the 
entry of water molecules (or: the change in polarity) in(to) the chromophore-binding 
pocket. So far, we have only measured the steady state fluorescence spectra of PYP in 
the ground state (pG) and in a pB/pG steady state mixture from which the fluorescence 
spectrum of pB is then calculated. In the follow-up study we aim to resolve the detailed 
dynamics of the fluorescence of W96 in the ns to ms time domain, i.e., during the 
lifetime of pR1, pR2, pB’, and pB. However, not only the presence of water molecules 
will influence the tryptophan fluorescence. In WT PYP the fluorescence of W119 is 
quenched by energy transfer to the chromophore, which depends on the mutual 
orientation and spectral overlap.206 Both, the orientation and spectrum of the 
chromophore change during the photocycle. Otto et al. have calculated the spectral 
overlap and the angular factor from the transition dipole moment orientations for WT 
PYP in pG and pB’ and predicted tryptophan fluorescence lifetimes, which 
corresponded well with measured values.206 The availability of crystal structures of 
photocycle intermediates and of structures determined with MD and QM/MM 
simulations provides the opportunity to predict tryptophan fluorescence based on 
calculations of quenching by the chromophore, other residues, and the presence of water 
molecules. In our follow-up study we will compare the expected tryptophan 
fluorescence for F96W/W119F with measured fluorescence. Accordingly, we hope to 
resolve which intermediate structures corresponds to the measured tryptophan 
fluorescence and at which moment in the photocycle this intermediate occurs. Mutant 
F6W/W119F and H108W/W119F can be used in our follow-up study to obtain 
information of the accuracy of the structure further away from the chromophore in 
photocycle intermediates. 

Special position of W119 

In most proteins that contain tryptophan and tyrosine residues, the tyrosine fluorescence 
is transferred to the tryptophan residues via FRET.244 This happens also in WT PYP, in 
contrast to F62W/W119F, F92W/W119F, Y94W/W119F, and F96W/W119F. In these 
PYP mutants this tyrosine-to-tryptophan transfer is incomplete. This shows that position 
119 for tryptophan is better for FRET from tyrosine residues to the tryptophan, as 
compared to alternative locations of a tryptophan residue nearby the chromophore. 
Furthermore, fluorescence from W119 is less quenched by nearby residues than that 
from W92 and W94, as is easily demonstrated in the denatured (i.e., unfolded) form of 
these proteins. The position of tryptophan in WT PYP is therefore optimal for collection 
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of UV photons. FRET from W119 to the chromophore can then lead to initiation of the 
photocycle, making PYP also an UV/blue light photoreceptor.245 From our results it is 
clear that the position of the single tryptophan residue is important for its fluorescence 
properties and that tryptophan at position 119 has an efficient FRET from the tyrosine 
residues and a relative high emission. That the position of the tryptophan residue is 
important for PYP function is also suggested by the high degree of sequence 
conservation of this residue in PYP proteins (see chapter 1). 

Conclusion 

We have analysed tryptophan fluorescence of a series of ‘single tryptophan’ mutants of 
Photoactive Yellow Protein (plus a series of control proteins) in both the ground state 
(pG) and the signalling state (pB) of this eubacterial photosensory receptor protein. This 
analysis has revealed that in particular the mutants F6W/W119F, F96W/W119F, and 
H108W/W119F are well suited to monitor changes during the photocycle of PYP. Of 
these F96W/W119F seems to have the most potential in future studies to unravel the 
temporal dynamics of the change in polarity (or: entry of water molecules) in(to) the 
chromophore-binding pocket when the PYP protein transits into its signalling state. 
Furthermore, the current study independently confirmed the specific functionality of 
tryptophan 119 in the absorption of UV light by this photoreceptor protein. 
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General discussion 

 
The main subject of this thesis is photoactive yellow protein (PYP). In this chapter, I 
will discuss the results presented in this thesis plus; those published in two additional 
publications to which I also contributed (i.e., “Proline 68 enhances photo-isomerization 
yield in photoactive yellow protein”257 and “Is the photoactive yellow protein a UV-
B/blue light photoreceptor?”245) in the light of the recent developments in the research 
on PYP. Besides my work on PYP, I have also investigated the temperature dependent 
decrease in the growth rate of E. coli and B. subtilis (chapter 2). This latter chapter is an 
example of the surprising effects that visible light may have on bacteria. 
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PYPs function as a photoreceptor 

Molecular genetic techniques are difficult to apply to extremophilic bacteria such as 
Halorhodospira halophila. Besides this, H. halophila has a very low growth rate. 
Therefore, almost all research on PYP has been done in vitro. Little progress has been 
made in further characterization of the biological functioning of PYP, after the initial 
studies of phototaxis in H. halophila.52 With the expansion of the Xanthopsin family as 
described in chapter 1, nowadays more organisms can be used to study Xanthopsin 
proteins in their native environment in vivo. Xanthopsins are known to be involved in 
the regulation of chalcone synthase activity, autokinase activity, and in biofilm 
formation (see chapter 1). This range of activities clearly should allow more detailed 
studies of the in vivo functionality of members of the Xanthopsin family in the future. 

As observed in chapter 2, UV light damages bacteria. Most bacteria use blue 
light photoreceptors for photophobic tactile responses or for enzymes involved in the 
synthesis of protective pigments.5 In a recent study, we have shown that besides blue 
light, UV-B light also generates initiation of the photocycle.245 The aromatic residues in 
PYP function as the primary absorbers of the UV-B light. The energy of the absorbed 
photons (predominantly by the tyrosine residues) is transferred via FRET to the single 
tryptophan at position 119. We report in chapter 5 that the 119 position for tryptophan is 
a very suitable location for FRET from tyrosine residues via the tryptophan to the 
chromophore, as compared to several other possible locations of a single tryptophan 
residue nearby the chromophore. Furthermore, the quenching of fluorescence from 
W119 by nearby residues is low. The position and molecular environment of tryptophan 
119 in WT PYP is therefore optimal for collection of UV photons (see chapter 5). That 
the position of the tryptophan residue is important for PYP function is also suggested by 
the high degree of sequence conservation of this residue in PYP proteins (see chapter 1). 
Excitation energy is transferred via FRET from the tryptophan to the chromophore, 
which results in initiation of the photocycle.245 

For arylhydrocarbon receptor in mammalian cells and for DNA photolyase in 
E. coli, it has been reported that tryptophan residues can function as chromophore.258, 259 
In addition, UV-B light photoreceptor UVR8 uses two tryptophan residues as 
chromophore.15, 16 For other photoreceptor proteins it has not been reported that UV-B 
absorption can lead to entering the photocycle via tryptophan. However, almost all other 
blue light receptor proteins contain tryptophan residues as well. Perhaps more blue light 
photoreceptors can also use tryptophan to transfer UV-B light to their chromophore and 
accordingly initiate their photocycle. 

Initial steps of the photocycle 

The local protein environment around the chromophore does create the favorable 
conditions for the initiation of photochemistry and subsequent signaling state 
formation.260-262 In the pG state of the protein, the negatively charged chromophore is 
stabilized in the chromophore-binding pocket.82 An isolated charge buried inside a 
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protein will destabilize the protein structure. For neutralization and stabilization of the 
protein, a buried charge must be coupled with a counter ion. The counter ion for the 
negative charge of the chromophore is thought to be R52.69 Arginine residues typically 
have a pK of ~12.5.204 R52 is located at the protein surface69 and therefore, expected to 
be protonated under the physiological conditions of near-neutral pH. In addition, the 
negative charge on the chromophore is stabilized by a hydrogen bonding network.69 The 
phenolic oxygen of the chromophore has two short hydrogen bonds, to Y42 and E46, 
respectively263 and a third hydrogen bond exists between the carbonyl oxygen of the 
chromophore and the backbone of C69.69 All these three hydrogen bonds contribute to 
the stabilization of the negative charge on the chromophore.69, 264 

Recent experimental and theoretical studies that focus on the initial steps of the 
photocycle have proposed different results for the role of protein environment around 
the chromophore. Most discussion revolves around the importance of the positive 
charge on R52. In simulation studies, the -supposed- positive charge on R52 favored 
trans-cis isomerization.87, 188, 265 This predicted crucial role in theoretical studies for R52 
has not been confirmed experimentally. PYP mutants in which R52 was replaced by a 
non-charged amino acid have relatively unperturbed spectra and photocycle kinetics 
(see chapter 3 and several references108, 126, 189, 190, 195, 238). Indeed, in neutron 
crystallography of PYP, R52 is observed to be deprotonated.72 

In the literature several explanations have been proposed for the lack of effect 
of mutating R52. In crystals of the R52Q mutant protein, water molecules were found in 
the cavity which is generated by the mutation.266 If a hydronium ion would occupy this 
cavity in R52Q instead of water, a positive charge would also present in this mutant. 
Sindhikara and colleagues show that the cavity in R52Q indeed has a higher affinity for 
hydronium ions than for water molecules; however, at physiological pH values the 
concentration of hydronium ions is so low that the cavity will still be mainly occupied 
with water.267 

Besides isomerization around the C7=C8 double-bond, p-coumaric acid can 
also undergo rotation around the C4-C7 single-bond. This single-bond rotation can 
compete with double-bond isomerization, because the single-bond rotation is barrier-
less.268 Quantum mechanical/molecular mechanical and molecular dynamics 
(QM/MM/MD) simulations predict that both C4-C7 single- and double-bond 
isomerization occur in PYP; however, in WT PYP the single-bond rotation has a lower 
quantum yield than double-bond isomerization.265 And the positive charge on R52 was 
proposed to promote double-bond isomerization. PYP mutants without the positively 
charged arginine at position 52, such as R52Q, were proposed to undergo mainly C4-C7 
single-bond rotation.87 In chapter 3 we studied C4-C7 single-bond rotation by locking 
this bond in the chromophore of WT and R52A PYP. Despite the fact that rotation of 
the C4-C7 bond in R52A is now prevented, the protein is still able to enter the 
photocycle successfully, with a quantum yield that is comparable to WT PYP, 
reconstituted with rotation-locked chromophore. Also, varying the pH of the WT PYP 
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sample between pH 5 and pH 10 revealed that the photochemistry in the initial steps of 
the photocycle is invariant with pH in this pH range. NMR titrations will presumably 
reveal the most likely state of protonation of R52 in PYP.269 

The hydrogen bond of the chromophore with E46 is a so-called low-barrier 
hydrogen bond (LBHB) and the hydrogen bond with Y42 is a short ionic hydrogen bond 
(SIHB).72 This means that the oxygen atom from E46 and the phenolic oxygen of the 
chromophore share a hydrogen atom. The bond lengths of the hydrogen atom with the 
two oxygen atoms are longer than a covalent bond and shorter than the average 
hydrogen bond. In contrast, the hydrogen atom between Y42 and the chromophore is 
located close to the oxygen of Y42. Instead of stabilization of the negative charge on the 
chromophore by a counter ion, the strong LBHB between the chromophore and E46 
might be another mechanism of stabilizing the negative charge of the chromophore.72 
Modeling such short hydrogen bonds in QM/MM simulations is difficult. In such 
simulations, and without further precautions, the short hydrogen bonds immediately flip 
back to regular, longer hydrogen bonds.270 This may have influenced the results on the 
importance of the positive charge on R52 in the simulation studies of WT PYP and 
R52Q, mentioned above. 

Alterations in these two short hydrogen bonds by site-directed mutagenesis can 
lead to changes in the protonation state of the chromophore. Mutating E46 into any of 
the other 19 amino acids causes an increase in pK of the chromophore.271 In the mutants 
Y42F and Y42A the yellow pG form of PYP is in equilibrium with a spectrally 
intermediate species which probably has a protonated chromophore.238-240, 251 In these 
Y42 mutants, the inability to form a hydrogen bond between the chromophore and 
residue 42, leads to alteration in the other short hydrogen bond of the chromophore This 
is consistent with the assumed coupling of the two short hydrogen bonds in the pG 
state.84 

In a QM/MM study of the crystal structure of PYP, the two hydrogen bonds 
from the phenolic oxygen of the chromophore were analyzed.272 The conclusions of this 
study were that the two hydrogen atoms belong to the E46 and Y42 and that neither of 
them was located near the midpoint between the donor and acceptor atoms. The 
calculated pK values for the chromophore and E46 were 5.4 and 8.6, respectively.272 In 
a true LBHB this difference in pK values should be negligible.273 Experimentally, the 
difference in pK values has been determined to be even larger. The pK of the 
chromophore is 2.8243 and the pK of E46 >11.5239. However, the pK value of 2.8 reflects 
acid-induced denaturation of the protein, rather than the actual titration of the 
chromophore in the chromophore pocket.141 In pG, the chromophore and E46 are 
located inside the chromophore-binding pocket and are not solvent exposed.69 Such an 
assay of these pK values by pH titration reveals changes in the protein structure rather 
than the actual pK of the functional groups. For a direct assay of the pK of these 
functional groups one will therefore have to apply more advanced techniques like 
NMR- or IR spectroscopy. In mutant Y42F240 and F62W/W119F (chapter 5) a fraction 
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of the protein is in a spectrally intermediate species which probably has a protonated 
chromophore.251 This intermediate spectral species is in equilibrium with the species 
containing a yellow, deprotonated, chromophore. The pH of the solvent has only minor 
influence on the equilibrium between these two species. The small pH dependence -with 
at pH 8 the largest fraction of the yellow form present- seems to be related with the 
stability of the protein. 

Recently, the three hydrogen bonds of the chromophore were studied from a 
theoretical point of view.264 Forming and breaking of hydrogen bonds occurs with 
changes in charge distribution in the chromophore. These changes in charge distribution 
affect the favorability of rotation/isomerization around bonds. In the excited state, the 
hydrogen bonds of the phenolic oxygen were shown to hinder the C4-C7 single-bond 
rotation and thus to increase the yield of isomerization around the double-bond.264, 274 In 
contrast, the hydrogen bond with C69 has an opposite effect, hindering the 
isomerization of the double-bond and promoting the rotation around the single-bond.264 
This latter hydrogen bond inhibits double-bond isomerization and, therefore, has to 
break prior to isomerization.117 The shorter hydrogen bonds between the phenolic 
oxygen and Y42 and E46 enhance stabilization of the negative charge on the phenolic 
oxygen, which is proposed to be important for double-bond isomerization.264 

Upon photon absorption, changes occur in the charge distribution of the 
chromophore,275 and also in the characteristics of the hydrogen bonds.276 In the 
electronically excited state (pG*), the phenolic oxygen of the chromophore still has 
hydrogen bonds to E46 and to Y42,276 but the hydrogen bond with E46 is changed from 
a LBHB into a normal hydrogen bond.276 The hydrogen bond with Y42 is in both pG 
and pG* a SIHB. However, this hydrogen bond becomes stronger in pG* as a 
consequence of the weaker hydrogen bond between the chromophore and E46.277 The 
changes in hydrogen bonding network around the chromophore in pG* can enhance the 
isomerization. 

The rotation of the C4-C7 single-bond competes with the double-bond 
isomerization (see above). However, the flexibility of this single-bond optimizes 
double-bond isomerization, as we concluded in chapter 3 from the smaller isomerization 
yield of PYP, containing rotation-locked chromophore. This is in line with a theoretical 
study, in which flexibility of the C4-C7 single-bond is predicted to enhance the 
isomerization.264 Preventing the rotation of the single-bond by rotation-locked 
chromophore increases the yield of a nonproductive, short-lived ground state 
intermediate (GSI) (see chapter 3). A higher GSI yield is in agreement with the notion 
that the excited chromophore attempts to enter the photocycle, but is unable to 
successfully complete the isomerization and formation of pR. 

A higher GSI yield is also observed in several mutants such as the PYP 
proteins in which P68 is replaced by another neutral amino acid (A, G, or V).257 P68 is 
located near the chromophore, but has no direct contact with it. The quantum yield of 
isomerization in these mutants is lower than this yield in WT PYP. In these mutants 
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additional hydrogen bonds to the chromophore are formed between residue 68 and 
water molecules. In summary, P68 in WT PYP optimizes the yield of photochemistry 
by maintaining a weak hydrogen bond with the chromophore and restraining the 
entrance of water molecules in the chromophore pocket.257 The increased yield of the 
GSI intermediate may help in future experiments to characterize the chemical structure 
of this state. 

Protonation of the chromophore 

In the pR state, the chromophore still has hydrogen bonds to Y42 and E46124, 225 
whereas the hydrogen bond with C69 breaks upon double-bond isomerization.117 The 
next step in the photocycle is protonation of the chromophore.98, 136 Experimental 
observations allow two possible interpretations as to how this may take place: The 
proton may come from E4698, 124 or from solution.278 However, the observation that the 
proton comes from the solution has been made only in E46 mutants. 

In a QM/MM and MD study it was observed that photo-isomerization of the 
double bond of the chromophore results in displacement of R52, which then would lead 
to the weakening of the hydrogen bond between R52 and V66.230 The simulations in 
this study of the pR state reveal that water molecules can enter the chromophore pocket 
via E46. Another simulation study concludes that the protein environment is highly 
important for the protonation of the chromophore.279 If the surrounding residues have 
not the constraints of the protein environment, the proton transfer from E46 to the 
chromophore occurs with a very high rate. Such high protonation rate is not observed in 
PYP. Including the protein environment in the simulations does not result in protonation 
of the chromophore within in the simulation times.279 A third molecular dynamics study 
has shown that protonation of the chromophore occurs over a lower barrier if a water 
molecule replaces the positively charged R52.231 In this latter study, the chromophore is 
directly protonated by E46. The water molecule stabilizes the negative charge on E46 
better by changing the position of R52. In agreement with these simulations, 
experimental observations show that hydration of PYP affects the transition from pR to 
pB’.232 On the other hand, in all these simulations R52 has a positive charge and this 
positive charge is important for the migration of water molecules into the chromophore 
pocket and the effect of these water molecules on the protonation of the chromophore. 
As discussed above, the positive charge on R52 has not been confirmed experimentally. 

As mentioned above, from simulation and experimental studies on WT PYP it 
is concluded that upon formation of the signaling state the chromophore is protonated 
by E46. The situation in mutants that lack a proton donor at position 46, could be 
different. Water molecules in WT PYP proteins are likely not the proton donor; 
however, they can have an important role as shown in simulation studies. In chapter 5, 
we describe the construction and characterization of 'single-tryptophan' mutants. In a 
follow-up study we want to unravel the temporal dynamics of the entry of water 
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molecules into the chromophore pocket, as indicated by the temporal changes in 
tryptophan emission of tryptophans positioned at key sites in the protein. 

Signaling state formation and signal transduction 

In contrast to the crystal structure,90 the structure of pB in solution is less ordered, as 
observed by NMR.96, 132 From FTIR and ORD (optical rotatory dispersion) spectroscopy 
of pB in solution it is observed that the PYP proteins loses elements of secondary 
structure.98, 129, 226 All these measurements reveal a large degree of disorder in the pB 
state. So far, no solution structure for pB of WT PYP at atomic resolution is available. 
The dynamic nature of pB and the short lifetime of this intermediate, makes it difficult 
to determine its structure. Therefore the solution structure of a mutant with a very slow 
recovery, ∆25 PYP, was determined with NMR.96 A solution structure for pB that 
recently became available actually is an ensemble structure based on data from several 
different techniques and PYP mutants, which were measured under a range of 
conditions.213 It is known about PYP that the structural changes that take place upon 
signaling state formation are solvent and pH dependent (see chapter 4 and e.g.,94, 105, 205). 
Site-directed mutants of PYP may not display the same structural changes upon 
formation of the signaling state as the WT protein.98, 134 Although this pB structure is 
determined at various pH values and solvent conditions and based on several PYP 
mutants213, it is one of the best structures aivalable at the moment for the pB state. This 
structure shows a relative well-ordered pB state, but with the loss of secondary structure 
elements.213 In chapter 4 we show an HSQC spectrum of WT PYP. Additional data 
obtained with the same technique97 may soon allow calculation of an atomic structure of 
the pB state of WT PYP in solution. 

The ordered unfolding upon signaling state formation suggests that PYP in 
H. halophila interacts with a transducer via transient binding interactions. In chapter 4 
we investigate the binding of citrate anions to the signaling state of PYP. The fact that 
citrate binds to the signaling state only may indicate that the hypothetical transducer 
protein binds to the same site as where citrate binds, which is between the N-terminal 
cap and the β-sheet. 

Light is a stimulus that can be controlled with high temporal and spatial 
resolution, therefore, optogenetics is a powerful tool to study biological processes in 
living organisms from bacteria to mammals. Optogenetics is a technique that uses 
genetic modification to construct proteins which use light as signal to regulate a specific 
process in living cells. Morgan and colleagues designed a photocontrolled DNA-binding 
protein by fusing a DNA-binding domain to ∆25 PYP.280 In this fusion protein, the C-
terminus of the DNA-binding domain is fused to the N-terminal of ∆25 PYP. Their 
approach is to use the folded state of the ground state of PYP to sterically prevent 
dimerization of the DNA-binding domain. In the partially unfolded pB state, 
dimerization and DNA binding may be allowed to occur. Indeed, blue light illumination 
causes a 2 fold increase in specific DNA binding that reverses in the dark.280 Site 



Chapter 6 

128 

directed mutagenesis improved this photoswitching to a 12 fold increase in DNA-
binding affinity upon illumination.281 This mutation causes a10 fold inhibition of the 
rate of recovery to pG.281. This suggests that the recovery of WT PYP may be too fast 
for this kind of photoswitching mechanism. 

The fusion protein consists of two domains, the DNA binding domain and 
∆25 PYP. WT PYP is a single domain protein and as such signal transduction in the 
fusion protein must be different. In WT PYP, the N-terminal cap unfolds and dissociates 
from the PAS core and a transducer may bind between the N-terminal cap and the β-
sheet. The loosening of the N-terminal part of the protein is also observed in the fusion 
protein.280 In fact, in this protein the N-terminal cap is replaced by the DNA binding 
domain. 

Recovery to the ground state 

The recovery reaction of the signaling state, back to the ground state, includes 
deprotonation of the chromophore, refolding of the protein, and re-isomerization of the 
chromophore. At the time of this writing, only one intermediate in this recovery process 
is known: pG’. This intermediate catalyzes the ground state recovery and has a fold 
different from pG itself, a deprotonated chromophore, and a pG like absorption 
spectrum.105 pG’ causes the pH dependence of the recovery rate. The signaling state of 
PYP exists in multiple sub-species of which the population depends on pH (see 
chapter 4). Only sub-species pBm is in a fast equilibrium with pG’. As pG’ catalyze the 
recovery, the recovery via pBm and pG’ is much faster than the rate of direct recovery 
from the other pB species.105 

Likely, changes in recovery rate can often be related to a change in distribution 
of pB sub-species as shown in chapter 4. The equilibrium between pBm and pG’ 
determines the recovery rate and the recovery rate depends on the amount of pG’. We 
report in chapter 4 for H108F PYP less pG’ and a lower recovery rate, compared to WT 
PYP. However, ∆25 PYP has a very slow recovery, but it displays only a small amount 
of pG’ rather than complete absence of pG’. Therefore, the catalytic properties of pG’ 
are affected by the deletion of the N-terminal cap. All in all, the N-terminus is important 
for the catalytic activity of pG’. One possible interpretation of these findings is that the 
recovery rate of ∆25 PYP is representative for the non-catalyzed recovery rate of PYP. 

∆25 PYP has a different pH dependence of the recovery rate than WT (see 
chapter 4). It shows 2 pH transitions (i.e., pBm ↔ pBh1 ↔ pBh2). The recovery is slower 
for pBm than for pBh1. However, the low-pH transition that is observed in WT PYP is 
not observed for the ∆25 mutant within the pH range we analyzed in chapter 4. The 
spectrum of the low-to-medium pH range in ∆25 PYP is similar to the pBm spectrum in 
WT PYP. This is in line with the assumption that pBm is unfolded to a larger extent than 
pBl.

205 As we also show in chapter 5, at pH 8 the environment of W6 and W108 are 
more altered upon formation of pB than at pH 6. For W96 the change in environment is 
similar for pH 6 and 8. At pH 8 pBm is dominant, while at pH 6 also a significant 
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amount of pBl is present. The changes in environment of W6 and W108 indicate that in 
pBm the β-sheet is solvent exposed due to changes in the N-terminus. As in ∆25 PYP 
the central β-sheet is always solvent exposed, it is reasonable to expect that the pB 
spectrum at low-to-medium pH is similar to pBm in WT PYP. 
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Summary 

This thesis addresses light responses of microorganisms, and more specifically 
molecular details of the key functional elements in such responses, photo-sensory 
receptor proteins (‘photoreceptors’). Light is an important environmental signal for 
microorganisms. Many bacteria make use of photoreceptor proteins to sense the light 
conditions of their environment. The wide range of microorganisms that expresses 
functional photoreceptor proteins includes the chemotrophic model organisms 
Escherichia coli and Bacillus subtilis. Photoreceptor proteins are excellent model 
systems for the understanding of intra- and inter-molecular signal transduction. After a 
brief explanation of the role of photo-sensory receptors in the physiological functioning 
of microorganisms, in particular in bacteria, an overview of all known photoreceptor 
families is presented. From these nine families, the main representative of the 
Xanthopsins, the photoactive yellow protein, is then discussed in detail. 

Chapter 2 describes the lethal and sub-lethal effects of UV/blue light on cells 
of E. coli and B. subtilis. At low temperature, E. coli cells display a slight inhibition of 
growth rate by blue-light with high intensities. Also, we observe temperature dependent 
growth inhibition by UV-A light. For B. subtilis, the growth inhibition by blue and UV-
A light is much more significant compared to E. coli. Surprisingly, B. subtilis is more 
sensitive to blue light than to UV-A light, indicating that possibly a blue-light 
photoreceptor is involved. However, light by itself, e.g., through photosensitization, can 
also be harmful enough that it leads to growth inhibition. The most harmful light for 
living organisms is UV-C light. In accordance with this we confirm that light of 207 and 
254 nm has lethal effects on both E. coli cells and on B. subtilis cells and spores. 
Especially 254 nm light, a wavelength which is close to the absorption maximum of 
DNA, has a profound inactivation effect on the cells and spores. 

In Chapters 3, 4, and 5 studies on photoactive yellow protein (PYP) are 
represented. PYP is the prototype of the PAS domains. PAS domains are protein 
domains found throughout all three kingdoms of life. Most of these PAS domains are 
involved in signal transduction and modulation of protein-protein interaction plays an 
important role in this. PYP is a small water-soluble protein from the purple sulphur 
bacterium Halorhodospira halophila that functions as photoreceptor for a light-
avoidance response. Light activation initiates a photocycle in this protein in which both 
red-and blue-shifted transient ground state intermediates play a role. Through the years 
models for this photocycle have become more and more complex, but all identified 
states can be grouped as sub-states of the ground state pG, the early red-shifted state pR, 
and the signaling state pB. In the first basic step of the photocycle, in which the protein 
is transferred from the ground state to pR, the chromophore isomerizes around its C7=C8 
double-bond from trans to cis. The next major step, formation of the signaling state, 
starts by protonation of the chromophore, which, through formation of the carboxylate 
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side chain of E46, triggers large structural changes in the protein that show many 
similarities with protein unfolding. This ‘partly unfolded’ signaling state has a lifetime 
that is long enough to allow interaction with a signal-transduction partner. The last step 
in the photocycle is recovery to the ground state. 

Chapter 3 is a study into the photochemistry of PYP, and the role of C4-C7 
single-bond rotation, C7=C8 double-bond isomerization, and the positive charge of R52 
in this process. On the basis of experimental and theoretical studies it has been proposed 
that C4-C7 single-bond rotation may play an important role in the primary 
photochemistry of PYP. We therefore reconstituted the apo-form of WT PYP, and its 
R52A derivative, with a chromophore analog in which rotation across the C4-C7 single-
bond has been locked. In PYP reconstituted with this rotation-locked chromophore, the 
(rate of) formation of the nonproductive intermediate state GSI is enhanced and the 
quantum yield of photochemistry is ~60 % reduced. In contrast to theoretical 
predictions, the initial photocycle dynamics of PYP were observed not to be affected by 
the charge of the amino acid residue at position 52. The results presented in Chapter 3 
imply that C4-C7 single bond rotation in PYP is not so much an alternative to C7=C8 
double-bond rotation, in case the nearby positive charge of R52 is absent, but rather 
facilitates, presumably though a compensatory movement, the double bond 
isomerization of the chromophore. 

In Chapter 4 we present a detailed UV/Vis spectroscopic study of the recovery 
of the signaling state of WT PYP and two mutants thereof, i.e., H108F and ∆25 PYP, as 
a function of pH and citrate concentration. To refine the interpretation of the effect(s) of 
this tri-carboxylic cycle intermediate on the photocycle of PYP, we interpret the three 
‘classic’ photocycle species of this protein (see above) as ensembles of sub-species. The 
distribution of these sub-species is dependent on characteristics such as pH. In this way 
we were able to show that addition of citrate can influence photocycle recovery by 
influencing the distribution of pB sub-species. The di-anionic form of citrate interacts 
with the pBm sub-species, such that it retards recovery of the pB state to the stable 
ground state pG. The obtained results show how changes in the distribution of sub-
species of the signaling state of PYP influence the rate of recovery to the ground state. 
The binding site for citrate is located in-between the N-terminal cap and central β-sheet 
of PYP, which is accessible only in the signaling state of the protein. The fact that 
citrate binds to the signaling state only may indicate that the hypothetical signal-
transduction interaction partner of PYP interacts with the same site as where citrate 
binds. The principles behind the way how citrate influences the PYP photocycle may 
translate very well into how a signal-transduction interaction partner for PYP may 
influence the photocycle of PYP in vivo. 

In Chapter 5 we describe the characterization of a series of eight ‘single-
tryptophan’ mutants of PYP. In these mutants a tyrosine, phenylalanine or histidine 
residue is replaced by a tryptophan, while simultaneously the endogenous W119 is 
replaced by a phenylalanine. We have analyzed the tryptophan fluorescence 
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characteristics of these PYP derivatives in both the ground state and the signaling state 
of PYP. Only three of the eight mutants in this series emit measurable tryptophan 
fluorescence: F6W/W119F, F96W/W119F and H108W/W119F. These three mutant 
proteins also display altered tryptophan fluorescence upon formation of the signaling 
state. As residue 96 is located very close to the chromophore, the F96W/W119F mutant 
protein is particularly well-suited for future studies on the dynamical changes of the 
polarity in the chromophore-binding pocket of PYP upon formation of the signaling 
state. This study further independently confirms the specific functionality of tryptophan 
at position 119 in the absorption of UV light and its fluorescence. 

In the Discussion (i.e., Chapter 6) of this thesis the impact of the results 
described in Chapters 2 to 5 are briefly discussed in the light of the current state of 
understanding of PYP functioning, together with some results from related studies on 
PYP that do not form part of the heart of this thesis. 
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Samenvatting 

Dit proefschrift beschrijft licht reacties van micro-organismen en in het bijzonder 
moleculaire details van de belangrijkste functionele elementen in dergelijke reacties, 
namelijk foto-sensorische receptor eiwitten (‘fotoreceptoren’). Licht is een belangrijk 
omgevingssignaal voor micro-organismen. Veel bacteriën maken gebruik van 
fotoreceptor eiwitten om de licht condities van hun omgeving waar te nemen. Het brede 
scala aan micro-organismen die fotoreceptor eiwitten gebruiken, omvat de 
chemotrophische modelorganismen Escherichia coli en Bacillus subtilis. Fotoreceptor 
eiwitten zijn goede modelsystemen voor het begrijpen van intra- en intermoleculaire 
signaaltransductie. De inleiding van dit proefschrift begint met een korte beschrijving 
van de rol van fotoreceptoren in het fysiologisch functioneren van micro-organismen, 
waarna er een overzicht van alle bekende fotoreceptor families wordt gegeven. Van 
deze negen eiwit families wordt de belangrijkste vertegenwoordiger van de 
Xanthopsins, photoactive yellow protein, vervolgens in detail besproken. 

Hoofdstuk 2 beschrijft het afdodende en andere effecten van UV en blauw licht 
op cellen van E. coli en B. subtilis. Bij lage temperatuur wordt de groei van E. coli 
cellen licht geremd door blauw licht met hoge intensiteit. Ook observeren we 
temperatuur afhankelijke groeiremming door UV-A licht. De groeiremming door blauw 
en UV-A licht is voor B. subtilis groter dan voor E. coli. Opvallend is dat B. subtilis 
gevoeliger is voor blauw licht dan voor UV-A licht. Dit suggereert dat hier mogelijk een 
blauw licht fotoreceptor bij betrokken is. Echter, fotonen uit het zichtbare deel van het 
spectrum kunnen op zich zelf ook schadelijk zijn en aanleiding geven tot groeiremming. 
Het meest schadelijke licht voor levende organismen is UV-C licht. In 
overeenstemming hiermee bevestigen wij dat licht van 207 en 254 nm dodelijke 
effecten heeft op cellen van zowel E. coli als B. subtilis en op B. subtilis sporen. Licht 
van 254 nm ligt dicht bij de golflengte van de maximale absorptie van DNA en is 
dodelijker voor cellen en sporen dan 207 nm licht. 

In de hoofdstukken 3, 4 en 5 wordt onderzoek naar photoactive yellow protein 
(PYP) beschreven. PYP is het prototype van de PAS eiwit-domeinen. PAS domeinen 
zijn eiwit-domeinen die in bijna alle organismen voorkomen, van bacteriën tot de mens. 
De meeste van deze PAS domeinen zijn betrokken in signaaltransductie, waarbij 
verandering van eiwit-eiwit interactie een belangrijke rol speelt. PYP is een kleine water 
oplosbaar eiwit van de bacterie Halorhodospira halophila dat als fotoreceptor 
functioneert om een blauw/UV licht rijke omgeving te vermijden. Absorptie van een 
blauw licht foton door PYP activeert de fotocyclus van dit eiwit. De afgelopen jaren zijn 
de modellen voor deze fotocyclus veel complexer geworden, maar alle geïdentificeerde 
intermediairen kunnen worden ingedeeld als sub-intermediairen van drie basis-
intermediairen. Deze basis-intermediairen zijn de grondtoestand (pG), de rood 
verschoven intermediair pR en de blauw verschoven signaaltoestand (pB). In de eerste 
basisstap van de fotocyclus wordt pG geëxciteerd door blauw licht, waarna de 
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chromofoor isomeriseert om zijn C7=C8 dubbele binding van de trans naar de cis vorm. 
De volgende basisstap van pR naar de signaaltoestand begint met de protonering van de 
chromofoor vanuit glutaminezuur op positie 46. De ontstane negatieve lading op 
glutaminezuur 46 leidt tot grote structuurveranderingen in het eiwit die beschreven 
kunnen worden als een gedeeltelijke ontvouwing van het eiwit. Deze ‘gedeeltelijk 
ontvouwen’ signaaltoestand heeft een levensduur die lang genoeg is om interactie met 
een signaal-transductie partner mogelijk te maken. In de laatste basisstap wordt pG 
terug gevormd vanuit de signaaltoestand en is de fotocyclus rond. 

Hoofdstuk 3 is een studie naar de fotochemie van PYP en dan specifiek de rol 
van arginine 52 in de isomerisatie van de C7=C8 dubbele binding en de rotatie om de C4-
C7 enkele binding van de chromofoor. Op basis van experimentele en theoretische 
studies is er geopperd dat de rotatie om de C4-C7 enkele binding een belangrijke rol kan 
spelen in de primaire fotochemie van PYP. Om dit te onderzoeken hebben we de apo-
vorm van wildtype PYP en een PYP mutant, waarin de arginine op positie 52 is 
vervangen door een alanine, gekoppeld met een chromofoor analoog waarin de rotatie 
om de C4-C7 enkele binding is geblokkeerd. In PYP met deze rotatie geblokkeerde 
chromofoor is de vorming van een pG sub-intermediair die niet leidt tot het doorlopen 
van de fotocyclus (GSI) verhoogd. Het rendement van het succesvol activeren van de 
fotocyclus is verminderd met ~60 % voor deze PYP eiwitten. In tegenstelling tot 
theoretische voorspellingen wordt de fotochemie van PYP nauwelijks beïnvloed door de 
lading van residu 52. De resultaten die gepresenteerd worden in hoofdstuk 3 geven aan 
dat wanneer de positieve lading van arginine 52 afwezig is, de rotatie van de C4-C7 
enkele binding geen alternatief is voor isomerisatie van de C7=C8 dubbele binding. 
Echter, een compenserende beweging rond de enkele binding vergemakkelijkt 
waarschijnlijk wel de isomerisatie van de dubbele binding in de chromofoor. 

In hoofdstuk 4 wordt een gedetailleerde spectroscopische UV/Vis studie 
gepresenteerd omtrent WT PYP en twee mutanten, namelijk een PYP mutant waarin de 
histidine op positie 108 is vervangen door een fenylalanine en een mutant waarvan de 
25 aminozuren aan de N-terminus zijn verwijderd. Van deze drie PYP eiwitten hebben 
wij de terug vorming van de grondtoestand vanuit de signaaltoestand bij verschillende 
pH waardes en citraat concentraties gemeten en geanalyseerd. Om de interpretatie van 
de effecten van citraat op de photocyclus van PYP te verbeteren, hebben wij de 
photocyclus geïnterpreteerd als bestaande uit de drie basis-intermediairen (pG, pR en 
pB) die elk een verzameling van sub-intermediairen zijn. De verdeling van deze sub-
intermediairen is afhankelijk van condities zoals pH. Op deze manier konden wij 
aantonen dat toevoeging van citraat de terug vorming van pG vanuit pB beïnvloedt, 
doordat citraat de verhouding tussen de pB sub-intermediairen verandert. Citraat zelf is 
ook aanwezig in verschillende vormen, afhankelijk van de pH. De di-anionische vorm 
van citraat bindt aan de sub-intermediair pBm, zodanig dat de terug vorming vanuit pB 
naar de stabiele grondtoestand pG vertraagd wordt. De resultaten tonen aan hoe 
wijzigingen in de verhouding tussen sub-intermediairen van de signaaltoestand van PYP 
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invloed heeft op de snelheid waarmee pG terug gevormd wordt vanuit pB. De 
bindingsplaats voor citraat bevindt zich tussen de N-terminus en de centrale β-sheet van 
PYP. Deze bindingsplaats is alleen toegankelijk voor citraat in de signaaltoestand van 
het eiwit. Het feit dat citraat exclusief bindt aan de signaaltoestand geeft aan dat 
mogelijk de hypothetische signaal-transductie partner van PYP aan dezelfde plek bindt 
als citraat. De wijze waarop citraat de fotocyclus beïnvloedt zou goed overéén kunnen 
komen met de manier waarop een signaal-transductie partner de photocyclus van PYP 
in vivo kan beïnvloeden. 

In hoofdstuk 5 wordt een reeks van acht ‘single-tryptofaan’ mutanten van PYP 
gekarakteriseerd. In deze mutanten is een tyrosine, fenylalanine of histidine aminozuur 
vervangen door een tryptofaan, terwijl tegelijkertijd de enige tryptofaan van PYP op 
positie 119 is vervangen door een fenylalanine. Van deze mutanten hebben we de 
tryptofaan fluorescentie geanalyseerd, zowel  in de grondtoestand als in de 
signaaltoestand. Van slechts drie van de acht mutanten blijkt de tryptofaan fluorescentie 
hoog genoeg te zijn om die te analyseren. Deze drie mutanten zijn F6W/W119F, 
F96W/W119F en H108W/W119F. De tryptofaan fluorescentie van deze drie mutanten 
is anders in de signaaltoestand dan in de grondtoestand. Residu 96 bevindt zich dicht bij 
de chromofoor, waardoor de F96W/W119F mutant met name geschikt is voor 
toekomstige studies naar de dynamische veranderingen van de polariteit in 
chromofoorbindingspocket van PYP bij de vorming van de signaaltoestand. In dit 
hoofdstuk wordt bevestigd dat de tryptofaan op positie 119 specifieke eigenschappen 
heeft die dit aminozuur op deze positie in staat stellen efficient excitatie energie aan de 
chromofoor door te geven. In wildtype PYP kan de fotocyclus geactiveerd worden door 
absorptie van UV-licht bij tryptofaan 119 in plaats van blauw licht absorptie door de 
chromofoor. De fluorescentie karakteristieken van tryptofaan in wildtype PYP zijn 
gunstig om veel UV-licht te absorberen en over te brengen naar de chromofoor, 
waardoor de fotocyclus geactiveerd kan worden. 

In de discussie (hoofdstuk 6) wordt de impact van de resultaten die beschreven 
zijn in hoofdstuk 2 tot en met 5 besproken in het licht van de huidig kennis over de 
werking van PYP. Daarnaast worden er in dit hoofdstuk ook resultaten besproken van 
gerelateerde studies aan PYP die niet tot de kern van dit proefschrift behoren. 
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Dankwoord 

Nu mijn proefschrift af is, is het moment om het laatste stukje te schrijven, dit 
dankwoord. De afgelopen jaren heb ik met veel plezier aan dit project gewerkt. Er 
waren natuurlijk moeilijke momenten, maar nu kijk ik met voldoening terug op mijn 
promotie onderzoek. Wetenschappelijk onderzoek doe je niet alleen en daarom wil ik 
graag een aantal mensen bedanken. 

Allereerst wil ik mijn promotor Klaas bedanken voor de mogelijkheid om te 
promoveren op dit project. Jouw begeleiding van de afgelopen jaren heeft geleid tot dit 
proefschrift. Dank je voor de discussies en je commentaar. Of het nu postief of kritisch 
was het heeft mij geholpen om dit project goed af te ronden en voor mij persoonlijk om 
te groeien als wetenschappelijk onderzoeker. 

Johnny, jij bent als dagelijks begeleider zeer betrokken geweest bij mijn 
onderzoek. Dank je voor de begeleiding. Jij hebt mij wegwijs gemaakt in het labwerk 
dat bij mijn onderzoek kwam kijken. Het was iets scheikundiger dan ik gewend was, 
maar met jouw hulp heb ik het me eigen gemaakt. Ook de begeleiding buiten het lab 
was voor mij van grote waarde. Ook nadat je de UvA had verlaten heb je nog veel tijd 
gestoken in de manuscripten die nog niet af waren. 

Als promovendus is het belangrijk in wat voor onderzoeksgroep je werkt. Ik 
wil dan ook mijn collega’s bedanken van de Molecular Microbial Physiology groep 
voor de prettige sfeer, wetenschappelijke discussies en de praktische hulp op het lab en 
daarbuiten. De afgelopen jaren zijn er te veel collega’s geweest om iedereen 
afzonderlijk bij naam te noem. Toch wil ik er een aantal apart noemen. Ten eerste Jos, 
die mij op het lab veel heeft geholpen. Met een lab probleem kon ik altijd bij je terecht. 
En ik heb bijna mijn hele tijd op de UvA samen met je op een kamer gezeten. Dank je 
voor je hulp en de gezelligheid. Een andere collega met wie ik bijn de gehele tijd de 
kamer heb gedeeld is Jeroen. Dank je voor je hulp met van alles en nog wat. Van 
computer problemen to mijn werk aan Bacillus subtilis. Ik ben dan ook blij dat jij mijn 
paranimf bent. Aleksandra, since two years you work in our group also on 
photoreceptors. Thanks for the good time in our office and in the lab. I am glad you are 
my paranimf. Natuurlijk, moet ik ook Dennis bedanken voor alle hulp op het lab. 
Zonder jou zou het lab niet zo goed draaien. Ik wil ook mijn stage studenten bedanken 
die ik heb mogen begeleiden. First Kush, (however you were not really a student, you 
already had your master) a year long you have done many experiments for us. Thanks 
for all this work and good luck with your own PhD project. De andere twee studenten 
die mij enkele maanden hebben geholpen zijn Kim en Roberto. Dank jullie voor het 
labwerk dat jullie gedaan hebben. Ook de overige leden van andere (REC-)SILS 
groepen wil ik bedanken voor de prettige sfeer in het lab en tijdens presentaties, maar 
vooral ook tijdens theedrinken en lunchen. Ans, Bondien en Maartje van het 
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secretariaat, dank voor alle hulp bij de zaken die er buiten het onderzoek bij komen 
kijken en geregeld moeten worden. 

De afgelopen jaren heb ik samengewerkt met diverse mensen van buiten onze 
groep. Ik wil al deze mensen graag bedanken voor de goede samenwerking. De 
samenwerking met  Biofysica groep van de VU was prettig en heeft geleid tot een aantal 
mooie publicaties, onder andere hoofdstuk 3 van dit proefschrift. Voor hoofdstuk 4 
hebben we samengewerkt met Hans en Rolf Boelens van de NMR groep in Utrecht. I 
would also like to thank Delmar Larsen and Beth Carroll from UC Davis for the 
collaboration. 

Naast inspanning is ontspanning ook belangrijk. Ik wil mijn vrienden bedanken 
voor de nodige afleiding. Susanne en Maike jullie zorgen al jaren voor de nodige 
ontspanning en steun. Verder wil ik mijn studie-vriendinnen bedanken. Anne, Eva en 
Freya fijn om met jullie over het promotie onderzoek en allerlei andere dingen te 
kunnen praten. Mijn andere vrienden wil ik ook bedanken voor alle gezellige 
momenten. 

Ook bij mijn familie kan ik altijd terecht voor ontspanning en steun. Mijn 
(stief/schoon) ouders, Gea en Rob, Jeen en Monique, Jeanneke en Henk, en mijn 
(stief/schoon) zussen en broers: Sietske en Allan, Arnoud en Grianne, Willem en 
Sabine, Oscar, Tamara en Melchior, Iris, Peter en Marieke, dank voor jullie intresse ook 
al begrijpen jullie niet zo goed waar mijn onderzoek overgaat. Daarnaast bedank ik 
jullie ook voor het oppassen op Marten, speciaal mama en Jeanneke. Zonder jullie twee 
zou ik nu nog aan het schrijven zijn. 

Als laatste wil ik de mensen bedanken die iedere dag met mij te maken hebben, 
Arjan en Marten. Arjan ik weet dat je soms gek van mij kunt worden, maar je steun en 
aanwezigheid zijn belangrijk voor mij. Bij jou is het fijn thuis komen na een drukke dag 
op de UvA. Ik waardeer dat wij gezamenlijk de zorg voor Marten (en voor de 
toekomstige baby) delen. Ik heb het enorm getroffen met jou. 
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