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Woedend zijn wij
om de klinkklare onzin die waar is,
om de grote kleine revolutie,
de op talloze plaatsen
gestolen fietsen.

Woedend zijn wij
om de macht, 
om de mars in het hart,

e macht,
die stinkt naar een zwart pak,
maar klinkt als de gouden gong
in het moeras. 
Daar luisteren we naar.
Dat willen we zo.
Daar kunnen wij iets mee.
Dat hebben we graag.
Daarom slapen we.

Woedend zijn wij
om de aangeklede gedachten
die de naam pijn 
moeten verzachten,
om de grote gedachten
van Marcel Duchamp:
Ceci n’est pas une pipe;
Het is weer geen pijp.
l’Homme n’est pas humanité;
dus de mens is ook niet menselijk
aan de ongeschilderde 
andere kant.

Woedend zijn wij om de rand,
om de aap in de mouw 
van een slingerend land
en dus om de mens
want de mens is god
aber der mensch ist
der got ganz egal
en zo draait de aarde het om
(rollend, verduisterend, fluisterend). 
Het is immers de aarde,
die rolt over de mensen.
Het is immers de aarde,
die zingt van prostitutie
van de enige revolutie evolutie.

III

Er is geen revolutie in de mens.
Ook al is het zo mooi
en wandelt men
na 120 jaar regen
dwars door de bergen
het eigen lichaam
over rode lopers met trompetten
door een massahysterie 
naar voren.
Er is geen revolutie in de mens.

Er is geen revolutie in de mens.
Zijn gen heeft het dan wel gered
met zijn vlucht in het kwadraat,
speelt de enige revolutie evolutie
met als inzet lust en angst
als de wapens tegen onthouding
en vervroegde ontbinding,
maar de mens zit zo hoog
als hij kan, op zijn troon met de nek,
vast in de grot, 
in zijn kroon verstopt.
Lang en hoog en breed zit hij 
met zijn arm in de pot
van de democratie,
met zijn kippennek kakelend. 
De kale rug rust 
rustig op de wolk van de wens.
Er is geen revolutie in de mens

Er is geen revolutie in de mens.
Slechts na eindeloos rücksichtslos ademen
is er ontlading
en wat  er dan nog  achterblijft 
doet er niet meer toe
dus men staart naar de levende
kant van het lichaam 
en men herprogrammeert 
de machine
(voorwaarts).
Er is geen revolutie in de mens. 

Rotterdam, 15-07-2005

I

U ligt verborgen
aan de goede kant van de rand
in uw traliedonzen ledikant
van uw zonder zorgen pand geborgen
alleen dit is wel uw land

waar beschilderend zelfgenoegzaamheid
niets meer aan de hand bepleit, 
verder niemand iets betekent
want uw honing boter zilver 
zomer vrede is getekend.

Niets wat er dan nog toe doet.
De gezwellen verdringen
het bloed.
Het is goed, 
de gezwellen verdringen
het bloed

en dus Leve de Koningin!
Leve haar volk,
hun fobie.
Leve de zelfgebakken kogel
opgelegde lege flessen
kuteconomie,

waarin u misschien
zichzelf graag ziet
maar waarin ik u ook zie:

Dit is dan de poëzie
In uw kop van de democratie.

Er is geen revolutie in de mens

d
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1.1. History and social importance of hydrogenase research

1.1.1. Hydrogen as a microbial energy source 

The reaction between H2 and O2 is highly exergonic. As is well known, these gases 
make explosive mixtures. For rockets in the space programme, the combination of 
liquid H2 and liquid O2 was chosen as the preferred fuel; based on mass, only liquid 
H2/ liquid fluorine gives a higher specific thrust. Chemically speaking, H2 is a strong 
reducing agent and O2 a strong oxidizing agent. H2 and O2 in solution retain this 
potential to react, releasing energy. However, they will not react at ambient 
temperatures without a catalyst.  

For living systems, as with space rockets, the highest yield of chemical energy 
is offered by the O2-H2 reaction. Many bacteria, including the molecular biologists’ 
favourite organism Escherichia coli, can generate energy by oxidation of H2. But the 
way in which they do this could hardly be more different from that of the heat engine. 
The principal mechanism is the generation of a transmembrane gradient of protons, 
which drives the formation of adenosine triphosphate (ATP). ATP is the chemical 
energy intermediate in innumerable life processes, including the replication of the 
genetic information, synthesis of cellular materials, and motility of the cell. Bacteria 
exploit their energy sources by a sophisticated system of catalysts, the enzymes. 
Specific enzymes have evolved to oxidize hydrogen to protons and electrons, and to 
use the electrons to reduce oxygen to water. The enzymes involved in these reactions 
contain metal ions: iron, nickel and copper. 

It is possible to understand how the simple reaction of H2 and O2 in a 
membrane could have created a transmembrane proton gradient in a primitive cell [1]. 
The enzymes involved are embedded or associated with the plasma membrane of the 
cell. Hydrogenases, which are bound to the periplasmic site of the membrane, 
consume hydrogen, and by its action (H2  2H+ + 2e-) release protons on the outside 
of the plasma membrane. Meanwhile, an oxidase, facing inwards, reduces oxygen to 
water, and by its action (O2 + 4H+ + 4e-  2H2O) takes up protons from the inside of 
the plasma membrane. If O2 is absent, the simplest way for hydrogenases to produce a 
proton gradient is found in Wolinella succinogenes, where only the reduction of 
menaquinone by H2 is involved [2]. Also here, the result is the creation of a gradient 
of protons across the membrane. The gradient of protons across the cell membranes 
represents a form of stored energy. Mitchell was the first to describe how the gradient 
could be exploited in a simple way to synthesize ATP [3]. The action takes place 
across the plasma membrane of a bacterium, separating the cytoplasm and periplasm. 
Oxidation of H2 by a hydrogenase facing outwards releases two H+ ions into the 
periplasmic space, and ATP is produced by a complex enzyme in the membrane, ATP 
synthase, in which a rotary mechanism of ATP synthesis is driven by the proton 
gradient [4]. Different types of cells generate the proton gradient in different ways. 
The hydrogen-cycling mechanism for an anaerobic bacterium such as Desulfovibrio
relies on the fact that H2 diffuses easily through the membrane, whereas the electrons 
are conducted through specific electron-transfer proteins such as hydrogenases. H+

ions cannot diffuse through the membrane and have to pass through the ATP 
synthase, making ATP. 

The ability to catalyze the evolution or oxidation of H2 has been exploited by 
the earliest life forms, as presumably hydrogen was abundantly present in the early 
prebiotic environments. Hydrogenases are the key enzyme in hydrogen metabolism. 
They catalyze the simplest redox-linked chemical reaction, the (reversible) conversion 
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of H2 into protons and electrons: H2  2H+ + 2e-. Enzymes, as biological catalysts, 
lower the activation energy of a chemical reaction, but do not change its chemical 
equilibrium. This means that hydrogenases can both consume and produce H2,
depending on the conditions. Bacterial cells can benefit from the uptake-activity of 
hydrogenases through the formation of reducing equivalents required for the cell’s 
metabolism. On the other hand, bacteria can get rid of excess electrons (or protons) 
via hydrogen production catalyzed by hydrogenases.  

In addition to the earlier described hydrogenase-dependent chemiosmotic 
mechanism for ATP synthesis, it has been speculated that the coupling of H2 and 
sulfur metabolism was also of fundamental importance in the origin of life. These two 
processes seem intimately coupled in the bifunctional sulfhydrogenase found in 
Pyrococcus furiosus (a combination of subunits for hydrogenase and sulfite reductase) 
that can dispose of excess reductants by the reduction of protons to H2 or S0 to H2S [5, 
6].

In anaerobic photosynthetic bacteria and cyanobacteria, several types of 
hydrogenases have been identified performing functions crucial for the survival of 
these cells. For example, NAD+-reducing [NiFe]-hydrogenases were found in both the 
purple sulfur bacterium Thiocapsa roseopersicina and in cyanobacteria [7, 8]. The 
particular hydrogenase in cyanobacteria is called bidirectional hydrogenase because it 
is active in both H2 oxidation and H2 evolution activity assays. One might say that this 
name is somewhat poorly choosen, because, as earlier mentioned, all hydrogenases 
can both consume and produce H2, depending on the conditions. However, this 
bidirectional hydrogenase in Synechosystis sp. strain PCC 6803 was shown to directly 
accept electrons from Photosystem I [9] and hence it is presumed to function as an 
electron-release valve during photosynthesis in this strain. Such an electron-valve role 
has also been suggested for the cyanobacterial-type NAD+-reducing [NiFe]-
hydrogenase in T. roseopersicina [8].

In higher organisms ATP synthesis still largely relies on a proton-dependent 
chemiosmotic mechanism. Here, the transmembrane proton gradient is generated by 
highly sophisticated enzymes that pump protons across the membrane. In aerobic life 
forms this complex sequence of enzymes is known as the respiratory chain, in which 
the major membrane-bound electron-transfer proteins are proton pumps. This type of 
mechanism is now used by most higher organisms, and is used in the mitochondria of 
our own cells. Although we do not use H2 as our food, even some of the proteins in 
our own mitochondria still show the marks of their hydrogenase ancestry.  

1.1.2. Hydrogenase research 

Already in the nineteenth century, scientists knew that some bacteria are able to 
decompose formate into CO2 and H2 [10]. Forty years later, in 1931, Stephenson and 
Strickland [11] described enzymes capable of activating hydrogen in bacteria, and 
those enzymes became known as “hydrogenases”. Just three year later, Farkas [12] 
demonstrated that E. coli cells catalyze an exchange reaction between hydrogen and 
deuterated water: H2 + D2O  HD + HOD. In the 1940s, it was found that oxygen 
and carbon monoxide inhibited the deuterium exchange reaction [13, 14]. In the 
1950s, hydrogenases were discovered in different organisms and a lot of purification 
and preliminary characterization studies were initiated. Hydrogenases were found in 
rumen bacteria, methanogenic bacteria, sulfate reducers, photosynthetic bacteria, 
anaerobic and aerobic hydrogen bacteria, and nitrogen-fixing bacteria [15]. A major 
breakthrough in hydrogenase research was achieved in the 1950s, when scientists 
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obtained soluble preparations of hydrogenase from strict anaerobic bacteria such as 
Clostridia [16, 17]. Using these preparations, it was found in the early 1960s that iron-
chelating agents inhibited their activity. In addition, the analysis of acid labile sulfur 
indicated that the active site might be an [Fe-SH] complex. The 60s were further 
marked with the discovery of ferrodoxin and other Fe-S proteins and by rapid 
developments in this field [18] (see [19], for review).  

By the end of that decade scientists asked themselves the question about the 
possible role of hydrogenases in the cell. This question was raised, since in some 
cases, multiple forms of hydrogenases were found in the same cell [20]. Some years 
later, it was discovered that analogues of Fe-S clusters with a different number of iron 
atoms could be synthesized. In this period, the role of Fe-S clusters in proteins was 
intensively studied. It was shown that the structure of a protein is also important for 
the redox properties of Fe-S clusters, since the properties of clusters in proteins were 
different from those of artificial ones. Since Fe-S clusters were found to be involved 
in electron transfer, which is also taking place in hydrogenases, many studies of 
electron transport in biological systems were performed by a variety of techniques 
like Electron Paramagnetic Resonance (EPR) and Nuclear Magnetic Resonance 
(NMR) [21, 22].  

Sparked by the oil crisis of 1973 the general public became more and more 
aware of the disadvantages that were attached to the consumption of fossil fuels. The 
reserves were shrinking and the greenhouse gas CO2 was building up in the 
atmosphere. In the search for environmentally-friendly fuels, it was realized that 
among the alternative energy carriers hydrogen, produced by the solar-energy 
powered electrolysis of water, was a most promising one. When utilized, it burns to 
reform its source product water, and it may be stored and transported rather easily. 
Micro-organisms have been using hydrogen for billions of years via their 
hydrogenases. For this reason, the interest in hydrogenases has greatly increased over 
the last several decades, and consequently, much more has been learned about the 
structure and function of these enzymes. 

1.1.3. A Hydrogen Economy 

Our energy requirements are almost fully provided for by carbon-containing fossil 
sources such as oil, coal and natural gas, which have been formed during billions of 
years from biomass. The rapid consumption of these fossil resources causes an 
accelerated release of the bound carbon as CO2. The resulting increase of the CO2
concentration in the earth’s atmosphere is generally considered as the major cause of 
global warming and the associated climate changes. Furthermore, the depletion of 
fossil fuels will cause a shortage of energy resources in the long term. A large-scale 
transition to renewable energy is, however, not feasible in the short term as renewable 
energy production using current technology is not economically competitive with 
fossil fuel-based energy production. The costs of renewable energy production do, 
however, show a clear downward trend over the past decades due to technological 
improvements.  

The future energy economy might have an important role for hydrogen as a 
clean energy carrier. In fuel cells, hydrogen can be converted to electricity very 
efficiently, producing only water as a waste product. Many problems have to be 
solved though, before the world can successfully make the step towards a hydrogen 
economy.  
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One of these problems is how to store large quantities of hydrogen at safe 
pressures. Previous strategies, in which hydrogen has either been bound chemically 
[23], adsorbed in materials with a permanent void space [24], or been stored in hybrid 
materials that combine these elements [24], have problems arising from either 
technical considerations or material cost [23, 24]. A recently reported clathrate 
hydrate of hydrogen exhibiting two different-sized cages does seem to meet the 
necessary storage requirements [25, 26]; however, the extreme pressures (ca. 2 kbar) 
required to produce the material make it impractical. The synthesis pressure can be 
decreased by filling the larger cavity with tetrahydrofuran (THF) to stabilize the 
material, but the potential storage capacity of the material is compromised with this 
approach. Recently, it was reported, however, that hydrogen storage capacities in 
THF-containing binary-clathrate hydrates can be increased to ca. 4 wt% at modest 
pressures by tuning their composition to allow the hydrogen guests to enter both the 
larger and the smaller cages, while retaining low-pressure stability [27].  

Safe hydrogen storage, however, is not the only problem on the way to a 
hydrogen-based economy. Another major problem to be faced is how to make 
hydrogen in a cost-effective way. At present, most of the hydrogen is produced 
industrially by conversion of fossil fuels. In the long run, hydrogen clearly has to be 
produced differently. It could be produced from renewable sources such as the 
electrolysis of water with renewable electricity, or by means of biomass gasification 
or by (photo)biological production.  

This last process is observed in green algae and cyanobacteria under certain 
growth conditions. Hydrogen production by green algae was first reported using 
Scenedesmus obliquus in seminal experiments [28]. Several additional strains of green 
algae have subsequently been shown to produce H2 [29, 30]. The highest rates of H2
production are typically observed in the light after anaerobic induction [28, 31]. 
However, H2 production is not sustainable in the light unless the O2, coproduced by 
photosynthesis, is continually removed from the medium to prevent it from 
inactivating the reaction [32]. Electrons for H2 photoproduction are supplied by the 
photosynthetic electron transport chain, originating either from water oxidation by 
photosystem II and/or from the metabolic oxidation of endogenous substrate in the 
chloroplasts via its attendant electron flow to the plastoquinone pool. Hydrogen 
production is also observed during fermentative algal metabolism in the dark, 
although at much lower rates [28, 31]. In Chlamydomonas reinhardtii, a new 
experimental approach to produce and accumulate H2 gas was rececently reported 
[33-37]. When deprived of sulfate containing nutrients, the activity of photosystem II 
in C. reinhardtii declines [38] to the point where O2 consumption by respiration is 
greater than the rate of photosynthetic O2 evolution [34, 35]. Sealed cultures under 
these conditions become anaerobic in the light and produce H2 gas for several days. 

Unfortunately, the O2 sensitivity of the hydrogenase enzyme is only one of the 
many obstacles to the development of a truly commercial system for H2 production. 
Major developments in algal physiology and genetics, electron transport, light-
harvesting optimization and photobioreactor engineering are also required to achieve 
efficient coupling of photosynthetically generated reductants with H2 gas production.    

As earlier mentioned, industry and recently also some commercially available 
cars use fuel cells for the conversion of hydrogen into electricity. Within these fuel 
cells, this conversion is catalyzed by precious metals such as platinum. A major 
constraint with platinum, however, is the cost, which is currently about $850 per 
ounce. Furthermore, platinum is a traded commodity and, as such, its price is subject 
to major price fluctuations. As hydrogenase has been catalyzing the conversion of 



7

hydrogen into electrons and protons for billions of years, also here, the knowledge 
obtained from hydrogenase research could be used to overcome these problems. The 
groups of Armstrong and Albracht compared the hydrogen oxidation activity of a 
[NiFe]-hydrogenase on a graphite electrode with that of platinum deposited on an 
identical electrode. They showed that the enzyme catalyses the H2 oxidation at rates 
comparable to those of platinum [39]. They also showed that the hydrogenase is 
relatively immune to carbon monoxide poisoning compared with platinum. 
Transferring electrons from the active site of the hydrogenase can, however, be a 
problem. Unlike platinum centers on an electrode, the active site of hydrogenases is 
deeply buried inside the protein, and some energy is spent driving the electrons across 
the proteins and interface. If this problem can be remedied and the enzyme film can 
be stabilized to run for long periods of time, then platinum may ultimately be replaced 
by enzymes that can be produced in large quantities at low cost. Improving the 
lifetime of the enzyme is, in principle, within reach using genetic engineering, and it 
should be possible to increase the rate of internal electron transfer with chemical 
methods. 

Another way to offer new possibilities for catalysts in the chemical industry is 
using the features of the hydrogenase active site to synthesize a compound imitating 
its catalytic activities. The progress that has been made in constructing models that 
reproduce the structural features of the active site will be discussed in paragraph 
1.3.5.. Still, in the short time that elapsed since the structures of hydrogenases were 
discovered, the high activity of the enzymes has not been reproduced.
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1.2. Hydrogenases 

1.2.1. Classification 

All hydrogenases contain essential transition metals. On the basis of this transition-
metal content, three main classes can be distinguished. Members of one class are 
called [FeFe]-hydrogenases as they only contain Fe as a transition metal and have a 
di-iron center in their active site. [FeFe]-hydrogenases can be as small as one subunit 
and are found in all three domains of life (Bacteria, Archaea, and Eukaryotes). The di-
iron center is covalently coordinated to the protein via a single cysteine thiol, which 
bridges between the dinuclear active site and a [4Fe-4S] cluster. The total 6Fe unit is 
called the H cluster (Hydrogen-activating cluster). There are two nonprotein sulfur 
atoms that bridge between the two irons in the [2Fe]H subcluster. Each of the irons 
contains one CO and one CN-, both terminally bound [40-42]. A third CO bridges 
between the two metals in the oxidized form of the enzyme, but is terminally bound in 
the reduced enzyme. [FeFe]-hydrogenases are reversibly inhibited by CO, which was 
shown to bind to the Fe distal from the [4Fe]H subcluster [43, 44]. When enzyme 
inhibited by CO is irradiated with visible light at cryogenic temperatures, the extrinsic 
CO is flashed off first, only slowly followed by the bridging CO molecule [45]. All 
[FeFe]-hydrogenases contain the [4Fe]H subcluster, because this is an essential part of 
the H cluster required for the redox reaction between H2 and the enzyme and the 
electron transfer. [FeFe]-hydrogenases also catalyze the reduction of viologen dyes 
with H2 and a H/D exchange reaction (H2 + D2O  HD + HDO) [46-48].  

A second class as discriminated upon its metal content, has long been thought 
to contain no metals at all [49, 50], but was recently shown to contain an essential Fe 
atom [51]. This hydrogenase is composed of only one type of subunit with a 
molecular mass of 38 kDa and is phylogenetically not related to the [FeFe]-
hydrogenases. Its systematic name is H2-forming methylenetetrahydromethanopterin 
dehydrogenase (Hmd, or Fe-S cluster-free hydrogenase, now widely called [Fe]-
hydrogenase). It catalyzes the transfer of a hydride (H-) from H2 to the substrate 
methenyl-H4MPT+, yielding methylene-H4MPT, where H4MPT is the abbreviation for 
tetrahydromethanopterin [49, 52-54]. The enzyme does not catalyze the reduction of 
viologen dyes with H2 [55-57]. In addition, Hmd does also not appear to catalyze a 
H/D exchange reaction unless either methenyl-H4MPT+ or methylene-H4MPT is 
present [56]. [Fe]-hydrogenases have, until now, only been found in methanogenic 
archaea growing on H2 and CO2. The enzyme from Methanothermobacter 
marburgensis has recently been shown to contain a Fe(CO)2 group [58] associated 
with a low molecular mass cofactor that can ‘‘reversibly’’ be extracted from the 
enzyme in the presence of mercaptoethanol [59]. Both the enzyme and the active 
cofactor are very light sensitive [51, 58]. Whereas inhibition by CO is a property 
shown by all types of hydrogenases, inhibition by cyanide appears to be unique to the 
[Fe]-hydrogenases. The structure of the light-inactivation product of the cofactor has 
been shown to be a 2-pyridone derivative [60]. The structure of the active cofactor is 
not yet known. 

A third class of hydrogenases, based on its metal content, is called [NiFe]-
hydrogenases, containing Ni, Fe, and Mg [46, 61, 62]. This group is the most 
extensively studied one and will be the main subject in the rest of this introduction. 
Also the soluble hydrogenase from Ralstonia eutropha strain H16 (ATCC 17699), 
which is the subject of this thesis belongs to the class of [NiFe]-hydrogenases. At the 
primary-structure level the [NiFe]-hydrogenases are not related to the other two 
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classes [47, 48, 61, 63]. There are also [NiFe]-hydrogenases, which have Se-cysteine 
as a ligand to Ni. They are sometimes referred to as a separate class, [NiFeSe]-
hydrogenases, but they are best described as a subclass of [NiFe]-hydrogenases.  

Another possible classification of hydrogenases is based on their biological 
function. Most hydrogenases are either directly or indirectly involved in energy 
metabolism. Here, two main physiological functions can be discriminated. 
Hydrogenases that are functional in H2 oxidation (H2 uptake/ consumption) are linked 
to energy conserving reactions (e.g. respiration, NAD(P)H formation, 
methanogenesis), whereas hydrogenases that are functional in H+ reduction (H2
evolution) are coupled to the disposal of excess reducing equivalents through the re-
oxidation of reduced pyridine nucleotides and electron carriers. However, two other 
potentially related functions have emerged in recent years. One family of 
hydrogenases present in several autotrophic proteobacteria (e.g. R. eutropha,
Rhodobacter capsulatus and Bradyrhizobium leguminosarum) appear to act as the H2-
sensing component of a complex genetic relay controlling the expression of other 
hydrogenases in these organisms [64-67]. A fourth function for hydrogenases has 
been suggested for the earlier mentioned bidirectional hydrogenase in cyanobacteria, 
which may serve to poise the redox potential of photosynthetic and respiratory 
electron transfer chains [9]. 

A variety of [NiFe]-hydrogenases are often mentioned to belong to the group 
of standard hydrogenases. This is based on the fact that within the [NiFe]-
hydrogenase family the majority of enzymes have an amino-acid sequence of the 
small subunit characteristic for the binding of one [4Fe-4S] cluster with four Cys 
ligands, one [4Fe-4S] cluster with three Cys ligands and one His ligand, and a [3Fe-
4S] cluster [46]. The most extensively studied enzymes like those from Desulfovibrio 
gigas and Allochromatium vinosum belong to this group. Especially the spectroscopic 
properties within this group are very similar.  

1.2.2. Standard [NiFe]-hydrogenases 

Many essential structural and functional features of hydrogenases have been derived 
from a wealth of biochemical and spectroscopic methods. However, the knowledge of 
their atomic architecture has been only obtained in the last decade with the 
determination of the crystal structures of several hydrogenases belonging to the 
standard [NiFe]-hydrogenases. 

The first X-ray structure of a hydrogenase from D. gigas was presented by 
Anne Volbeda on the Fourth International Conference on the Molecular Biology of 
Hydrogenases in 1994 (Noordwijkerhout, The Netherlands) and published in 1995 
[68]. Now that more X-ray structures of standard [NiFe]-hydrogenases have been 
obtained, the general structure is very well established. The molecule appears as a 
globular heterodimer with a radius of about 30 Å. The large subunit (ca. 60 kDa) 
contains the active site, which is deeply buried inside the protein. The small subunit 
(ca. 30 kDa) is composed of two domains. The N-terminal domain shows the 
characteristic architecture of a flavodoxin fold but it holds the [4Fe-4S] cluster closest 
to the Ni-Fe site (the proximal cluster). This N-terminal domain, including the 
proximal [4Fe-4S] cluster, is conserved in all [NiFe]-hydrogenases [69]. The C-
terminal domain in D. gigas binds a second [4Fe-4S] cluster (the one with the His 
ligand; is distal to the Ni-Fe site) and a [3Fe-4S] cluster situated between the two 
cubane clusters (the medial cluster). In non-standard [NiFe]-hydrogenases this part is 
more variable in Fe-S cluster content and amino-acid sequence. The large subunit is 
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anchored to the small subunit by about 25 side chains, of which several very 
conserved ones interact with the proximal cluster, pointing to the role of this cluster as 
a direct partner of the catalytic site. Interpretation of the electron density maps 
showed that the large subunit could not be modelled beyond His536, which is 15 
amino acids short of the 551 residues predicted by the nucleotide sequence. A little 
earlier, the cleavage of this 15-residues stretch, which is performed by a specific 
protease, was reported to be an obligatory step for the maturation of the enzyme [70]. 
In all [NiFe]-hydrogenases this buried C-terminal histidine is coordinated to a metal 
atom which is either a magnesium or an iron. The D. gigas X-ray structure further 
reveals the presence of a network of hydrophobic channels connecting the active site 
to the molecular surface. Three putative entrance sites for H2 diffusion can be 
observed that are connected by different channels to a unique entrance to the active 
site.  

Figure 1. Structure of the active site of standard [NiFe]-
hydrogenase. The structure is based on the results of X-ray 
diffraction (2frv [71]) and FTIR studies ([72, 73]); see text for 
details).

The details of the active site of [NiFe]-hydrogenases have been revealed by a 
combination of crystallography and infrared (IR) spectroscopy [68, 72]. It was shown 
to be composed of a bimetallic Ni-Fe center bridged by two cysteine thiols (Fig. 1). 
The Ni site is further attached to the protein by two terminally-bound cysteine 
residues. The Fe ion has three non-protein ligands: one carbon monoxide and two 
cyanides. In the oxidized form, also an oxygen species is present, bridging between Ni 
and Fe.  

Until now, the crystal structures from [NiFe]-hydrogenases of five different 
bacteria have been deposited in the protein data bank. These are the enzymes from 
Desulfovibrio (D.) gigas, D. fructosovorans, D. vulgaris (Miyazaki) and D.
desulfuricans. The fifth structure is the one from Desulfomicrobium (Dm.) baculatum
[74], which contains a natural seleno-cysteine ligand to the active site Ni ion. All of 
these X-ray structures show similar features as described above for the [NiFe]-
hydrogenase from D. gigas. The only exception is the X-ray structure from the 
[NiFe]-hydrogenase from D. vulgaris strain Miyazaki, that has been solved at 1.8 Å 
resolution [75]. The general protein structure is similar to that of the D. gigas enzyme, 
but there are two clear differences in interpretation. Firstly, the bridging ligand, 
proposed to be an oxygen species in the D. gigas enzyme, was modelled as a sulfur 
ligand in the enzyme from D. vulgaris [75]. Secondly, the three diatomic non-protein 
ligands to the Fe site were modelled as SO, CO and CN- [75, 76], although in more 
recent studies, the SO ligand could not be found anymore [77]. In addition, recent IR 
experiments have unequivocally established that the [NiFe]-hydrogenase of D.
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vulgaris Miyazaki F also has one CO and two CN- ligands (C. Fichtner, personal 
communication).  

The catalytic activity of hydrogenases is mostly studied by methods like 
spectrophotometry, gas chromatography, amperometrical assays or electrochemistry 
(see [46, 78] for review). Furthermore, [FeFe]- and [NiFe]-hydrogenases can also 
catalyze proton-deuterium (or proton-tritium) exchanges in the absence of electron 
donors or acceptors, according to the reaction D2 + H2O  HD + HDO. Since the 
HD/H2 ratio in the exchange reaction is pH dependent, it has been inferred that 
molecular hydrogen is heterolytically cleaved into a proton and a hydride [13, 79]. A 
base nearby the catalytic site may bind the proton during the catalytic process. The 
isotope-exchange reaction is often used to probe the functional state of the active site 
[46, 78]. 

A difficulty in assays to determine the quantity and integrity of hydrogenase 
preparations is that the activity depends considerably on the method of preparation. 
[NiFe]-hydrogenases isolated under normal aerobic conditions do not display activity 
in the hydrogen-isotope exchange assay, even after extensive removal of O2. The 
same preparations show activity, although with variable kinetics, when assayed for H2
evolution or H2 uptake. All these activities are gradually stimulated by reductive 
treatments. These complex changes in activity of hydrogenases are due to 
interconversions between basically three states, designated the Unready, Ready and 
Active state [80]. The Unready state is inactive in all assays, and requires prolonged 
reducing treatments to be converted in the active form. The Ready state is inactive 
towards H2 in assays with electron acceptors of high redox potential such as 2,6-
dichlorophenolindophenol (DCIP). However, the Ready states requires only a short 
time to become active towards H2 with electron acceptors of low redox potential, like 
benzyl viologen. In H2-production assays the activation is carried out by the reducing 
substrate, and so the Ready enzyme shows activity. The Active state is fully active in 
all assays. Much more details about the different states of [NiFe]-hydrogenases will 
be discussed in part 1.3. of this introduction when the spectroscopic properties of 
hydrogenases will be summarized. 

A different kind of problem that is met, studying the kinetics of the enzyme 
dissolved in aqueous media, is the fact that the diffusion of electron donors and 
acceptors to the enzyme is always much slower than that of H2 [81]. This makes it 
difficult to compare the efficiency of the Ni-Fe active site with that of the industrially 
available catalysts. This problem has been overcome by using electrochemistry. Here, 
proteins were adsorbed directly onto a conducting edge of a graphite electrode. 
Sensitive measurements could then be made of currents induced in response to a 
controlled, oscillating voltage. This makes it possible to identify the responses of 
redox centers in the protein, and measure their oxidation-reduction potentials. This 
response can be used as a direct measure of the rate of the catalytic reaction, without 
the complications of reactions with electron acceptors or donors. Using this technique, 
it has been shown that the H2 oxidation activity of [NiFe]-hydrogenases was much 
higher than previously believed [39, 82-85]. Experiments with the [NiFe]-
hydrogenase from A. vinosum revealed that the active site oxidizes H2 at rates 
comparable to that of a Platinum electrode, reaching turnover rates of approximately 
10,000 s-1 at 45 °C [39]. In fact, the H2-uptake activity was diffusion limited.  
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1.2.3. Gas access 

To make hydrogenases efficient catalysts, hydrogen gas must be able to diffuse in and 
out of the protein at high speed. A central aspect of the diffusion of gases from the 
molecular surface to the active centers is whether it only requires random 
conformational fluctuations of the protein matrix or if specific channels within the 
protein are necessary. Early proposals suggested that, as H2 is a small molecule, it 
probably doesn’t require any special channel. However, the analysis of the first X-ray 
structure of [NiFe]-hydrogenase showing that the active site is buried within the large 
subunit at approximately 30 Å from the surface, prompted scientists to reconsider the 
possibility of specific pathways for H2 diffusion.

In D. fructosovorans [NiFe]-hydrogenase a remarkably extensive network of 
mainly hydrophobic cavities and channels was found, forming connections between 
the molecular surface and the deeply buried Ni-Fe site (Fig. 2) [86]. A very similar 
channel network has been reported in the 2.54 Å resolution X-ray structure of D. 
gigas [NiFe]-hydrogenase [87]. Crystallographic data of D. fructosovorans [NiFe]-
hydrogenase crystals exposed to 9 bar Xe gas showed that that these channels were 
able to trap a large number of Xenon atoms [87, 88]. Molecular dynamics (MD) 
simulations on gas diffusion in the interior of D. gigas hydrogenase further supported 
their role in storing H2 molecules and guiding these towards and from the active site 
[87].

Figure 2. Detail of the D. gigas hydrogenase 
structure, showing the heart of the[NiFe]-
hydrogenase machinery. The proximal [4Fe-4S] 
cluster (just below the picture) is involved in 
electron transfer. A possible proton pathway, 
involving Glu18 and Glu46 of the large subunit 
and water molecules (grey spheres), between the 
catalytic Ni-Fe and the C-terminal metal site is 
indicated with dashed lines. The end of a major 
internal hydrophobic cavity, which is part of a 
possible route for molecular hydrogen, is 
represented by a grid at the bottom-left. Its end 
points towards a vacant Ni-coordination site. 
Figure taken from [46].

Calculations using an improved X-ray structure of D. fructosovorans
hydrogenase provided a very detailed picture of the channel network [86]. Three 
orifices on the enzyme surface allow gases to enter, and inside the protein these three 
channels join to end near the Cys530 residue, close to the open binding place on the 
Ni ion (Fig. 3). The shape of these orifices resembles an almost planar capital ‘‘N’’. 
The left side of this is located in the interior of a flavodoxine-like domain S1, between 
the five-stranded parallel -sheet and -helices 2 and 6. The diagonal part is located 
mainly at the interface between the small and large subunit, between helices 2 and 3 
of S1, and helices 4, 7, and 7’ of domain L1. Finally, the right side is mainly 
surrounded by -helices 4’, 6, 7, and 9’ of L1, helix 12 of L2 and helix 13 of L3.  

Analysis on the crystal structures of D. vulgaris and D. desulfuricans [NiFe]-
hydrogenase, using the crystallographic models deposited in the protein databank, 
show the presence of very similar channel networks in these enzymes. The high  
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Figure 3. Polypeptide fold of D. 
fructosovorans hydrogenase. Cylinders 
depict helices of at least six amino acids, 
and arrows correspond to -strands. 
Helices and -strands are labelled with 
numbers and capitals, respectively, using 
italics for the small subunit. A grid that 
resembles a large capital ‘‘N’’ depicts 
internal empty regions accessible for a 
probe radius of 1 Å. Spheres indicate 
metal sites. The Ni-Fe active site is 
located behind -helix 9, and the Mg-ion 
behind -helix 3. Figure taken from [86].

similarity between these four structurally characterized Desulfovibrio [NiFe]-
hydrogenases, which show approximately 64% sequence identity, might not seem so 
very surprising. However, most of the channels are also conserved in the crystal 
structure of D. baculatum [NiFeSe]-hydrogenase [74], which shows only about 35% 
sequence identity to the D. fructosovorans enzyme. Furthermore, more than two thirds 
of the residues lining the gas channel are part of secondary structure elements. 
Besides, even a larger majority of the residues lining the cavity network are 
hydrophobic. This extends to the protein surface, which contains several hydrophobic 
patches providing gas entrance sides. A comparison of those [NiFe]-hydrogenases for 
which crystallographic models are known, shows that the hydrophobic nature of most 
of the residues at these surface patches is remarkably well conserved. Also this can 
most certainly be ascribed to an evolutionary pressure, related to the H2 gas 
accessibility of the active site, as hydrophilic residues would bind water molecules 
hindering the access.       

1.2.4. Iron-sulfur clusters 

The conversion of H2O and gases like H2, N2, CO, and CO2 into familiar biological 
materials such as amino acids, nucleotides, fatty acids, and simple sugars must 
certainly be considered as the hallmark of early established life forms. In modern 
organisms, enzymes containing iron-sulfur clusters are often involved in these 
transformation. Several of the simpler Fe-S clusters spontaneously assemble into the 
apo form of Fe-S proteins in reductive aqueous solution with ferrous iron and sulfide 
[19], both of which were likely prevalent in the earliest archaean environment. For 
these reasons, Fe-S clusters may have been some of the earliest cofactors in enzyme 
catalysis.  

The basic building block of Fe-S clusters is an Fe ion tetrahedrally coordinated  
by four S ligands (Fig. 4). The simplest cluster is that of rubredoxin in which Fe is 
coordinated by four Cys thiols (Fig. 4a). The [2Fe-2S] clusters contain two inorganic 
sulfides in addition to four Cys thiols, while the [3Fe-4S] and [4Fe-4S] clusters are 
slightly more complicated (Fig. 4). Even these simple clusters have versatile 
electrochemical properties with redox potentials ranging from over 400 mV to below -
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400 mV. They are mostly found in small electron-transfer proteins such as ferrodoxins 
or as part of an internal electron-transfer pathway in larger enzymes.  

Figure 4. Schematic representation of structures 
of the basic Fe-S clusters (a) as it occurs in 
rubredoxin and in [2Fe-2S] (b), [3Fe-4S] (c) and 
[4Fe-4S] (d) ferredoxins. 

  Figure taken from [234].

Also more complex Fe-S clusters have evolved being functional as the active 
sites of enzymes such as nitrogenase or carbon-monoxide dehydrogenase. [FeFe]-
hydrogenases are examples of such enzymes as well, with the H cluster (the 
hydrogen-activating site), being composed of a [4Fe-4S] cluster bridged by a Cys 
thiol to a binuclear iron center. In [NiFe]-hydrogenases, the active Ni-Fe site is not a 
part of such a complex Fe-S cluster. However, all [NiFe]-hydrogenases contain a 
[4Fe-4S] cluster within 10 Å of the active Ni-Fe site.  

The small subunit of the D. gigas [NiFe]-hydrogenase contains three Fe-S 
clusters: two [4Fe-4S] clusters and one [3Fe-4S] cluster. They are in an almost linear 
alignment from the active site to the surface of the protein with an average cluster-to-
cluster distance of 12 Å [68]. It has been shown that electrons can transfer rapidly 
over such distances from one center to another, within proteins [89]. This is partly 
described as quantum-mechanical tunneling, a process that depends on the overlap of 
wave functions for two centers. Because electrons can tunnel out of proteins over 
these distances, a fairly thick insulating layer of protein is required, to prevent 
unwanted reduction of other cellular components. This is apparently the reason that 
the active sites of hydrogenases are hidden away from the surface.  

The [4Fe-4S] cluster closest to the active site (~10 Å from Ni) is named the 
proximal cluster. The [3Fe-4S] cluster is located between the proximal and the distal 
cluster, which is the one closest to the surface of the molecule. The proximal [4Fe-4S] 
cluster can directly exchange electrons with the active site, whereas the distal [4Fe-
4S] cluster probably mediates, through its histidine ligand, the electronic exchanges 
between the hydrogenase and a redox partner. By contrast, the involvement of the 
medial [3Fe-4S] cluster is still debated due mainly to its apparent high redox potential 
being about 300 mV more positive than the [4Fe-4S] clusters on either side. This 
means that a reducing electron in this center would be trapped in an energy minimum, 
and it is difficult to see how it could transfer the electron to the next [4Fe-4S] cluster. 
By means of genetic engineering the conserved Pro residue, which is found in most 
[3Fe-4S] proteins, was replaced by Cys in [NiFe]-hydrogenase from D.
fructosovorans, converting the [3Fe-4S] cluster into the [4Fe-4S] form [90]. The 
modified enzyme was much more sensitive towards oxygen, but did not show any 
increase in the electron transfer rate. The latter, however, is not so surprising as 
electron transfer between the protein and the redox dyes is always the rate-limiting 
step [81]. 
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1.2.5. Proton transfer 

During heterolytic cleavage of H2 at the active site, a hydride and a proton are formed 
in the first step [79, 91]. In the second step, the two electrons of the hydride are 
extracted, and a second proton is formed. Since the active site is buried in the center 
of the protein, this means that besides two electrons, that are transported via the 
intramolecular electron transfer chain, two protons have to be transferred over a 
distance of about 15 Å to the protein environment as well. Logically, these steps are 
reversed in the case of H2 production. 

Proton transport inside proteins is generally assumed to take place through 
displacements of about 1 Å that are accommodated by motions of water molecules 
and amino acid residues with acid-base properties, such as histidine, glutamic acid, 
and aspartic acid [92]. The motion of groups involved in proton transfer is very rapid 
(nanosecond timescale), indicating that proton transfer from/to the active site should 
not be the limiting step of the catalytic reaction. Many experimental data support the 
crucial role that one of the terminal Ni-bound cysteine ligands plays in being the first 
proton acceptor group after heterolytic cleavage of H2 [77, 86, 93-97]. Also a 
glutamic acid residue that is conserved in [NiFe]-hydrogenases (Glu18 in D. gigas)
and that is H-bonded to the mentioned terminal cysteine has been shown to be crucial 
for proton transfer [98]. Based on the crystal structure, a complete proton transfer 
pathway for the [NiFe]-hydrogenase from D. gigas was proposed [68] as shown in 
Fig. 2 (dashed line). It starts with the Ni-bound cysteic thiolate that is substituted by 
selenate in [NiFeSe]-hydrogenases and the earlier mentioned conserved glutamic acid. 
This glutamic acid is connected by a network of hydrogen bonds involving four 
structural water molecules and another completely conserved glutamate (Glu46 in D.
gigas) to a water ligand of the C-terminal Mg/Fe site, near the protein surface. The 
last water molecule is within H-bonding distance of two additional water ligands that 
are also H-bonded to a third conserved glutamate (Glu321 in D. gigas). The pKa of a 
water molecule may drop by up to seven pH units when it is bound to a metal, which 
makes metal-bound waters especially well suited for a role in proton transfer. This 
might be the actual role of the Mg atom in the proton transfer as was proposed for the 
[NiFe]-hydrogenase from D. vulgaris [75]. 

Besides this pathway, several additional routes have been proposed for [NiFe]-
hydrogenases, and most likely, proton transport during catalysis is not restricted to a 
single route [46, 68, 74, 93]. However, most of these putative pathways are waiting to 
be confirmed by site-directed mutagenesis studies.       

1.2.6. Related enzymes 

In the last two decades, it has become clear that the subunits of [NiFe]-hydrogenases 
show an obvious evolutionary relationship to certain subunits of NADH:ubiquinone 
oxidoreductases (Complex I). For this reason, re-examination of sequence similarities 
between the subunits of Complex I and the subunits of different hydrogenases, has 
significantly increased our knowledge involving the evolutionary backgrounds and 
some biochemical properties of these enzyme complexes.  

Complex I is the first complex of the respiratory chain being present in the 
plasma membrane of many bacteria and in the inner membrane of most mitochondria. 
It catalyzes the electron transfer from NADH to ubiquinone and couples this to the 
translocation of protons across a mitochondrial or bacterial membrane. In prokaryotes, 
a minimal set of 14 subunits comprises seven peripheral and seven membrane 
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standing subunits [99], while in eukaryotes, this minimal set of 14 subunits is 
significantly increased by accessory subunits up to a total of 46 [100, 101]. 

One of the seven crucial peripheral subunits within Complex I is the 49 kDa 
subunit. This subunit was found to possess five sequence motifs that were also present 
in the large subunit of [NiFe]-hydrogenases [62, 69, 102]. By visualizing these motifs 
using the X-ray structure of D. gigas, it was found that these motifs are forming a 
major part of the interface region with the small subunit and also part of the capping 
structure around the CN/CO ligands [69]. 

Figure 5. Schematic representation of the 
common protein modules in several [NiFe]-
hydrogenases and NADH:ubiquinone 
oxidoreductase (Complex I). Only the subunits 
expected to be involved in electron transfer, and 
the most essential ones involved in proton 
translocation, are represented. A: The [NiFe]-
hydrogenase from D. gigas with its extensive 
interface surface between the large and small 
subunits. B: The soluble [NiFe]-hydrogenase (SH) 
from R. eutropha. C: The membrane-bound 
[NiFe]-hydrogenases from R. rubrum and M. 
barkeri, receiving electrons from a ferredoxin 
(Fd). The four subunits, in excess of the two 
hydrogenase subunits, have been labelled with the 
names from their bovine Complex I counterparts. 
D: Bovine Complex I. Sequence similarities 
between the subunits in the several enzymes are 
indicated by similar shapes and filling patterns 
(see [235] for details). The curved lines depict a 
membrane. Figure taken from [69].

Another crucial peripheral subunit within Complex I is the PSST subunit. 
Within this subunit, four clear motifs were detected that could also be found in the 
small subunit of [NiFe]-hydrogenases. In the D. gigas enzyme, the four motifs form a 
distinct structure of several -helices and -sheets. Fontecilla-Camps and coworkers 
[68, 74] noted that residues 7-170 in the small subunit of the D. gigas enzyme form a 
specific structure (called the Is domain) with a striking similarity to the structure 
formed by the first 136 residues of Clostridium MP flavodoxin, an FMN-binding 
redox protein. They reported that 89 out of the 136 amino acids of the Clostridium
flavodoxin can be superimposed on the Is domain and that even the site for binding of 
the phosphate from FMN seems to be present. The four mentioned motifs are forming 
the major part of this flavodoxin fold. However, common [NiFe]-hydrogenases, like 
the one from D. gigas, do not contain FMN [68, 71, 74]. This is probably caused by 
the fact that there is simply no space for it in the tightly packed protein structure. 
Nevertheless, these comparisons suggest that the 49 kDa subunit forms a complex 
with the PSST subunit just like the large and small subunits from [NiFe]-
hydrogenases. 

The results above clearly show that an evolutionary relationship seems to exist 
between the subunits of [NiFe]-hydrogenases and some subunits of Complex I. This 
relationship becomes even more pronounced when we look at certain specific [NiFe]-
hydrogenases. The soluble hydrogenase (SH) from the facultative lithoautotrophic 
Knallgas bacterium Ralstonia eutropha is such an example. The SH is the subject of 
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this thesis and is described in much more detail in the paragraphs 1.2.7, 1.3.6 and 
1.4.3 of this introduction. It is a heterotetrameric enzyme, in which a HoxHY dimer 
forms a hydrogenase module while a HoxFU dimer constitutes an NADH 
dehydrogenase. HoxH and HoxY within the SH show the same similarities as 
described for other [NiFe]-hydrogenases with the 49 kDa and the PSST subunit of 
Complex I, respectively. Within the SH, however, also the two NADH dehydrogenase 
subunits were shown to be related to some crucial peripheral subunits of Complex I 
[103]. HoxU was shown to be related to residues 1-240 of the Fe-S cluster containing 
75kDa subunit of Complex I, while HoxF was shown to be a fusion of homologues of 
the 24 kDa and the substrate binding 51 kDa subunit. The most highly conserved 
regions were found to be present in the 51 kDa subunit. These regions probably form 
parts of nucleotide binding sites for NAD(H) and FMN.  

An even more striking example of the evolutionary relationship between 
[NiFe]-hydrogenases and Complex I, is formed by a group of membrane-bound, 
proton pumping [NiFe]-hydrogenases. The list of hydrogenases that belongs to this 
group includes E. coli hydrogenase 3 and 4 [104], postulated to be part of two formate 
hydrogenlyase complexes, a CO-induced hydrogenase (Coo) from Rhodospirillum 
rubrum [105] and a similar enzyme (Ech) from Methanosarcina barkeri [69, 106, 
107]. In the enzymes Ech and Coo a [NiFe]-hydrogenase unit, like the one in the R.
eutropha SH, is supplemented with a TYKY-like subunit predicted to contain two 
[4Fe-4S] clusters, and three subunits (resembling the ND1, ND5 and 30kDa subunits 
of bovine Complex I) without any obvious redox centers. The sequence similarities of 
the ND1-,ND5- and 30 kDa-like subunits have evidently been described in literature 
[100, 104, 108]. A schematic representation of the common protein modules in 
several [NiFe]-hydrogenases and Complex I is shown in Figure 5.  

1.2.7. The soluble hydrogenase of Ralstonia eutropha

The facultative chemolithoauthotrophic proteobacterium R. eutropha H16 is able to 
use hydrogen as the sole energy source under aerobic conditions. It belongs to the so-
called ‘Knallgas’ bacteria since it can thrive on a mixture of CO2, H2 and O2.
Consequently, its [NiFe]-hydrogenases are fully functional in the presence of O2, in 
contrast to standard hydrogenases, which makes these hydrogenases of great interest 
in relation to their potential use in fuel cells (no Proton Exchange Membrane 
required).

In R. eutropha energy conservation from H2 is mediated by two different 
[NiFe]-hydrogenases that are synthesized coordinately. One of the two enzymes, the 
MBH, is bound to the cytoplasmic membrane facing the periplasm. Its two 
hydrogenase subunits resemble those of the prototypic hydrogenase of D. gigas and 
are anchored via the C-terminal end of the small subunit to a membrane-integral b-
type cytochrome. The cytochrome b serves as the primary electron acceptor and 
connects the MBH with the ubiquinone pool of the respiratory chain. Hence, the MBH 
is primarily involved in the supply of electrons for coupled phosphorylation [109, 
110].  

The second hydrogenase in R. eutropha is a soluble heterotetramer (SH) and 
resides in the cytoplasm. The SH is a member of the heteromultimeric [NiFe]-
hydrogenases and the first representative of the subgroup of bidirectional NAD+-
linked hydrogenases to be isolated [61, 111, 112]. A related hydrogenase is present in 
Rhodococcus opacus [113], and comparable hydrogenases have been found in several 
species of cyanobacteria [7] and in T. roseopercina [8]. The function of the SH within 
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the bacterial cell is to provide reducing equivalents (NADH) for autotrophic carbon 
dioxide fixation at the expense of hydrogen [112, 114].  

As indicated above, the SH consists of two separate modules: a hydrogenase 
and an NADH dehydrogenase. The NADH dehydrogenase or diaphorase complex 
consists of two subunits, a small one (HoxU; 26.0 kDa) with one [4Fe-4S] cluster and 
one [2Fe-2S] cluster and a large one (HoxF; 66.8 kDa) containing a [4Fe-4S] cluster 
and an FMN molecule [115, 116]. This heterodimeric enzyme module is connected to 
a heterodimeric hydrogenase module containing a large subunit (HoxH; 54.8 kDa), 
and a small subunit (HoxY; 22.9 kDa).  

The small [NiFe]-hydrogenase subunit is a truncated version of the small 
subunit of standard hydrogenases, harbouring only the proximal [4Fe-4S] cluster. The 
Is domain, however, is still conserved within HoxY. As earlier mentioned, probably 
simply due to the lack of space, standard hydrogenases do not contain FMN. If this 
statement is true, however, it would not necessarily apply for the HoxY in which the 
C-terminal part, holding two more Fe-S clusters, is absent. For this reason, it is not 
impossible that HoxY contains a second FMN. In addition, this same statement could 
be made for the PSST subunit of Complex I [69].  

The large hydrogenase subunit within the SH is also a special case. The two 
pairs of cysteines that are connecting the Ni-Fe active site to the protein in standard 
[NiFe]-hydrogenases are conserved within this subunit. Still, the architecture of the 
active site seems to be rather different compared to that of standard hydrogenases. 
Initial Fourier transform infrared (FTIR) studies on the SH indicated that it might 
contain four instead of two CN ligands in a (RS)2(CN)Ni(µ-RS)2Fe(CN)3(CO) center 
(R = Cys), and it was proposed that the presence of these two additional cyanide 
ligands might be the reason for the insensitivity of the enzyme towards O2 [117]. In 
spite of these differences in architecture of the active site, also aerobic SH 
preparations are inactive due to an oxygen species that is blocking the active site. For 
the SH, however, activation just needs the presence of a catalytic amount of NADH 
that can provide the enzyme with reducing equivalents via the NADH dehydrogenase 
module. The oxygen species is then rapidly removed. More details about the specific 
architecture of the SH active site, its insensitivity towards O2, and about the specific 
mechanisms that are involved upon catalysis and (in)activation, will be discussed in 
paragraph 1.3.6. of this introduction in which the spectroscopic properties of the SH 
will be summarized. 
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1.3. Spectroscopic properties of hydrogenases 

1.3.1. EPR properties of standard hydrogenases 

The different states as occurring within [NiFe]-hydrogenases have been most 
extensively studied. A number of different terms have been employed to describe the 
states of the Ni-Fe center. Since Electron Paramagnetic Resonance (EPR) 
spectroscopy was the first technique used to observe the Ni in the enzyme, the states 
of the enzyme and their accompanying EPR signals were labelled in the same way. As 
accompanying information to this paragraph, an overview of the different EPR spectra 
of the active site of the [NiFe]-hydrogenase from A. vinosum is shown in Fig. 6. By 
EPR it is possible to detect unpaired electrons. Besides, the EPR spectrum not only 
reveals the presence of such an unpaired electron, but can also provide very useful 
information about its immediate environment as well as its actual concentration. By a 
variety of tricks it has been established that the unpaired spin located in the active site 
is close to Ni [118] and at least one of its sulfur ligands [119], but not to Fe. EPR can 
thus perfectly be used to monitor changes at and around Ni.  

Figure 6. Overview of EPR signals from the active site 
of A. vinosum hydrogenase. From top to bottom (i) Niu

*

state; (ii) Nir
* state; (iii) Nia-C* state; (iv) Nia-C* state 

split by the reduced, proximal Fe-S cluster; (v) Nia
*-CO

state; (vi) Nia
*-CO signal split by the reduced, proximal 

cluster; (vii) Nia-L* state; spectrum is an overlap of two 
different signals; (viii) Nia-L* signal split up by the 
reduced, proximal cluster. (Adapted from the Ph.D. 
thesis of Van der Zwaan, 1987)

Many air oxidized [NiFe]-hydrogenases show a simple rhombic S = ½ EPR 
signal with g values between g = 2 and g = 2.3. This signal can be ascribed to low-
spin Ni(III), a 3d7 system, in an apparently rhombically-distorted octahedral ligand 
field [118]. In oxidized preparations two distinct EPR signals of Ni(III) can be 
observed that mainly differ in their gy value that can be either at g = 2.24 or at g = 
2.16. In 1985, it was found that enzyme preparations of D. gigas showing a Ni(III) 
signal with a gy value of 2.16 were activated by H2 within a few minutes, whereas 
enzyme showing a Ni(III) signal with a gy value of 2.24 could be fully activated only 
after incubation under H2 for several hours [80]. Therefore, enzyme in these two states 
are now called Nir

* (r for Ready, * for unpaired spin; or Ni-B) and Niu* (u for 
Unready; or Ni-A), respectively.  

Beside from this Ni-derived EPR signal, many [NiFe]-hydrogenases also show 
a second signal due to an unpaired electron that is located on the [3Fe-4S]1+ cluster. In 
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this aerobic state, the proximal and distal cluster are oxidized, and are therefore 
diamagnetic, showing no EPR signal. Usually the Ni center and the [3Fe-4S]1+ cluster 
do not show any interactions in EPR spectra of [NiFe]-hydrogenases. This is 
understandable, taking into account that both paramagnetic centers are seperated by 
about 24 Å. Usually the interaction between magnetic centers is not observed on 
distances larger than 15 Å [120]. Yet in the oxidized form of a number of 
hydrogenases, the Ni centers and the [3Fe-4S]1+ cluster do interact with each other 
[121-123], and this fact is reflected in the EPR spectra. These spectra were originally 
ascribed to the spin-spin interactions between Ni and an unidentified paramagnet with 
a midpoint potential of +150 mV, but presently it is thought that they arise from a 
{Ni3+-Xox-[3Fe-4S]+} coupled system, where X is an unknown S = 1/2 redox 
component, possibly a sulfur radical [123]. The interaction breaks down upon 
reduction of X.  

Oxidation of active A. vinosum MBH with O2 enriched in 17O (nuclear spin, I 
= 5/2) caused a broadening of the EPR signals of both the Nir* and the Niu

* state 
[124]. It was concluded that in both states an oxygen species, located near the Ni-
based unpaired electron, is blocking the active site, preventing hydrogen oxidation. It 
is now generally accepted in the field that this ligand is the third bridging ligand 
observed in the crystal structures of oxidized enzyme. This oxygen species was long 
thought to be a hydroxide group [71, 95, 125]. Recent crystallographic studies, 
however, revealed that Nir

* contains a mono-oxo species (probably a hydroxyl group), 
while the oxygen species in Niu

* looks like a di-oxo form (presumably peroxide) 
[126]. The slow reductive activation of Niu*, compared to the rapid activation of Nir*,
was therefore proposed to result from either the slow release of hydrogen peroxide 
from the active site or the additional two-electron reduction needed to convert 
peroxide to water [126-128]. This is also in line with the EPR spectroscopy. Single-
crystal EPR studies of the D. vulgaris (Miyazaki) enzyme have shown that the 
electronic y-axis is approximately oriented along the bond linking Ni to the 
exogenous bridging ligand [129]. Consequently, the large gy shift agrees with the 
presence of different bridging ligands in the ready and unready forms. 

In active enzyme a transient EPR signal from a state called Nia-C* (a for 
Active, C as it was the third EPR detectable state) is observed. This state was 
proposed to contain a water-exchangeable hydrogen species (most probably a 
hydride) [130]. Extensive studies have shown that the Nia-C* state is more likely to 
represent a trivalent Ni rather than monovalent [131-133]. The Nia-C* state is in redox 
equilibrium with the substrate H2 also in the absence of mediating dyes [134] and 
disappears with increasing H2 concentration, being titrated as an n = 2 redox 
component in the absence of dyes. This equilibrium implies that there must be a 
second site for H2 binding, which was proposed to represent the real catalytic site 
where hydrogen is activated under turnover conditions. The presence of a bound 
hydrogen species to Ni in the Nia-C* state was discovered via the light sensitivity of 
the enzyme in this state at temperatures below 77 K [130]. Upon illumination at low 
temperatures the spectrum changes and the Nia-C* state is converted to the Nia-L*

state, a light-induced state. Also CO can bind to the Ni center in the Nia-C* state [124, 
135, 136], and also this CO compound was found to be light sensitive. Illumination of 
this species resulted in an EPR spectrum virtually identical to that obtained after 
illumination of the Nia-C* state. Based on these results it was initially thought that CO 
and the light-sensitive H-species were bound to the same site on Ni [124, 130]. Later 
studies with the A. vinosum enzyme, however, suggested that the H-species (hydride) 
may be bound to the Fe site, while the CO binds to the Ni [133]. Upon illumination 
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with white light at low temperatures, breakage of this bond takes place, resulting in 
the Nia-L* state [137, 138].  

Another intriguing property of the Nia-C* signal is that it can show a two-fold 
splitting at 4.2 K. This was first described for the D. gigas enzyme [130, 135, 139] 
and was found to be due to the interaction with the reduced proximal Fe-S cluster. 
This same splitting can be observed for the Nia

*-CO state, while it is much smaller in 
the Nia-L* state. 

1.3.2. FTIR properties of standard hydrogenases 

Like EPR has proven a useful tool to monitor Ni in [NiFe]-hydrogenases, Fourier 
Transform Infra-Red (FTIR) spectroscopy has fulfilled a key role in the identification 
and characterization of the rest of the active site. FTIR spectroscopy entered the 
hydrogenase field when it was observed that the CO-inhibited form of [NiFe]-
hydrogenase from A. vinosum exhibited not only the light-sensitive band from the 
externally added CO, but also vibrational bands from species near or coordinated to 
the active site [140, 141]. The position of the bands (one strong band at 1898-1950 
cm-1 and two 12-16 cm-1 separated, small bands at 2044-2093 cm-1) was seen to 
reflect the redox state of the active site. Combined with the observation of a second 
metal ion with three non-protein ligands in the X-ray structure of [NiFe]-hydrogenase 
from D. gigas [68], it soon became clear that the three infrared bands corresponded to 
the ligands in the active site. Steadily the full picture emerged when it was realized 
that the unidentified low-spin ferrous ion earlier observed in Mössbauer studies on the 
A. vinosum enzyme [123] was the same as the Fe ion close to the Ni, whereby the 
CN/CO ligands provide a strong enough ligand field to keep Fe low-spin [72]. As the 
Fe(CN)2(CO) moiety is diamagnetic, it can not be monitored by EPR. FTIR 
spectroscopy, on the other hand, is ideally suited to specifically study the changes at 
the Fe site, as the CO-stretching frequency (and to a lesser extent also the CN-
stretching frequency) is very sensitive to changes in the charge density on the Fe ion. 

A schematic overview of the different states of the [NiFe]-hydrogenase from 
the A. vinosum enzyme is given in Fig. 7. Here, it can be seen that the Niu* and Nir*
states cannot interconvert without reduction. The Ni3+ in the Ready and Unready 
states can be reduced to an EPR-silent Ni2+ form; the corresponding states are termed 
Nir-S and Niu-S, respectively. In redox titrations in the presence of mediating redox 
dyes, the Niu

* to Niu-S conversion is a reversible n = 1 reaction [142, 143]. The 
reversibility persists at 2 °C [134]. The pH dependence of the midpoint potential of 
the Niu

*/Niu-S couple indicates that the single electron transfer is accompanied by a 
single charge-compensating proton transfer. The Nir

* to Nir-S conversion is also a n = 
1 reaction. Curiously, this conversion is not reversible at 2 °C [134]. It requires an 
elevated temperature (30 °C) to behave as a normal reversible redox titration. Infrared 
studies suggest that there are two forms of the Nir-S state that differ in their 
protonation state [144]. 

The (CO) band of Nir* is at 1943 cm-1, while in the Niu* state the band is at 
1945 cm-1. Assuming the presence of a hydroxide ion in the Nir* state, the peroxo 
ligand is expected to be protonated to hydroperoxo in the Niu* state to match the 
overall charge densities on the Ni-Fe site. The response of the IR band arising from 
the indigenous CO of the Ni-Fe center to reduction with redox dyes is quite different 
for Ready and Unready enzyme. For Niu*, the 1945 cm-1 band shifts to 1948 cm-1

upon reduction to the Niu-S state. This small shift suggests that the overall electron 
density at the Fe in the active site slightly decreases. Niu-S would result from both the 



22

one-electron reduction of Ni3+ to Ni2+ and the protonation of a terminal cysteine 
ligand. Because Cys530 has two conformations in crystals of Niu-S, it is the most 
likely candidate for protonation.  

Figure 7. Schematic overview of the different (redox) states of the [NiFe]-hydrogenase from A. 
vinosum. (I) The states are those observed in redox titrations. The subscripts u, r, and a stand for 
unready, ready, and active, respectively. States marked with an asterisk (*) show a S = 1/2 EPR signal 
due to nickel. EPR-silent states have an S added; SR stands for silent reduced. The number added to 
each state as a subscript represents the stretch frequency of the intrinsic CO bound to Fe. The upper 
block shows states of inactive enzyme. The lower block shows the states of the active enzyme. Note 
that the Niu-S, Nir-S, and Nia-S states are isopotential. Dashed arrows represent very slow reactions 
(periods of hours). (II) Infrared bands arising from the active site are represented as stick spectra. All of 
the states except two have infrared bands assigned to (CN)sym, (CN)asym, and (CO) stretch 
vibrations. The (CN) bands are above 2000 cm-1 (thin lines), while the (CO) bands are below 2000 
cm-1 (thick lines), except for the 2054 cm-1 band from extrinsic CO bound to nickel. The Nir-S1931 and 
Nia-S1931 states have the same set of infrared bands and can only be distinguished by their activity or by 
their reactions with CO. Enzyme reduced with 1 bar H2 exists mainly in two Nia-SR states. The Nia-
SR1936/Nia-SR1921 ratio increases at lower pH values. Figure taken from [128].

Reduction of ready enzyme at 2 °C shifts the (CO) band from 1943 cm-1

(Nir
*) to 1910 cm-1 (at pH 9; here called the Nir-S1910 state) or 1931 cm-1 (at pH 6; 

termed the Nir-S1931 state) [144]. For the Nir-S state prepared at pH 6 and 2 °C, it has 
been found that the Ni-Fe distance is 2.60 Å, which is 0.25 Å shorter than the Ni-Fe 
distance in oxidized enzyme [145]. The coordination number of Ni decreases from 
five in the Nir

* state to four in the Nir-S state (at low pH). Furthermore, the oxygen 
ligand could not be detected in the Ni-EXAFS spectra of this Nir-S state. 

At room temperature the Niu-S state only converts very slowly to the Nir-S 
state as monitored from the Nir

*/Niu
* ratio in EPR spectra [134, 140]. All of these 

states (Niu
*, Nir

*, Niu-S, and the two Nir-S states) display no enzyme activity [95]. 
Under reducing conditions and at physiological temperatures (25-30 °C for A.

vinosum), standard [NiFe]-hydrogenases can be activated (minutes to hours). 
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Recently, Stopped-Flow Fourier Transform Infra-Red (SF-FTIR) experiments on the 
A. vinosum enzyme showed that enzyme fully trapped in the Unready state, either 
oxidized (Niu

*) or reduced (Niu-S), cannot react with H2, and can consequently only 
be activated via the slow conversion to the Nir-S state under reducing conditions, 
which subsequently activates at elevated temperatures [128]. Recent electrochemical 
studies revealed the existence of a new state which is slowly formed from the Niu-S 
state [127]. This new state can either be oxidized to the Niu* state, or it can rapidly 
react with H2 or CO to produce Active enzyme. Enzyme in the Nir* state, on the other 
hand, was shown to have a very high affinity for H2 resulting in a reaction to produce 
the Nir-S state [128]. X-ray diffraction studies showed that in the reduced active 
enzymes the bridging O or S species is absent, while the Ni-Fe distance is ca. 0.25 Å 
shorter than that in the oxidized enzyme [74, 146]. As remarked above, EXAFS 
studies with the A. vinosum enzyme indicated that the removal of the O bridge and the 
shortening of the Ni-Fe distance from 2.85 to 2.60 Å has already occurred at the level 
of the Nir-S state prepared at 2 °C and pH 6.0 (the Nir-S1931 state) [145]. However, 
this state is not yet active [95]. Hence, it is thought that the OH- bridge in the Nir

*

state is still present in the Nir-S1910 state, but becomes protonated at low pH leading to 
the Nir-S1931 state with the resulting water molecule not coordinated to the nickel. This 
hypothesis was recently supported by SF-FTIR experiments [128]. At 2°C, the water 
molecule remains captured in the active-site pocket and are thought to sterically 
hinder the reaction with H2. At room temperature, however, it is assumed that this 
water molecule is released thereby allowing the enzyme to convert into an active state 
without any change in its IR spectrum (the Nia-S1931 state). 

The Ni-Fe site in active enzyme can exist in three different states, designated 
Nia-S, Nia-C*, and Nia-SR. In the presence of mediating redox dyes plus H2, the Nia-S

 Nia-C* transition is reversible and involves one electron and two protons [135]. 
This transition also occurs with hydrogen alone (no mediating dyes present), but then 
it is irreversible [130, 134, 147]. The transition is not accompanied by any shift of the 
(CN) bands, but the (CO) band shifts some 17-20 cm-1 to higher frequency. Studies 

with the H2-sensing protein from R. eutropha suggest that this transition is simply due 
to the binding of H2 to the Nia-S state, whereby the Ni2+ is oxidized to Ni3+ (with the 
electron transferred to the Fe-S clusters) to form the Nia-C* state [41, 148]. As earlier 
described, the Nia-C* state converts to the Nia-L* state upon illumination below 77 K.  

Carbon monoxide is a competitive inhibitor of nearly all [NiFe]-hydrogenases. 
EPR studies have shown that CO binds directly to Ni when H2-reduced enzyme is 
treated with limiting amounts of CO [124, 136, 149]. The resulting Nia*-CO state 
[133] is converted to the Nia-L* state upon illumination. When active enzyme is 
treated with excess CO, an EPR-silent state is obtained (Nia-S·CO). FTIR studies 
showed the binding of externally added CO to the active site in this state [140]. The 
crystal structure of a CO-inhibited enzyme has been published [77] and shows that 
CO is bound to Ni opposite to the bridging thiol provided by the last Cys residue in 
the sequence of the large subunit. The Nia-C* state, with a bound hydride, reacts with 
a second dihydrogen molecule to form the EPR-silent Nia-SR state. The reaction Nia-
C* + H2  Nia-SR is the only equilibrium reaction (n = 2, 1 H+/e-) involving 
hydrogen and the enzyme in the absence of redox mediators [134]. 

The nickel ion in the Ni-Fe site in the A. vinosum hydrogenase behaves as an n 
= 1 redox entity. Hence, in the two-electron reaction with H2, the redox states of the 
Fe-S clusters must also be taken into consideration [134]. All [NiFe]-hydrogenases 
contain the proximal [4Fe-4S] cluster, suggesting that this cluster is essential for the 
redox reaction with H2. This crucial role of the proximal cluster was confirmed by 
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recent SF-FTIR experiments [150]. It was shown that the reaction of excess H2 with 
the enzyme in the Nia-S/Nir-S1931 state with both cubane clusters reduced directly 
results in the Nia-SR state. If both cubane clusters are oxidized, the Nia-SR state is 
formed with the Nia-C* state as an intermediate. If one cubane cluster is reduced and 
the other is oxidized, the reaction is trapped in the Nia-C* state. Fig. 8 gives an 
overview of the reactions that were investigated by these SF-FTIR experiments. The 
redox states of the Fe-S clusters are included here in the descriptions of the various 
enzyme states. As can be observed in Figure 8, also the reactions of active enzyme 
with CO were investigated by SF-FTIR. All active enzyme states were able to react 
with CO. The reaction of Nia-C* with CO, however, was shown to be considerably 
slower. This is presumably because the replacement of H- by CO on Ni is easier with 
Ni2+ (Nia-S and Nia-SR) than with Ni3+ (Nia-C*).    

Figure 8. Overview of the redox states and their short-hand notations of the A. vinosum enzyme as 
studied by [150]. Also the status of the Fe-S clusters is indicated. For example, the oxidized ready state 
can be written as Fe2+ (OH-)Ni3+ P2+M+D2+ , where OH- stands for the bridging oxygen species, P2+ for 
the oxidized proximal [4Fe-4S]2+ cluster, M+ for the oxidized medial [3Fe-4S]+ cluster, and D2+ for the 
oxidized distal [4Fe-4S]2+ cluster. In addition, these states are referred to as Nir*(ooo), where “o” stands 
for an oxidized Fe-S cluster, and “r” stands for a reduced cluster (order: proximal, medial, distal). If an 
“x” is used, the cluster can be either oxidized or reduced. Under 1 bar of H2, the enzyme is mainly in 
the Nia-SR states with (CO) bands at 1936 and 1921 cm-1 (two pH-dependent substates). This state 
can be written as Fe2+ (H-)Ni2+P+M0D+, where H- stands for a bound hydride (light sensitive in the Nia-
C* state). Other states are observed at higher redox potentials. The mobility of the H2O molecule in the 
Nir-S1931 state, proposed to be formed by protonation of the bridging OH- in the Nia-S1910 state, is 
assumed to be strongly temperature dependent. At 2 °C, it cannot leave the active-site pocket and 
blocks the binding of H2. Binding of H2 would result in the Nia-C* state, which has a hydride in the 
bridging position. Also, at 2 °C it is assumed that a water molecule cannot enter the empty active-site 
pocket in the (active) Nia-S1931 state. At 25 °C, these restrictions are far less stringent, enabling a rapid 
equilibrium between the Nir-S1931 and Nia-S states. The (CO) band of the Nia-C* state can slightly shift 
depending on the redox state of the proximal cluster. This shift could not be observed in the present 
study due to a lower resolution; changes at 1950 cm-1 are assigned to the Nia-C* state. Encircled 
numbers relate to the equations in the text. Figure taken from [150].
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1.3.3. Other spectroscopic techniques 

In the 1960s, hydrogenases were only recognised to contain Fe arranged in Fe-S 
clusters and EPR was mostly used to study the paramagnetic states of the Fe-S 
clusters. In addition to EPR, also techniques like Mössbauer and UV-Vis spectroscopy 
were applied to investigate the characteristics of the Fe-S clusters. In the last two 
decades, the knowledge about hydrogenases has been largely increased. This is partly 
due to the introduction of new spectroscopic techniques within the hydrogenase field.  

One spectroscopic technique that has been used to study the [NiFe]-
hydrogenase active site is X-ray absorption spectroscopy (XAS). An XAS spectrum 
arises from the absorption of ionising radiation near an absorption edge and requires 
an intense radiation source, such as synchroton radiation. The absorption edge is the 
abrupt increase in absorbance that occurs when a core electron is removed from the 
element of interest. Thus, a K-edge corresponds to the loss of a 1s electron, while an 
L-edge corresponds to the loss of a 2p electron. Since each element has characteristic 
and usually well-separated edge energies, the technique is element specific. However, 
if more than one atom of the same element is present in the sample, an average 
spectrum is obtained. The K-edge energy of a Ni atom is 8333 eV and in Ni2+-
coordination compounds, it shifts to about 8340 eV, reflecting the fact that the Ni 
atom is already partly ionised and it is more difficult to ionise it further. Generally, a 
2-3 eV change in K-edge energy is expected for a one-electron change of a Ni atom. 
At the same time, the change in ligand environment usually leads only to small 
changes in K-edge energy (ca. 0.5 eV/ligand) [151]. Examination of Ni K-edge 
spectra from redox-poised samples of [NiFe]-hydrogenases revealed that only a small 
shift (ca. 1eV) in the edge energy occurs between the most oxidized and fully reduced 
states [152, 153]. Coupled with the lack of large changes in the ligand environment, 
this observation effectively ruled out redox schemes involving both Ni(III) and Ni(I) 
centers.

Features in the XAS data lying below the edge in energy are frequently 
observed. This X-ray absorption near edge structure (XANES) arises from spin-
forbidden electronic transitions like 1s  3d transitions. The intensity of this sort of 
transitions depends on the local symmetry around the metal ion and therefore carries 
information about the structure. In the case of the A. vinosum enzyme, the oxidized 
species appear to be five-coordinated and the fully H2 reduced species are six-
coordinated based on the intensity of the 1s  3d transition.  

The extended X-ray absorption fine structure (EXAFS) portion of the 
spectrum extends above the edge in energy and arises from interferences between the 
photoelectron produced at the edge and photoelectrons backscattered by nearby atoms 
(e.g. ligand donor atoms) [154]. Thus, information about the number and nature of the 
ligands and their respective distances to the metal ion can be derived from this region 
of the XAS spectrum. The EXAFS analysis of samples of [NiFe]-hydrogenases 
generally reveals a spectrum that is dominated by Ni-S interactions at a distance of 
about 2.2 Å [153]. The number of S-scattering atoms is difficult to determine but is 
generally found to be four for reduced samples of the enzyme. For samples of the D.
gigas and A. vinosum enzymes in the unready form, evidence was found of a short Ni-
O bond (ca. 1.9 Å) that is absent from the spectra of reduced enzymes [145]. 

Another example of a spectroscopic technique that has contributed to our 
understanding of hydrogenases, is ENDOR (Electron Nuclear Double Resonance). 
ENDOR has been very helpful in identifiying weak magnetic interactions of the 
unpaired electron and nuclei like protons, nitrogen or even 57Fe. ENDOR 
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spectroscopy is orientation selective and spectral analysis can be performed with 
crystals as well as with powder-like spectra. Various forms of information can be 
obtained from ENDOR spectra. For instance, a large 1H hyperfine interaction has 
been found in ENDOR spectra of the Nia-C* state with the postulated bridiging 
hydride [137, 155, 156]. This interaction was absent in the Nia-L* state. Furthermore, 
it was concluded from 57Fe-ENDOR experiments that the Fe atom in the active site 
stays in a low-spin (II) state in oxidized as well as in active enzyme [97, 157]. 

1.3.4. Theoretical calculations 

The field of computational quantum chemistry has received enormous recognition and 
impact since the award of the 1998 Nobel prize in chemistry to John Pople and Walter 
Kohn. Density Functional Theory (DFT) has been around since the 1920s, but was 
only recently able to yield results of chemical accuracy when reliable functionals 
became available in the late 1980s and early 1990s. Because of its favourable scaling 
with molecular size and the accuracy of the results in particular for transition metal 
complexes, DFT has become an important player in the field of bioinorganic 
chemistry and hydrogenase research. With the advent of DFT methods, quantum 
mechanical calculations of systems as large as the active center of [NiFe]-
hydrogenases have become feasible. Of course, not the complete protein can be 
treated as such. A cluster model has to be chosen small enough to be treated on 
today’s computers, but still sufficiently large to correctly describe the electronic 
structure of the active site.  

The work by several groups [158, 159] has been aiming at a proposal for the 
mechanism of H2 splitting by [NiFe]-hydrogenases based on DFT calculations. In 
their work, however, the Fe atom in the active center was the catalytically active 
metal. Niu et al. [160] characterized the intermediate states in the reaction cycle by 
comparing calculated and experimental CO stretching frequencies. Amara et al. [94] 
performed hybrid QM/MM calculations on [NiFe]-hydrogenases and suggested a 
cysteine base-assisted H2 cleavage. This conclusion is supported by several 
experimental data [157, 161].  

DFT calculations of a large cluster model comprising 42 atoms of the active 
site of D. gigas were performed by Stein et al. [162]. Hereby, the disagreement in 
structural parameters between the computationally optimized structure and the most 
recent X-ray structure analysis up to then [71] appeared to be only 0.1 Å in bond 
lengths.

In addition to structural parameters, results about the electronic structure from 
calculations should be comparable to experimental data. Nir* can best me modelled as 
an Ni(III)-(µ-OH)-Fe(II) system with 52% of the spin density at the Ni atom, 34% at 
the bridging sulfur of Cys533 and 0% at the Fe atom. This is in good agreement with 
EPR data. Samples enriched in 61Ni exhibit a hyperfine splitting that is significantly 
smaller than the one expected for a complete spin at the Ni atom, whereas the sulfur 
atom of the bridging Cys533 gives rise to hyperfine splitting of 33S in EPR and large 
isotropic hyperfine interactions of -CH2 protons adjacent to it. Furthermore, no 57Fe
hyperfine interactions can be observed in EPR and ENDOR. 

Also a direct calculation of spectroscopic observables, e.g. g and hyperfine 
tensors, from DFT wave functions was demonstrated to be accurate for Ni model 
complexes [163]. This was also done for the [NiFe]-hydrogenase and also here, 
encouraging results were obtained [164, 165]. A detailed picture of the changes of the 
active center during the catalytic cycle was deduced from these results [165], and 
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based on these results, a consistent model for the sequence of redox states was 
proposed, adding significant information to the process of understanding the 
mechanism of [NiFe]-hydrogenases. 

1.3.5. Model compounds 

One of the major long-term goals of the research on hydrogenases has been to 
synthesize a stable and cheap catalyst for interconversion of electricity and H2. Such a 
catalyst would be essential for processes such as the production of H2 by solar energy 
(electrolysis of water) and the conversion of H2 into electricity (fuel cells). Present-
day systems still make use of platinum as a catalyst, which prevents such systems 
from becoming economically viable for large-scale applications [166]. Although there 
have been improvements, using platinum in the form of small particles, the price of 
this precious metal would not afford a worldwide hydrogen economy [167]. It has 
already been mentioned that a very efficient catalyst can be produced by adsorbing 
hydrogenases onto a carbon electrode. Though stable, by biological standards, it 
cannot compare with metallic catalysts. The alternative approach is to use the 
knowledge gained from hydrogenases to construct chemical catalysts.  

After the discovery of functional Ni in hydrogenases[118, 168], a variety of Ni 
model compounds with various ligands have been described. More realistic 
approaches, however, were only possible after the first crystal structures appeared 
[68]. Nevertheless, no binuclear Ni complexes have yet been developed possessing 
the spectroscopic and chemical characteristics of the biological metal center. Most Ni-
S complexes are kinetically unstable and need a suitable environment for their 
stability. Another major problem is related to Ni chemistry. Nickel thiolate 
compounds with redox states higher than +2 are not stable. Within these compounds, 
Ni is capable of oxidizing the sulfur ligands, forming unwanted products [169].  

More promising results have been obtained mimicking the Fe-Fe active site, 
after elucidation of the first [FeFe]-hydrogenase structure in 1998 [40-42]. The Fe-Fe 
organometallic portion of the H cluster is a familiar one in chemistry. It can be 
modelled by a (µ-S2)Fe2(CO)6 molecule that forms from iron and sulfur in the 
presence of CO. Most recently, Pickett and colleagues have developed a synthetic 
approach, in which an Fe-Fe organometallic unit is linked to a [4Fe-4S] cluster, by 
making use of sulphur-containing functional groups on independent subunits [170]. 
These react and eliminate a small thioesther molecule. (Fig. 9). As the synthetic 
precursor for the [4Fe-4S] cluster has four additional reactive sulfur-containing 
groups, which are matched in nature by cysteine thiolates, it was necessary to isolate a 
single reaction site by the adoption of a large bowl-like ligand. This ligand contains 
three cysteinyl-like sulphur donors in the cavity that bind to three of the cubane Fe 
atoms, leaving only one sulphur donor that can react with the suitable modified Fe-Fe 
subsite. Luckily, a carbon monoxide ligand was simultaneously lost from the Fe-Fe 
sub-site, allowing a cysteinyl-like sulphur bridge to form between two Fe atoms, 
precisely as in the H-cluster. The compound functioned well as a electrocatalyst for 
proton reduction. 

Pickett and colleagues have shown that the physical properties of synthetic di-
iron subsite analogues are a very good match for those of the enzyme [171-173]. 
Besides, studies on simpler subsite models [174, 175] have shown that such models 
are capable of electrocatalysing proton reduction and H/D exchange reactions, albeit 
at low reduction potentials [176, 177]. It will take some more time until a model has 
been developed that will be able to meet up to all the demands. However, 
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hydrogenase active site models, like the one described above, certainly add to our 
understanding of the intimate chemistry of the natural process. Eventually, this will 
unmistakebly lead to stable and cheap systems with low overpotentials for H2
uptake/evolution, thereby providing a route to advanced electrode materials.      

Figure 9. Chemical synthesis in action. (a) The active site, or H-cluster, of [FeFe]-hydrogenases. (b) A 
close synthetic analogue of the H-cluster, using sulphur-containing precursors [170]. The [4Fe-4S] and 
Fe-Fe units are linked up during a reaction in which a small thioesther molecule and a carbon 
monoxide ligand are eliminated. Lcav is a large, bowl-shaped ligand, used to prevent expansion of the 
[4Fe-4S] cluster. Figure taken from [236].

1.3.6. The soluble hydrogenase of Ralstonia eutropha

As earlier described, the active site properties of the soluble hydrogenase from R.
eutropha are very different from those of standard [NiFe]-hydrogenases. These 
differences are also clearly reflected by its distinct EPR properties. In untreated 
aerobic SH, only a weak Ni-unrelated EPR signal (0.1 spin/Ni) can be detected at 10 
K (sharp peak at g = 2.02, broad trough at g = 1.92) (Fig. 10A). This signal has been 
ascribed to a [3Fe-4S]+ cluster obtained from the degradation of a [4Fe-4S] cluster 
[178]. A Ni signal as found for standard [NiFe]-hydrogenases in the oxidized state, 
was not observed in the case of the SH.  

After reduction with sodium dithionite (5 mM), the SH shows a complex EPR 
spectrum (g values at 2.03, 2.01, 1.95, 1.93, 1.86) at 10 K (Fig. 10B) and a signal 
typical of a single reduced Fe-S cluster, at 25 K (Fig. 10C). The latter signal (g values 
at 2.03, 1.95) has been attributed to a [2Fe-2S]+ cluster [178, 179], whereas the 
complex low-temperature spectrum has been interpreted as a superposition of spectra 
from the [2Fe-2S]+ and at least two [4Fe-4S]+ clusters [178].  

Significant amounts of an EPR-detectable Ni species are not produced either 
after treatment of the enzyme with H2 or with H2 in the presence of catalytic amounts 
of NADH (25 µM). However, it was found by Erkens et al. that a relatively strong Ni 
signal could be induced by reduction of the SH with NADH in the absence of H2 (Fig. 
10D, E) [115]. The NADH concentration required to reach a maximal signal intensity 
appeared to be 5-10 mM. Under these conditions, at 80 K, a complex EPR spectrum 
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with g values at 2.28, 2.20, 2.14, 2.10, 2.05, 2.01 and 2.00 was observed (Fig. 10E). 
This spectrum could be analyzed by special light/dark treatments into three distinct   

Figure 10. X band EPR spectra of the soluble 
NAD+-linked hydrogenase from R. eutropha in 
the as isolated state (A) and after reduction with 5 
mM sodium dithionite (B, C) and 10 mM NADH 
(D, E). EPR conditions: microwave frequency. 
9.45 GHz: microwave power. 20 mW: modulation 
amplitude. 1 mT. The sample temperatures were 
10 K for spectra A, B and D, 25 K for spectrum C 
and 80 K for spectrum E. Figure taken from [115].

signals: (1) the ‘‘classical’’ Nia-C* signal with g  values at 2.20, 2.14 and 2.01, as 
observed in standard hydrogenases; (2) the light-induced signal (Nia-L*) with g values 
at 2.28, 2.10 and 2.05 and (3) a flavine radical (FMN semiquinone) signal at g = 2.00. 
The assignment of the Ni-derived EPR signal was clearly confirmed by EPR spectra 
of SH labelled with 61Ni (I = 3/2) yielding a broadening of the Nia-C* spectra at all g
values and a resolved 61Ni hyperfine splitting into four lines of the highest  g value in 
the case of the light-induced Nia-L* signal. Exposure of the NADH-reduced SH to CO 
led to an apparent Ni-CO species indicated by a novel rhombic EPR signal with g
values at 2.35, 2.08 and 2.01 (not shown in Fig. 10). Quantification of the Ni-derived 
EPR signals yielded values in the range of 0.3-0.5 spins/mole protein. 

Besides the distinct EPR properties, as described above, the SH also shows a 
rather different behaviour in FTIR experiments [180]. Happe et al. reported that 
untreated, aerobic SH preparations show one large peak at 1956 cm-1 and a set of four 
weak bands at 2098, 2088, 2081 and 2071 cm-1 (Fig. 11A) in the 2150-1850 cm-1

spectral region [117]. Treatment with NADH, NADH plus H2, or H2 plus methyl 
viologen (MV) only affected the 2098 cm-1 band (Fig. 11). With 10 mM NADH (Fig. 
11B), or with 10 mM NADH plus H2 (Fig. 11C), only the three weak bands at 2088, 
2081 and 2071 cm-1 were detected, whereas the band at 2098 cm-1 disappeared. Under 
reducing conditions in the absence of excess NADH, a fourth band was clearly 
observed at 2051 cm-1 (Fig. 11D). Re-oxidation of the latter sample by O2 resulted in 
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the disappearance of the 2051 cm-1 band and in the reappearance of the 2098 cm-1

band (not shown in Fig. 11). 

Figure 11. Infrared spectra of the SH under a 
variety of redox conditions. (A) Untreated, 
aerobic enzyme. (B) Enzyme incubated with 10 
mM NADH under Ar (45 min, 33 °C). (C) 
Enzyme incubated with 10 mM NADH under 
100% H2 (60 min, 33 °C). (D) Enzyme incubated 
with 5 mM methyl viologen under 100% H2 (60 
min, 33 °C). Spectra are not normalised. Figure 
taken from [117]. 

Since the fourth weak band (2098 cm-1) shifts 47 cm-1 to lower frequency upon 
reduction in the absence of excess NADH, it is unlikely to be due to CN- bound to the 
metal ion with the CO ligand; hence it was assigned as bound to Ni and the rest was 
assigned to Fe. These conclusions were supported by FTIR spectra of an SH 
preparation that was only containing 4% Ni. In this preparation, only the three bands 
that were assigned to the Fe-bound cyanide ligands (at 2088, 2081 and 2071 cm-1)
could be observed in addition to the (CO) band, and no changes in the spectrum 
could be detected under any of the reducing conditions described above.  

Figure 12. Schematic representation of the working model 
of the H2-activating site in the SH in its active state. The 
vacant ligand position on the Ni ion is supposed to be the 
site where H2 is activated. In untreated, inactive enzyme 
this site is supposed to hold a bound oxygen species. As a 
basis for this model, the structure of the Ni-Fe site in 
normal hydrogenases was used. Figure taken from [117].

From these data, it was proposed that the SH might have a (CN)Ni-
Fe(CN)3(CO) active site bound to four thiols of the four strictly conserved Cys 
residues in the HoxH subunit (Fig. 12). This would make the Fe site six coordinate 
and therefore not reactive during the activity cycle of the enzyme. The Ni site would 
be at least five coordinate. As H2 cannot readily react with untreated, aerobic enzyme, 
it was assumed that the inactive enzyme probably contains an oxygen species 
occupying the sixth coordination site on Ni. This makes it understandable that 
removal of the oxygen species (possibly via reduction to water) did not readily occur 
with H2, but could be induced rapidly by catalytic amounts of NADH (via the NADH 
dehydrogenase module) in the presence of H2, or dithionite. Removal of the oxygen 
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species was supposed to lead to an increase the electron density on Ni, thereby 
shifting the (CN) of its bound CN- to lower frequencies. The presence of two extra 
CN ligands in the active site also makes it feasible that the activity of the SH is 
insensitive towards oxygen and carbon monoxide. The Fe atom cannot be attacked, 
since its coordination is saturated and the two extra CN ligands might impose a 
serious steric hindrance and might limit access to Ni only to very small molecules like 
H2, but not to larger ones like CO and O2. Also XAS experiments that were performed 
on the SH are in line with these conclusions.  

The structure of the K-edge of Ni in the aerobic, untreated SH, as well as its 
extended X-ray absorption fine structure (EXAFS) spectrum [153, 181], differ 
considerably from those obtained with other [NiFe]-hydrogenases[153]. The model 
depicted in Fig. 12 may explain some of the unusual features of the SH. In one study 
[181], it was concluded from the K-edge of nickel that its coordination number is 
most likely five or six in the aerobic SH. On bases of X-ray absorption near edge 
structure and EXAFS spectra a mixed coordination sphere of small and larger donor 
atoms was proposed (best fit: 4 O at 2.03 Å, 2 S at 2.33 Å and 2 S further away (3.02 
Å)). Another study [153] presented similar XAS spectra and likewise concluded that 
the EXAFS of the untreated SH is dominated by light backscatterers, with 
contributions from 2-3 S-donor ligands (best fit: 3-4 N or O at 2.06 Å, 2-3 S at 2.35 
Å). It must be remembered here that EXAFS cannot distinguish between the light 
backscatterers C, N or O. The proposed model (Fig. 12) is in line with the presence of 
2 small backscatterers (1 C from CN- and 1 O from a bound oxygen species in 
inactive, untreated enzyme) on Ni, in addition to two bridging and two terminal 
thiolates. Reduction of the SH with H2 in the presence of 0.15 mM NADH [153] 
induced a conspicuous change in the nickel K-edge, not observable in other enzymes. 
The resulting spectrum was like that of other [NiFe]-hydrogenases (best fit: 4 S at 
2.19 Å), which perfectly explains for the creation of an EPR Nia-C* signal under these 
conditions. A similar change was observed by Müller et al. [181] after reduction of 1 
mM enzyme with 15 or 30 mM NADH under Ar for 10 min at room temperature (best 
fit: 2 O at 2.06 Å, 3 S at 2.20 Å, 1 S at 2.38 Å). These observations all suggest a 
profound change in the nickel coordination. A difficulty with the SH is that its activity 
and conformation are apparently very unstable in the reduced state. In an activity 
assay, virtually all H2-NAD+ activity was lost after 10 min at 30 °C under H2 in the 
presence of NADH [112] and, dependent on the enzyme concentration, the 
heterotetramer seems to dissociate into two heterodimers [182]. This may have 
consequences for the stability of the active site. 
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1.4. Hydrogenase genes 

1.4.1. Regulation of hydrogenase gene expression 

In nature, bacterial cells are usually exposed to a mixture of nutrients. Complex 
regulatory networks guarantee hereby a hierarchical utilization of the substrate, 
guided by metabolic efficiency. The ability of microbes to take up or to evolve H2 is 
usually a facultative trait. Therefore energetically speaking it is well designed that 
hydrogenases are predominantly formed only when the substrate is available, and that 
there are mechanisms of regulated gene expression. Nevertheless, a few specialized 
organisms (e.g. some methanogens) whose metabolism is strictly dependent on H2
activation are probably synthesizing hydrogenase constitutively. Furthermore, 
hydrogenase isoenzymes are also common among the metabolically more versatile 
bacteria. For instance, H2 metabolism and isoenzyme composition in enteric bacteria, 
including E. coli and Salmonella typhimurium, appear to be differentially regulated 
under the two modes of anaerobic life, fermentation and anaerobic respiration. 
Furthermore, biosynthesis of the individual isoenzymes appears to be controlled at a 
global level by the quality of the carbon source, known as catabolite repression.  

Figure 13. The formate regulon of E. coli hyc genes encoding structural components of the 
hydrogenase 3 are shaded in dark grey. Genes involved in metallocenter assembly (hyp) are shown in 
dotted boxes. Open boxes represent the cryptic ascBFG genes which form an operon for the 
degradation of -glucosides. The hydrogenase-specific endoprotease gene hycI and the hydN gene are 
illustrated in hatched boxes. The regulatory genes (hycA, fhlA) and their respective products are marked 
in black. FhlA binding sites (UAS) are indicated. Transcription start sites and the potential lengths of 
transcripts resulting from regulated and constitutive promoters, are indicated by dotted and solid 
arrows, respectively, below the gene cluster. Figure taken from [46].

In most cases, hydrogenase genes occur as tightly clustered functional units, or 
operons. The arrangement of genes in an operon permits their coordinate expression 
by command of a principal regulator. Such a regulator normally binds to a promoter 
region, near the site of transcription initiation, leading to induction or repression of 
transcription. The activity of the regulator may be modulated by low-molecular-
weight compounds such as the substrate or a metabolite. In hydrogenase 3 of E. coli,
which contains four hydrogenase systems, formate is the major effector directing the 
expression of genes coding for hydrogenase 3. The hydrogenase 3 is part of the 
formate hydrogen lyase complex (FHL) whose corresponding genes are organized in 
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the formate regulon (Fig. 13) [183]. Hydrogenase maturation proteins are encoded by 
the hypABCDE gene complex which is co-transcribed with the regulator gene fhlA.
FhlA belongs to the a subclass of response regulators whose activity is modulated by 
binding of an effector molecule. In the case of FhlA the effector is formate [184]. The 
hyc operon genes predominantly code for structural components of hydrogenase 3 
with the exception of hycA and hycI which code for a negative regulator and a 
maturation endopeptidase, respectively. A third transcriptional unit encodes HypF, a 
maturation component, and HydN whose function is unknown. FhlA complexed with 
formate binds to the upstream activator sequences (UAS) and activates the 54-
dependent promoters Pp, Pc, and P (Fig. 13). PfhlA, on the other hand, is a weak 
constitutive promoter dependent on 70-containing RNA polymerase. Formate 
production by pyruvate formate lyase is the main signal for the onset of anaerobiosis. 
Formate binds to the regulator FhlA (possibly a tetramer), which in turn activates 
transcription from the UAS motifs upstream of Pp, Pc, and P [184]. The transcriptional 
activation leads to an increase of FhlA. This autogenous control of FhlA is 
counteracted by the activity of HycA, an anti-activator which may function by direct 
interaction with FhlA [185]. Expression of the hyc/fhl genes leads to the degradation 
of formate and consequently to the decrease of the effector concentration. Hence, the 
Fhl system is well balanced by the two positively acting components, FhlA and 
formate production, and their negatively acting counterparts, HycA and formate 
degradation.

On the other hand, the regulators of hydrogenase operons might also be the 
target of a complex signal transduction cascade involving sensor proteins which 
recognize a given external or internal stimulus. These sensor proteins usually transmit 
the information by chemical modification of the regulator and thus direct its capacity 
to activate or to repress transcription. A major mechanism used by bacteria to respond 
to environmental changes is the so-called multicomponent regulatory system which 
uses phosphorylation/dephosphorylation as a means of information transfer [186]. 
Genes belonging to the superfamily of multicomponent regulatory systems have been 
identified in hydrogenase gene clusters of Bradyrhizobium japonicum, Rhodobacter 
capsulatus and R. eutropha.

Hydrogenase gene expression in Rhizobium leguminosarum, on the other 
hand, is entirely adapted to symbiotic N2 fixation and is guided by the two master 
regulators of this control circuit, called FnrN and NifA [187]. 

These examples clearly show how diverse the different mechanisms are in 
which different organisms are regulating the expression of their hydrogenase genes. 
Besides, there is much that we do not yet comprehend. In fact, we are at the very 
beginning of our understanding of the molecular background of hydrogenase 
regulation, and so much work to analyze these processes needs still to be done.   

1.4.2. The assembly line 

The unique structure of the hydrogenase active site raises a number of intriguing 
questions on how it is synthesised. Relevant issues concern the specific donation of 
the metal to the apoprotein, the biosynthesis of the normally toxic carbonyl and 
cyanyl ligands and the site of their attachment to the iron and finally, the 
internalisation of the metal center, which in the active site is located inside of the 
heterodimeric enzyme. Biochemical studies on the mechanism of Ni-Fe active site 
biosynthesis have primarily used E. coli as a model system. Initial information on the 
complexity of the biosynthesis and insertion machinery came from the analysis of 
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mutants lacking hydrogenase activity and having lesions outside of the structural 
genes [188-193]. It was revealed that in the case of synthesis of the [NiFe]-
hydrogenases from E. coli at least seven gene products are required for the formation 
of active hydrogenase enzymes [194, 195]. Six of them are designated hyp genes, 
since their blockade in most cases affects the maturation of all [NiFe]-hydrogenases 
from E. coli pleiotropically [195]. Exceptions are hypA and hypC as they are only 
involved in the synthesis of hydrogenase 3 but they have homologs (hybF and hybG)
which take over their task in the generation of active hydrogenase 1 and 2 [195-198]. 
The seventh maturation protein is an endopeptidase whose gene products also 
specifically act in the maturation of only one of the large hydrogenase subunits and 
which are encoded in the operons also harbouring the structural genes.  

Figure 14. Model for the maturation of [NiFe]-hydrogenases in E. coli based on experiments of the 
group of Prof. Böck [197, 199, 204].

Although these genes have been identified as essential for the biosynthesis of 
the [NiFe]-hydrogenase active site, the biochemical details of the assembly of this 
complex species remain still unresolved [199]. A working model, as shown in Fig. 14 
suggests that the process begins with the synthesis of the diatomic ligands through the 
action of HypF and HypE. Mass spectrometry showed that HypF utilizes carbamoyl 
phosphate and ATP as substrates to synthesize an enzyme-thiocarbamate at the 
conserved C-terminal cysteine of HypE [200-202]. This S-carbamoyl moiety can then 
be dehydrated in another ATP-dependent reaction to yield a thiocyanate. Although no 
experimental evidence using the biological system has yet been obtained, based on 
synthetic inorganic chemistry precedents, a similar dehydration reaction has been 
suggested for the synthesis of CO. Recent experiments indicate, however, that a 
precursor different from carbamoylphosphate is used for the biosynthesis of CO 
[203]. It is proposed that in the next step, iron ligandation with CN takes place at the 
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quaternary HypCDEF complex. This was hypothesized as lack of carbamoyl 
phosphate appeared to stabilize this quaternary complex whereas in its presence HypF 
cycles from the free to the bound state as well as HypC (with or without HypD) that 
may transfer the metal with its full ligandation to the target protein [204]. This last 
step was proposed because HypC has also been observed in a complex with the 
immature hydrogenase large subunit [205-207]. In this complex, HypC would 
function as a chaperone to prevent folding before incorporation of Ni through the 
GTP-dependent action of HypB in concert with HypA [208-210]. Finally, in most 
cases, a C-terminal extension of the hydrogenase large subunit is cleaved by a specific 
endopeptidase [211-214]. The extension is required for the incorporation of Ni, since 
the expression of the large subunit of hydrogenase 3 in its mature form (lacking the C-
terminal extension) leads to an inactive enzyme devoid of Ni [215]. After the 
cleavage, the newly generated C-terminus, containing two of the ligands to the Ni ion, 
moves into the protein and locks the nickel into place.  

After the completion of maturation of the large subunit, the final step of 
hydrogenase maturation has been proposed to be formation of the heterodimer, with 
the assembly of the small subunit [205]. Very little is known about maturation of the 
small subunit. In R. eutropha, hoxO and hoxQ deletion mutants have been found to be 
totally devoid of MBH activity, even though a portion of the large subunit HoxG was 
fully processed. HoxO and HoxQ might therefore participate in the processing of the 
small subunit, HoxK [110].  

If the final destination of the hydrogenase is the membrane or the periplasm, 
the enzyme also has to be targeted to these proper locations after subunit assembly. 
This targeting is coordinated by an N-terminal signal sequence that is attached to the 
small subunit. The small subunit of periplasmic [NiFe]-hydrogenases carries the 
distinctive (Ser/Thr)-Arg-Arg-X-Phe-Leu-Lys motif, the so-called twin-arginine 
sequence, as a part of their N-terminal signal sequence. This motif, when present as a 
part of the signal sequence of periplasmic cofactor-containing proteins, is usually 
indicative for the use of the twin-arginine translocation system [216]. This TAT 
system is able to translocate fully folded cofactor-containing proteins across the 
cytoplasmic membrane. It was shown that periplasmic [NiFe]-hydrogenases indeed 
use the TAT machinery for translocation across the cytosolic membrane [217, 218]. 
Furthermore it was shown that both subunits are translocated simultaneously [219]. 
This suggests that periplasmic [NiFe]-hydrogenases have their cofactors incorporated 
prior to translocation and that they are translocated in a fully folded, enzymatically 
active form.   

1.4.3 Hydrogenase genes in Ralstonia eutropha

The -proteobacterium R. eutropha serves as a model organism for the 
lithoautotrophic life style. It is able to grow on molecular hydrogen as the sole energy 
source. Two [NiFe]-hydrogenases, a membrane-bound (MBH) and a cytoplasmatic 
enzyme (SH), are instrumental in H2 oxidation in this organism. The heterodimeric 
MBH is periplasmically oriented and coupled to the respiratory chain via a 
membrane-integral b-type cytochrome [109, 220]. The heterotetrameric, FMN-
containing SH directly reduces NAD+ at the expense of H2 [112, 221].  

The hydrogenase (hox, hyp) gene cluster spans a region of approximately 80 
kbp on the indigenous megaplasmid pHG1 of R. eutropha. The hydrogenase genes 
together with the corresponding accessory genes are arranged in two major 
transcriptional units, the MBH and the SH operon, respectively (Fig. 15). Two strong 
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promotors, PMBH and PSH, were identified upstream of hoxK and hoxF, respectively 
[222]. Since the two promotors are regulated coordinately the MBH and the SH 
operon form a regulon. Sets of hydrogenase-specific accessory gene products are 
encoded adjacent to the hydrogenase structural genes. Closely linked to the MBH-
specific genes are seven pleiotropic hyp genes. Hydrogenase-specific regulatory 
genes, hoxA, hoxB, hoxC, and hoxJ, were identified in the 3’ region of the MBH 
operon. hoxA and hoxJ encode the response regulator and the cognate histidine protein 
kinase, respectively, of a two-component regulatory system whereas hoxB and hoxC
code for a [NiFe]-hydrogenase-like protein [223]. Both the PMBH and PSH are 
recognized by the alternative sigma factor 54 of the RNA polymerase. Furthermore, 
rather weak but constitutive promotors with typical 70 consensus elements were 
found that direct low expression of the accessory and regulatory genes independent of 
the adjustable MBH promoter (Fig. 15) [224]. Besides, also the MBH promoter 
contributes to the transcription of the downstream located hyp and regulatory genes 
suggesting the formation of an unusually large transcript of at least 17 kbp [224]. 

Figure 15. H2-dependent expression of the hydrogenase regulon of R. eutropha. (A) Hydrogenase gene 
arrangement on megaplasmid pHG1. Hydrogenase subunit genes (hox) are shown in black, MBH- and 
SH-specific accessory genes (hox) are illustrated in hatched boxes, genes involved in metallocenter 
assembly (hyp) are shown in dotted boxes. The regulatory hox genes are located at the 3’ end of the 
MBH gene cluster. hoxN encodes a nickel permease. Transcriptional start sites of regulated and 
constitutive promoters, respectively, are indicated by dotted and solid arrows above the gene cluster. 
(B) Activity of the MBH and SH promotors in response to various growth conditions. Ralstonia cells 
were grown in minimal medium containing various carbon sources either in the absence (white bars) or 
in the presence of molecular hydrogen (dotted bars). Hydrogenase gene expression was determined in 
the logarithmic growth phase by monitoring -galactosidase activity derived from vector-based 

(hoxK’-lacZ) and (hoxF’-lacZ) translational fusions. Figure taken from [227].

Two physiological conditions must be met to permit MBH and SH gene 
expression: (i) H2 must be present in the environment and (ii) preferentially utilized 
substrates such as organic acids have to be absent, otherwise hydrogenase gene 
transcription is subject to a superimposed catabolite control. The degree of repression 
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directly correlates with the quality of the substrate (Fig. 15). On poor growth-
supporting compounds like glycerol, carbon catabolite repression is released allowing 
H2 to be used as an additional energy source, whereas on succinate or pyruvate 
hydrogenase gene expression is totally blocked indicating that under these conditions 
H2 is dispensable as a substrate [222, 223]. 

The hydrogenase regulon is controlled by three proteins. The product of hoxA
shows the typical tripartite modular composition of an NtrC-like response regulator. 
The N-terminal receiver module contains the conserved signatures which are 
indicative of phosphorylation [225]. HoxA is absolutely necessary for the expression 
of the MBH and SH operons. It initiates transcription by interacting with a 54-
containing RNA polymerase, an ATP-requiring process [226]. The product of hoxJ
revealed the typical features of a histidine protein kinase. The isolated protein showed 
autokinase activity in the presence of [ -32P] ATP as phosphoryl donor [223]. 
Furthermore, phosphoryl transfer from HoxJ to HoxA was demonstrated in vitro
supporting the assumption that both proteins are constituents of a hydrogenase-
specific two-component regulatory system. However, a strange feature was found 
within this signal transduction pathway. Unlike other two-component regulatory 
systems, phosphoryl transfer from HoxJ to HoxA has a negative instead of a positive 
effect on the initiation of gene transcription indicating that inactivation of HoxA 
results from its phosphorylation and that the non-phosphorylated form of HoxA is 
active in transcription activation [223].  

The third protein controlling the hydrogenase regulon is a heterodimeric 
cytoplasmic H2-sensing [NiFe]-hydrogenase (RH) consisting of a large subunit 
(HoxC) which harbours the Ni-Fe active site and a small FeS-containing subunit 
(HoxB). The large HoxC subunit of the RH is devoid of a C-terminal extension which 
indicates that maturation of the RH seems to be less complex [227]. Of great 
structural and functional importance is the C-terminal tail of HoxB. Such a tail is 
absent from the small subunits of periplasmic [NiFe]-hydrogenases but usually 
present, although structurally distinct, in MBH. This C-terminus was shown to be 
necessary for the oligomerization of two RH dimers to form a tetramer, and for 
contacting the histidine protein kinase HoxJ. It has been suggested that the RH also 
harbours an organic redox cofactor of unknown origin which might be coordinated by 
the C-terminal extensions of the two HoxB subunits. EPR analysis of the RH revealed 
that only the Nia-S and Nia-C* states are attainable, and that CO cannot bind to the 
active enzyme [148]. This indicates that the Ni site (where in standard [NiFe]-
hydrogenases CO binds and where H2 is proposed to react under turnover conditions) 
is altered such that it cannot react with CO. Alternatively, the gas channel in the 
sensor protein may restrict access of CO. Upon formation of the Nia-C* state, the Ni 
changes from the 2+ to the 3+ oxidation state and the released electron is transferred 
to the Fe-S clusters. However, as no spectroscopic evidence for a reduced Fe-S cluster 
was found and no other S = 1/2 EPR signal was detected, the two electrons from the 

2 2 RH complex were proposed to be transferred to the yet undetected, diamagnetic 
prosthetic group. UV-visible spectroscopy showed an increase in absorption with 
clear maxima at 251 and 342 nm upon reduction of the RH by H2, which was first 
ascribed to the reduction of a two electron accepting cofactor, shared by the two 
dimers, as no Fe-S clusters could be detected by EPR experiments [148]. However, 
recently it was concluded from XAS studies that each HoxBC module seems to harbor 
two [2Fe-2S] clusters in addition to a 4Fe species, which may be a [4Fe-3S-3O] 
cluster [228]. 



38

Mass determination of the purified HoxJ protein revealed that the kinase forms 
a homotetramer. Assuming that the HoxJ tetramer binds at least one RH dimeric 
heterodimer, a model of a supercomplex consisting of four HoxJ, two HoxB and two 
HoxC subunits is favoured [229]. First biochemical analysis of this 350 kDa complex 
revealed that HoxJ is phosphorylated in the abscence of H2 and remains 
unphosphorylated if H2 becomes available. This is in perfect agreement with the 
observation, that the response regulator HoxA triggers hydrogenase gene expression 
in its non-phosphorylated conformation. 

As mentioned earlier, biochemical studies on the mechanism of Ni-Fe active site 
biosynthesis have primarily used E. coli as a model system. Besides, as homologues 
of HypA, B, C, D, E, and F are also present in R. eutropha, biosynthesis of the Ni-Fe 
active site of the hydrogenases in R. eutropha is expected to be rather similar. Still, 
the mechanism of the biosynthesis of the diatomic ligands in R. eutropha is of 
particular interest since the hydrogenases in R. eutropha can function in air and are 
insensitive to carbon monoxide. In addition, the SH has been proposed to have a 
unique active site. In R. eutropha, a complete set of hyp genes, (hypA1B1F1CDEX) is 
associated with the MBH structural and accessory genes whereas copies of three of 
the hyp genes (hypA2B2F2) are associated with the SH genes [230, 231]. 
Interestingly, mutant analysis showed that the Hyp proteins encoded in the SH operon 
are not specific for SH synthesis but can substitute for the corresponding Hyp proteins 
encoded downstream of the MBH genes. This is noteworthy since the pairs of hyp
genes each predict closely related but not identical proteins [230]. Very interesting in 
this respect is HypF1. HypF1 is a truncated version of a HypF protein relative to 
HypF2 and HypF from E. coli and contains only one of the three functional domains 
usually present in HypF proteins [230]. For HypF1 in R. eutropha, it was recently 
hypothesized that it might be functional in modification of HypE before complex 
formation of HypCDE takes place [232]. This was hypothesized as it was suggested 
from several different genetic backgrounds that a stable complex between HypE and 
HypF forms early in the maturation process. Besides, it was shown that the HypCDE 
complex did not involve HypF1 but appeared to be more stable when HypF1 was also 
present in the cell. On the basis of these findings, a complete catalytic cycle for HypE 
was proposed. First, it is modified by HypF1, and then it can form a complex with 
HypC/HypD. This activated HypCDE complex could then decompose by donating 
active site components to the immature hydrogenase and regenerate unmodified 
HypE. 

The authors also noted that the proposed E. coli mechanism of HypC shuttling 
between the HypCD complex and the HypC-SH large subunit (HoxH) complex 
appears not to operate in R. eutropha since the HypC-HoxH complex was purified in 
significant quantities from strains deleted for HypB, E, or F. If we assume that HypE 
and F are essential for diatomic ligand synthesis in R. eutropa, this means that 
diatomic ligand synthesis is not crucial for HypC-HoxH complex formation. This is 
more in keeping with the ideas of Maroti and co-workers [233] who suggested that 
two HypC-like proteins are needed for each HypC cycle, that is, one for interacting 
with HypD and one for interacting with the hydrogenase large subunit, with the two 
functions (chaperoning HoxH and Fe(CO)(CN)2 synthesis in a complex with HypD) 
having no intrinsic link.  
Another interesting hyp gene in R. eutropha is hypX, since it has been found only in 
organisms that produce hydrogenases under aerobic conditions. A study to the role of 
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the HypX protein in hydrogenase maturation in R. eutropha is presented in chapter 5 
of this thesis. 
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1.5. Outline of this thesis 

Hydrogenases are the key enzymes in hydrogen metabolism. They catalyze the 
interconversion between H2 and protons (H2  2H+ + 2e-). The soluble hydrogenase 
of R. eutropha (SH), which is the subject of this thesis, belongs to the class of [NiFe]-
hydrogenases, which is the most extensively studied group of hydrogenases. In 
chapter 1, an overview of [NiFe]-hydrogenases, and more specifically of the SH, is 
given. Whereas the overview about [NiFe]-hydrogenases is perfectly up-to-date, the 
description of the SH is mainly based on the situation in 2000 when I started this 
research. This is done as part of the most recent information on this enzyme can be 
found in the additional chapters of this thesis.     

As earlier mentioned, the SH is one of the few [NiFe]-hydrogenases being 
insensitive to CO and O2. For this reason, these hydrogenases are of great interest in 
relation to their potential use in fuel cells (no PEM membrane required). The SH was 
known as a heterotetrameric enzyme consisting of an NADH dehydrogenase module 
(HoxFU), holding an FMN group and several Fe-S clusters, and a hydrogenase 
module (HoxHY). In chapter 2, experiments are presented showing that the SH, as 
well as the evolutionary related bovine-heart NADH:ubiquinone oxidoreductase 
(Complex I), which is the first complex of the respiratory chain, actually contain two 
FMN groups. In the SH, one is residing in the NADH-dehydrogenase module (FMN-
b) while the other is present in the hydrogenase module (FMN-a). The physiological 
role of the FMN-a group within the SH is studied in further detail in chapter 3.

The structure of the active site of ‘‘standard’’ [NiFe]-hydrogenases has been 
revealed by a combination of crystallography and infrared (IR) spectroscopy. It was 
shown to be composed of a Ni and Fe atom, bridged by two cysteine thiols. The Ni 
atom is further attached to the protein by two terminally-bound cysteine residues. The 
Fe ion has three non-protein ligands: one carbon monoxide and two cyanides. IR 
studies on the SH, that are presented in chapter 4 of this thesis, show that the SH 
possesses a non-standard active site containing four cyanide groups and one carbon 
monoxide molecule. It is proposed here, that the SH active site is a (RS)2(CN)Ni(µ-
RS)2Fe(CN)3(CO) center (R = Cys). In addition, the relationship between the oxygen 
insensitivity of the SH, and the presence of the additional nickel-bound cyanide group 
is studied in further detail. Chapter 5 describes the role of a helper protein that is 
involved in the assembly of the hydrogenase active site within R. eutropha. The data 
on this HypX protein are consistent with the proposal that HypX is specifically 
involved in the biosynthetic pathway that delivers the nickel-bound cyanide. Also 
here, a detailed study on the relationship between the oxygen insensitivity of the SH, 
and the presence (or absence) of the additional nickel-bound cyanide group is 
performed.  

Chapter 6 describes a modified purification procedure for the SH, resulting in 
a new form of the enzyme with the subunit composition HoxFUYHI2. A first 
characterization of the hexameric SH is described, and the physiological function of 
the homodimeric HoxI protein is discussed. Chapter 7 describes yet another 
modification of the purification procedure. This procedure not only results in the 
hexameric protein, but also in SH preparations with much higher specific activities 
than reported before. In addition, results are presented that provide new insights in the 
stability and some spectroscopic properties of the enzyme. Within the discussion of 
this chapter, also the most recent spectroscopic results from other groups on the SH 
are described and debated. Finally, a summary of the described work is presented in 
chapter 8.
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Abstract

Bovine-heart NADH:ubiquinone oxidoreductase (EC 1.6.5.3; Complex I) is the first and most complicated enzyme in the mitochondrial

respiratory chain. Biochemistry textbooks and virtually all literature on this enzyme state that it contains one FMN and at least four iron–

sulfur clusters. We show here that this statement is incorrect as it is based on erroneous protein determinations. Quantitative amino acid

analysis of the bovine Complex I, to our knowledge the first reported thus far, shows that the routine protein-determination methods used for

the bovine Complex I overestimate its protein content by up to twofold. The FMN content of the preparations was determined to be at least

1.3–1.4 mol FMN/mol Complex I. The spin concentration of the electron paramagnetic resonance (EPR) signal ascribed to iron–sulfur

cluster N2 was determined and accounted for 1.3–1.6 clusters per molecule of Complex I. These results experimentally confirm the

hypothesis [FEBS Lett. 485 (2000) 1] that the bovine Complex I contains two FMN groups and two clusters N2. Also the protein content of

preparations of the soluble NAD+-reducing [NiFe]-hydrogenase (EC 1.12.1.2) from Ralstonia eutropha, which shows clear evolutionary

relationships with Complex I, scores too high by the colorimetric protein-determination methods. Determination of the FMN content and the

spin concentration of the EPR signal of the [2Fe–2S] cluster shows that this hydrogenase also contains two FMN roups. A third enzyme

(Ech), the membrane-bound [NiFe]-hydrogenase from Methanosarcina barkeri which shows an even stronger evolutionary relationship with

Complex I, behaves rather normal in protein determinations and contains no detectable acid-extractable FMN in purified preparations.

D 2002 Elsevier Science B.V. All rights reserved.

Keywords: Bovine complex I; Protein determination; FMN content; Iron –sulfur cluster

1. Introduction

Bovine-heart NADH:ubiquinone oxidoreductase (EC

1.6.5.3; Complex I) is located in the inner membrane of

mitochondria. It catalyzes the transfer of electrons from

NADH to ubiquinone and couples this to the extrusion of

protons from the mitochondrial matrix (for review, see e.g.

Refs. [1,2]). The resulting proton-motive force drives the

synthesis of ATP from ADP and inorganic phosphate. Mal-

functioning of Complex I can give rise to severe diseases in

man, for example, Parkinson’s disease and several mitochon-

drial encephalomyopathies [3,4]. Moreover, one of its sub-

units is probably involved in apoptotic cell death [5].

The bovine Complex I consists of 43 different polypep-

tides [1,5] with a total molecular mass of over 900 kDa. A

crystal structure is not available. Chemical analyses of

purified preparations for FMN and Fe by two pioneering

groups in this field [6–11] showed the presence of 16–18

non-haem Fe atoms per FMN. As such Complex I prepa-

rations are often contaminated with some Complex II

(succinate:ubiquinone oxidoreductase) and Complex III

(ubiquinol:ferricytochrome c oxidoreductase), which also

contain Fe–S clusters but no FMN, these numbers are

upper values. Electron paramagnetic resonance (EPR) stud-

ies of the NADH-reduced enzyme showed the presence of

four different EPR signals. One signal could be ascribed to

a [2Fe–2S] cluster, whereas the other three signals were

Abbreviations: AA method, protein determined via quantitative amino

acid analysis; SH, the soluble NAD+-reducing [NiFe]-hydrogenase from

Ralstonia eutropha; Ech, the membrane-bound [NiFe]-hydrogenase from

Methanosarcina barkeri; BSA, bovine serum albumin

* Corresponding author. Swammerdam Institute for Life Sciences,

Biochemistry, University of Amsterdam, Plantage Muidergracht 12, NL-

1018 TV Amsterdam, The Netherlands.

Tel.: +31-20-5255130; fax: +31-20-5255124.
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demonstrated to be due to [4Fe–4S] clusters. EPR spectra

of the purified preparations were identical to those of the

enzyme as present in submitochondrial particles (for over-

view, see Ref. [12]). There is a general agreement in the

field that the total number of spins represented by these

signals is 3.5–4 per FMN [12–14]. Therefore, it has been

assumed early on [12] that the bovine Complex I contains

one FMN, one [2Fe–2S] cluster (called N1b), and three

[4Fe–4S] clusters (N2, N3 and N4). An additional EPR

signal, due to a [2Fe–2S] cluster, could be detected only at

very low redox potentials [15], but in the membrane-bound

enzyme or the Hatefi-type Complex I, this cluster (N1a) is

not reducible by NADH. Magnetic circular dichroism

(MCD) studies eliminated the possibility of paramagnetic,

EPR-silent Fe–S clusters [9]. So, these EPR and MCD data

predicted the presence of two 2Fe clusters and three 4Fe

clusters, resulting in 16 Fe atoms per FMN, in good agree-

ment with the earlier data from chemical analyses. This is

why Biochemistry textbooks as well as most research

papers on Complex I, including those on Complex I from

bacterial origin, state that this enzyme contains one FMN

and four to five Fe–S clusters.

Flavine determinations of an enzyme with a molecular

mass of over 900 kDa [5], containing one FMN molecule,

should result in no more than 1.1 nmol FMN/mg protein. The

classical preparations of bovine Complex I were already

reported to contain considerably more flavine: 1.2–1.5 nmol

FMN/mg protein [6–8,10,11]. A more recent purification

procedure [16] resulted in preparations with 1.5–1.6 nmol

FMN/mg protein, but this preparation, termed 1a, contained

at most 29 of the 43 subunits of the parent Complex I.

As these values (1.2–1.5 nmol FMN/mg protein for the

full complex) considerably exceed the value (1.1 nmol/mg)

for an enzyme of 900 kDa with one FMN group, but are

lower than the value (2.2 nmol/mg) for such an enzyme with

two FMN groups, we decided to closely inspect the reli-

ability of the routine protein-determination methods for

obtaining the concentration of Complex I. We found that

these methods grossly overestimate the protein content of

the bovine enzyme. We show that the bovine Complex I

contains clearly more than one FMN group and up to 1.6

clusters N2. A number of puzzling literature data on Com-

plex I and some consequences of this finding are discussed.

The evolutionary related enzyme, the soluble NAD+-reduc-

ing [NiFe]-hydrogenase (EC 1.12.1.2) from Ralstonia eutro-

pha also shows too high proteins contents by the routine

protein-determination methods. This enzyme likewise con-

tains two FMN groups.

2. Materials and methods

2.1. Protein samples

Two bovine mitochondrial Complex I samples were

used. One [17] was a kind gift from Dr. L.A. Sazanov

(Cambridge, UK) while the other sample was from a

previous study [16] and had been stored in liquid nitro-

gen. Soluble, NAD+-reducing hydrogenase (SH) from R.

eutropha was purified as described [18]; the cells were

kindly provided by the group of Prof. B. Friedrich

(Berlin, Germany). The samples of the membrane-bound

[NiFe]-hydrogenase (Ech) from Methanosarcina barkeri

[19] were gifts from Dr. R. Hedderich (Marburg, Ger-

many).

2.2. Protein determinations

Four different routine protein-determination methods

were used: the biuret method [20,21], the Bradford method

[22], the Lowry method [23] and the bicinchoninic acid

(BCA) method [24] (Pierce). Ovalbumin or bovine serum

albumin (BSA) were used as standards; their concentra-

tions were obtained from the optical absorption at 279 nm

(BSA; A279 nm = 6.67 for a 1% solution [25]) or 280 nm

(ovalbumin; A280 nm = 7.37 for a 1% solution, based on an

extinction coefficient of 3.15 M� 1 cm� 1 [25] and a

molecular mass of 42755 Da). Quantitative amino acid

analysis was performed as described [26] (EuroSequence

bv, Groningen, The Netherlands). For this method, all

protein solutions were extensively dialyzed against 5

mM potassium phosphate buffer (pH 7.0). Samples were

recovered from the dialysis bag and their volumes and

protein concentrations (Bradford) were measured. This

accounted for dilution and possible loss of protein. Sub-

sequently, known amounts were freeze-dried for the anal-

ysis. As the proteins were hydrolyzed in 50% acetic acid,

Asn and Gln were deamidated into Asp and Glu, respec-

tively. As this does not influence the mass, no corrections

were made for this. Trp and Cys could not be determined

after this treatment, but here a correction was made on the

basis of the sequences of 41 subunits of the bovine

Complex I (5.3%), or the sequences of R. eutropha SH

(5.6%), M. barkeri Ech (4.4%), ovalbumin (2.7%) and

BSA (6.0%).

2.3. EPR spectroscopy

EPR spectra at X-band (9 GHz) were obtained with a

Bruker ECS 106 EPR spectrometer at a field-modulation

frequency of 100 kHz. Cooling was performed by an

Oxford Instruments ESR 900 cryostat with a ITC4

temperature controller. The sample-temperature indication

from this instrument was correct from 4.2 to 100 K

within F 2% as ascertained from the Curie dependence

of a copper standard (10 mM CuSO4�5H2O, 2 M

NaClO4, 10 mM HCl). The magnetic field was calibrated

with an AEG Magnetic Field Meter. The X-band fre-

quency was measured with a HP 5350B microwave

frequency counter. The microwave power incident to

the cavity was measured with a HP 432 B power meter

(260 mW at 0 dB). Manipulations and simulations of
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EPR spectra were carried out with homemade software

[12]. Quantification of EPR signals from the membranes

was performed by double integration of well-fitting

simulations [27,28]. Spectra from the copper standard

were directly double integrated and used as a reference

[29].

2.4. Other methods

Acid-extractable flavine was determined fluorometri-

cally [30], using FMN (synthetic, from Sigma) as a

standard, in a Shimadzu RF-5001PC spectrofluorometer.

The concentration of the standard (in a buffer solution of

pH 6.9) was calculated from the difference in absorption

at 450 nm before and after addition of excess dithionite

using an extinction coefficient of 11.2 mM� 1 cm� 1

[31].

3. Results

3.1. Protein determinations

We have determined the protein content of bovine

Complex I preparations by quantitative amino acid anal-

ysis and by four conventional methods (Table 1). The

routine methods overestimate the protein content of this

enzyme by between 1.3 and 2.1 times. The albumin

samples showed that our overall method was highly

reliable. We have also included into this study two

enzymes that have clear evolutionary links to Complex

I, namely the soluble NAD+-reducing [NiFe]-hydrogenase

(SH) from R. eutropha [13,32–35] and the membrane-

bound [NiFe]-hydrogenase (Ech) from M. barkeri [19,36].

The routine protein-determination methods overestimated

the protein content of the R. eutropha SH by between 1.4

and 1.9 times. The Bradford protein-determination

method, used for all enzymes in Table 1, overestimated

the protein content of bovine Complex I by 1.76 times,

that of the R. eutropha SH by 1.53 times, but slightly

underestimated (0.85 times) the protein content of the M.

barkeri Ech.

We have also compared the experimentally determined

amino acid composition of the samples with the theo-

retically predicted ones. This is depicted in Fig. 1a.

Deviations, calculated as explained in the legend to

Fig. 1, were plotted for each individual amino acid

(except for Trp and Cys). The residues Asn and Asp,

as well as Gln and Glu were taken together, due to the

conversion of the amide form into the acid form during

the amino acid analysis procedure. It can be seen that

the deviations for the several enzyme preparations are of

the same magnitude as the deviations found for the pure

albumin samples. When the theoretical values of the

enzyme preparations were taken as basis for a compar-

ison with the experimentally determined values for the

albumins (Fig. 1b), it can be seen that, as expected, the

deviations are much (about five times) larger. Hence, the

method clearly detects that the amino acid composition

of the albumins is quite different from that of each of

the enzymes. The data thus show that the amino acid

composition of the samples agreed very well with that

calculated from the amino acid sequences of the sub-

units.

Table 1

Protein determinations of bovine Complex I and two related enzymes

Preparation Method

Bradford (mg/ml) Lowry (mg/ml) Biuret (mg/ml) BCA (mg/ml) AAa (mg/ml) Ratiob (Br/AA) Rangec (Col/AA)

Complex Id 23.4 27.4 26.4 24.7 13.3 1.76 1.76– 2.06

Complex I (MQ)e 20.5 24.1 15.3 17.2 11.6 1.77 1.32– 2.08

R.e. SH (a)f 15.8 20.7 16.2 16.1 10.7 1.48 1.48– 1.93

R.e. SH (b)f 22.2 26.3 19.5 21.9 14.1 1.57 1.38– 1.87

Echg 4.5 – – – 5.2 0.87 –

Echg 3.4 – – – 4.6 0.74 –

Echg 3.6 – – – 3.8 0.95 –

Ovalbuminh (2.0 mg/ml; from A280 nm) 2.0 (1.00)i

BSAh (5.0 mg/ml; from A279 nm) 4.9 (1.02)i

BSAh (4.5 mg/ml; from A279 nm) 4.6 (0.98)i

BSAh (4.6 mg/ml; from A279 nm) 4.3 (1.07)i

a Amino acid analysis.
b Ratio of the protein content determined by the Bradford method (Br) and that determined with amino acid analysis (AA).
c Ratio of the protein content determined by the colorimetric methods (Col) and that determined with amino acid analysis (AA).
d Bovine mitochondrial Complex I (gift from Dr. L.A. Sazanov).
e A sample used in a previous study [16], prepared according to Ref. [68].
f Two different preparations of the soluble, NAD+-reducing hydrogenase from R. eutropha.
g Three different preparations of the membrane-bound [NiFe]-hydrogenase (Ech) from M. barkeri (gifts from Dr. R. Hedderich).
h Control samples to validate the overall method.
i Ratio of the protein content determined from the absorbance at 279 or 280 nm and that determined by amino acid analysis.
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3.2. FMN content

Our findings have important implications for the FMN

content of both Complex I and the R. eutropha SH.

When corrected for the systematic error in the protein

determination, the FMN contents (1.2–1.5 nmol FMN/mg

protein) reported in literature for the most purified

preparations of bovine Complex I should be raised to

values around 2.2 nmol/mg, as expected for pure Com-

plex I with two FMN molecules. The R. eutropha SH

was reported to contain 1.1–1.4 mol FMN/mol enzyme,

using the Lowry and biuret methods to determine the

protein content [37]. Our results (Table 1) show that

these values should be multiplied by about 1.6 times and

then become 1.8–2.2 mol FMN/mol enzyme. Hence, we

predict that also the R. eutropha SH contains two FMN

groups.

To experimentally verify this for the preparation used

in Table 1, we have determined acid-extractable FMN in

these preparations. The results are summarized in Table

2. The two inspected samples of the complete Complex I

contained 1.5–1.6 nmol FMN/mg protein (AA method).

Assuming a molecular mass of 900 kDa or more, this

means that these preparations contained at least 1.3–1.4

mol FMN/mol Complex I. The two samples of the R.

eutropha SH contained 10.6 and 8.8 nmol FMN/mg

protein (AA method). With a mass of 171 kDa for this

four-subunit enzyme, this results in 1.8 and 1.5 mol

FMN/mol enzyme, respectively. We could not detect

any acid-extractable FMN in the M. barkeri Ech.

We have also compared the FMN content with an

internal standard (Table 2). The area of the left-half of

the gz peak (at g = 2.05) of the EPR signal at 17 K from

iron–sulfur cluster N2 is a reliable measure for the

concentration of this cluster in NADH-reduced Complex

I [12,27]. When applying this method to the preparations

used in Table 2, we found 1.3 –1.6 mol spins/mol

Complex I. This means that the FMN/N2 ratio was

1.05 for the Sazanov preparation [17] and 0.86 for

Finel’s MQ preparation [16]. These ratios are in full

agreement with values found by other workers. The

present data demonstrate, however, that the number of

spins detected in the EPR signal ascribed to iron–sulfur

Fig. 1. Comparison of the experimental amino acid composition of the

samples with the theoretical composition. (a) For each amino acid, the

theoretical number of residues per mol was derived from the amino acid

sequences; this was called nt. Likewise, the number of experimentally

determined residues per mol was called ne. These values were then

expressed as percentage of the total number of amino acids N, as p=(nt/N)

and q=(ne/N). Subsequently, the value r ={( q� p)/q}(100%) was plotted in

the figure for each individual amino acid. Asn and Gln residues were

deamidated into Asp and Gly, respectively, during the experimental

procedure; therefore, only values for Asx and Glx are given. Trp and Cys

residues could not be determined. The values for Complex I, the SH from R.

eutropha, Ech and BSA are averages from the different analyses shown in

Table 1. (b) The experimental values (r) of BSA (solid lines) and ovalbumin

(dashed lines) were compared with the theoretical values of Complex I, R.

eutropha SH or Ech. In this case, the experimental values q were from BSA

or ovalbumin, whereas the theoretical values p were from the reference

enzymes mentioned. Note that the y-scaling in B is approximately five

times reduced as compared with A.
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cluster N2 for the preparations investigated in this study

(1.3–1.6 mol/mol Complex I; Table 2) warrants the

conclusion that there is clearly more than one cluster

N2 in these preparations.

With the SH, the EPR signal at 45 K of the NADH-

reducible [2Fe–2S] cluster is a reliable measure of the

enzyme concentration, provided that a good-fitting simu-

lation is used for the double integration procedure [27].

In this case, 1.0 mol spins/mol SH was found in both

preparations and hence the value of the FMN/[2Fe–2S]

ratio was 1.82 and 1.51 for the preparations a and b,

respectively.

4. Discussion

4.1. The number of prosthetic groups in bovine Complex I

To our knowledge, this report is the first study that

combines quantitative amino acid analysis of bovine Com-

plex I with quantitative determinations of the FMN content

and the spin concentration of the EPR signal ascribed to

cluster N2. The data clearly show that the bovine Complex

I contains more than one FMN group: (i) at least 1.4 FMN

for the intact preparations used in this study; (ii) close to

two for the best preparations reported in the literature,

when corrected for the error in the protein determination.

We therefore conclude that bovine Complex I contains two

FMN groups.

Our data likewise demonstrate that 1.3–1.6 S = 1/2

systems per Complex I contribute to the EPR signal

ascribed to cluster N2. As Complex I preparations are

never ‘100% pure’, these values are lower limits. We

conclude from this that bovine Complex I contains two

clusters N2 with highly similar EPR signals. As the spin

concentrations determined from the EPR signals ascribed

to the clusters N3 and N4 are the same as the spin

concentration of the signal ascribed to cluster N2, it

follows that also the individual signals ascribed to N3

and N4 each receive contributions from two separate

S = 1/2 systems.

4.2. There are two FMN groups in the SH

Table 2 shows that the amount of spins represented in the

EPR signal of the [2Fe–2S] signal in the NADH-reduced

SH is 1.0 mol/mol enzyme in both preparations. This shows

that both the method of determination of the spin concen-

tration as well as the method of protein determination (AA

method) are reliable. The amount of FMN was 1.5–1.8 mol/

mol enzyme. We therefore conclude that the SH contains

two FMN groups. We recently found that under certain

conditions, one of the FMN groups in the Ralstonia enzyme

can be specifically released, whereby the physiological

activity of the enzyme, the reduction of NAD+ by H2, was

abolished. One FMN group remained firmly bound to the

enzyme and the NADH-dehydrogenase activity was not

perturbed (Van der Linden, E., Faber, B., Bleijlevens, B.,

Burgdorf, T., Bernard, B., Friedrich, B. and Albracht, S.P.J.,

manuscript in preparation).

4.3. Proposed binding site for the second FMN

One of the two FMN groups is bound to the 51-kDa

subunit of Complex I, which contains an FMN-binding

motif [38]. The binding site of the other FMN is discussed

hereafter. On the basis of extensive comparisons of the

amino acid sequences of [NiFe]-hydrogenases and Complex

I [36], it has been found that the basic elements of the

typical flavodoxin fold observed in the X-ray structures of

[NiFe]-hydrogenases are also present in the evolutionary

related PSST subunits of all Complex I enzymes known.

Hence, a flavodoxin fold was proposed to be present in the

PSST subunit. In looking for a binding site for the extra

FMN group uncovered in the present report, the PSST

subunit in the bovine Complex I is the obvious choice.

For the soluble [NiFe]-hydrogenase from R. eutropha, the

HoxF subunit contains an FMN-binding motif and binds the

FMN involved in the NADH-dehydrogenase reaction. We

propose that the HoxY subunit binds the second FMN.

A schematic representation of the prosthetic group in

bovine Complex I, based on these new experimental results,

is given in Fig. 2.

Table 2

FMN content of bovine Complex I and the NAD+-reducing [NiFe]-hydrogenase (SH) from R. eutropha

Preparation FMN nmol/mga

(mol/mol)

N2 nmol/mga,b

(mol/mol)

FMN per N2c [2Fe– 2S] nmol/mga,d

(mol/mol)

FMN per [2Fe– 2S]

clustere

Complex I 1.48 (1.33) 1.42 (1.28) 1.05 – –

Complex I (MQ) 1.55 (1.40) 1.80 (1.62) 0.86 – –

R.e. SH (a) 10.6 (1.82) – – 5.86 (1.0) 1.81

R.e. SH (b) 8.8 (1.51) – – 5.83 (1.0) 1.51

The FMN content was also compared with an internal standard, that is, the spin concentration of the EPR signal ascribed to cluster N2 (Complex I) or the

[2Fe–2S] cluster (SH).
a Protein determined by amino acid analysis.
b From the spin concentration of the EPR signal at 17 K ascribed to cluster N2 in the NADH-reduced preparations.
c Ratio of the concentrations of FMN and the Fe– S cluster N2.
d From the spin concentration of the EPR signal of the [2Fe–2S] cluster at 45 K as determined in NADH-reduced enzyme.
e Ratio of the concentrations of FMN and the [2Fe–2S] cluster.
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4.4. Puzzling observations on Complex I can now be

explained

At this point, it is useful to recall a number of exper-

imental findings in the long literature on the bovine Com-

plex I, that can now be more easily understood.

(A) About three decades ago, Hatefi [39] noted an optical

bleaching of purified Complex I (measured at 460–510 or

475–510 nm) when NADH was added. Curiously, in the

presence of the inhibitor rotenone, only half of this bleach-

ing was observed. When NADPH was used, then also only

about 50% of the bleaching induced with NADH was

observed [40]. Subsequent addition of NADH immediately

resulted in the full bleaching. When NAD+ was added

instead, a complete bleaching was only obtained in a slow

reaction; this reaction, in fact a transhydrogenase activity of

the purified Complex I, could be inhibited by palmitoyl-

CoA. It was later established that rotenone did not inhibit

the reduction of any of the EPR-detectable Fe–S clusters in

the bovine complex [41]. Hence, it can be concluded that

the redox component responsible for about 50% of the total

bleaching of bovine Complex I is apparently not one of the

EPR-detectable Fe–S clusters or the flavine (FMN-b)

required for the oxidation of NADH. The presence of a

second flavine group (FMN-a), which can specifically react

with NADPH, solves this long-standing puzzle. Incidentally,

these classical experiments, in combination with the present

knowledge on Complex I, suggest that (i) the FMN-a group

may be the site where the transhydrogenase activity of

Complex I is catalyzed (reduction by NADPH, oxidation

by NAD+) and (ii) that rotenone interferes with electron

transfer from the Fe–S clusters to the FMN-a group. In this

respect, it is worthwhile to recall that the PSST subunit

specifically binds a photoaffinity derivative of pyridaben

[42], a potent inhibitor of Complex I. This binding is

counteracted by other inhibitors like rotenone, piericidin

A, bullatacin and rolliniastatin I [42].

(B) Quantification by our laboratory of the EPR signals

ascribed to the Fe–S clusters N1b and N2 clearly showed

that the relative intensities of these signals (a direct measure

of their relative concentrations) in the purified enzyme, as

well as in the enzyme in submitochondrial particles, differ

by a factor of 2 [27,43–45]. It was demonstrated a decade

ago [45] that the direct double integration of the exper-

imental EPR signal of cluster N1b at around 50 K, as

commonly used in the Complex I field up to that time,

results in a considerable overestimation of the concentration

of this cluster, due to the broad underlying signals of the

relaxation-broadened EPR spectra of the [4Fe–4S] clusters.

The correct way to determine the spin concentration for the

signal due to cluster N1b is to use a good-fitting computer-

simulated line shape for the double integration [27,45]. It

then turned out that the intensity of this signal was half that

of the signal ascribed to cluster N2 (and half of the

intensities of the signals ascribed to the cluster N3 and

cluster N4). The number of spins represented by the signal

ascribed to cluster N2 was close to one per FMN, as also

determined for the Complex I preparations used in the

present study. This prompted this laboratory already more

than two decades ago [27,43] to propose: (i) that each of the

EPR signals ascribed to the clusters N2, N3 and N4 must

receive contributions from two different clusters with very

similar EPR line shapes (N2a, N2b, N3a, N3b, N4a, N4b);

(ii) that the minimal enzymatic unit of the bovine Complex I

must at least contain one cluster N1b, two FMN groups and

one of the six clusters mentioned above.

(C) Kinetic studies (steady state and pre-steady state)

with aerobic submitochondrial particles at pH 7.5 or higher

showed that NADPH can rapidly (within 50 ms) evoke

maximally 50% of the EPR signals ascribed to the clusters

N2, N3 and N4. This reduction was interpreted as a specific

reduction of the clusters N2a, N3a and N4a. The reduction

persisted for minutes without noticeable oxygen consump-

tion [28,46,47]. Cluster N1b was not reduced. As electrons

Fig. 2. Schematic representation of the five subunits of bovine Complex I (the 24-, 51- and 75-kDa, PSST and TYKY subunits) containing the prosthetic

groups, plus the 49-kDa subunit. The clusters N1a and N1b are [2Fe– 2S] clusters; the clusters N2a, N2b, N3a, N3b, N4a and N4b are [4Fe– 4S] clusters.

NADPH can reduce FMN-a and the clusters N2a, N3a and N4a, but the electrons cannot reach ubiquinone (Q) [28]. NADH can reduce all prosthetic groups

except cluster N1a. ADP-ribose is an inhibitor of NADH oxidation, but has no effect on the energy-driven reduction of NAD+ [52].



 54

did not leave Complex I, the apparent point of entrance for

electrons from NADPH was assumed to be different from

the point of entrance for electrons from NADH. The clusters

N1b, N2a, N2b, N3a, N3b, N4a and N4b are all reduced

within 6 ms when NADH is used [12]. For each reaction,

the reaction with NADPH and the reaction with NADH, a

flavine was assumed to be a prerequisite. These data can

now be more easily understood. They showed, however,

that there is apparently no redox equilibrium between the

clusters when NADPH is used as the electron donor. This

still remains a mystery.

(D) Piericidin A is a well-known potent inhibitor of the

bovine Complex I. It was shown that the oxidation of

NADH by submitochondrial particles can be completely

blocked when only one piericidin molecule per two clus-

ters N2 (N2a + N2b) is bound to the enzyme, provided that

the particles were preincubated with the inhibitor in the

presence of NADPH [48]. Again, this pointed to a minimal

enzymatic unit with two clusters N2 and two FMN groups.

With a preincubation in the presence of NADH, however,

two piericidin molecules per two clusters N2 were required

[48]. The latter result is in agreement with findings of

other groups who, by using labelled inhibitors, have shown

that the bovine complex in submitochondrial particles has

two binding sites for rotenone, piericidin A and 1-methyl-

4-phenylpyridinium (MPP+) [49–51] and that (in experi-

ments without a preincubation with NADPH) both inhib-

itor sites must be occupied for the complete inhibition of

NADH oxidation. Initially, our laboratory explained the

findings under B, C and D by proposing a dimeric

structure of Complex I [28]. The dimeric model could be

replaced by a monomeric one [13] once information on the

amino acid sequences of the subunits from the bovine

enzyme became available from the group of Walker (see

below) [1,2,38].

(E) From the amino acid sequences of the subunits of

bovine Complex I, the binding sites for two 2Fe clusters, six

4Fe clusters and one FMN were predicted [38]. Assuming

that all Fe–S clusters but one, cluster N1a, would be NADH

reducible, this would lead to seven spins and a total of 28 Fe

atoms per FMN. Both of these numbers are nearly twofold

higher than those (3.4–4 spins and 16–18 Fe atoms per

FMN) determined by the EPR-spectroscopical and chemical

analyses mentioned in the introduction. The presence of a

second FMN, however, reduces these numbers to 3.5 spins

and 14 Fe atoms per FMN, in much better agreement with

the experimental data.

(F) From studies on coupled submitochondrial particles

with the inhibitor ADP-ribose [52], it was concluded that the

site for the reduction of NAD+, in the energy-induced

reversal of electron transfer in Complex I, is not the same

as that for NADH oxidation. The latter reaction is inhibited

by ADP-ribose, whereas the former reaction is not. It is

reasonable to assume that a flavine is required for each of

these reactions. The results can be easily understood in a

Complex I with two FMN groups with a different function.

4.5. Possible reason for the overestimation of the protein

content of Complex I

The reason for the overestimation of the protein content

by the routine methods is not quite clear. Lowry et al. [23]

already noticed that, when using pure proteins, their

method and the biuret method can result in protein

contents deviating considerably from true values. This

also holds for the Bradford assay [53]. The amino acid

sequences of the six subunits from the M. barkeri Ech are

closely similar to those of six of the subunits from

Complex I [36], but these subunits are apparently not

the cause for the overestimation of the protein content.

Two of the four subunits of the R. eutropha SH have

homologues in both Ech and Complex I. The other two,

HoxF and HoxU, form the NADH-dehydrogenase module

in this enzyme and are related to the NADH-dehydrogen-

ase part of Complex I [33]. The N-terminal sections of the

HoxU subunit in SH and of the 75-kDa subunit in

Complex I are similar to each other and to the N-terminal

part of the sequence from a number of [Fe]-hydrogenases

[13]. These sections contain common motifs for the bind-

ing of one [2Fe–2S] cluster and two [4Fe–4S] clusters.

The X-ray structure of the [Fe]-hydrogenase from Clostri-

dium pasteurianum shows that one of these 4Fe clusters

has a His residue as a ligand [54]. This His residue is

conserved in the sequence of the 75-kDa subunit of

Complex I, but not in that of the HoxU subunit of the

SH [13]. Incidentally, the routine protein determination

methods used for the [Fe]-hydrogenase from C. pasteur-

ianum also resulted in a large overestimation of the

protein content [55]. This points to the 75-kDa subunit

in Complex I and the HoxU subunit in SH as possible

contributors to this deviation.

5. Conclusions and implications

The results in this paper require a reinterpretation of a

number of observations in the recent literature on Complex

I. Three examples are discussed.

5.1. Bovine Complex I does not contain reducible, EPR-

silent Fe–S clusters

Rasmussen et al. [56] have proposed the presence of

EPR-undetectable, reducible Fe–S clusters in non-bovine

Complex I. From experiments with Complex I purified from

Neurospora crassa and Escherichia coli, it was concluded

that the TYKY subunit contains two [4Fe–4S] clusters

(termed N6a and N6b), both with a pH-independent mid-

point potential of � 270 mV. The reduction of these clusters

could be detected with UV/Vis spectroscopy but caused no

detectable contribution to the EPR spectrum. The experi-

ments of Kowal et al. [9] and the results from the present

study exclude such a possibility for the bovine Complex I.
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5.2. In bovine Complex I, cluster N2 is not located in the

PSST subunit

Another example is the location of ‘the cluster N2’. On

the basis of studies on Complex I from Yarrowia lipolytica

[57] and N. crassa [58], where point mutations were

generated in analogues of the PSST and 49 kDa subunits,

it was concluded that the PSST subunit would be the

location of ‘cluster N2’. Because we show here that in the

bovine enzyme the EPR signal ascribed to cluster N2

receives contributions from two S = 1/2 systems (clusters

N2a and N2b) and because the PSST subunit contains only

one possible motif for the binding of a 4Fe cluster, this

proposal cannot hold for the bovine enzyme.

5.3. The clusters N2 in Complex I are located in the TYKY

subunit

The TYKY subunit has two classical amino-acid sequence

motifs (four-Cys motifs) for the binding of a 4Fe cluster [59]

and it was proposed that this subunit might hold cluster N2.

Our group has advocated the presence in this subunit of two

EPR-detectable clusters N2 [13,36]. It was assumed [13,36]

that these clusters have virtually identical EPR spectra in the

bovine enzyme. The paramagnetic clusters show a clear

exchange coupling under energized conditions in coupled

submitochondrial particles [60,61]. Under non-energized

conditions, as well as in isolated Complex I, no such

magnetic interaction has been observed, however.

The first experimental evidence for the presence of

[4Fe–4S] clusters in the TYKY subunit came from studies

on an overexpressed, truncated form of the Nqo9 (TYKY)

subunit from Paracoccus denitrificans, reconstituted with

iron and sulfide [62]. The g values of one of the two signals

in the EPR spectrum ( gxyz = 1.92, 1.92, 2.05) were similar to

those found in the membrane-bound complex [63,64]. The

midpoint potentials of the clusters ( <� 600 mV) were,

however, very much lower than that of the N2 EPR signal

in the membrane-bound complex [62].

Quite recently, an extensive study focused at the effect of

point mutations in the NuoI (TYKY) subunit from Complex

I in Rhodobacter capsulatus has been completed (Ref. [65],

accompanying paper). Mutants in the NuoI (TYKY) subunit

were constructed in which five out of the eight conserved

Cys residues in NuoI were replaced by other residues. EPR

analysis of membrane preparations showed a specific, 50%

decrease of the signal attributed to cluster N2, when a

particular Cys residue in one or the other ‘four-Cys’ motif

was replaced by a Ser residue. The EPR signals of the other

clusters, as well as the activity of the complex in the isolated

membranes and its function in the growing cells, were

hardly perturbed. Replacement of the Cys residue by an

Arg residue abolished the biosynthesis of intact Complex I

in the membranes. This study provides the first direct

demonstration that point mutations in the TYKY subunit

specifically alter the properties of half of the EPR signal

ascribed to cluster N2. It shows that in this bacterium, the

clusters N2 are in the NuoI (TYKY) subunit and that an

intact Complex I cannot be formed if one of the [4Fe–4S]

clusters in the TYKY subunit is missing. This raises ques-

tions about the interpretation of the effects of mutations

leading to the partial loss or the complete absence of the

EPR signal of cluster N2 in purified, apparently completely

intact preparations of Complex I from Y. lipolytica [57] and

N. crassa [58]. This will be further discussed in the

accompanying paper [65].

In summary, the information presented here and in the

accompanying paper provide strong experimental evidence

that all the Fe–S clusters predicted by the amino-acid

sequence information [38] are EPR detectable when reduced

and that Complex I contains two FMN molecules. Reduc-

tion of the second FMN group (proposed to be in the PSST

subunit) might (partly) explain the UV/Vis-detected reduc-

tion of EPR-undetected redox groups in Complex I from

bovine heart [39,40], N. crassa and E. coli [56,66,67]. In

view of the high similarities of the amino acid sequences of

the subunits of Complex I from many different sources, with

their conserved motifs for the binding of Fe–S clusters and

FMN, and the proposed flavodoxin fold in the PSST

subunits, we feel that a reinvestigation of the FMN and

protein contents for the non-bovine enzymes is called for.
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Selective release and function of one of the two FMN groups
in the cytoplasmic NAD+-reducing [NiFe]-hydrogenase from
Ralstonia eutropha

Eddy van der Linden1, Bart W. Faber1, Boris Bleijlevens1, Tanja Burgdorf2, Michael Bernhard2,
Bärbel Friedrich2 and Simon P. J. Albracht1

1Swammerdam Institute for Life Sciences, Biochemistry, University of Amsterdam, the Netherlands; 2Institut für

Biologie/Mikrobiologie, Humboldt-Universität zu Berlin, Berlin, Germany

The soluble, cytoplasmic NAD+-reducing [NiFe]-hydro-
genase fromRalstonia eutropha is a heterotetrameric enzyme
(HoxFUYH) and contains two FMN groups. The purified
oxidized enzyme is inactive in the H2-NAD+ reaction, but
can be activated by catalytic amounts of NADH. It was
discovered that one of the FMN groups (FMN-a) is selec-
tively released upon prolonged reduction of the enzyme
with NADH. During this process, the enzyme maintained
its tetrameric form, with one FMN group (FMN-b) firmly
bound, but it lost its physiological activity – the reduction of
NAD+ by H2. This activity could be reconstituted by the
addition of excess FMN to the reduced enzyme. The rate of

reductionof benzyl viologenbyH2wasnot dependenton the
presence of FMN-a. Enzyme devoid of FMN-a could not be
activated by NADH. As NADH-dehydrogenase activity
was not dependent on the presence of FMN-a, and because
FMN-b did not dissociate from the reduced enzyme, we
conclude that FMN-b is functional in the NADH-dehydro-
genase activity catalyzed by the HoxFU dimer. The possible
function ofFMN-a as a hydride acceptor in the hydrogenase
reaction catalyzed by the HoxHY dimer is discussed.

Keywords: flavin; NAD+-reducing; [NiFe]-hydrogenase;
Ralstonia eutropha.

The facultative lithoautotrophic Knallgas bacterium Rals-
tonia eutropha H16 contains three different [NiFe]-hydro-
genases: a membrane-bound enzyme [1–3], a soluble,
cytoplasmic hydrogenase (SH) which reduces NAD+

[1,4,5] and a protein functional in a H2-sensing, multicom-
ponent regulatory system [6–9]. The subject of this report is
the SH, a heterotetrameric [NiFe]-hydrogenase with sub-
units HoxF (67 kDa), HoxH (55 kDa), HoxU (26 kDa)
and HoxY (23 kDa) [4,10]. The SH comprises two
functionally different, heterodimeric complexes [4,5]. The
HoxFU dimer constitutes an enzyme module termed
diaphorase or NADH-dehydrogenase. It is involved in the
reduction of NAD+ and holds one FMNgroup and several
Fe-S clusters. The HoxHY dimer forms the hydrogenase
module within the SH.

Minimally, [NiFe]-hydrogenases consist of two subunits
of different size [11–13]. The larger subunit accommodates
the active Ni-Fe site: a (RS)2Ni(l-RS)2Fe(CN)2(CO)
centre (where R ¼ Cys) [14–22]. The smaller subunit

contains at least one [4Fe-4S] cluster situated close to the
active site (proximal cluster). In many enzymes the latter
subunit harbours two more clusters. The [NiFe]-hydro-
genase enzyme from Desulfovibrio gigas contains a second
cubane cluster (distal) and a [3Fe-4S] cluster (medial)
situated between the two cubanes [14,15]. The SH of
R. eutropha belongs to a subclass of [NiFe]-hydrogenases
where the polypeptide of the small hydrogenase subunit
ends shortly after the position of the fourth Cys residue
co-ordinating the proximal cluster [4]. The large HoxH
subunit in the SH contains all conserved amino acid
residues for binding of the Ni-Fe site [23,24]. Hence, the
amino acid sequence suggests that the hydrogenase
module in this enzyme only contains the Ni-Fe site and
the proximal cluster as prosthetic groups. Fourier-trans-
form infrared (FTIR) studies on the SH indicated that the
Ni-Fe site contains two more CN ligands than the active
site in standard hydrogenases, and is a (RS)2(CN)Ni(l-
RS)2Fe(CN)3(CO) centre [25]. In contrast to standard
hydrogenases, the SH is not sensitive towards oxygen and
carbon monoxide and shows no redox changes of the
Ni-Fe site. The Fe-S clusters in the HoxFUY subunits
and the flavin in the HoxF subunit are all considered to
be functional in the intramolecular electron transfer
during the H2-NAD+ reaction.

It was shown recently that the protein content of SH
preparations is considerably overestimated by the routine
colourimetric protein-determination methods. This led to
the finding that the SH contains two FMN groups and one
NADH-reducible [2Fe-2S] cluster [26]. In the present paper
we have investigated the possible role of the two FMN
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groups. It was found that one of the two groups could
be selectively released upon reduction of the SH. The
H2-NAD+ activity was thereby lost, but the NADH-
dehydrogenase activity was not affected.During this process
the enzyme maintained its tetrameric form with one FMN
group firmly bound.

Materials and methods

Enzyme purification

R. eutropha cells were cultivated heterotrophically at
30 �C in a mineral medium [27] and stored at )70 �C.
The SH was purified at 4 �C in air as described [28] with
omission of the cethyltrimethyl-ammoniumbromide treat-
ment. The purified SH was dissolved in 50 mM Tris/HCl
pH 8.0 and stored in liquid nitrogen. Unless specified
otherwise, this buffer was used in all experiments. The
purity of the samples was examined by SDS/PAGE [29].
Protein concentrations were routinely determined by the
Bradford method [30] using bovine serum albumin as a
standard.

Activity measurements

Hydrogenase activities were routinely measured at 30 �C
in a 2.1 mL cell with a Clark electrode (type YSI 5331)
for polarographic measurement of H2 (Yellow Springs
Instruments, Yellow Springs, OH, USA) [31]. For
H2-consumption measurements under aerobic conditions
the cell was filled with aerobic buffer, 5–10 lL enzyme
and H2-saturated water to a final H2 concentration of
36 lM. Subsequently, NADH (5 lM) was added to
activate the enzyme, followed by either benzyl viologen
(BV, 1 mM) or NAD+ (5 mM) as electron acceptor. When
anaerobic conditions were used, all solutions were flushed
with Ar before use. To remove residual oxygen, glucose
(50 mM) plus glucose oxidase (9 UÆmL)1) were added to
the reaction medium 3 min before the addition of
NADH. Hydrogen was passed over a palladium catalyst
(Degussa, Hanau, Germany; type E236P) and Ar through
an Oxisorb cartridge (Messer-Griesheim, Düsseldorf,
Germany) to remove oxygen. NADH-dehydrogenase
activity with K3Fe(CN)6 as electron acceptor was meas-
ured aerobically in buffer at 30 �C. The absorption
decrease at 420 nm was monitored using a Zeiss M4
QIII spectrophotometer (e ¼ 1 mM

)1Æcm)1 for K3Fe(CN)6
at 420 nm). NADH (1.25 mM) and 5 lL sample were
added and 3 min later the reaction was started by the
addition of 1 mM K3Fe(CN)6.

The specific hydrogenase activities with both NAD+ and
BV as acceptors of enzyme, purified from different cell
batches varied considerably (17–84 and 12–63 UÆmg)1,
respectively; 1 U ¼ 1 lmolÆmin)1). The NADH-
K3Fe(CN)6 activities (125–175 UÆmg)1) and the intensity
of the electron paramagnetic resonance signal from the
[2Fe-2S]+ cluster in NADH-reduced enzyme preparations
varied much less. The relative decrease in activity observed
upon reduction was, however, the same for all enzyme
samples used in this study. As outlined in the present paper,
the variable hydrogenase activities can be ascribed in part to
the lack of FMN-a in a portion of the enzyme molecules.

Electron paramagnetic resonance (EPR) spectroscopy

EPR measurements were carried out as before [32]. The
enzyme concentration was determined by double integra-
tion of a good-fitting simulation of the EPR signal of the
[2Fe-2S] cluster in NADH-reduced enzyme.

FMN determination

Acid-extractable flavin was determined fluorimetrically [33],
using FMN (synthetic from Sigma) as a standard, in a
Shimadzu RF-5001PC spectrofluorimeter (Kyoto, Japan).
The concentration of the standard (in a buffer solution of
pH 6.9) was calculated from the difference in absorption at
450 nm before and after addition of excess dithionite using
an extinction coefficient of 11.2 mM

)1Æcm)1 [34]. The FMN
content of the preparations used in this study was between
1.51 and 1.84 FMN per EPR-detectable [2Fe-2S] cluster.
For kinetic measurements of the release of FMN, a Spex
Fluorolog III spectrofluorimeter was used (Spex Industries,
Edison, NJ, USA). Experiments were performed aerobically
in buffer at room temperature. In this case the concentration
of released FMN was calculated from the fluorescence of
a series of known FMN additions.

Determination of the apparent molecular mass
by size-exclusion chromatography

This was performed on a Pharmacia FPLC machine fitted
with a Superdex-12 (HR 10/30) column. Ribonuclease A
(13.7 kDa), chymotrypsinogen A (25 kDa), ovalbumin
(43 kDa), bovine serum albumin (67 kDa) and glucose
oxidase (183 kDa) were used asmolecularmarkers. Enzyme
was eluted with buffer containing 100 mM NaCl with
additions mentioned in the text.

Results and discussion

Effect of reduction of the SH on its H2-NAD
+

and H2-BV activities

When SH was incubated anaerobically with H2 and
NADH, the H2-NAD+ activity dropped, within 4 min, to
a steady level (Fig. 1A). The decrease in activity was most
pronounced at low enzyme concentrations.

The H2-BV activity, however, was hardly affected by this
treatment (Fig. 1B). These results are in agreement with
previous observations [1].

When the experiment was performed aerobically a
different result was obtained (Table 1). Both the
H2-NAD+ and H2-BV activities decreased considerably.

Release of FMN from the reduced enzyme

We discovered that the reduced SH released 0.6–0.8 mol
FMN per mol enzyme (Table 2). About 0.9 mol FMN per
mol enzyme remained bound to the SH. The H2-NAD+

activity decreased dramatically (not shown). However, the
NADH-K3Fe(CN)6 activity did not change. It is concluded
that the diaphorase dimer was not affected and fully
retained its FMN. Release of FMNwas also observed upon
reduction with dithionite in the presence of H2.
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It has been reported [35] that dilution of oxidized, aerobic
enzyme would lead to an increased fluorescence due to loss
of FMN. In this study the oxidized SH was stable under
aerobic conditions and did not lose any FMN upon
dilution.

In the following we will refer to the FMN released upon
reduction as FMN-a and the one located in the HoxF
subunit as FMN-b.

Kinetics of the release of FMN induced by reduction
with NADH

When an aerobic enzyme solution was monitored in a
fluorimeter at excitation and emission wavelengths specific
for free oxidized FMN, no change in fluorescence was
observed during 15 min after addition of 80 lM H2 (not
shown). An immediate increase in fluorescence occurred,
however, after the addition of 10 lM NADH (Fig. 2,
trace A). The presence of H2 did not alter this effect (Fig. 2,
trace B).

We ascribe this to the release of the reduced FMN-a
group from the protein. Once in solution the reduced flavin
is auto-oxidized in the aerobic buffer giving rise to a strong
fluorescence. The fluorescence reached a plateau � 150 s
after the addition of NADH. The traces represent a zero-
order reaction with a half time of about 30 s. If the protein
concentration was decreased, the relative amount of
released FMN increased, but the half time of the event
did not change. For example, when 3.1 nM enzyme was
used, 0.79 mol FMN per mol enzyme was released into the
medium, as calculated from the change in fluorescence.

Recovery of the H2-NAD
+ activity by addition of FMN

The previous experiments showed that reduction of the SH
by NADH leads to a rapid decrease of the H2-NAD+

activity, presumably due to the release of the FMN-a group.
Figure 3 shows that addition of a thousand-fold excess
FMN (10 lM) to enzyme, previously reduced by NADH
plus H2 for 7 min, reconstituted the H2-NAD+ activity
instantaneously.

If the reduced enzyme was first oxidized, then FMN had
no immediate effect on this activity. Addition of 10 lM

FMN to untreated enzyme did not result in H2 uptake in
the presence of H2 + 5 lM NADH (not shown), excluding
FMN as electron acceptor at this concentration. The
experiment in Fig. 3 also shows that upon addition of
FMN, the activity (23.1 UÆmg)1) increased beyond the
original activity (20.7 UÆmg)1). Apparently, some enzyme
molecules were originally deficient in FMN-a and could
now pick up added FMN. Such a stimulatory effect of
FMN, but not of FAD or riboflavin, has been noticed
earlier [36,37].

Figure 4 shows the effect of the FMN concentration
on the reconstitution of the activity of the reduced SH.
Addition of about 80 nM FMN induced half maximal
activity.

Table 1. The effect of air on the reductive inactivation of the SH. In a closed H2-reaction cell, H2 (36 lM) and NADH (5 lM) were added to enzyme

(4.2 nM) in aerobic buffer at 30 �C. The anaerobic control experiment was performed as in Fig. 1. The rate of reduction of NAD+ (5 mM) or BV

(1 mM) was measured either directly after the addition of H2/NADH or 8 min later. Data are the minimal and maximal values of three

measurements. Experiments with two other enzyme preparations gave similar results.

Reaction

Activity (UÆmg)1)

Aerobic Anaerobic

t ¼ 0 t ¼ 8 min t ¼ 0 t ¼ 8 min

H2-NAD+ 50.8–64.5 13.3–15.8 74.0–78.4 14.0–18.5

H2-BV 40.7–43.0 6.9–7.7 36.4–52.3 41.6–47.5

Fig. 1. Effect of reduction on the SH activity. Glucose (50 mM) and

glucose oxidase (9 UÆmL)1) were added to the enzyme in buffer in a

closed H2-reaction cell at 30 �C. After 3 min, which allowed for the

consumption of residual O2, H2 (36 lM) and NADH (5 lM) were

added. Subsequently, either 5 mM NAD+ (A) or 1 mM BV (B) were

added at the indicated times and the H2 uptake activity was measured.

The experiment was carried out with 27 nM (m), 6.8 nM (j) or 1.7 nM

(d) enzyme. Data are averages of three experiments. The H2-NAD+

activity of untreated enzyme was 31 UÆmg)1.
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As before, the maximal activity obtained upon FMN
addition (20.9 UÆmg)1 with 10 lM FMN added) was 25%
higher than the original activity (16.8 UÆmg)1), indicating
that part of the original enzyme molecules did not contain
FMN-a.

Integrity of the SH during the release of FMN-a

Our experiments show that both the extent of the drop in
activity as well as the amount of released FMN were
dependent on the enzyme concentration, suggesting a
dissociation–association reaction. It has been suggested,
but not shown [35,38], that the SH from R. eutropha
can dissociate into the NADH-dehydrogenase module
(HoxFU) and the hydrogenase module (HoxHY). Dissoci-
ation such as this has been clearly demonstrated for the
related NAD+-reducing hydrogenase from Rhodococcus

opacus [39–41]. We have tried to verify this for the
R. eutropha SH by gel-filtration experiments under different
conditions (Table 3).

Untreated enzyme in aerobic buffer containing 25 lM

K3Fe(CN)6 eluted with an apparent mass of about
164 kDa. A higher value (192 kDa), but not a lower one,
was obtainedwhen the elution buffer was reducing (Table 3;
condition B). When enzyme, eluted under reducing condi-
tions, was reoxidized the apparent mass was 159 kDa
(Table 3; condition C). The presence of FMN (1.3 lM) did
not affect the mass of the SH under the different conditions
(not shown).

The SH activity was not affected by gel filtration under
oxdizing conditions, but under reducing conditions all
activity was lost (Table 3; conditions A, B). This indicates
that all FMN-a could be removed upon reduction of the
enzyme. At the same time, however, no apparent dissoci-

Table 2. Release of FMN upon reduction of the SH and effect on the NADH-K3Fe(CN)6 activity.Amixture of 100 lL enzyme (23 lM as determined

by EPR), 100 lL 5 mM NADH and 1.8 mL buffer was dialyzed (cut-off size 30 kDa) against 98 mL H2-saturated buffer in a capped serum bottle

under a H2 atmosphere. The contents of the bottle were gently stirred at 30 �C in the dark. Two controls were run also, one with 30 lM FMN

instead of enzyme and the other with buffer alone. After 3 h, a sample of the solution outside the dialysis bag was aerated for 3 min and then

assayed for FMN. The solution inside the dialysis bag was tested for NADH-K3Fe(CN)6 activity and acid-labile FMN. The experiment has been

performed with three different preparations. Data for each preparation are the minimal and maximal values of three measurements. NADH-

K3Fe(CN)6 activity is the specific activity compared to that of untreated enzyme. Bound, acid-labile FMN from the protein inside the dialysis bag,

corrected for the contribution of the free FMN in the sample volume; Free, free FMN in the buffer outside the dialysis bag; ND, not determined.

FMN (mol per mol SH)

Preparation Total Bound Free NADH-K3Fe(CN)6 activity (%)

A ND ND 0.72–0.90 +0.4

B 1.77–1.87 0.85–0.96 ND )4.1
C 1.43–1.55 0.79–0.92 0.56–0.63 +2.0

Fig. 3. The stimulatory effect of FMN on enzyme pretreated by reduc-

tion. Enzyme (3.5 nM, H2-NAD+ activity 20.7 UÆmg)1) in aerobic

buffer was incubated for 7 min at 30 �Cwith 5 lM NADH plus 36 lM

H2. The H2-NAD+ activity was then measured by the addition of

5 mM NAD+ (5.3 UÆmg)1). After 2 min, 10 lM FMN was added,

resulting in an increase in activity (23.1 UÆmg)1). A similar decrease

and restoration of activity was obtained if H2 was added after the

incubation period of 7 min.

Fig. 2. Release of FMN upon reduction of the SH as observed by

fluorescence. (A) Enzyme (12.5 nM) andNADH (10 lM)were added as

indicated. (B) Enzyme (12.5 nM), H2 (27 lM) and NADH (10 lM)

were added as indicated. The experiment was performed in aerobic

buffer at room temperature. Changes of FMN fluorescence were

monitored in a fluorimeter (excitation at 450 nm; emission at 530 nm).

The H2-NAD+ activity of the untreated enzyme was 41 UÆmg)1.

E, enzyme.
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ation of the tetrameric enzyme into the individual diapho-
rase and hydrogenase modules could be observed. It is
concluded that reduction by NADH opens up the enzyme
such that the FMN-a group is released.

The role of the FMN-a group in activation of the SH

The H2-NAD+ activity of the enzyme after gel-filtration
under reducing conditions could be restored (121%) by
addition of 100 lM FMN to the activity assay (Table 3;
condition B). For the enzyme treated as in condition C, the
activity could not be restored in this way. Instead an
anaerobic preincubation for 5 min at 30 �C in the presence
of NADH (10 lM), H2 and FMN was required to recover
the activity (116%).

The specific H2-BV activity of the enzyme after gel
filtration under reducing conditions (Table 3; condition B)
was 92% of the original activity. This is in line with the
experiments in Tables 1 and 2, and supports the notion

that FMN-a is not required for this reaction. Subse-
quent gel filtration under oxidizing conditions (Table 3;
condition C), however, resulted in the total loss of this
activity when assayed in the usual way, i.e. after addition
of H2, a catalytic amount of NADH and the subsequent
addition of BV. Restoration of this activity (to 88%) also
required the 5 min preincubation procedure mentioned
above.

These observations can be explained as follows. The
enzyme devoid of FMN-a and oxidized with K3Fe(CN)6 in
air has aNi-Fe site which cannot react with H2.We propose
that this is due to the occupation of the sixth coordination
site on nickel by an oxygen species (presumably OH–). The
6th ligand must be removed and it is proposed that this is
induced by supplying reducing equivalents (from 5 lM

NADH or chemical reductants). The mechanism of this
reductive activation is not understood. In untreated enzyme,
this leads to an instantaneous activation whereupon the
reaction with H2 commences. Our experiments show that
when FMN-a is missing, such a rapid activation cannot
occur, not even in the presence of excess FMN. Apparently,
bound FMN-a is required for this to happen. The experi-
ments demonstrate that the release or re-binding of flavin at
the FMN-a binding site occurs only in reduced enzyme and
that FMN-a is essential for the NADH-induced activation
of the Ni-Fe site in the SH, as well as for the H2-NAD+

reaction.

Conclusions

The SH contains two FMNgroups [26,37]. The experiments
presented here demonstrate, for the first time, that upon
reduction of the enzyme by NADH, one of the two FMN
groups (FMN-a) is specifically released, while the other
FMN group (FMN-b) remains bound.

In contrast to the behaviour of the enzyme from
R. opacus [39–41], no apparent dissociation of the SH could
be observed under oxidizing or reducing conditions. The
oxidized SH did not release FMN when diluted in aerobic
buffer; this observation is at variance with a previous
report [35].

The experiments lead us to the following conclusions and
proposals about the reduction-induced changes in the SH
(the currentworkingmodel is depicted inFig. 5): (a) FMN-a
can be specifically released upon reduction of the enzyme by
NADH via the HoxFU module. It is proposed that the SH
undergoes a conformational change such that the FMN-a

Table 3. Apparent molecular mass of the SH determined by size-exclusion chromatography under various elution conditions.Apparent mass, the used

enzyme had a H2-NAD+ activity of 84 UÆmg)1; Activity, specific activity in the H2-NAD+ assay as determined after elution; Activity reconstituted

with FMN, specific activity in the H2-NAD+ assay as determined after elution but with 100 lM FMN added after the H2, NADH and NAD+

additions; ND, not determined.

Condition

Apparent

Mass (kDa) Activity (%)

Activity reconstituted

with FMN (%)

A – Aerobic buffer, 25 lM K3Fe(CN)6 164 94 ND

B – Anaerobic buffer, 5 lM NADH, 0.8 mM H2 192 0 121

C – As B, plus oxidative treatmenta; aerobic buffer, 25 lM K3Fe(CN)6 159 0 116 b

a Protein fractions from condition B were collected, pooled, rebuffered in aerobic buffer with 25 lM K3Fe(CN)6 and rerun. b A preincu-

bation (5 min, 30 �C) with H2, 10 lM NADH and 100 lM FMN was required for optimal activity.

Fig. 4. Effect of the FMN concentration on the H2-NAD
+ activity of

enzyme, which was first reduced in aerobic buffer. Enzyme (3.5 nM,

H2-NAD+ activity 16.8 UÆmg)1) in aerobic buffer was incubated for

7 min at 30 �C with 5 lM NADH plus 36 lM H2. The H2-NAD+

activity was then measured by addition of 5 mM NAD+. Twominutes

later, variable amounts of FMN were added and the effect on the rate

was measured by the method depicted in Fig. 3. With low FMN

concentrations a steady-state activity was only obtained some time

after the addition of FMN. This time interval decreased with

increasing amounts of FMN. For the FMN concentrations used; 10,

25, 100, 250 and 1000 nM (and 10 lM; not shown), these times were

122, 105, 79, 52, 13 (and <2) seconds, respectively (data not shown).

Data are averages of three measurements.
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group can dissociate from the enzyme. (b) FMN-a is
essential for the H2-NAD+ activity, but not for the H2-BV
activity. (c) Reconstitution of the H2-NAD+ activity of
enzyme deficient in FMN-a can only occur by adding FMN
to the reduced enzyme, but not to the oxidized enzyme. (d)
FMN-a is essential for the rapid activation of the Ni-Fe site
induced by reducing equivalents from NADH. (e) The SH
in crude extracts and in the purified form lacks part of the
bound FMN-a (up to 40%). This explains the increase of
the H2-NAD+ activity when FMN is added to the reduced
enzyme (this work and [36,37]). (f) It is proposed that the
FMN-a is bound to the inwards-pointing end of the
flavodoxin fold in theHoxY subunit. Such a flavodoxin fold
is conserved in the small subunit of all [NiFe]-hydrogenases
[42]. It is hypothesized that FMN-a is positioned close to the
Ni moiety of the Ni-Fe site. (g) In standard [NiFe]-
hydrogenases, where the valence state of the nickel ion
can change, it is presently assumed that the Ni3+ ion is
transiently reduced to a monovalent state by the hydride,
produced after the heterolytic cleavage of H2. Subsequently
one electron is rapidly transferred to the proximal Fe-S
cluster and nickel oxidizes toNi2+ [13]. TheNi-Fe site in the
SH shows, however, no apparent redox changes [25]. We
therefore propose that FMN-a in the SH functions as a two-
to-one electron converter between the hydride, produced by
the heterolytic cleavage of H2 at the 6th coordination site on
Ni, and the Fe-S clusters in the SH. Our current hypothesis
involves a direct hydride transfer from a Ni2+-hydride
intermediate to FMN-a. Future experiments are required to
verify this tentative idea. (h) As electron transfer from the
hydride (formed at nickel) to the Fe-S clusters is hampered
by the absence of the FMN-a, it is unlikely that BV obtains
electrons from any of the Fe-S clusters during the H2-BV
reaction. The release of FMN-a upon reduction of the SH
by NADH indicates that the enzyme opens up. It is
hypothesized that in this state BV is able to directly react
with the active site (Fig. 5).
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Abstract Infrared spectra of 15N-enriched preparations
of the soluble cytoplasmic NAD+-reducing [NiFe]-
hydrogenase from Ralstonia eutropha are presented.
These spectra, together with chemical analyses, show
that the Ni-Fe active site contains four cyanide groups
and one carbon monoxide molecule. It is proposed that
the active site is a (RS)2(CN)Ni(l-RS)2Fe(CN)3(CO)
centre (R=Cys) and that H2 activation solely takes
place on nickel. One of the two FMN groups (FMN-a)
in the enzyme can be reversibly released upon reduction
of the enzyme. It is now reported that at longer times
also one of the cyanide groups, the one proposed to be
bound to the nickel atom, could be removed from the
enzyme. This process was irreversible and induced the
inhibition of the enzyme activity by oxygen; the enzyme
remained insensitive to carbon monoxide. The Ni-Fe
active site was EPR undetectable under all conditions
tested. It is concluded that the Ni-bound cyanide group
is responsible for the oxygen insensitivity of the enzyme.

Keywords Cyanide ligand Æ 15N enrichment Æ [NiFe]-
hydrogenase Æ Oxygen sensitivity Æ Ralstonia eutropha

Abbreviations BV: benzyl viologen Æ DCIP: 2,6-dichlo-
rophenol-indophenol Æ EXAFS: extended X-ray
absorption fine structure Æ FTIR: Fourier transform
infrared Æ MV: methyl viologen Æ SH: soluble NAD+-
reducing hydrogenase Æ XAS: X-ray absorption
spectroscopy

Introduction

Ralstonia eutropha H16 is a facultative lithoautotrophic
Knallgas bacterium. It can synthesize three different
[NiFe]-hydrogenases: a soluble cytoplasmic hydroge-
nase (SH) which reduces NAD+ [1, 2, 3], a membrane-
bound enzyme [1, 4, 5] and a regulatory hydrogenase
[6, 7, 8, 9].

The SH, the subject of this paper, consists of two
functionally different heterodimeric complexes, which
have been separated and characterized [2, 3, 10]. The
HoxFU dimer (HoxF, 67 kDa; HoxU, 26 kDa) consti-
tutes an NADH dehydrogenase (or diaphorase) module,
involved in the reduction of NAD+ and holds one FMN
group (FMN-b) and several Fe-S clusters. The HoxHY
dimer (HoxH, 55 kDa; HoxY, 23 kDa) forms the
hydrogenase module within the SH. It was recently
discovered that the SH contains a second FMN group
(FMN-a) [11, 12], which is presumably bound to a
flavodoxin fold [13] in the HoxY subunit.

Standard [NiFe]-hydrogenases minimally consist of
two different subunits [14, 15, 16]. The large subunit
accommodates the active Ni-Fe site, a (RS)2Ni(l-
RS)2Fe(CN)2(CO) centre (R=Cys) [17, 18, 19, 20, 21,
22, 23, 24, 25, 26, 27]. The small subunit contains at least
one [4Fe-4S] cluster close to the active site (proximal
cluster). In many enzymes this subunit harbours two
more clusters. In the Desulfovibrio gigas enzyme this
concerns a second cubane cluster (distal) and a [3Fe-4S]
cluster (medial) situated between the two cubanes [17,
19]. The SH of R. eutropha belongs to a subclass of
[NiFe]-hydrogenases where the polypeptide of the small
hydrogenase subunit only contains the Cys residues
coordinating the proximal cluster [2]. The large HoxH
subunit in the SH possesses all conserved amino acid
residues for the binding of the Ni-Fe site [28, 29]. These
properties imply that the hydrogenase module in this
enzyme contains the Ni-Fe site, the proximal cluster and
the recently discovered FMN-a group.
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Initial Fourier transform infrared (FTIR) studies on
the SH indicated that it might contain four CN ligands
in a (RS)2(CN)Ni(l-RS)2Fe(CN)3(CO) centre (R=Cys)
[30, 31]. This is now experimentally corroborated by
chemical analyses and IR spectra of 15N-enriched en-
zyme preparations. The CN bound to nickel could spe-
cifically be removed, resulting in the induction of oxygen
sensitivity of the enzyme.

Materials and methods

Enzyme purification

R. eutropha cells were cultivated heterotrophically at
30 �C in a mineral medium [32] and stored at )70 �C.
The SH was purified at 4 �C in air as described [33], with
omission of the CTAB (cethyltrimethylammonium bro-
mide) treatment. As a buffer, 50 mM Tris-HCl (pH 8.0)
was used, except for the Procion Red column, which was
run with 50 mM potassium phosphate buffer (pH 6.0).
Enzyme was stored in liquid nitrogen until use. Enzyme
50% enriched in 15N was obtained from cells deficient in
the membrane-bound hydrogenase (strain HF359 [5])
grown in a 5-L medium where half the 14NH4Cl was
replaced by 15NH4Cl. The 100-mL preculture was grown
on 14NH4Cl. No other sources of nitrogen were present,
except the N2 in the air flow through the culture (4 L/
min during the 48 h growth). For the purification of the
enzyme, 50% enriched in 15N, a PhenylSepharose
column was used instead of the Procion Red column.
Enzyme 98% enriched in 15N was a kind gift of Dr K.
Schneider (University of Bielefeld). The membrane-
bound [NiFe]-hydrogenase from Allochromatium vino-
sum was purified as before [34]. The purity of the
samples was examined by SDS-PAGE [35]. Protein
concentrations were routinely determined by the Brad-
ford method [36] using bovine serum albumin as stan-
dard. The specific H2-NAD+ activity of the SH
preparations varied between 30 and 100 U/mg.

Activity measurements

Hydrogenase activity was measured at 30 �C in a 2.1-mL
cell with a Clark electrode (type YSI 5331) for pola-
rographic measurement of H2 [34]. For routine
H2-consumption measurements under aerobic conditions
the cell was filled with aerobic buffer (50 mM Tris-HCl,
pH 8.0), 5–10 lL enzyme and H2-saturated water to a
final H2 concentration of 36 lM. Subsequently, NADH
(5 l M) was added to activate the enzyme, followed by
either benzyl viologen (BV, 2.5 mM) orNAD+ (5.0 mM)
as an electron acceptor. When anaerobic conditions
were used, all solutions were flushed with Ar before use
and glucose (50 mM) plus glucose oxidase (9 U/ml) were
added to the reaction medium 3 min before the NADH
addition. This minimized interference of oxygen.

NADH oxidation with K3Fe(CN)6 as electron accep-
tor was measured aerobically in 50 mM Tris-HCl buffer

(pH 8.0) at 30 �C, monitoring the absorption decrease at
420 nm using a Zeiss M4 QIII spectrophotometer
[�=1 mM)1 cm)1 for K3Fe(CN)6]. An enzyme sample
(5 lL) andNADH (1.25 mM)were added and 3 min later
the reaction was started by the addition of K3Fe(CN)6
(1 mM). Before use, H2 was passed over a palladium
catalyst (Degussa,Hanau,Germany; typeE236P), andAr
was passed through an Oxisorb cartridge (Messer-Gries-
heim, Düsseldorf, Germany) to remove residual O2.

Reductive treatment of the SH

Two methods were used. Method 1 involved a dialysis
bag, containing 2 mL 50 mM Tris-HCl buffer (pH 8.0)
with 1.2 lM SH and 25 lM NADH, which was im-
mersed in 98 mL H2-saturated Tris-HCl buffer (pH 8.0)
containing 25 lM NADH under a hydrogen atmosphere
in a capped serum bottle. The contents of the bottle were
gently stirred at 30 �C. During the next 3 h the dialysis
buffer was refreshed twice. The enzyme in the dialysis
bag was recovered and then washed and concentrated by
ultrafiltration for activity measurements and inspection
by IR spectroscopy. The recovery and ultrafiltration
were initially performed in a glove box (95% N2, 5% H2,
<1 ppm O2), but later this procedure was carried our in
air, as it turned out that this did not influence the
properties of the recovered enzyme.

Method 2 involved an anaerobic column chroma-
tography step using DEAE-650-C (Toyopearl) equili-
brated with 50 mM Tris-HCl (pH 8.0), 50 lM NADH
and 40 lM H2. The column was loaded with N2-flushed
enzyme and then extensively washed with the equili-
bration buffer. The enzyme was eluted with the same
buffer supplemented with 1 M KCl. After removal of H2

by flushing with N2 gas, excess NAD+ (5 mM) was
added to oxidize the enzyme. All steps were performed
in the glove box. The enzyme was rebuffered with aer-
obic 50 mM Tris-HCl (pH 8.0) and concentrated.
Whereas method 1 completely removed the v(CN) band
at 2098 cm)1, enzyme produced with method 2 still
contained about 10% of this band.

FTIR and EPR spectroscopy

FTIR and EPR measurements were carried out as before
[24, 37]. For FTIR the enzyme samples were concen-
trated to 70–300 l M (concentration based on the EPR
signal of the [2Fe-2S] cluster in the NADH-reduced
enzyme). FTIR spectra were baseline corrected using the
BioRad software available with the spectrometer. Fit-
ting of IR spectra was performed with a minimal set of
Gaussian functions using GRAMS software (Galactic).

Chemical determination of cyanide and nickel

The cyanide content of the SH was determined chemi-
cally, while the Ni content was determined by atomic
absorption spectroscopy [24].
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Results

The IR bands of the SH in the 2100–2040 cm)1 spectral
region are all due to CN

We have earlier reported [30, 31] that the FTIR spec-
trum of the SH shows more than two CN bands in the
2100–2000 cm)1 spectral region. Untreated enzyme al-
ways shows four main bands in this region at 2098, 2088,
2081 and 2070 cm)1, in addition to a CO band at
1956 cm)1. We have now inspected FTIR spectra from
enzyme preparations enriched in 15N.

In Fig. 1 the traces A show the spectrum in the 2120–
1900 cm)1 (or 2120–2020 cm)1, inset) spectral region of
as-isolated SH. The traces B show the spectrum from a
preparation highly enriched (98%) in 15N. All four
bands in the 2100–2060 cm)1 region shifted 30 cm)1 to
lower frequencies. Simple theory predicts a shift of
32 cm)1 for a v(CN) stretching vibration when 14N is
replaced by 15N. Hence, this shift is consistent with the
assumption that all four bands are due to cyanide
groups. The traces C show the spectrum of an enzyme
purified from cells grown on a medium 50% enriched in
15N. As can be seen (inset), the line shape of the resulting
spectrum in the cyanide region is not a simple addition
of the line shapes of the other two spectra. Two new
prominent peaks at 2074 and 2042 cm)1 (marked with
vertical lines) appeared. As in the case of the A. vinosum
enzyme [24], this points already to the presence of

vibrational coupling between the cyanide groups,
indicating that some (or all) cyanides are bound to the
same metal. The data also show that the 1956 cm)1 band
is not due to CN, consistent with the proposal that the
band is caused by a metal-bound (end-on) CO ligand
[31] as present in standard hydrogenases [21].

The band at 2098 cm)1 has been ascribed to a Ni-
bound CN group, while the remaining three bands were
proposed to be due to CN bound to iron [31]. If three
equivalent CN groups were bound to the Fe atom, then
two v(CN) bands may be expected from such a Fe(CN)3
group in a trigonal-pyramidal symmetry (C3v) or three
bands if the symmetry is lower [38, 39]. On close
inspection of the traces A and B in the inset of Fig. 1 it
can be seen that the band at 2081 cm)1 in trace A is
slightly asymmetric, while the band at 2051 cm)1 in
trace B shows a shoulder at the low-frequency side (see
arrows). Simulation of the bands in the CN region in
trace A of Fig. 1 as a summation of Gaussians gave a
reasonable fit with four peaks at 2098, 2088, 2080 and
2070 cm)1 (Fig. 2-I). Since one of the experimental
bands (2081 cm)1) was asymmetric, a fit with five peaks
was also tried (Fig. 2-II). Not unexpectedly, this resulted
in a better fit. We will adhere, however, to the four-peak
fit as a minimal assumption for the spectrum of the ac-
tive site in intact enzyme. The possible origin of the
asymmetry around 2081 cm)1 in the experimental spec-
tra will be treated in the Discussion. A similar analysis of
trace B of Fig. 1 gave a good fit, with five peaks at 2068,
2059, 2051, 2048 and 2040 cm)1 (not shown). These

Fig. 1 The effect of 15N
enrichment on the IR spectra of
the SH from R. eutropha. (A)
Untreated, non-enriched
enzyme. (B) Untreated enzyme
highly (98%) enriched in 15N.
(C) Untreated enzyme from
cells grown in a medium with
NH4Cl 50% enriched in 15N.
Spectra are plotted with the
same amplitude of the
1956 cm)1 band. Inset: the
2120–2020 cm)1 spectral region
containing details of the v(CN)
bands. The arrows point at the
asymmetry of the 2081 cm)1

(trace A) and 2051 cm-1 (trace
B) bands. The vertical lines
indicate the positions of bands
at 2074 and 2042 cm)1 which
are present in trace C, but not
in the other traces
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analyses show that the CN region of the IR spectrum of
untreated enzyme consists of minimally four overlap-
ping peaks. One of them, the peak at 2098 cm)1, has
been ascribed to a Ni-bound CN group [31]. The other
three are ascribed to the coupled vibrations of three CN
groups bound to Fe.

Chemical analyses of cyanide and nickel

Two different enzyme preparations were analysed for Ni
and cyanide. The results are shown in Table 1. In one
preparation, between 3.6 and 3.9 cyanide groups per
nickel were found (six determinations), while a second
preparation contained 3.5–3.6 cyanide groups per nickel
(three determinations). A preparation from the [NiFe]-
hydrogenase from A. vinosum was included as a control;
it contained 1.9–2.1 cyanide groups per nickel, in agree-
ment with earlier results [24]. The Ni content of the SH
preparations was 0.6 mol per mol of enzyme, when based
on the Bradford protein determination and a molecular
weight of 172 kDa. When corrected for the systematic
error in the protein determination method [11], the Ni

content was 0.92 mol per mol of enzyme. When the spin
concentration of the [2Fe-2S] cluster, determined from
EPR spectra of NADH-reduced enzyme, was taken as
basis for the enzyme concentration, the Ni content
amounted to 0.96 mol of Ni per mol of enzyme. Together
with the spectroscopic information in Figs. 1 and 2, these
data show that the SH contains four cyanide groups and
one CO molecule per nickel atom.

Reduction of the SH releases the cyanide ligand bound
to nickel

We discovered that the cyanide group responsible for the
band at 2098 cm)1 could be selectively removed by a
reductive treatment. Figure 3 (trace A) shows the IR
spectrum of an enzyme preparation (specific H2-NAD+

activity 102 U/mg) with a clear 2098 cm)1 band. Trace
B shows the enzyme after an anaerobic, reductive
treatment (H2 in the presence of 25 lM NADH; method
1 as specified in the Materials and methods section) plus
a subsequent re-oxidation by excess aerobic 2,6-di-
chlorophenol-indophenol (DCIP). Only three main
v(CN) bands were observed at 2087, 2081 and
2070 cm)1; the 2098 cm)1 band from the parent enzyme
(trace A) was absent. No changes were observed when
this preparation was subsequently reduced with H2 in
the presence of methyl viologen (MV; trace C). During
this incubation, visual inspection of the blue colour from
the reduced MV ensured that a low redox potential was
created by H2 via the catalyzing power of the enzyme.
When using untreated enzyme, such a reduction results
in a shift of the 2098 cm)1 band to 2051 cm)1 [31]. The
presence of external CO (1 bar) had no effect on the
spectra under oxidized or reduced conditions (not
shown). The result is consistent with the proposal that
the reductive treatment specifically removed the cyanide
group bound to nickel. A detailed analysis of the v(CN)
region in Fig. 3 (trace B) is given below (Fig. 6). We

Table 1 Cyanide and nickel content of the SH. The analyses were
performed n times following the procedures described previously
[24]

Enzyme n CN/Ni (mol/mol)

SH preparation 1 6 3.61–3.89
SH preparation 2 3 3.53–3.64
A. vinosum 3 1.88–2.05

Fig. 2 Analysis of the cyanide region in the IR spectrum of
untreated, non-enriched enzyme. Panel I: four-peak analysis. Panel
II: five-peak analysis. (A) Experimental spectrum. (B) Fitted
spectrum (dashed). (C) The individual Gaussian curves that make
up the fitted spectrum (peak positions at 2097.7, 2088.3, 2080.2 and
2070.4 cm)1 in panel I, and at 2097.7, 2088.1, 2081.0, 2077.4 and
2070.2 cm)1 in panel II). (D) Residual trace (experimental minus
fitted spectrum)
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have shown earlier that also one of the two FMN groups
(FMN-a) is released minutes after reduction of the SH
with NADH [12].

The nickel-bound cyanide group and FMN-a could
also be removed for ca. 90% by column chromatogra-
phy under reducing conditions (method 2; see Materials
and methods section). When the H2-BV activity of the
SH treated in this way was tested under aerobic condi-
tions, the H2 consumption started normally but then
came to a halt long before the H2 was used up (Fig. 4-I,
trace C). The amount of NADH, used to activate the
enzyme influenced the duration of the active phase:
when less NADH was used, the reaction stopped earlier.
The presence of FMN did not alter this behaviour
(Fig. 4-I, trace D). A control with untreated enzyme did
not show such an inhibition; H2 was completely con-
sumed under aerobic conditions (Fig. 4-I, traces A and
B). Under anaerobic conditions the H2-BV activity of
the reductively treated enzyme (Fig. 4-I, trace E) be-
haved the same as that of untreated enzyme (Fig. 4-I,
trace F).

The activity with NAD+ was also lost for more than
90% after the reductive treatment (method 2) because
the FMN-a group was released [12]. This activity could
be fully restored by adding excess FMN to the assay
mixture. In contrast to the reaction with BV, we found
that the H2-NAD+ reaction apparently proceeded in a
normal way under aerobic conditions. Since in the
standard activity assay 5 lM NADH is added to acti-
vate the enzyme and to initiate the enzymatic reduction
of NAD+ (5 mM) by H2 (36 lM), the NADH concen-
tration will increase from 5 to 41 lM during the assay.
Any inactivation of the enzyme by oxygen will be
counteracted by the specific reactivation by NADH. We
have therefore also inspected the autocatalytic activation

of the enzyme in the H2-NAD+ reaction in the absence
of added NADH. This is shown in Fig. 4-II. Trace A
shows the normal autocatalytic activation of untreated
SH in aerobic buffer; after a short lag phase, the reaction
started and all H2 was consumed. Trace B in Fig. 4-II
shows the same for reductively treated enzyme (method
2). In both cases, FMN was present to compensate for
any missing FMN-a. Three main differences can be
noticed between the behaviour of untreated and treated
enzyme: (1) with treated enzyme the lag phase was much
longer than that with untreated enzyme, although the
protein aliquots represented the same H2-NAD+ activ-
ity (when measured anaerobically); (2) the maximally
obtained reaction rate with treated enzyme was much
lower than that of untreated enzyme; (3) the increase of
the reaction rate observed with the treated enzyme was
followed by a decrease before the H2 was completely
consumed. When additional H2 was supplied, the rate
remained at a very low level, even when NADH was
added (not shown). This points to an irreversible inac-
tivation of the treated enzyme by oxygen. The most
probable reason is the direct reduction of oxygen at the
active site with the concomitant formation of detri-
mental superoxide radicals. We conclude that removal
of the Ni-bound cyanide makes the active site accessible
for attack by molecular oxygen.

Fig. 3 Removal of the Ni-bound cyanide from the SH by a
reductive treatment. (A) FTIR spectrum of untreated enzyme. (B)
Enzyme after a reductive treatment with H2+NADH (method 1;
Materials and methods) and a subsequent oxidation by aerobic
DCIP (5 mM). (C) Enzyme used in B after subsequent reduction
under 1 bar H2 in the presence of 20 lM MV

Fig. 4 Induction of oxygen sensitivity of the reaction between
hydrogen and the SH by removal of the Ni-bound cyanide group.
FMN-a and the cyanide group bound to nickel were removed for
ca. 90% by a reductive treatment, followed by a complete oxidation
(method 2; Materials and methods). Panel I: the H2-BV activity
was assayed in aerobic (A–D) or anaerobic (E, F) buffer supplied
with H2 (36 lM), NADH (25 lM), glucose (50 mM) plus glucose
oxidase (9 U/ml) (only in E and F), FMN (2 lM; only in B and D)
and BV (2.5 mM). The reaction was started with enzyme (6.4 lg)
within 30 s (A–D), or after 3 min (E, F). (A) Aerobic control: SH
tested in absence of added FMN. (B) As A, but tested in the
presence of FMN. (C) Treated SH, tested in aerobic buffer in the
absence of FMN. (D) As C, but tested in the presence of FMN. (E)
Treated SH, tested in anaerobic buffer in the absence of added
FMN. (F) Untreated SH tested as in E. In all experiments the same
amount of protein was used. The specific H2-BV activities,
determined in duplicate experiments using a faster recorder-chart
speed, were 22 U/mg (A), 24 U/mg (B), 26 U/mg (E) and 32 U/mg
(F). Panel II: onset of the H2-NAD+ reaction in the absence of
added NADH. The assay medium contained aerobic buffer, 36 lM
H2, 1 lM FMN and 5 mM NAD+ and the reaction was started by
adding enzyme. (A) Untreated enzyme. (B) Enzyme deficient in
nickel-bound cyanide. In both cases the added amount of protein
represented a H2-NAD+ activity of 0.14 U (measured anaerobi-
cally in the presence of FMN)
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Under no circumstances could the H2-oxidation
reactions be inhibited by CO. After the reductive treat-
ments described here, the preparation did not show any
major EPR signal from nickel in the oxidized enzyme, or
in enzyme reduced under a variety of conditions.

Removal of the Ni-bound cyanide is irreversible

The release of the FMN-a group upon reduction of the
enzyme is reversible [12]. This led us to investigate the
possible reversibility of the release of the Ni-bound
cyanide upon reduction of the enzyme. A variety of
conditions have been tested. In one experiment, 1 mL of
2.5 lM SH in 50 mM potassium phosphate buffer
(pH 6.0) in a dialysis bag was put in 49 mL of the same
buffer saturated with H2 and containing 10 lM NADH
and 10 mM KCN (or 5 mM K13CN). After 3 h the
enzyme solution was recovered and the low-molecular-
weight components were removed by repeated ultrafil-
tration in the anaerobic glove box. Subsequently, the
enzyme was concentrated to about 150 lM, oxidized

with DCIP (5 mM) and inspected by IR spectroscopy.
The experiments were repeated with the same buffer at
pH 8 and pH 7. In another experiment, 1 lM FMN was
added to the dialysis buffer. In addition, the experiments
were performed aerobically. All these trials showed,
however, that the CN group responsible for the band at
2098 cm)1 was irreversibly lost under these conditions.

Reduction with excess NADH shifts the v(CN) band
of the Ni-bound cyanide to a lower frequency

It was previously observed that in the presence of a high
concentration of NADH (10 mM) the band at 2098 cm)1

disappeared, whereas no extra band was apparent [31].
We have re-investigated this in more detail. Figure 5
shows the IR spectra of oxidized enzyme (trace A) and
enzyme reduced with 25 mM NADH (trace B). When
25 mM NADH was present, the 2098 cm)1 band disap-
peared, but now it could be clearly seen that the line
shape of the three main bands in the 2090–2060 cm)1

region changed. The possible reason for the occurrence
of the small v(CO) band at 1945 cm)1 is under investi-
gation and will not be discussed here. Subsequently, the
NADH was removed by repeated ultrafiltration and 16-
fold dilution with anaerobic buffer (seven times) in the
glove box. The sample was finally oxidized outside the
glove box by air. After this treatment the 2098 cm)1 band
re-appeared (trace C). This demonstrates that reduction
with excess NADH at this high enzyme concentration did
not remove the CN group responsible for the 2098 cm)1

band.
If this CN group remains bound to nickel in the

presence of 25 mM NADH, then the v(CN) band from
its stretching frequency must be detectable in the spec-

Fig. 5 Shift of the v(CN) band from the Ni-bound cyanide by
reduction of the SH with excess NADH. (A) IR spectrum of
untreated enzyme. (B) Enzyme reduced with 25 mM NADH. (C)
Enzyme after removal of NADH and the subsequent re-oxidation
in air. The broad peak at 2037 cm)1 in traces A and B is due to
remnants of K4Fe(CN)6, introduced as K3Fe(CN)6 during the
purification of the enzyme. Spectra are plotted with the same
amplitude of the 2070 cm)1 band. Insets: Gaussian analysis of the
cyanide region from the spectra A (inset P) and B (inset Q). Inset P:
(A) experimental spectrum of untreated enzyme; (B) spectrum fitted
with four peaks; (C) individual Gaussian curves used for the fit with
peak positions at 2098.1, 2088.0, 2080.6 and 2070.4 cm)1; (D)
residual trace. I nset Q: the same analysis as in inset P, but now for
the NADH-reduced enzyme. The peak positions for the individual
Gaussian curves were 2090.0, 2086.7, 2079.9 and 2070.4 cm)1
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trum. We have therefore analysed the spectra by fitting
with a minimal set of Gaussian curves. Inset P in Fig. 5
shows the analysis of the cyanide region of spectrum A.
A reasonable fit was obtained with four peaks at 2098,
2088, 2081 and 2070 cm)1. A nearly identical analysis
was obtained for the cyanide region of trace C in Fig. 5,
i.e. enzyme reduced with NADH, followed by removal
of the NADH and re-oxidation of the enzyme (not
shown). Inset Q in Fig. 5 shows the cyanide region of
spectrum B (enzyme reduced with NADH). A good fit
was obtained with four peaks at 2090, 2087, 2080 and
2070 cm)1. Within error, three of the four peaks had the
same position as three of the bands in the spectrum of
the oxidized enzyme. We therefore conclude that the
fourth band at 2090 cm)1 is due to the frequency-shifted
(8 cm)1) v(CN) band of the Ni-bound cyanide group.

Further analysis of the CN region in the FTIR spectra

To obtain further experimental evidence for our pro-
posal of three CN groups bound to Fe and one bound to
Ni, we have included the 2100–2050 cm)1 spectral re-
gion of two interesting enzyme preparations into our
analysis. One was the spectrum of enzyme containing
only 4% of the expected amount of Ni [31] (Fig. 6, trace
A). The second was enzyme from which the CN group
bound to nickel was removed by the reductive treatment
[Fig. 6, trace B; this is the v(CN) region from spectrum B
in Fig. 3]. The insets in Fig. 6 show the analysis of both
traces. The clear asymmetry of the band around
2080 cm)1 required, for a good fit at this position, the
use of two Gaussians. For both spectra a summation of
four peaks at 2087, 2081, 2078 and 2070 cm)1 gave a

reasonable fit. The relative areas of the individual curves
in both fits differed only slightly. As spectrum A was
from a preparation which contained only 4% of the
expected amount of nickel (and 5% of the expected
activity [31]), this comparison shows that minimally
three of the four bands may be ascribed to three cyanide
groups bound to Fe. Also a CO molecule [v(CO) at
1956 cm)1] is bound to that iron atom. The spectra
further show that the presence or absence of nickel (or
Ni–CN) did not noticeably affect the symmetry or the
electronic structure of the Fe(CN)3(CO) group.

Analysis of the cyanide region of the spectra
from enzyme 50% enriched in 15N

The complete spectrum of untreated enzyme 50% en-
riched in 15N was already shown in Fig. 1 (trace). For
reasons that will become clear below, it is depicted again
in Fig. 7 (trace A). The cyanide region of this spectrum
is enlarged in trace A of the inset. The v(CN) band at
2098 cm)1 from enzyme molecules with Ni–C14N is
clearly detectable. The expected v(CN) band at
2068 cm)1 from molecules with Ni–C15N was, however,
not observed (arrow a). Because this band may be ob-
scured by other overlapping bands, we have also in-
spected the spectrum of the same enzyme reduced by
1 bar H2 in the presence of 5 lM NADH (Fig. 7, traces
B). It was previously shown that the stretching fre-
quency of the Ni-bound cyanide then decreases by
47 cm)1 [31]. If a v(CN) band from Ni–C15N was pres-
ent in the as-isolated enzyme at 2068 cm)1, this should
now shift to 2021 cm)1. However, no such band was
observed (arrow c). A v(CN) band at 2098 cm)1 from

Fig. 6 IR spectrum (cyanide
region only) of two SH
preparations lacking the band
at 2098 cm)1. (A) Spectrum of
an enzyme preparation which
only contained 4% nickel
(spectrum shown earlier in [31]).
(B) Normal enzyme which had
undergone a reductive
treatment (method 1; same
spectrum as in Fig. 3, trace B).
The insets show an analysis of
the two spectra in terms of four
Gaussian peaks. Inset P:
enzyme with 4% nickel. Inset Q:
normal enzyme obtained after
the reductive treatment. For
both insets: (A) experimental
spectrum; (B) fitted spectrum;
(C) individual curves; (D)
residual trace. Peak positions
for the fit in inset P: 2087.1,
2081.3, 2078.1 and 2070.6 cm)1.
Peak positions for the fit in inset
Q: 2086.8, 2081.1, 2078.2 and
2070.2 cm)1
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Ni–C14N should shift to 2051 cm)1 upon reduction with
NADH plus H2. Indeed, the 2098 cm)1 band disap-
peared and the existing band at 2051 cm)1 clearly in-
creased in intensity (arrow b). Trace C shows the
spectrum of the highly (98%) 15N-enriched enzyme after
reduction with 1 bar H2 in the presence of 5 lM
NADH. As expected, the v(CN) band from Ni–C15N
(2068 cm)1 in the oxidized enzyme; see Fig. 1, spectrum
B) shifted 47 cm)1 to lower frequency and was clearly
detectable at 2021 cm)1.

These results indicate that the ‘‘50%-enriched’’
preparation did not contain detectable amounts of en-
zyme with a v(CN) band from Ni–C15N. For the spec-
trum in Fig. 7 (traces A), this means that all cyanide
bands, except the 2098 cm)1 band, may be assigned to
Fe(CN)3. This enabled a calculation of the 15N enrich-
ment in the Fe(CN)3 group. Fitting of the cyanide region
of trace A with Gaussian curves showed that 40% of the
total area of the v(CN) bands assigned to Fe(CN)3 were
from v(C15N) bands. Hence, the growth of cells in a
medium where 50% of the NH4Cl was provided in the
form of 15NH4Cl resulted in an SH preparation where
40% of the cyanide groups bound to iron contained 15N.
Surprisingly, the spectra show that an enrichment of the
Ni-bound cyanide was not detectable.

Discussion

The active site of the SH contains four cyanide groups
and one carbon monoxide as ligands

The IR spectrum of the SH highly enriched in 15N shows
that all bands in the 2100–2060 cm)1 region are due to

CN groups (Fig. 1, traces A and B). A Gaussian analysis
indicated that this part of the spectrum consists of four
to five overlapping bands (Fig. 2). In all spectra the
band at 2081 cm)1 showed an asymmetry on the low-
frequency side (e.g. see inset in Fig. 1). Addition of a
fifth peak in the analysis improved the fit (Fig. 2-II).
Free cyanide in aqueous solution has its v(CN) band at
2080 cm)1. The experiments in this paper showed that
the Ni-bound cyanide in the enzyme is easily lost. We
also noticed that the 2098 cm)1 band was stronger in
preparations with the higher enzyme activities, e.g. the
enzyme used for trace A in Fig. 1 had a specific activity
of 102 U/mg and was the most active preparation used
in this study. Hence, a first possibility to explain the
asymmetry of the 2081 cm)1 band is that in as-isolated
preparations the active site in some enzyme molecules
has lost one cyanide, whereby this cyanide remains
locked up in the enzyme. The fact that the asymmetry
was rather independent of the preparation argues
against this possibility. A second possible reason for the
asymmetry of the 2081 cm)1 band in the experimental
spectrum may be due to the possible loss of one of the
cyanides of the Fe(CN)3 group. This would result in a
spectrum with only two peaks for the Fe-bound cya-
nides. Again, the apparent invariability of the asymme-
try of the 2081 cm)1 band in the several preparations
argues against this. A third possibility is that the three
cyanide groups bound to Fe have different inherent
stretching frequencies (due to different protein environ-
ments), resulting in spectra different from those pre-
dicted for a Fe(CN)3 group in model compounds.

IR spectra from an SH preparation which contained
only 4% of the expected amount of nickel showed three
to four bands of the four to five v(CN) bands detected in

Fig. 7 Analysis of the IR
spectra of enzyme obtained
from cells grown in media with
NH4Cl enriched in 15N. (A)
Untreated enzyme from cells
grown in a medium with NH4Cl
50% enriched in 15N. (B) As A,
but reduced under 1 bar H2 in
the presence of 5 lM NADH.
(C) Enzyme highly (98%)
enriched in 15N reduced under
1 bar H2 in the presence of
5 lM NADH. The absorbance
scale applies to A and B only.
Inset: details in the cyanide
region of the spectra A and B.
The meaning of the arrows is
explained in the text
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a normal preparation (0.96 mol Ni per mol of enzyme;
Fig. 6). The v(CO) band at 1956 cm)1 was observed in
both preparations. We conclude that the v(CN) bands
plus the v(CO) band in the Ni-deficient preparation are
due to a Fe(CN)3(CO) group in the active site, that the
site has no three-fold symmetry and that the CN groups
may have different inherent stretching frequencies
caused by differences in their immediate protein envi-
ronment. The amino acid sequence of the HoxH su-
bunits suggests that the Ni-Fe site in the SH has the
same set of conserved Cys ligands as the Ni-Fe site in
standard hydrogenases [2, 28, 29]. This implies that the
Fe atom in the intact SH is six coordinated. Quantitative
cyanide determinations of the SH show the presence of
four cyanide groups per nickel (Table 1). We conclude
that the fourth cyanide group is bound to nickel and is
responsible for the 2098 cm)1 band in untreated enzyme.
These experiments provide strong evidence for the ear-
lier proposal [31] that the active site of the SH is a
(RS)2(CN)Ni(l-RS)2Fe(CN)3(CO) group (R=Cys).

X-ray-absorption spectroscopic (XAS) measure-
ments on the as-isolated SH [40, 41], performed at a
time before the IR spectrum was known, already
showed that the nickel K-edge clearly differed from the
edge observed in standard [NiFe]-hydrogenases [42, 43,
44]. It was much sharper and had a larger normalized
amplitude. Such sharp edges are typical for octahedral
or trigonal-bipyramidal Ni complexes with hard (N, O)
ligands, whereas soft ligands, like S, broaden the edge
[45]. It was therefore concluded that the coordination
of Ni in the SH contained more N+O ligands than the
Ni coordination in standard [NiFe]-hydrogenases. The
XAS studies further showed that reduction of the SH
with NADH plus H2 resulted in a marked change of
the K-edge: it now resembled the ones from standard
hydrogenases [40, 41]. These results were confirmed by
extended X-ray absorption fine structure (EXAFS)
analyses, which showed a higher N+O to S ratio in the
oxidized sample relative to the ratio found in the re-
duced enzyme, or in standard hydrogenases. This is in
qualitative agreement with the results of the present
study. Upon reduction of the SH, two hard ligands of
nickel disappear (O, presumably from a hydroxyl
group, and C from a cyanide). There is no crystal
structure of the SH available and so it cannot be ruled
out that, as the XAS studies suggest, one or more Cys
thiols are not direct ligands to nickel. The IR studies in
this paper do not provide any information on this
point.

Our experiments also show that the presence or
absence of nickel, or the CN group bound to nickel, do
not noticeably influence the IR spectrum of the
Fe(CN)3(CO) group in the active site in oxidized or
reduced enzyme (Figs. 3 and 5). Also the redox state of
the enzyme does not influence the IR spectrum of the
Fe(CN)3(CO) group. This, and the six ligands on the
iron ion, suggest that the iron atom is not directly
involved in the activation of H2, but that this activa-
tion solely takes place on the nickel ion.

The Ni-bound cyanide is responsible for the insensitivity
of the SH towards oxygen

The present study shows that removal of the nickel-
bound cyanide group from the SH enables oxygen to
attack the active site. Both the H2-BV and the H2-NAD+

activity became sensitive to oxygen. The inhibiting effect
of oxygen during turnover of the enzyme was irreversible.
When NADH was present, the inactivation could be
counteracted.

After removal of the nickel-bound cyanide, no IR-
detectable binding of carbon monoxide to the active site
could be observed in oxidized or reduced enzyme.
Likewise, CO had no effect on the H2-NAD+ activity
measured under anaerobic conditions. As activity could
be fully restored by added FMN, which was removed
during the reductive treatments, this demonstrates that
the nickel-bound cyanide is not required for the binding
and activation of dihydrogen. Removal of the nickel-
bound cyanide did not induce any EPR signals due to
nickel. Under some conditions, however, we noticed
minor EPR signals with the typical properties of the
familiar Nia-C* signal observed with partly reduced
standard [NiFe]-hydrogenases. In this case the SH
preparations also showed new v(CO) bands in the IR
spectra (e.g. the band at 1945 cm)1 in trace B of Fig. 5).
It is anticipated that in that case one of the three cyanide
ligands on the iron atom in the SH was lost as well. The
presence of such enzyme molecules in a preparation will
complicate the IR spectrum in the cyanide region. If
only two cyanides are left on the Fe atom, then only two
v(CN) bands are expected, the frequencies of which
cannot be predicted. We are currently studying this in
more detail.

Possible origin of the shift in frequency of the v(CN)
band from the Ni-bound cyanide upon reduction
of the enzyme

With excess NADH the 2098 cm)1 band shifted 8 cm)1

to lower frequencies (Fig. 5). With H2 in the presence of
MV or micromolar amounts of NADH, this band shif-
ted to 2051 cm)1 [31]. The v(CN) and v(CO) frequencies
of the Fe(CN)3(CO) group in the active site do not shift
under these conditions. Since no nickel EPR signal was
detected during these reducing conditions, a valence
change of nickel is unlikely to be the cause of the v(CN)
shift. The charge density on nickel can, however, be
influenced by a change in coordination. Untreated (as-
isolated) enzyme is inactive and requires a reductive
treatment (5 lM NADH) for activation. A plausible
explanation for this activating effect is the removal of an
obstructing electron-withdrawing (sixth) ligand on
nickel (e.g. OH)) and this could lead to the 8 cm)1 shift
to lower frequency of the v(CN). The subsequent bind-
ing of dihydrogen or hydride to nickel would strongly
increase the electron density on nickel and this may be
the reason for the large downwards shift of the v(CN) to
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2051 cm)1. This working hypothesis is depicted in
Fig. 8. Further experiments are required to shed more
light on this issue.

Two biosynthetic pathways for the introduction
of cyanide into the active site?

The finding that a growth medium with a 1:1 (w/w)
mixture of 15NH4Cl and 14NH4Cl led to a 40% enrich-
ment of the CN groups bound to Fe, but not to a
detectable enrichment of the Ni-bound CN group, was
unexpected and is highly puzzling (Fig. 7). This can only
be understood by assuming that the N used to synthesize
the nickel-bound cyanide comes from a pool different
from that used to synthesize the Fe-bound cyanide. The
only other abundant 14N chemical species around was
the N2 in the air supply of the culture. Nitrogen gas
cannot be metabolized by the bacterium, since it does
not contain nitrogenase genes (Pohlmann A, Friedrich
B, personal communication). Another option is the
presence of N-containing contaminants in the air supply,
e.g. NOx compounds. We could not, however, detect any
nitrite [46, 47] after bubbling the used air through water.
In addition, nitrate assimilation does not take place in
the presence of ammonia, while denitrification does not
occur under aerobic conditions [48]. Hence, we tenta-
tively assume that the unknown 14N source was already
present in the cells from the pre-culture grown on fruc-
tose and 14NH4Cl.

In standard [NiFe]-hydrogenases, carbamoyl phos-
phate has been proposed as the C and N donor for the
diatomic ligands in the Ni-Fe site. In particular, the
HypF and HypE proteins are involved in the incorpo-
ration of carbon monoxide and cyanide, i.e. the cyanide
groups bound to Fe [49, 50]. Experiments with R. eu-
tropha mutants deficient in the hypF [51] or hypE genes
[52] indicate that this probably also holds for the SH.
R. eutropha contains a special accessory gene called
hypX [53], which is also present in some other aerobic
hydrogen-metabolizing bacteria like Bradyrhizobium ja-
ponicum and Rhizobium leguminosarum [54, 55, 56], but
not in anaerobic H2-metabolizing organisms [16]. When
this gene was deleted in R. eutropha the activities of the
SH and the membrane-bound hydrogenase dropped by
about 50% [57]. In combination with the results of the
present study, this led to the tentative assumption that
the HypX protein may be specifically involved in the
insertion of the CN group bound to nickel. Experi-
mental evidence for this assumption has now been ob-
tained and will be published elsewhere (Bleijlevens B,
Buhrke T, Van der Linden E, Friedrich B, Albracht SPJ,
to be submitted). The highly asymmetric labelling in the
SH purified from cells grown in 50% 15N-enriched cul-
ture medium indicates that R. eutropha may contain
more than one chemical source for the synthesis of
cyanide supplied to the Ni-Fe site. This issue is under
further study.
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The hypX gene of the facultative lithoautotrophic bac-
terium Ralstonia eutropha is part of a cassette of acces-
sory genes (the hyp cluster) required for the proper
assembly of the active site of the [NiFe]-hydrogenases in
the bacterium. A deletion of the hypX gene led to a
severe growth retardation under lithoautotrophic con-
ditions with 5 or 15% oxygen, when the growth was
dependent on the activity of the soluble NAD�-reducing
hydrogenase. The enzymatic and infrared spectral prop-
erties of the soluble hydrogenase purified from a HypX-
negative strain were compared with those from an en-
zyme purified from a HypX-positive strain. In activity
assays under anaerobic conditions both enzyme prepa-
rations behaved the same. Under aerobic conditions,
however, the mutant enzyme became irreversibly inac-
tivated during H2 oxidation with NAD� or benzyl violo-
gen as the electron acceptor. Infrared spectra and chem-
ical determination of cyanide showed that one of the
four cyanide groups in the wild-type enzyme was miss-
ing in the mutant enzyme. The data are consistent with
the proposal that the HypX protein is specifically in-
volved in the biosynthetic pathway that delivers the
nickel-bound cyanide. The data support the proposal
that this cyanide is crucial for the enzyme to function
under aerobic conditions.

Hydrogenases (reaction H2 7 H� � H� 7 2H� � 2e�) play
an important role in microbial energy metabolism involving
molecular hydrogen. Three classes of hydrogenases can be dis-
tinguished according to the metal content of the H2-activating
site: [NiFe]-hydrogenases, [FeFe]-hydrogenases (previously
called [Fe]-hydrogenases or Fe-only hydrogenases) and [Fe]-
hydrogenases (1–4).1 Sequence comparisons, structural data,
and spectroscopic properties indicate that although these hy-
drogenases are phylogenetically unrelated, they possess some
remarkable similarities in the molecular architecture of the

active site, namely the presence of cyanide and/or carbonmonoxide
as ligands to the metals. [FeFe]-hydrogenases are restricted to
anaerobic bacteria and lower eukaryotes, whereas [NiFe]-hydroge-
nases are the dominant hydrogenases in Archaea and bacteria,
including aerobic organisms. The [Fe]-hydrogenases (H2-forming
methylenetetrahydromethanopterin dehydrogenase) are found in
many methanogenic Archaea (6).
In their active state the [FeFe]-hydrogenases are rapidly and

irreversibly denatured by oxygen (7). Most [NiFe]-hydrogenases
are reversibly inactivated by oxygen, whereas the [Fe]-hydroge-
nases are not affected by oxygen (3). Most hydrogenases are inhib-
ited by carbon monoxide. A few [NiFe]-hydrogenases can function
in air and are insensitive to carbon monoxide. Such O2- and CO-
insensitive [NiFe]-hydrogenases are of great biotechnological inter-
est in relation to their potential use in fuel cells (8). The best studied
example of this group is the cytoplasmic soluble NAD�-reducing
[NiFe]-hydrogenase (SH)2 from the �-proteobacterium Ralstonia
eutropha H16. This is a heterotetrameric enzyme with subunits
HoxF (67 kDa),HoxH (55 kDa),HoxU (26 kDa), andHoxY (23 kDa)
(9, 10). The enzyme comprises two functionally different het-
erodimeric complexes, which have been separated and character-
ized (9, 11). The HoxFU dimer constitutes an enzyme module,
termedNADHdehydrogenase or diaphorase, involved in the reduc-
tion ofNAD� andholds oneFMNgroup (calledFMN-b) and several
Fe-S clusters. The HoxHY dimer forms the hydrogenase module
and contains a second functional FMN group (FMN-a) (12).
All [NiFe]-hydrogenases minimally consist of two subunits of

different size (1, 2, 13). The larger subunit accommodates the
active Ni-Fe site. The smaller subunit contains at least one
[4Fe-4S] cluster, called the proximal cluster as it is situated
close to the active site. In many enzymes the latter subunit
harbors two more clusters. The Desulfovibrio gigas enzyme
contains a second [4Fe-4S] cluster (distal) and a [3Fe-4S] clus-
ter (medial) situated between the two [4Fe-4S] clusters (14, 15).
The aerobically purified standard [NiFe]-hydrogenases are in-
active. Their active site is a (R,S)2Ni(�-R,S)2(�-O)Fe(CN)2(CO)
center (R � Cys) (14–23) and is depicted in Fig. 1A. The
bridging oxygen ligand is removed upon reduction, whereby
these enzymes become activated (17, 24).
The SH of R. eutropha belongs to a subclass of [NiFe]-hydro-

genases where the polypeptide of the small hydrogenase sub-
unit (HoxY) ends shortly after the position of the fourth Cys
residue coordinating the proximal cluster. The large hydrogen-
ase subunit (HoxH) of the SH contains the four Cys residues,
conserved in all [NiFe]-hydrogenases, for the binding of the
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Ni-Fe site. Thus, on this basis it has been assumed that the
hydrogenase module in the SH may contain a Ni-Fe site and a
proximal cluster as prosthetic groups (10). In addition it was
proposed that the flavodoxin fold, which is conserved in the
small subunits of all [NiFe]-hydrogenases (25), binds the
FMN-a group (12). The aerobically purified enzyme is inactive,
but is activated upon reduction. Infrared spectra and chemical
analyses of the SH indicated that the Ni-Fe site contains four
CN ligands (see Fig. 1B) and may be a (R,S)2(CN)(O)Ni(�-
R,S)2Fe(CN)3(CO) center (R � Cys) (21, 26). As no crystal
structure is available yet, this proposed structure is still under
debate. X-ray absorption spectroscopic studies showed that the
nickel K-edge structure and the nickel-extended x-ray absorp-
tion fine structure spectra differ considerably from those of
standard hydrogenases. They pointed to the presence of more
hard ligands (N, O) to nickel in the SH than found in standard
hydrogenases. Hence, it has been proposed that one or more of
the conserved Cys thiols in the HoxH subunit may not be
directly coordinated to nickel (27, 28).3

Biosynthesis of the unique Ni-Fe active site is a protein-
assisted process. Although we are far from understanding the
molecular details of the maturation, advanced studies on hy-
drogenase-3 of Escherichia coli provided the following model
(29, 30). Assembly of the Ni-Fe active site requires the partic-
ipation of at least six accessory proteins, the so-called Hyp
proteins (HypA, HypB, HypC, HypD, HypE, and HypF). First
the Fe(CN)2(CO) group is assembled on a HypC-HypD complex
in concert with HypF and HypE, which provides the CN ligands
and possibly also CO, using carbamoylphosphate as the sub-
strate. After the transfer of the Fe(CN)2(CO) group to the
hydrogenase apoprotein, nickel insertion is mediated by HypA
and HypB, and finally a specific endopeptidase removes a C-
terminal peptide, thereby triggering the final folding around
the Ni-Fe active site and the oligomerization of the protein.
A few bacteria, interestingly those that metabolize H2 under

aerobic conditions, harbor an additional hyp gene, called hypX.
These species belong to various phylogenetic groups. Three of
them (R. eutropha, Ralstonia metallidurans, and Pseudomonas
fluorescens) are members of the �-proteobacteria, and three
other species belong to the group of �-proteobacteria (Brady-
rhizobium japonicum, Rhizobium leguminosarum, andMagne-
tospirillum magnetotacticum). Two more species are phyloge-
netically distinct. Streptomyces avermitilis, a Gram-positive

bacterium, and Aquifex aeolicus, a hyperthermophilic bacte-
rium. One particular feature, however, is common to all the
eight species. They are strictly respiratory, preferentially aer-
obic, organisms. So far, the hypX gene has not been found in
strictly anaerobic organisms. Deletion of hypX led to a complete
knock-out of hydrogenase activity in R. leguminosarum (31)
and decreased the MBH and SH activity of R. eutropha by
�50% (32). The H2 sensor in R. eutropha remained unaffected
(33).
The present study describes that hypX-mutant cells of

R. eutropha showed a retarded growth on H2 under standard
aerobic conditions, demonstrating that the oxygen tolerance of
the SH requires the function of HypX. The purified SH from the
hypX-deletion strain did not contain the nickel-bound CN pres-
ent in enzyme from HypX-containing cells, suggesting that this
CN ligand is important for the oxygen tolerance.

EXPERIMENTAL PROCEDURES

Construction of R. eutropha HF480—The mobilizable plasmid
pCH630 containing hypX� was transferred from E. coli S17-1 to
R. eutropha HF359 (hoxG�) by a spot mating technique (34). Gene
replacement in R. eutropha was achieved by using an allelic exchange
procedure based on the conditionally lethal sacB gene (35). The result-
ing isolates were screened for the presence of the desired deletion in
hypX by PCR amplification of the respective target site (36). Deletion-
carrying isolates were identified on the basis of the altered electro-
phoretic mobility of the amplification products. The resulting strain
was named HF480 (hoxG� hypX�) (see summary in Table I).
Cell Growth—For lithoautotrophic growth, R. eutropha strains were

cultivated in minimal medium (37) under an atmosphere of H2, O2, and
CO2 as specified under “Results.” For the isolation of the SH,
R. eutropha strains were heterotrophically grown in fructose-glycerol
minimal medium (37) in a 50-liter BIOSTAT D fermentor (Braun,
Melsungen, Germany) at 30 °C under hydrogenase-derepressing condi-
tions. The cells were harvested at an OD436 of 11, washed with potas-
sium phosphate buffer (50 mM, pH 7.0), rapidly frozen in liquid nitro-
gen, and stored at �70 °C.
Purification of the SH—Cell-free extracts fromR. eutropha cells (45-g

wet weight) were prepared as described earlier (38). The SH was ob-
tained by fractionated (NH4)2SO4 precipitation (35–60% saturation)
followed by ion-exchange chromatography on a DEAE-Sephacel column
(20 � 180 mm, Whatman) as described in Ref. 39. The subsequent
protocol was modified as follows. Fractions with high NAD�-reducing
activity derived from the DEAE column were pooled and concentrated
by (NH4)2SO4 precipitation (60% saturation). Precipitated proteins
were resuspended in 3 ml of potassium phosphate buffer (200 mM, pH
7.0), and the sample was applied to a phenyl-Sepharose-6 fast-flow HP
column (35 � 100 mm, Amersham Biosciences). The column was
washed with potassium phosphate buffer (pH 7.0), two bed volumes of
200 mM and two volumes of 50 mM. The enzyme was eluted with three
volumes of 10 mM of the same buffer. Fractions of 6-ml were collected,
and the homogeneity of the SH in fractions with high NAD�-reducing
activity was further analyzed by SDS-PAGE with subsequent Coomas-
sie staining. Fractions with an appropriate homogeneity were combined
and concentrated by ultrafiltration (Centriprep 50, Millipore). The sam-
ple was rapidly frozen in liquid nitrogen and stored at �70 °C. In the
rest of the text, the SH purified from strain HF359 (hoxG�) is named
SH(HypX�), and the SH purified from strain HF480 (hoxG� hypX�) is
named SH(HypX�).
Activity Measurements—Routinely, hydrogenase activities and the

influence of O2 were measured at 30 °C in a 2.1-ml cell with a Clark
electrode (type YSI 5331) for the polarographic measurement of H2 (40).
For activity under aerobic conditions, the cell was filled with aerobic
buffer (50 mM Tris-HCl, pH 8.0), 5–10 �l of enzyme, and H2-saturated
water to a final H2 concentration of 36 �M. Subsequently, NADH (5 �M)
was added to activate the enzyme, followed by either benzyl viologen
(BV) (2.5 mM) or NAD� (5.0 mM). When anaerobic conditions were
required, all solutions were flushed with argon before use, and glucose
(50 mM) plus glucose oxidase (9 units/ml) were added to the reaction
medium 3 min before the NADH addition. This minimized interference
of oxygen.

To measure the CO sensitivity of the enzyme, activity was measured
spectroscopically at room temperature. The assay buffer (50 mM Tris-
HCl, pH 8.0) was flushed with H2 gas. To 2 ml of this buffer in a
septum-sealed cuvette, enzyme (�10 nM) was added plus a small

3 T. Burgdorf, S. Löscher, P. Liebisch, E. Van der Linden, M.
Galander, F. Lendzian, W. Meyer-Klaucke, S. P. J. Albracht, B.
Friedrich, H. Dau, and M. Haumann, unpublished observations.

FIG. 1. Comparison of the Ni-Fe active sites in standard hydro-
genases and in the SH. A, drawing of the active site in standard
[NiFe]-hydrogenases based on the crystal structure of the D. gigas
enzyme (PDB code 2frv, Ref. 15). B, model of the active site of the SH
from R. eutropha as proposed previously (26, 43).
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amount of NADH (5 �M) to activate the enzyme. Subsequently, 0.5 ml of
argon- or CO-flushed buffer was added, after which argon-flushed so-
lutions of either BV (4.2 mM, E0� � �359 mV) or the physiological redox
partner NAD� (1.0 mM) was supplied as electron acceptors. NADH
formation was measured with a Zeiss M4 QIII spectrophotometer, mon-
itoring the increase in absorption at 340 nm (� � 6.22 mM�1 cm�1).
Reduction of BV was monitored at 640 nm, rather than on its absorb-
ance maximum (� � 10,000 mM�1 cm�1 at 555 nm). Before use, H2 was
passed over a palladium catalyst (Degussa, Hanau, Germany; type
E236P), and argon was passed through an Oxisorb cartridge (Messer-
Griesheim, Düsseldorf, Germany) to remove residual O2.
Fourier-transform Infrared Spectra—Fourier-transform infrared

spectra were collected as before (23). A fitting of infrared spectra was
performed with a minimal set of Gaussian functions using GRAMS
software (Galactic Ind. Corp.).
Miscellaneous—Protein concentrations were determined according to

Bradford (41). The nickel and cyanide content of the preparations was
determined as described (23). The spin concentration calculated from
the EPR signal of the [2Fe-2S]1� cluster in reduced enzyme (1 bar H2 for
45 min at 30 °C) was used as a measure for the enzyme concentration
(42).

RESULTS

Effect of Deletion of hypX on Lithoautotrophic Growth—The
doubling time of R. eutropha H16 wild type under lithoautotro-
phic conditions is 3.8 h. The deletion of hypX led to a slight
increase in the doubling time to 4.4 h (32). To investigate
whether HypX is of physiological relevance to R. eutropha, and
more specifically to the functioning of the soluble hydrogenase,
we introduced a hypX deletion into a strain impaired in the
MBH genes. Cells of the resulting double mutant were grown
lithoautotrophically with CO2 as the carbon source and H2 as
the energy source, in the presence of either 5 or 15% O2. The
SH-supported growth was severely affected by the hypX muta-
tion in comparison to the HypX-containing control strain
(Fig. 2). Thus, growth of the SH-containing HypX-deletion mu-
tant was significantly delayed and only slowly started after a
long lag phase (40–60 h) depending on the oxygen-partial
pressure. The doubling time increased (Fig. 2) from 3.8 h in the
control strain to 53 h (5% O2) or 66 h (15% O2). Normal oxygen-
tolerant growth was restored by genetic complementation with
hypX (data not shown). These experiments demonstrated that
the absence of the HypX protein severely affects the physiolog-
ical function of the soluble [NiFe]-hydrogenase under aerobic
conditions.
Infrared Spectra of the SH Purified from the hypX-deletion

Mutant—To investigate the SH that is from the hypX deletion
strain in more detail, the SH was purified from cells of mutant
HF480 (SH(HypX�)) cultivated heterotrophically under hydro-
genase-derepressing conditions. Purified SH(HypX�) was used
as control in the following experiments.
Infrared spectra of the as-isolated enzyme preparations are

shown in Fig. 3I. As expected from previous studies (26, 43), the
oxidized SH(HypX�) enzyme (Fig. 3I, A) showed an intense
absorption band at 1956 cm�1 because of the stretching vibra-
tion of a CO coordinated to the active site iron. A reasonable fit
of the peaks in the cyanide region of the spectrum (2120–2050
cm�1) was obtained with four peaks at 2098 (18%), 2088 (28%),

2080 (32%), and 2070 (22%) cm�1. Because of the asymmetry of
the experimental band at 2080 cm�1, the fit improved by add-
ing a small band at 2077 cm�1, resulting in a fit with five peaks
at 2098 (18%), 2088 (30%), 2081 (20%), 2077 (12%), and 2070
(20%) cm�1.
The CN band at 2098 cm�1 of the oxidized SH(HypX�) was

absent in the spectrum of the SH(HypX�) mutant enzyme (Fig.
3I, B). A three-peak fit gave bands at 2087 (28%), 2081 (41%),
and 2070 (31%) cm�1. The asymmetry of the experimental
band at 2081 cm�1 was better reproduced by adding a small
fourth peak at 2077 cm�1, resulting in a fit with four peaks at
2087 (29%), 2081 (37%), 2077 (3%), and 2070 (31%) cm�1. The
positions and the relative intensities of these bands are very
similar to those present in spectra of the control (Fig. 3I, A),
except for the missing 2098 cm�1 band. Treatment of the en-
zyme preparation with oxidizing agents like oxygen or 2,6-
dichlorophenolindophenol did not alter this spectrum. A reduc-
tion of the SH(HypX�) during a redox titration did not result in
shifts of any of the bands (Fig. 3II), whereas in wild-type
enzyme the 2098 cm�1 band shifted to 2090 cm�1 at �316 mV,
and subsequently to 2051 cm�1 at �516 mV (not shown). Like-
wise, incubation under H2 in the presence of 10 �M NADH did
not induce any changes in the IR spectrum of SH(HypX�).
These properties are consistent with the conclusion that the
nickel-bound cyanide is missing in the SH purified from the
hypX-mutant cells.
A characteristic feature of standard [NiFe]-hydrogenases is

their sensitivity to CO. Carbon monoxide binds to nickel and
competes with H2 for binding at the active site (19, 44, 45). The
SH activity is not inhibited by CO (39, 46, 47). To see whether

FIG. 2. Lithoautotrophic growth of the hypX-deletion strain
under various oxygen-partial pressures. Shown are the SH-de-
pendent growth curves of the MBH� strain HF359 (circles) and the
MBH�, HypX� strain HF480 (squares). The gas phase (1 bar) contained
10% CO2 and 75% H2. The remaining 15% consisted of 10% N2 plus 5%
O2 (filled symbols) or of 15% O2 (open symbols).

TABLE I
Strains and plasmids

Strain or plasmid Relevant characteristics Source or reference

R. eutropha
H16 wild type, SH� MBH� HypX� DSM428, ATCC 17699
HF359 SH� MBH� HypX� (hoxG�) 36
HF480 SH� MBH� HypX� (hoxG� hypX�) This study

E. coli
S17–1 Tra� recA pro thi hsdR, chr:RP4–2 34

Plasmids
pLO2 Kmr, sacB, RP4 oriT, ColE1 ori 35
pCH630 1.3-kb NsiI fragment containing hypX� in pLO2 32
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the SH(HypX�) enzyme behaves differently, the hydrogen-re-
duced sample was incubated with 1 bar of CO for 30 min. No
differences in the infrared spectra were observed (data not
shown). The lack of an extra peak originating from added CO
indicates that it does not bind to the active site, neither in the
wild-type enzyme nor in the SH(HypX�) mutant enzyme. This
was in agreement with the lack of CO inhibition in activity
measurements (data not shown).
Chemical Determination of Cyanide—To determine whether

the lack of one absorption band assigned to the nickel-bound
CN group in the SH(HypX�) enzyme (Fig. 3I, B) correlates with
a decreased level of cyanide, the mutant SH was subjected to a
chemical analysis for cyanide (23). The SH(HypX�) enzyme
contained 2.9 cyanides/nickel (determined by atomic-absorp-
tion spectrometry). As controls the SH from R. eutropha H16
and the standard [NiFe]-hydrogenase from Allochromatium
vinosum were used, and those yielded values of 3.7 and 1.9
cyanides/nickel, respectively (26). This result with the
SH(HypX�) enzyme is in accordance with the spectroscopic
data and demonstrates that this mutant enzyme lacks the CN
bound to nickel.
Catalytic Properties of the SH(HypX�)—To examine whether

the modification of the nickel-iron active site affected the cat-
alytic properties of the mutant enzyme, the purified
SH(HypX�) was subjected to a number of enzymatic assays.
The results are summarized in Table II. Within error, the
NADH dehydrogenase activity (measured as the oxidation of
NADH by BV) of the SH(HypX�) was the same as that of the
wild-type SH. This activity is mediated by the HoxFU module
of the SH and is independent of the hydrogenase module
HoxHY (11).
We experienced that with purified preparations of the wild-

type SH the H2:acceptor oxidoreductase activities can be rather
variable, whereas the NADH-dehydrogenase activity varied
much less (e.g. see Refs. 12 and 26). Although the H2-oxidizing
activities of the SH(HypX�) mutant enzyme using either NAD�

or BV as electron acceptor and the NADH-dependent H2 pro-
duction activity were lower than those of the control enzyme
(Table II), the values were within the range observed for rou-
tine SH preparations. The Km for hydrogen was the same for
both enzymes. Thus, these catalytic properties were not seri-
ously affected, if at all, by the deletion of the hypX gene. These
data do not explain, however, why cells of the HypX� mutant
show a severely retarded growth with hydrogen in the presence
of oxygen (Fig. 2).
Effect of the hypX Mutation on the Oxygen Sensitivity of

Purified SH—To compare the oxygen tolerance of the

SH(HypX�) and the mutant SH(HypX�), amperometric H2-
uptake measurements were performed. First we inspected the
H2-dependent reduction of NAD� of aerobically isolated non-
activated SH samples (Fig. 4I). In aerobic buffer, the activity
trace of the SH(HypX�) showed a lag phase, reflecting the
process of the H2-dependent autocatalytic activation of the
enzyme due to increasing amounts of NADH produced by a
minor portion of active enzyme molecules. This autocatalytic
behavior is well known (39). The maximum activity was ob-
tained after �2 min (Fig. 4I, A). A completely different shape of
the activity trace was obtained with the SH(HypX�) (Fig. 4I,
B). Although the activity slightly increased during the first few
minutes, it subsequently became constant and decreased at
longer times. At that time, addition of NADH as a specific
reductant for the enzyme did not restore enzyme activity (data
not shown), indicating that the H2-oxidizing capacity of the SH
was irreversibly destroyed. Under anaerobic conditions, the
autocatalytic activation of the SH(HypX�) proceeded just like
that of the SH(HypX�) (Fig. 4I, C and D). Thus, the inhibitory
effect on the activity of SH(HypX�) in trace B was because of
the presence of oxygen in that specific assay.
To examine whether O2 affected the catalytic turnover or

only the autocatalytic activation process of SH(HypX�), a sec-
ond set of experiments was carried out in which the enzyme
was activated by a reduction with NADH prior to the start of
the reaction. Under these conditions, SH(HypX�) was as active
as SH(HypX�), and activities were independent of the presence
or absence of oxygen (Fig. 4II, A–D). Thus, at first glance, the
turnover activity of SH(HypX�) did not seem to be affected by
oxygen. The differences in behavior shown in Fig. 4, I and II are
explained as follows. In the absence of NADH at the start of the
reaction, NAD� can be reduced only by a very small portion of
the enzyme molecules that happen to be active. This results in
the formation of minute amounts of NADH, which in turn
activate other enzyme molecules. Any contaminating NADH in
the used NAD� will also facilitate this process. For the

TABLE II
Enzymatic activities of the purified SH enzymes

Activitya Wild-type SH SH(HypX�)

H2 oxidation (H2 3 NAD�) 104 units/mg 80 units/mg
H2 oxidation (H2 3 BV) 92 units/mg 71 units/mg
H2 production (NADH 3 H�) 8.0 units/mg 4.5 units/mg
NADH dehydrogenase (NADH 3 BV) 73 units/mg 68 units/mg
Km for hydrogen 10 �M 10 �M

a The various specific activities were determined with purified prep-
arations as described under “Experimental Procedures.”

FIG. 3. Infrared spectra of mutant enzyme and control. I, as-isolated oxidized SH(HypX�) (A) and as-isolated oxidized SH(HypX�) (B). II,
spectra recorded during an infrared spectroelectrochemical titration with a SH(HypX�) preparation (experimental conditions as in Ref. 22). A, 284
mV; B, �316 mV; C, �516 mV. Redox potentials are given versus the standard hydrogen electrode.
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SH(HypX�) the presence of oxygen hardly affected this auto-
catalytic activation (Fig. 4I, A and C). The SH(HypX�), how-
ever, apparently reacted with oxygen in a way that prevented
this activation and even resulted in the irreversible destruction
of the enzyme (Fig. 4I, B and D). When started in the presence
of 10 �M NADH (Fig. 4II), the NADH concentration will always
be three orders of magnitude greater than that of the enzyme
(present in nanomolar amounts). Any inactivation of the en-
zyme by oxygen will be counteracted by the specific reactiva-
tion by NADH. The H2 3 NAD� activity under aerobic condi-
tions was always � 20% lower than the activity under
anaerobic conditions. This is indicative of some inactivation
(and immediate re-activation by NADH) influencing the overall
activity, albeit to only a small extent.
A third set of experiments was conducted using the artificial

electron acceptor BV (Fig. 4III). Also in this case the enzyme
was activated by addition of 10 �M NADH just before the
addition of BV. The SH(HypX�) showed a high level of activity
under both aerobic and anaerobic conditions (Fig. 4III, A and
C). In contrast, the initial high activity observed for
SH(HypX�) in an aerobic buffer stopped within 1 min, although
plenty of H2 was still present (Fig. 4III, B). Activity could be
partially restored by the addition of NADH, but after �5 min,
reactivation with NADHwas no longer possible, indicating that
enzyme activity was irreversibly destroyed at that time point
(data not shown). Under anaerobic conditions the SH(HypX�)
was as active as the SH(HypX�), and no inactivation was
observed (Fig. 4III, D). This is explained as follows. Under
aerobic conditions the produced reduced BV is immediately
auto-oxidized by O2 and is therefore not available for enzyme
reduction and reactivation. In addition, the NADH dehydro-
genase module catalyzes the oxidation of NADH by BV. After
consumption of the NADH, the control enzyme remained active

(no inactivation by O2), but the SH(HypX�) stopped its action
because of its sensitivity toward O2 (Fig. 4III, B).

DISCUSSION

The Active Site of the SH(HypX�)—Based on the enzymatic,
infrared-spectroscopic, and chemical analyses results pre-
sented in this paper, we conclude that the active site of the
SH(HypX�) lacks the nickel-bound cyanide detected in the
SH(HypX�) (Fig. 1B). As a result, the enzyme becomes highly
sensitive to oxygen inactivation during turnover conditions in
the presence of low concentrations of NADH. When NADH is
present in excess to the enzyme concentration, the SH(HypX�)
is protected against this inactivation. The turnover capacity
under anaerobic conditions was not affected. The properties of
the SH(HypX�) are highly similar to those of an SH prepara-
tion where the nickel-bound cyanide was removed by prolonged
reduction of the SH under H2 (26). These findings are in agree-
ment with the earlier proposal that the nickel-bound cyanide
plus the third cyanide bound to iron protect the active site, by
steric hindrance, from an attack by oxygen under turnover
conditions (26, 43).
The active site in the intact SH is not completely protected

against O2. The as-isolated SH is inactive and requires a re-
ductive activation by NADH. It is hypothesized that the oxygen
species (Fig. 1B) is thereby removed so that H2 can bind to
nickel to become heterolytically split. When the reduced active
enzyme is reoxidized under anaerobic conditions it remains in
the active state in air (48). However, when reduced active SH is
reoxidized by air it is (reversibly) inactivated. Thus, the inac-
tivation of the SH by O2 occurs only when the enzyme contains
reducing equivalents (49, 50). This suggests that an oxygen-
reduction product (hydroxide or peroxide) may be bound to
nickel. The formation of some superoxide cannot be excluded.
We propose that the absence of the nickel-bound cyanide

greatly enhances the rate of reaction of the reduced SH(HypX�)
with oxygen, thereby rapidly converting the enzyme to the
inactive state. It is anticipated that the amount of superoxide
produced/time unit will also increase substantially and that
this will presumably result in the enhanced destruction of the
active site. This is how we explained the delay in the autocat-
alytic activation (Fig. 4I, B), the inactivation during the reac-
tion with BV (Fig. 4III, B), and, at longer times, the irreversible
loss of activity. The presence of excess NADH will counteract
this by the continuous reduction of the peroxide/superoxide
produced at the location of the active site.
Standard [NiFe]-hydrogenases contain two cyanides in their

active sites, both coordinated to the iron ion (Fig. 1A) and are
instantaneously (reversibly) inactivated when O2 or CO are
introduced during turnover (5). The properties of the
SH(HypX�) show that even in the absence of the nickel-bound
cyanide the active site is not reacting with external CO. It is
anticipated that the extra cyanide on iron in the SH active site
is mainly responsible for the protection against CO binding,
although the mechanism of this protection remains elusive.
Effect of the Absence of HypX on Lithoautotrophic Growth—

Fig. 2 shows that the deletion of the hypX gene nearly elimi-
nated the SH-dependent growth in the presence of 5% oxygen.
In view of the enzymatic, infrared-spectroscopic, and chemical
analyses of the SH(HypX�) described above, this effect can be
explained as follows. During growth on H2 and O2 the bacte-
rium is forced to use the SH for the acquisition of reducing
equivalents from H2. The enzyme converts these reducing
equivalents into NADH. Subsequently this is oxidized by
NADH:ubiquinone oxidoreductase, and the rest of the respira-
tory chain for the generation of a proton gradient. In addition,
the CO2-fixation process in autotrophically growing cells con-
sumes large amounts of NADH. This means that the steady-

FIG. 4. Effect of oxygen on the H2-oxidizing activity of the
SH(HypX�) and SH(HypX�). I, purified SH samples were assayed for
the H2-dependent reduction of NAD� under aerobic (traces A and B) or
anaerobic conditions (C and D). As-isolated oxidized SH(HypX�) (A and
C) or SH(HypX�) (B and D) were used in the assay. The order of
additions (aerobic conditions) was 2.1 ml of buffer (50 mM Tris-HCl, pH
8), FMN (2.5 �M), enzyme (7 nM), H2 (36 �M, as H2-saturated water),
and NAD� (5 mM). Under anaerobic conditions the order of additions
was 2.1 ml of buffer (50 mM Tris-HCl, pH 8), FMN (2.5 �M), enzyme (7
nM), glucose (50 mM), glucose oxidase (9 units/ml), and 3 min later H2
(36 �M, as H2-saturated water) and NAD� (5 mM). In the latter case all
solutions were flushed with argon. II, reactions were carried out as in I,
but now NADH (10 �M) was added just before the addition of NAD� (5
mM). III, H2-dependent reduction of BV by purified SH(HypX�) (A and
C) or SH(HypX�) (B and D) under aerobic (A and B) and anaerobic (C
and D) conditions. The sequence of additions was as in II, but BV (2.5
mM) was used instead of NAD�. The enzyme concentration was 17 nM.
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state concentration of NADH in lithoautotrophically growing
cells will be quite low. For the SH, these operating conditions
are comparable with those in Fig. 4I. The aerobic autocatalytic
activation of the intact SH already proceeds at very low NADH
concentrations. Although oxygen can slowly react with the
enzyme, the autocatalytic reductive activation of the enzyme
prevailed. However, the SH(HypX�) did not succeed in becom-
ing active under these conditions because of the enhanced
reaction with oxygen. The experiments also showed an irre-
versible inactivation of the enzyme at longer times (Fig. 4I, B).
The Function of the HypX Accessory Protein in the Biosyn-

thesis of the Active Site—Two conserved domains have been
identified within the HypX amino acid sequences, a N-terminal
N10-formyltetrahydrofolate-binding motif and an enoyl-CoA
hydratase/isomerase domain in the C-terminal region (31).
From these observations the authors suggested that HypX
might have a function in the synthesis of the diatomic ligands
CO and/or CN attached to the iron of the Ni-Fe active site. The
present study demonstrated that the biosynthesis of the
Fe(CN)3(CO) group in the SH was not affected by the deletion
of HypX but that the nickel-bound cyanide was specifically
missing. Hence we concluded that HypX is involved in the
synthesis and/or delivery of the nickel-bound cyanide of the SH in
a step, following the incorporation of both the Fe(CN)3(CO)group
and the Ni. This is consistent with the conserved N10-formyltetra-
hydrofolate-binding domain in HypX pointing to a functional role
as a potential C1-group donor. It is also consistent with the recent
finding that partial labeling of the nitrogen source (NH4Cl) in the
growth medium of R. eutropha with 15N was reflected in the iron-
bound cyanides, but not in the nickel-bound cyanide (26). This
points to different chemical sources for both types of cyanide. Fu-
ture experiments will address this question.
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The soluble [NiFe]-hydrogenase (SH) of the facultative lithoautotrophic proteobacterium Ralstonia eutropha
H16 has up to now been described as a heterotetrameric enzyme. The purified protein consists of two
functionally distinct heterodimeric moieties. The HoxHY dimer represents the hydrogenase module, and the
HoxFU dimer constitutes an NADH-dehydrogenase. In the bimodular form, the SH mediates reduction of
NAD� at the expense of H2. We have purified a new high-molecular-weight form of the SH which contains an
additional subunit. This extra subunit was identified as the product of hoxI, a member of the SH gene cluster
(hoxFUYHWI). Edman degradation, in combination with protein sequencing of the SH high-molecular-weight
complex, established a subunit stoichiometry of HoxFUYHI2. Cross-linking experiments indicated that the two
HoxI subunits are the closest neighbors. The stability of the hexameric SH depended on the pH and the ionic
strength of the buffer. The tetrameric form of the SH can be instantaneously activated with small amounts of
NADH but not with NADPH. The hexameric form, however, was also activated by adding small amounts of
NADPH. This suggests that HoxI provides a binding domain for NADPH. A specific reaction site for NADPH
adds to the list of similarities between the SH and mitochondrial NADH:ubiquinone oxidoreductase (Complex
I).

Hydrogenases (reaction H27H� � H�7 2H� � 2e�) are
the key enzymes in the H2 metabolism of many microorgan-
isms. All hydrogenases are metalloenzymes. Presently, three
main classes are known. Although these classes are phyloge-
netically unrelated (16, 76, 77), it is most amazing to note that
the active sites of hydrogenases have two properties in com-
mon: (i) all contain Fe and most contain Ni as well, and (ii) all
contain CO as ligand to Fe and most contain CN as ligand as
well. Most enzymes belong to the class of [NiFe]-hydrogenases,
which have a (CysS)2Ni(�-�O�)(�-CysS)2Fe(CN)2(CO) active
site in the aerobically isolated form (5, 6, 26, 50, 78, 79). Very
recent crystallographic studies indicated that the oxygen spe-
cies in the �O� bridge can be a di-oxo species (peroxide) or a
mono-oxy species (hydroxide) (A. Volbeda, personal commu-
nication). When the oxygen bridge is present, the enzymes are
inactive. Reduction with H2 removes this ligand and re-
places it with a hydride, resulting in active enzymes (11, 22,
64). The second class of hydrogenases, the [FeFe]-hydroge-
nases (previously called Fe-only or [Fe]-hydrogenases) con-
tain a (CN)(CO)(�O�)Fe(�-CO)(�-SRS)Fe(CysS)(CN)(CO)
group as the active site [R � NH(CH2-)2] (45, 46, 49, 51, 74).
Also, here, the �O� species is present only in the inactive state

of these enzymes. The [Fe]-hydrogenases form the third class
and contain a Fe(CO)2 group bound to an organic cofactor
(38, 39, 62). No crystal structure of a member of this class is
available yet.

The facultative chemolithoautotrophic proteobacterium
Ralstonia eutropha H16 (Table 1) (formerly Alcaligenes eutro-
phus H16 [18]) is able to use hydrogen as the sole energy
source in an oxic environment. Energy-yielding H2 oxidation in
this bacterium is catalyzed by two [NiFe]-hydrogenases: (i) a
membrane-bound enzyme (MBH) which is associated with the
respiratory chain via a b-type cytochrome and (ii) a cytoplasmic
enzyme (soluble [NiFe]-hydrogenase [SH]) which couples ox-
idation of H2 to the reduction of NAD�. The SH can also
mediate the reverse reaction, the production of H2 from
NADH, albeit at a low rate (7, 54, 58).

The SH of R. eutropha, which is the subject of this study, is
a member of the heteromultimeric [NiFe]-hydrogenases and
the first representative of the subgroup of bidirectional NAD-
linked hydrogenases to be isolated (58, 77). Related hydroge-
nases are present in Rhodococcus opacus (24, 56), in several
species of cyanobacteria (65), and in Thiocapsa roseopersicina
(53). The SH consists of four heterologous subunits forming
two functional modules: a hydrogenase dimer encoded by the
hoxH and hoxY genes and an NADH-dehydrogenase dimer
encoded by hoxF and hoxU. The latter moiety provides the
NAD�-binding site and harbors several Fe-S clusters in addi-
tion to one flavin mononucleotide (FMN) cofactor (called

* Corresponding author. Mailing address: Bärbel Friedrich, Institut
für Biologie/Mikrobiologie, Humboldt-Universität zu Berlin, Chaus-
seestrasse 117, D-10115 Berlin, Germany. Phone: 49-30-20938100.
Fax: 49-30-20938102. E-mail: baerbel.friedrich@rz.hu-berlin.de.
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FMN-b [41, 69, 72]). The HoxH subunit of the SH contains six
conserved motifs, which are typical of [NiFe] hydrogenases.
The amino acids identified as conserved signatures, among
which are two pairs of cysteines, surround the Ni-Fe active site
(15, 40). The HoxY subunit of the SH is a truncated version of
the small subunit of standard [NiFe]-hydrogenases and pre-
sumably accommodates only the proximal [4Fe-4S] cluster.
Recently, a second FMN (called FMN-a) was identified in the
SH (72). It was postulated that the hydride formed upon H2

cleavage at the Ni-Fe site is transferred to FMN-a, from where
the electrons proceed via the Fe-S clusters to FMN-b and
finally to NAD�.

In addition to the four hox genes mentioned above, the SH
operon contains two additional genes, hoxW and hoxI, down-
stream of the hoxF, hoxU, hoxY, and hoxH genes. The hoxW
gene encodes an SH-specific endopeptidase that removes 24
amino acids from the C-terminal end of the HoxH precursor
prior to subunit assembly. The role of hoxI (formerly desig-
nated orf2) has up to now been elusive (67).

In this study, we have investigated the relationship between
HoxI and the SH. We demonstrate that HoxI is identical with
the so-called B protein which has been shown to be coex-
pressed with the SH at high levels (30). HoxI harbors a putative
cyclic nucleotide-binding site in its central domain. The routine
purification procedure used in this field since 1983 (57) has
focused on the isolation of an enzyme which displays H2-

NAD� activity, finally yielding a heterotetrameric SH. We
have modified the purification protocol and characterized the
enzyme as a hexameric [NiFe] hydrogenase. Whereas rapid
activation of the tetrameric SH is achieved only with NADH
but not with NADPH, the hexameric SH is activated by addi-
tion of both forms of the nucleotide. This suggests that HoxI
provides a specific binding domain for NADPH.

MATERIALS AND METHODS

Strains and plasmids. The strains and plasmids used are listed in Table 1.
Strains with the initials HF were derived from R. eutropha H16 (ATCC 17699)
harboring the endogenous megaplasmid pHG1. Escherichia coli JM109 (82) and
XL1-Blue (13) were used for standard cloning procedures. For conjugative
transfer, E. coli S17-1 served as donor strain (63).

Recombinant DNA techniques. The 8-amino-acid peptide Strep-tag II (WSH
PQFEK [33]) specifically interacts with an immobilized variant of streptavidin
called StrepTactin allowing the one-step purification of proteins under mild
conditions. The Strep-tag II sequence was fused to the N terminus of the HoxF
and HoxI proteins. To construct a Strep-tag-II-HoxI fusion protein, plasmid
pCH234 was amplified by inverse PCR with Pfx polymerase (Invitrogen, Carls-
bad, California) using the forward primer 5�-ATGGCTAGCTGGAGCCACCC
GCAGTTCGAAAAAGGCGCCAAAGAGCAGGAAATCGCAGGATCGCA
ACGATGATC-3� and the reverse primer 5�-CTAGCTAGCCATCGCGTTCT
CCTTCTAACTG-3�. The forward primer contained the Strep-tag II sequence
and a 2-amino acid spacer at both ends (NH2-AS, GA-COOH [33]). The 1.4-kb
PCR product was digested with NheI (this site was introduced via the N-terminal
spacer) and religated. A 937-bp SacII-EcoRI fragment was then isolated and
cloned into SacII-EcoRI-digested pCH234, resulting in plasmid pCH1084. The
1.4-kb KpnI fragment of pGE15 was replaced with the appropriate fragment of

TABLE 1. Strains and plasmids

Strain or plasmid Relevant characteristics Source or reference

Ralstonia eutropha
H16 SH�MBH� DSM 428, ATCC 17699
HF160 SH�MBH�HoxI� hoxF::Tn5 35, 47
HF412 SH�MBH�hoxI� 67
HF424 SH�MBH� hoxFUYHW� hoxG� 41

Escherichia coli
S17-1 Tra� recA pro thi hsdR chr::RP4-2 63
JM109 F� traD36 lacIq, �(lacZ)M15 proA�B�/e14� (McrA�) �(lac-proAB) thi

gyrA96 (Nalr) endA1 hsdR17(rK
�mK

�) relA1 supE44 recA1
82

XL1-Blue recA thi hsdR1 supE44 relA1 lac(F� proAB lacq lacZ�M15 Tn10[Tet]) 13

Plasmids
pEDY309 Tcr RK2 ori Mob�; promoterless lacZ gene 31
pVK101 Kmr Tcr RP4ori 37
pCH234 1.3-kb KpnI fragment of pGE15 in pTZ18R 67
pCH291 2.9-kb HindIII-BamHI fragment of pGE15 in pTZ18R A. Tran-Betcke and B. Friedrich
pCH455 15-kb HindIII of pGE15 in pBlueKS� 41
pCH552 hoxHY� in pCH455 41
pCH781 0.9-kb XhoI fragment of pCH234 This study
pCH1084 Derivative of pCH234 with a 937-bp SacII-EcoRI PCR product

containing the Strep-tag II sequence at the 5� end of hoxI
This study

pCH1085 Derivative of pCH291 with a 818-bp HindIII-NcoI PCR product
containing the Strep-tag II sequence at the 5� end of hoxF

This study

pCH1086 11.8-kb BamHI fragment of pCH455 in pCH1085 This study
pCH1087 10.6-kb BamHI fragment of pCH552 in pCH1085 This study
pGE15 14.6-kb HindIII fragment of pHG1 in pVK101 69
pGE151 Derivative of pRK404 34
pGE346 SH�MBH� hoxFU� 41
pGE371 SH�MBH� hoxYH� 41
pGE436 0.9-kb KpnI-HindIII fragment of pCH781 in pGE151 This study
pGE549 Derivative of pGE15 containing the 1.4-kb KpnI fragment of pCH1084 This study
pGE550 Derivative of pGE371 containing the 1.4-kb KpnI fragment of pCH1084 This study
pGE551 Derivative of pGE346 containing the 1.4-kb KpnI fragment of pCH1084 This study
pGE552 14.6-kb HindIII fragment of pCH1086 in pEDY309 This study
pGE553 13.4-kb HindIII fragment of pCH1087 in pVK101 This study
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pCH1084. Plasmid pGE549 was transferred from E. coli S17-1 to R. eutropha
HF160 by agar-spot mating (19). Due to a Tn5 insertion, HF160 is SH� and
HoxI� (47). The 1.4-kb KpnI fragment with the Strep-tag II sequence was also
introduced into pGE371 (HoxYH�) and pGE346 (HoxFU�), yielding plasmids
pGE550 and pGE551, respectively.

Inverse PCR was used to introduce the Strep-tag II sequence into pCH291
harboring hoxF (forward primer, 5�-ATGGCTAGCTGGAGCCACCCGCAGT
TCGAAAAAGGCGCCGATAGTCGTATCACGACAATACTCGAGCGCTA
CCGC-3�; reverse primer, 5�-TACGCTAGCCATGTTGTCTCCTCCTTACTA-
3�). The 2.8-kb PCR product was digested with NheI and ligated. An 818-bp
HindIII-NcoI fragment was isolated and used to replace the unmodified frag-
ment of pCH291, resulting in plasmid pCH1085. Plasmid pCH1086 was obtained
after cloning an 11.8-kb BamHI fragment of pCH455 into BamHI-digested
pCH1085. A 14.6-kb HindIII fragment of pCH1086 was ligated with pEDY309
(HindIII) to give plasmid pGE552. To produce the Strep-tagged HoxF derivative
in a HoxHY� background, the 10.6-kb BamHI hoxYH� fragment of pCH552 was
cloned into pCH1085. The 13.4-kb HindIII fragment of the resulting plasmid
pCH1087 was ligated with pVK101 (yielding pGE553). The HoxF derivatives
were introduced into HF424 (SH�MBH�) or HF160 (SH�HoxI�).

Cell growth and preparation of soluble extracts for immunoblot analysis.
Escherichia coli strains were cultivated in Luria-Bertani medium (43). For iso-
lation of the SH, R. eutropha cells were heterotrophically grown in fructose-
glycerol minimal medium (FGN medium [60]) in a Biostat D fermentor (Braun,
Melsungen, Germany) at a 50-l scale at 30°C under hydrogenase-derepressing
conditions. Cells were harvested at an optical density at 436 nm of 9 to 11, rapidly
frozen in liquid nitrogen, and stored at �30°C. The Strep-tagged SH derivatives
were cultivated in 200 ml FGN medium in 1-liter baffled Erlenmeyer flasks and
were harvested after 48 h at an optical density at 436 nm of 10 to 12.

Soluble extracts for immunoblot analysis were prepared from 50-ml FGN
cultures. The cell pellets were washed once and resuspended into 2 ml 50 mM
potassium phosphate (KPi) buffer (pH 7.0). After two passages through a chilled
French pressure cell at 6.2 MPa, the crude extracts were subjected to ultracen-
trifugation for 30 min at 100,000 � g. Proteins were separated by electrophoresis
in sodium dodecyl sulfate (SDS)–12.5% or 15% polyacrylamide gels and trans-
ferred to nitrocellulose membranes (Biotrace NT; Pall, Michigan) according to a
standard protocol (68). Protein standards were purchased from Invitrogen or
New England Biolabs (Beverly, Massachussetts). Protein concentrations were
determined by the method of Bradford (10).

Purification procedures. The tetrameric SH was routinely purified at 4°C
according to a standard protocol (20) but omitting the cethyltrimethyl-ammoni-
umbromide treatment. The enzyme was dissolved in 50 mM Tris-HCl (pH 8.0)
and stored in liquid nitrogen.

The alternative procedure for SH purification was as follows. Cells (60 g [wet
weight]) were washed with 50 mM KPi buffer (pH 7) and resuspended in 40 ml
of the same buffer containing DNaseI and 0.1 mM phenylmethylsulfonyl fluoride.
After two passages through a chilled French pressure cell at 7.6 MPa, cell debris
and membrane fraction were removed by ultracentrifugation at 100,000 � g twice
for 30 min. The supernatant was brought to a 30% ammonium sulfate saturation
and centrifuged at 10,000 � g for 20 min. Enzyme was precipitated by 60%
ammonium sulfate saturation. After centrifugation, the pellet was dissolved in 30
ml 50 mM KPi buffer, pH 7. The protein solution was dialyzed twice for 2 h
against 2 liters of fresh buffer containing 0.05 mM phenylmethylsulfonyl fluoride.
The dialyzed extract was applied to a DEAE Sephacel column (350 ml; Amer-
sham Biosciences, Uppsala, Sweden). After washing with one column volume of
50 mM KPi buffer (pH 7), a linear gradient of 3.5 column volumes of 0 to 300
mM potassium chloride (in KPi buffer) was applied. Fractions containing SH
were combined, concentrated by ammonium sulfate precipitation, dialyzed
against 50 mM KPi buffer (pH 7), and subjected to gel filtration (Superdex 200;
Amersham Biosciences). This purification resulted in the hexameric SH (see
Results). To convert the hexameric SH into the tetrameric form, a second gel
filtration column was run in 50 mM Tris-HCl buffer (pH 8). Isolation of tet-
rameric SH was also achieved by using a hydrophobic-interaction column instead
of gel filtration. Fractions after DEAE were precipitated with 60% ammonium
sulfate, redissolved in 200 mM KPi buffer, and applied to a phenyl Sepharose
column (Phenyl Sepharose 6 Fast Flow, 100 ml; Amersham Biosciences). After
two washing steps with 200 and 50 mM KPi buffer, pH 7, the enzyme was eluted
using a linear gradient ranging from 10 to 0 mM KPi buffer (three column
volumes). SH-containing fractions were immediately dialyzed against fresh 50
mM KPi buffer (pH 7). For affinity chromatography, the cells were resuspended
in 2 ml 50 mM KPi buffer (pH 7) or 100 mM Tris-HCl with 150 mM NaCl (pH
8.0) containing DNaseI. After two passages through a chilled French pressure
cell at 6.2 MPa, the suspension was centrifuged at 100,000 � g for 30 min. The
soluble extract was applied to a 1-ml Streptactin Superflow column (IBA, Göt-

tingen, Germany), washed six times with 500 �l resuspension buffer, and eluted
with the same buffer containing 5 mM desthiobiotin (six times with 500 �l).
Afterward, the column was washed and regenerated according to the manufac-
turer’s manual.

Activity assays and activation procedures. NAD(P)H oxidation with
K3Fe(CN)6 as electron acceptor was measured aerobically at room temperature
in a 1-ml cuvette. The absorption decrease at 420 nm was monitored using a
Varian Cary 50 UV-visible spectrophotometer [ε � 1 mM�1 cm�1 for
K3Fe(CN)6]. The reaction mixture contained 1.25 mM NAD(P)H and enzyme
(17 to 100 nM) in 50 mM Tris-HCl buffer (pH 8.0). The reaction was started by
the addition of 1 mM K3Fe(CN)6. Corrections were made for the slow direct
reduction of K3Fe(CN)6 by NAD(P)H. The oxidation of H2 in 50 mM Tris-HCl
buffer (pH 8.0) with benzyl viologen (BV), NAD(P)�, or K3Fe(CN)6 as electron
acceptors was measured amperometrically at 30°C in a cell (2.15 ml) equipped
with a Clark-type electrode (YSI 5331) (17). Enzyme (17 to 100 nM) and H2 (36
�M to 90 �M), in the form of H2-satured water, were added. The enzyme was
activated with 5 �M NADH before the reaction was started by the addition of 2.5
mM BV, 5 mM NAD(P)�, or 2 mM K3Fe(CN)6.

To study the activation of the enzyme by NAD(P)H, either NADH (5 �M) or
varying concentrations of NADPH were added; NAD� or K3Fe(CN)6 was used
as an acceptor. The NAD(P)H oxidation with K3Fe(CN)6 as electron acceptor
was also performed anaerobically. In this case, all solutions were flushed with Ar,
and glucose (50 mM) plus glucose oxidase (1.5 mg/ml) was added to remove
traces of oxygen. Three minutes later, enzyme, NAD(P)H, H2, and K3Fe(CN)6
were added, in that order. All specific activities were based on Bradford protein
determinations (10).

Cross-linking reaction. The concentration of the SH in the cross-linking re-
actions was adjusted to 1 mg/ml in 20 mM sodium phosphate buffer (pH 8.0).
Cross-linker bis-sulfosuccinimidylsuberate (BS3) was used at a concentration of
0.5 mM. The cross-linking reaction was performed at room temperature for 30
min. The cross-linked protein was analyzed by SDS–10% polyacrylamide gel
electrophoresis (PAGE) (36). Cross-linked bands were cut out and subjected to
mass spectrometric analysis.

Mass spectrometry, Edman degradation, and protein identification. For ma-
trix-assisted laser desorption ionization (MALDI) analysis, protein-containing
gel slices were S-alkylated, digested with trypsin (Roche, Basel, Switzerland), and
extracted according to the protocol of Shevchenko et al. (61). Peptides were
collected and desalted on ZipTip �C18 pipette tips (Millipore, Bedford, MA)
according to the manufacturer’s instructions and eluted into 10 �l 60% aceto-
nitrile–0.1% HCOOH. A sample (0.5 �l) of the resultant eluate was mixed (1:1,
vol/vol) with 10 mg/ml cyanohydroxycinnaminic acid and spotted onto MALDI
target plates. Reflectron MALDI-time of flight (TOF) spectra were acquired on
a TOFSPEC 2E-C mass spectrometer (Micromass, Wythenshawe, United King-
dom) and used to query the ABCC nonredundant protein database (release
01042001). Determination of the subunit stoichiometry was performed with the
aid of a Procise 494A protein sequencer (Applied Biosystems, Foster City, CA).
Ten cycles of automated Edman degradation of the intact enzyme preparation
were performed, and peak heights of the separated PTH amino acids were used
for quantification of the relative protein amounts.

RESULTS

Identification of HoxI as a product of the SH-specific gene
cluster. An in-frame deletion in hoxI had, at first glance, no
detectable effect on the SH activity (67). However, a major
protein species usually coexpressed with the R. eutropha SH
was missing in SDS-PAGE gels (S. Thiemermann and B.
Friedrich, unpublished data). Earlier studies by Kärst et al.
(30) showed that several proteins are specifically synthesized
under hydrogenase-derepressing conditions in R. eutropha
H16. One of them, a 19-kDa species called the B protein, had
been purified. As the hoxI gene encodes a protein of similar
size (18.6 kDa), we reinvestigated the genetic origin of the B
protein. An immunoblot using an antibody against the B pro-
tein revealed the absence of this protein in the hoxI deletion
mutant HF412. Genetic complementation with pGE436 con-
taining the hoxI gene cloned in the broad-host-range vector
pGE151 restored the B-protein-specific signal (Fig. 1). This
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result unambiguously identified the B protein as the product of
the hoxI gene.
HoxI copurifies with the SH. The fact that the B protein

coeluted with the SH on different chromatographic media (30)
prompted us to reinvestigate the purification conditions. After
anion exchange chromatography on DEAE, a 19-kDa protein
coeluted with the SH. This complex could be further purified
by gel filtration in 50 mM KPi buffer (pH 7.0) (Fig. 2A, lane 1).
The fast moving band corresponded to the HoxI protein, as

identified by immunological analysis (Fig. 2B, lane 1). A sec-
ond gel filtration step in 50 mM Tris-HCl (pH 8) led to the
isolation of the heterotetrameric SH (Fig. 2A, lane 2) and the
release of HoxI (Fig. 2A, lane 3, and B, lane 2). Pure SH
tetramer was also obtained after hydrophobic interaction on
phenyl Sepharose or affinity chromatography on Procion-Red.
The latter method has routinely been used for SH purification,
since an improved yield and specific activity were reported
(57).

Thus, careful analysis revealed that HoxI copurified with the
SH only under certain purification conditions. The stability of
the HoxI-containing enzyme complex strongly depended on
both the ionic strength and the pH of the buffer (Table 2).
HoxI could be maintained only in a complex with the SH with
50 mM KPi buffer between pH 6 and 7. At higher or lower
ionic strength or at an alkaline pH, HoxI was released from the
complex.
Protein composition of the SH high-molecular-weight com-

plex. To firmly establish that the extra subunit was indeed
HoxI, the 19-kDa band (Fig. 3, lane 1) was cut out of the gel
and digested with trypsin. A mass fingerprint of the eluted
peptide was obtained with MALDI-TOF as described in the
Materials and Methods section. The resultant spectrum (Fig.
4A) was used to search the nonredundant database. In this
way, the extra band was unequivocallly identified as HoxI. The
18 peptides marked with asterisks represent 71% of the amino
acid sequence of HoxI.

To establish the subunit stoichiometry of the complex, the
as-isolated SH high-molecular-weight preparation was sub-

FIG. 1. The B protein is the product of hoxI. Soluble extracts (15
�g) from wild-type H16 (pGE151) (lane 1), the HoxI� mutant HF412
(pGE151) (lane 2), and the HoxI� transconjugant HF412 (pGE436)
(lane 3) were subjected to SDS-PAGE separation and blotted against
an antibody that had been raised against the B protein. The vector
pGE151 was used as a control. The signal corresponding to the HoxI
protein is indicated by an arrowhead.

FIG. 2. Purification of the SH and release of HoxI. (A) The Coo-
massie blue-stained SDS–12.5% PAGE gel shows the SH subunits
HoxF, HoxH, HoxU, and HoxY and the accessory protein HoxI. Pu-
rified proteins (5 �g) were applied to each lane. Enzyme after anionic-
exchange chromatography and gel filtration in 50 mM KPi buffer (pH
7) is shown in lane 1. After purification, the enzyme was subjected to
additional gel filtration in 50 mM Tris-HCl (pH 8.0). Two protein
peaks were observed: the high-molecular-mass peak contained tet-
rameric SH (lane 2), and the low-molecular-mass peak contained the
accessory protein HoxI (lane 3). (B) The SH-HoxI complex after gel
filtration at pH 7 (see panel A, lane 1) and the HoxI fraction after
dissociation of the complex during additional gel filtration in 50 mM
Tris-HCl buffer at pH 8 (Fig. 2A, lane 3) were subjected to immuno-
blot analysis using the Anti-HoxI antibody. Purified proteins (5 �g)
were applied to each lane. Lane 1, SH-HoxI complex; lane 2, purified
HoxI.

FIG. 3. Proximity of the two HoxI subunits as detected by cross-
linking. SDS-PAGE of the as-isolated (lane 1) and cross-linked SH-
HoxI complex (lane 2). Upon incubation with the cross-linker BS3, a
new band (marked with asterisks) appeared, corresponding to an ap-
parent molecular mass of 38 kDa.

TABLE 2. Stability of the SH-HoxI complex in different
buffer systems

Buffer pH SH-HoxI complex

50 mM KPi 7.0 �
200 mM KPi 7.0 �
50 mM KPi 6.2 �
50 mM KPi 8.0 �
50 mM Tris-HCl 8.0 �
50 mM Tris-HCl 7.2 �
200 mM Tris-HNO3 7.4 �
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jected to 10 cycles of Edman degradation (Table 3). All sub-
units had unblocked amino termini and could be sequenced.
Simultaneous quantification of the five different sequences was
slightly complicated by the fact that in some cycles, two or
more subunits had the same amino acid (e.g., both HoxH and
HoxY have an arginine at position 2). Nevertheless, the unique
amino acids in four cycles (3, 4, 5, and 8) enabled us to estab-
lish a clear ratio of subunits: one copy each of HoxH, -Y, -F,
and -U and two copies of HoxI. The proline present at position
4 of HoxY decreased the sequencing yield and therefore led to
an underestimation of the HoxY content. These results clearly
indicate that the SH is in fact a hexamer containing two HoxI
subunits.

To further investigate the spatial relationship between the
HoxI subunits, cross-links were introduced into the SH with
the bifunctional lysine-reactive cross-linker BS3. Analysis of
the BS3 cross-linked SH on SDS-PAGE gels revealed the

formation of an additional weak protein band migrating with
an apparent molecular mass of about 38 kDa (Fig. 3, lane 2).
The MALDI-TOF spectrum of the tryptic digest of the 38-kDa
band proved to be identical to that of the HoxI subunit (Fig.
4B). This demonstrates that the two HoxI subunits in the SH
are in close proximity.
Enzymatic and infrared-spectroscopic characterization of

the hexameric SH. The tetrameric SH consists of two cooper-
ating enzymatic modules (58, 41). Aside from the overall re-
action, the H2-dependent reduction of NAD�, several module-
specific enzymatic activities can be measured, e.g., the H2-
dependent reduction of BV or K3Fe(CN)6 and the oxidation of
NAD(P)H with K3Fe(CN)6 as electron acceptor. Table 4 gives
an overview of these activities for both the tetrameric and the
hexameric SH. All assays were carried out in 50 mM Tris-HCl
buffer (pH 8) since SH activities are maximal under these
conditions (58). The SH-HoxI complex dissociated after pro-

FIG. 4. MALDI-TOF spectra from tryptic digests of HoxI. (A) Spectrum of the 19-kDa protein band from untreated SH-HoxI complex (Fig.
3, lane 1). (B) Spectrum of the 38-kDa band (Fig. 3, lane 2) obtained after BS3 cross-linking. Peptides marked with asterisks are derived from HoxI.
Peaks marked with circles are tryptic autolysis products

TABLE 3. Yields of Edman degradation of the untreated hexameric SH

Cycle

HoxF HoxH HoxU HoxY HoxI

aaa pmolb Relative
amtc aa pmol Relative

amt aa pmol Relative
amt aa pmol Relative

amt aa pmol Relative
amt

3 S 2.29 1 K 3.01 1.31 Q 3.9 1.70 A 3.74 1.63 E 6.99 3.05
4 R 3.37 1 L 3.25 0.96 I 3.17 0.94 P 2.27 0.67 Q 6.91 2.05
5 I 3.42 1 V 3.19 0.93 T 2.68 0.78 H 1.55 0.45 E 5.82 1.70
8 I 3.62 1 P 2.44 0.67 G 4.8 1.32 E 2.6 0.72 R 6.22 1.72

Mean 1 0.97 1.19 0.87 2.13

a aa, amino acid present at that position.
b Amount normalized against the standard PTH mixture, not corrected for the sequencing yield.
c Relative amount of that amino acid normalized against the amino acid of HoxF at the same position.
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longed incubation at pH 8 but remained stable during the
activity measurements. To compensate for the difference in
molecular mass, turnover numbers were calculated as well.
Since the specific activities of routine preparations can vary
over a relatively wide range, the differences in turnover num-
ber observed for the two forms of the SH are not really signif-
icant. Remarkably, the hexameric SH showed a low but clearly
detectable NADPH-K3Fe(CN)6 activity (0.6 U/mg), whereas
the tetrameric form did not. Hydrogen oxidation with NADP�

as electron acceptor was absent in both preparations. More-
over, no H2 production from NADPH could be detected
whereas both forms coupled the oxidation of NADH to proton
reduction (data not shown).

The infrared spectra of the tetrameric and hexameric forms
of the SH showed peaks at identical positions in the 2150 to
1850 cm�1 spectral region (data not shown) indicating the
presence of four CN� and one CO at the Ni-Fe active site, as
it was described previously for the tetrameric SH (25, 73).
The hexameric SH shows a different activation behavior.

Like many [NiFe]-hydrogenases, the aerobically purified SH is
inactive and requires a reductive treatment for activation. The
removal of an oxygen species from the active site by a reductive
treatment may be a prerequisite for catalytic activity of hydro-
genases in general (23, 25, 44). In the case of the SH, a catalytic
amount of NADH (5 �M) is sufficient to obtain rapid activa-
tion. In an earlier publication, Schneider and Schlegel (58)
described that NADPH (50 �M) could also activate the en-
zyme. In order to clarify this point, we studied activation by
NADH and NADPH for both the tetrameric and the hexam-
eric SH by monitoring H2-dependent NAD� reduction. Both
forms could easily be activated by small amounts of NADH (2
to 3 �M) in the presence of H2. When using NADPH, how-
ever, a clear difference was apparent (Fig. 5).

Without prior activation with NADH, the tetrameric enzyme
started with a significant lag phase after the addition of excess
NAD� (Fig. 5B). This behavior was not altered when 100 �M
NADPH was present (Fig. 5A). Without prior activation, the
hexameric enzyme also showed a lag phase (Fig. 5C), but when
NADPH was present, it immediately started to consume hy-
drogen after the addition of excess NAD� (Fig. 5D). We found
that addition of 25 �M was sufficient to fully activate the
hexameric SH. In sharp contrast to this, the tetrameric form
could be activated only by NADPH at a concentration 3 orders
of magnitude higher (40 mM) (data not shown).

Similar results were obtained using K3Fe(CN)6 as electron
acceptor. When NADPH (100 �M) was used to activate the
tetrameric SH, no activity was observed within 30 min (data
not shown). For the hexameric SH, NADPH caused an imme-
diate hydrogen consumption after the addition of K3Fe(CN)6.
Unexpectedly, the reaction came to a halt before the hydrogen
was completely used up (25 �M H2 remained in the experi-
ment shown in Fig. 5E). The extent of hydrogen consumption
was dependent on the amount of NADPH; the more NADPH
that was added, the longer the reaction proceeded. Under
anaerobic conditions, H2 was completely consumed (data not
shown), indicating that NADPH was consumed and subse-
quently that the enzyme was inactivated by oxygen (Fig. 5E).
When NADH (5 �M) was used instead of NADPH, hydrogen
was completely consumed (aerobically or anaerobically). The
difference can be explained by the fact that NADH, in contrast
to NADPH, can be regenerated via the H2-NAD� reaction.

HoxI is associated with the NADH-dehydrogenase moiety of
the SH. The cross-linking experiments indicated that the two
HoxI subunits are in close proximity. To investigate the local-
ization of the HoxI dimer within the hexameric complex, we
used an affinity-chromatography-based approach. A Strep-tag
II sequence (33) was fused to the N terminus of the HoxI
protein. This construct, designated HoxIStrep, allowed a one-
step affinity purification of the hexameric SH (Fig. 6, lane 1).
The modified complex behaved like the nonmodified form
(data not shown). Moreover HoxIStrep was released under the
same conditions as HoxI from the native complex. Thus, only
one additional washing step with 50 mM Tris-HCl (pH 8.0) was
required to obtain the purified tetrameric SH (Fig. 6, lane 3),
followed by elution of HoxI (Fig. 6, lane 4).

Likewise, a second construct containing the Strep-tagII at
the N terminus of HoxF, the large subunit of the NADH-
dehydrogenase module, was successfully used for the isolation
of either the hexameric (Fig. 6, lane 2) or the tetrameric form
(results not shown) of the SH. These results indicate that the

FIG. 5. The effect of NADPH on the H2-NAD� activity of the
tetrameric and hexameric forms of the SH. The reaction cell was filled
with aerobic 50 mM Tris-HCl buffer (pH 8.0). Enzyme (28.5 nM),
NADPH (100 �M) (A, D, and E), and hydrogen (36 �M) were added
in that order. The reaction was started (arrow) by the addition of 5 mM
NAD� (A through D) or 2.5 mM of K3Fe(CN)6 (E). (A) Tetrameric
SH with NADPH; (B) tetrameric enzyme (control); (C) hexameric SH
(control); (D) hexameric SH with NADPH; (E) hexameric SH with
NADPH [H2-K3Fe(CN)6 assay].

TABLE 4. Enzymatic activities of the purified tetrameric and
hexameric SH

Activity assay
sp act (U/mg) Turnover no. (s�1)

Tetramer Hexamer Tetramer Hexamer

NADH-K3Fe(CN)6 61.6a 64.9a 171 222
NADPH-K3Fe(CN)6 NDc 0.6b 2
H2-BV 25.2 35.1 70 120
H2-NAD� 39.0 41.9 109 143
H2-K3Fe(CN)6 102.1 108.8 284 372
H2-NADP� NDc NDc

a Both tetrameric and hexameric SH exhibited NADH-H� activity (around 1
% of the H2-NAD� activity).

b No NADPH-H� activity could be detected.
c ND, no activity could be determined.
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N termini of HoxF and HoxI are probably not involved in
complex formation within the enzyme.

In order to determine if HoxI forms a complex with one of
the distinct functional modules, the Strep-tagged derivatives
were introduced into different SH deletion mutants. Deletion
of the hydrogenase moiety HoxHY resulted in a HoxFUI com-
plex that could be isolated either with the N-terminally tagged
HoxF or the HoxI protein (Fig. 7). Deleting the NADH-dehy-
drogenase part HoxFU, however, prevented complex forma-
tion. HoxI did not copurify with the hydrogenase dimer. These
results indicate that HoxI interacts primarily with the HoxFU
module of this hydrogenase.

DISCUSSION

The SH from lithoautotrophic bacteria was up to now con-
sidered a heterotetrameric enzyme consisting of the hydroge-
nase moiety HoxHY and the NADH-dehydrogenase module
HoxFU. Our results show that the enzyme can be purified as a
well-defined, functional heterohexameric protein, Hox-
FUYHI2, provided that 50 mM KPi (pH 7.0) is used through-
out the purification and no hydrophobic interaction or affinity
chromatography steps are used. The HoxI subunits are evi-
dently removed during the routinely used purification proce-
dure involving affinity chromatography on Procion Red (57).
Stability of the purified hexamer was dependent on ionic
strength and pH. The hexameric enzyme was stable in 50 mM
KPi at pH 7.0. At a higher ionic strength or alkaline pH
dissociation occurred, releasing the HoxI subunits. In crude
fractions, the enzyme could apparently withstand the very
high-ionic-strength conditions during the (NH4)2SO4 fraction-
ation. The hexameric form of the SH is the first multimeric
enzyme of this type to be described.
Catalytic properties of the hexameric SH. The SH has a

number of catalytic properties that are different from those
described for the standard [NiFe]-hydrogenases. Although it
requires reductive activation, the active enzyme is not sensitive
to oxygen or carbon monoxide. Infrared spectroscopic studies,
chemical analyses, and recent X-ray absorption studies suggest
that the inactive SH has a (CysSO)2(CN)(OOH)Ni(�-
CysS)2Fe(CN)3(CO) site where both metal ions are six coor-
dinated (14, 25, 72, 73). It has been suggested that the oxygen
ligand to nickel is removed upon activation of the SH (25, 44,
72). For reasons reported elsewhere (14), we favor a peroxide
group as ligand to nickel. The specific activation of the SH by
NADPH would be consistent with the idea that activation
involves the reduction of this peroxide group to water by the
two reducing equivalents provided by NADPH. The two extra
cyanides, together with an environment dominated by oxo li-
gands, have been proposed as the basis for the lack of redox
transitions of the Ni-Fe active site and for the insensitivity
toward oxygen and carbon monoxide (14, 25, 73). Under re-
ducing conditions, the SH is unstable. One of the two flavin
cofactors, FMN-a, is rapidly lost, and subsequently, the extra
CN� on the Ni is released, resulting in catalytically active but
O2-sensitive SH (72, 73).

The FMN-a group is indispensable for reductive activation;
when absent, H2 oxidation with NAD� was no longer detect-
able, whereas the H2-BV and the NADH-BV activities were
not affected. The H2-NAD� activity could be fully restored by
the addition of FMN under reducing conditions. These results
indicate that this FMN-a group is located in the hydrogenase
moiety of the SH enzyme (72). Due to the presence of a
flavodoxin fold in the small hydrogenase subunit, FMN-a was
assigned to HoxY (2).

Reductive activation of the SH can be achieved by incuba-
tion with small amounts of NADH in the presence of H2. The
present study shows that this holds for both the tetrameric and
the hexameric forms of the SH. Whereas the hexameric form
could also be activated by 25 �M NADPH, the tetrameric form
required 40 mM NADPH for activation, which is presumably
mediated via reaction of NADPH at the regular site for

FIG. 6. Purification of the SH by affinity chromatography with
Strep-tagged HoxI and HoxF derivatives. SDS–15% PAGE of: lane 1,
SH-HoxIStrep complex; lane 2, SH-HoxFStrep; lane 3, tetrameric SH
dissociated from the SH-HoxIStrep complex after an additional washing
step with 50 mM Tris-HCl (pH 8.0); lane 4, HoxIStrep after elution at
pH 8.0. To obtain the samples depicted in lanes 1 and 2, all washing
and elution steps were performed in 50 mM KPi buffer (pH 7). Hox-
IStrep derivatives were isolated from HF160(pGE549). Cells of
HF160(pGE552) were used for the purification of HoxFStrep SH sam-
ples. Purified proteins (5 �g) were applied to each lane.

FIG. 7. Affinity of HoxI for the NADH-dehydrogenase module
(HoxFU) of the SH. SDS–15% PAGE of HoxFStrep and HoxIStrep
subcomplexes of the SH purified in 50 mM KPi buffer (pH 7). Protein
(5 �g) was applied to each lane. (A) Lane 1, complex isolated from
HF424(pGE553) harboring HoxFStrep in an HoxYH� background.
(B) Lane 1, complex obtained from H160(pGE550) where HoxIStrep is
produced in a HoxHY� background; lane 2, HoxIStrep purified from
HF160(pGE551), with pGE551 carrying a deletion in hoxF and hoxU.
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NADH. We therefore propose that the two HoxI subunits in
the hexameric form provide a specific binding site for NADPH.

The present study also shows that in the absence of the
hydrogenase module, HoxI copurifies with the diaphorase part
of the SH enzyme. Conversely, no copurification of HoxI was
observed with the hydrogenase module. We postulate that
HoxI is associated with HoxF in close proximity to HoxY,
where FMN-a and the proximal [4Fe-4S] cluster are located
(Fig. 8). Electrons from NADPH are transferred to FMN-a,
and this is proposed to lead to the reduction of the peroxide
group to water, allowing the binding and activation of H2. The
low NADPH- K3Fe(CN)6 activity shows that NADPH can be
slowly oxidized by the hexameric SH. Although the turnover
number is very low, it is sufficient to achieve rapid activation of
the enzyme. The absence of H2-NADP� activity is the reason
that NADPH cannot be regenerated by hexameric SH and thus
seems to not be involved in the catalytic cycle.

Activation of the SH by NADPH may be an advantage for
the enzyme, which directly supplies reducing equivalents from
H2 to the intracellular NAD� pool. Under lithoautotrophic
conditions, large amounts of NADH are required for CO2

fixation via the Calvin-Benson-Bassham reductive pentose-
phosphate cycle (9). Thus, access to an alternative reducing
agent such as NADPH might be useful under these conditions.
For some chemolithoautotrophic bacteria, it has been shown
that during adaptation to autotrophic conditions, the NADPH
to NADP ratio increases (32, 75). In the case of E. coli, it has
been reported that, under oxidative stress conditions, the re-
ducing equivalents are present mainly as NADPH in order to
reduce DNA damage. Exposure to H2O2 induces the activity of
NADH/NADP� transhydrogenase and glucose-6-phosphate
dehydrogenase, leading to the production of NADPH (12). In
general, rapid activation, which is indispensable for the effi-
cient use of small amounts of H2, is more likely if the enzyme
can utilize either of two alternative nucleotides.

Conserved motifs in the HoxI protein. HoxI homologues
were found in Ralstonia metallidurans and Rhodococcus opacus
cells that contain a soluble hydrogenase with high similarity to
the R. eutropha SH (72% identity; the sequence of R. opacus
HoxI is incomplete). For both the N- and C-terminal regions of
R. eutropha HoxI, no homology to other proteins with known

function could be detected. In the central domain of HoxI, a
cyclic nucleotide-binding site similar to those of the catabolite
gene activator protein/cyclic AMP (cAMP) receptor protein
family of regulatory proteins (27) was found (26 and 24%
identity to the cAMP-binding proteins from Desulfitobacterium
hafniense and Thermobifida fusca, repectively) (Fig. 9). Cyclic
nucleotide-binding domains generally comprise 133 amino acid
residues and have been described for the regulatory subunit of
eukaryotic protein kinases (66) and for the cyclic nucleotide-
gated ion channels (42). They all harbor two sequence signa-
tures that are also conserved in the R. eutropha HoxI protein.
The first pattern contains two invariant glycine residues. The
second pattern that forms the phosphate-binding loop com-
prises a glycine and three other invariant residues (PROSITE
entry PDOC00691 [21]). Dinucleotide-binding sites, like the
Rossmann fold, show a very low overall sequence homology
(8). Binding of a dinucleotide to such a fold involves two
mononucleotide-binding motifs that together form a six-
stranded parallel 	-sheet flanked by 
-helices. However, sec-
ondary structure predictions for the HoxI protein did not show
such a pattern (results not shown). We speculate that two
adjacent HoxI subunits, each with a mononucleotide-binding
site, could build a dinucleotide-binding domain for the binding
of NADPH, but this remains to be verified by future studies.
Homology of the SH to other multimeric [NiFe]-hydroge-

nases and Complex I. Cytoplasmic multiheteromeric hydroge-
nases with extensive homology to the R. eutropha SH tetramer
have been found in phototrophic organisms including cya-
nobacteria and Thiocapsa. These so-called bidirectional
[NiFe]-hydrogenases were originally described as heterotet-
rameric proteins. However, in various cases, e.g., Synechocystis
sp. PCC 6803, Synechococcus sp. PCC 6301, and Thiocapsa
roseopersicina (53, 55), enzyme purification has subsequently
uncovered an additional hydrogenase-related subunit desig-
nated HoxE. A HoxE homologue is predicted from the ge-
nome sequence of Nostoc sp. PCC 7120 (29). HoxE proteins
show homology to the NuoE subunit of NADH:ubiquinone
oxidoreductase (Complex I) and probably host a [2Fe-2S] clus-
ter (4). Thus, HoxE seems to be a constituent of the NADH-
dehydrogenase module. The sequence of the R. eutropha HoxI

FIG. 8. Model for the soluble hydrogenase of R. eutropha. The two HoxI subunits form the binding site for one NADPH molecule. NADPH
specifically supplies reducing equivalents to the FMN-a group. The [2Fe-2S] and [4Fe-4S] clusters are indicated as 2Fe and 4Fe, respectively.
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protein has no homology with HoxE. Sequence motifs indica-
tive of Fe-S clusters are absent in HoxI.

The tetrameric form of the SH has a number of properties in
common with the bacterial and mitochondrial Complex I.
These include amino acid sequence similarities between the
HoxFUYH subunits and five subunits of complex I, a related
pattern of Fe-S clusters, and the occurrence of two functionally
different FMN groups (1, 2, 3, 52, 69). The presence of a
specific site for NADPH in the hexameric form of the SH
documented in this study is yet another property which is
shared with Complex I (28, 70, 71). This raises the question
whether Complex I contains subunits with amino acid se-
quence homology to HoxI.

Photoaffinity labeling studies with submitochondrial parti-
cles have uncovered five nucleotide-binding subunits in bovine
Complex I. Two of them could be labeled with [32P]NADP(H)
but not with NAD(H) (80). The 39-kDa (NUEM) subunit (as
well as its homologue, ND4, in Neurospora crassa) forms a
stable complex with NADPH (81, 59). However, there is no
apparent similarity between this subunit and HoxI on the se-
quence level. The other candidate is the 18-kDa subunit, which
has about the same mass as HoxI. The 18-kDa subunits of the
Complex I family contain a carboxyterminal Ser residue in an
RVS consensus motif that can be phosphorylated by a cAMP-
dependent protein kinase, resulting in an enhancement of
NAD-linked mitochondrial respiration (48). The triplet RVS is
absent from the carboxy-terminal part of HoxI. Instead, we
find the motif RVH. However, no other sequence similarities
were apparent.
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Angew. Chem. 109:1812–1815.

45. Nicolet, Y., A. L. de Lacey, X. Vernede, V. M. Fernandez, E. C. Hatchikian,
and J. C. Fontecilla-Camps. 2001. Crystallographic and FTIR spectroscopic
evidence of changes in Fe coordination upon reduction of the active site of
the Fe-only hydrogenase from Desulfovibrio desulfuricans. J. Am. Chem. Soc.
123:1596–1601.

46. Nicolet, Y., C. Piras, P. Legrand, C. E. Hatchikian, and J. C. Fontecilla-
Camps. 1999. Desulfovibrio desulfuricans iron hydrogenase: the structure
shows unusual coordination to an active site Fe binuclear center. Struct.
Fold. Des. 7:13–23.

47. Oelmüller, U., H. G. Schlegel, and C. G. Friedrich. 1990. Differential stability
of mRNA species of Alcaligenes eutrophus soluble and particulate hydroge-
nases. J. Bacteriol. 172:7057–7064.

48. Papa, S. 2002. The NDUFS4 nuclear gene of complex I of mitochondria and
the cAMP cascade. Biochim. Biophys. Acta 1555:147–153.

49. Peters, J. W., W. N. Lanzilotta, B. J. Lemon, and L. C. Seefeldt. 1998. X-ray
crystal structure of the Fe-only hydrogenase (CpI) from Clostridium pasteur-
ianum to 1.8 angstrom resolution. Science 282:1853–1858.

50. Pierik, A. J., W. Roseboom, R. P. Happe, K. A. Bagley, and S. P. J. Albracht.
1999. Carbon monoxide and cyanide as intrinsic ligands to iron in the active
site of [NiFe]-hydrogenases. NiFe(CN)2CO: biology’s way to activate H2.
J. Biol. Chem. 274:3331–3337.

51. Pierik, A. J., M. Hulstein, W. R. Hagen, and S. P. J. Albracht. 1998. A
low-spin iron with CN and CO as intrinsic ligands forms the core of the active
site in [Fe]-hydrogenases. Eur. J. Biochem. 258:572–578.

52. Pilkington, S. J., J. M. Skehel, R. B. Gennis, and J. E. Walker. 1991.
Relationship between mitochondrial NADH-ubiquinone reductase and a
bacterial NAD-reducing hydrogenase. Biochemistry 30:2166–2175.
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Abstract

 Infrared spectra in combination with chemical analyses have recently shown that the Ni-Fe 
active site of the soluble NAD+-reducing [NiFe]-hydrogenase from Ralstonia eutropha contains four 
cyanide groups and one carbon monoxide group. Experiments presented here confirm this, but show 
that a large percentage of enzyme molecules loses one or two of the cyanide ligands from the active 
site during routine purifications. For this reason, an improved purification procedure has been 
developed. This resulted in hexameric enzyme (HoxHYFUI2) preparations with aerobic specific H2-
NAD+ activities between 150 and 185 µmoles per minute per mg of protein. The preparations were 
highly homogeneous in terms of the active-site composition and showed superior infrared spectra. In 
addition, results are presented showing that the radical EPR signal in the NADH-reduced enzyme is 
from the semiquinone form of the flavine (FMN-a) in the hydrogenase module and not from that of the 
flavine (FMN-b) in the NADH-dehydrogenase module. It is demonstrated that both the HoxI subunits 
and FMN-a are of vital importance for the in vivo functioning of the SH. 

1. Introduction 

 The facultative chemolithoautotrophic proteobacterium Ralstonia eutropha H16 harbours two 
hydrogen-uptake hydrogenases, a membrane-bound enzyme and a cytoplasmic soluble hydrogenase 
(SH), which provide the cell with reducing equivalents from H2 [1-6]. The membrane-bound enzyme 
delivers reducing equivalents directly to the ubiquinone pool of the respiratory chain, whereas the SH 
reduces NAD+ to NADH. Both enzymes are [NiFe]-hydrogenases. The most extensively studied 
members of this class of hydrogenases are the enzymes from Desulfovibrio gigas and Allochromatium 
vinosum. As the properties of the latter two enzymes are very similar to each other, as well as to 
several other well-studied [NiFe]-hydrogenases, they are often referred to as standard [NiFe]-
hydrogenases [7, 8]. Their active site has been revealed by a combination of crystallography [9, 10] 
and infrared (IR) spectroscopy [11-15]. It is composed of a Ni- and an Fe atom bridged by two 
cysteine thiols. The Ni site is further attached to the protein by two terminally-bound cysteine 
residues. The Fe atom has three non-protein ligands, one carbon monoxide and two cyanides [13-15]. 
Aerobic preparations of standard [NiFe]-hydrogenases are inactive and contain two different states of 
the enzyme called Ready and Unready. Enzyme in the Ready state becomes active within minutes 
once hydrogen is supplied in an anaerobic environment, while enzyme in the Unready state needs a 
much longer time (hours) to be activated this way [8, 16-18]. In inactive [NiFe]-hydrogenases the 
active site is blocked by an oxygen species [19], bridging between the Ni ion and the Fe ion [10]. This 
was long thought to be a hydroxide group [10, 20, 21]. Recent crystallographic studies revealed that 
the Ready state contains a mono-oxo species (probably a hydroxyl group), while the oxygen species in 
the Unready enzyme looks like a di-oxo form (presumably peroxide) [22]. 
 Both Ready and Unready enzyme can exist in two redox states. In the oxidized states, denoted as 
Nir

* and Niu
* respectively, nickel is trivalent and can be detected with EPR spectrometry. In the 

reduced states (Nir-S and Niu-S) nickel is divalent and EPR silent. All these states show a strong 
infrared absorption band in the 1950-1940 cm-1 region due to the stretching vibration of the CO ligand 
(v(CO)) and two weaker bands between 2100 and 2050 cm-1 due to the symmetric and antisymmetric 
stretching vibrations of two vibrationally-coupled cyanide ligands (v(CN)) [15]. 
 To activate the enzyme, it must be incubated at elevated temperatures under reducing conditions 
[18, 23, 24]. The bridging oxygen species is then removed [25-27]. The Ni-Fe site in Active enzyme 
can exist in three different states, designated Nia-S, the most oxidized state, Nia-SR, the most reduced 
state and Nia-C*, an intermediate state. The Nia-S  Nia-C* transition occurs in the presence of traces 
of H2 and is virtually irreversible. The transition is not accompanied by any shift of the v(CN) bands, 
but the v(CO) band shifts 17-20 cm-1 to higher frequency. It has been suggested that this transition is 
simply due to the binding of H2 to the Nia-S state, whereby the Ni2+ is oxidized to Ni3+ (and the 
electron is transferred to the Fe-S clusters) to form the Nia-C* state [28, 29]. At temperatures of 77 K 
or below, the Nia-C* state is light sensitive and converts to the Nia-L* state upon illumination. This was 
discovered two decades ago [30] and has been interpreted as the photolysis of a hydrogen species 
bound to the active site. It is now generally assumed that this is a hydride in a position bridging 
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between Ni and Fe [8, 31-35]. The Nia-C* state, with the bound hydride, is able to react with a second 
dihydrogen molecule to form the Nia-SR state [23, 36].
 The soluble hydrogenase of R. eutropha is a special [NiFe]-hydrogenase because it is one of the 
few oxygen-tolerant hydrogenases: it can oxidise H2 under aerobic conditions. The SH is a 
heterotetrameric enzyme with subunits HoxF (67 kDa), HoxH (55 kDa), HoxU (26 kDa), and HoxY 
(23 kDa) [3, 4]. The enzyme comprises two functionally different heterodimeric complexes, which 
have been separated and characterized [6]. The HoxFU dimer constitutes an enzyme module, termed 
NADH dehydrogenase or diaphorase, involved in the reduction of NAD+ and holds one FMN group 
(called FMN-b) and several Fe-S clusters. The HoxHY dimer forms the hydrogenase module and 
contains a second functional FMN group (FMN-a) [37, 38]. 
 As purified, the SH is inactive and requires a small amount of NADH to become activated. 
Contrary to the standard hydrogenases, the SH is not inhibited by CO [39]. The spectroscopic 
properties of the SH are also different from those of standard [NiFe]-hydrogenases. Firstly, the as-
isolated aerobic SH does not display an EPR signal due to a Ni-based unpaired electron. Also in 
reduced enzyme it is not possible to invoke considerable intensities of such signals, although a variety 
of reducing conditions has been tried [40]. Secondly, the IR spectrum is different from that of standard 
hydrogenases. In the as-isolated SH, one strong v(CO) band (at 1956 cm-1) is accompanied by (at 
least) four, partly overlapping, weaker v(CN) bands at 2098, 2088, 2081 and 2071 cm-1 [40]. A 
chemical analysis showed the presence of 3.7 cyanides per intact enzyme molecule [41]. In IR 
measurements reduction of the SH with 10 mM NADH resulted in an apparent shift of the band at 
2098 cm-1 to 2090 cm-1, while reduction by H2 or dithionite in the presence of methyl viologen caused 
a shift of this band to 2051 cm-1. The other four absorption bands were unperturbed under these 
reducing conditions. The 2098 cm-1 band was ascribed to a cyanide group bound to nickel. This was 
mainly based on the fact that this particular band could shift 47 wavenumbers, while the other bands 
did not move. This can only be the case if the cyanide group responsible for the 2098 cm-1 band is not 
bound to the same metal to which the other cyanide groups and the CO are bound. In line with this 
proposal, a spectrum of a particular SH preparation, that accidentally containing only 4% Ni, did not 
show the 2098 cm-1 band [40]. Also SH preparations from which one  cyanide was removed by a 
reductive treatment, did not show this band [41]. A particularly convincing finding was that the Ni-
bound cyanide requires the product of a special gene. Deletion of this gene, called hypX, resulted in 
enzyme lacking the 2098 cm-1 band [42]. The hypX gene is part of a cassette of accessory genes (the 
hyp cluster) required for the proper assembly of the active site and the subsequent processing of the 
hydrogenases present in R. eutropha. From these data, a (CysS)2(CN)Ni(µ-CysS)2Fe(CN)3(CO) centre 
was proposed for the SH [41]. As no crystal structure is available yet, this proposed structure is still 
under debate. X-ray absorption (XAS) spectroscopic studies showed that the nickel K-edge structure 
and the extended X-ray absorption fine structure (EXAFS) differed considerably from those of 
standard hydrogenases. They pointed to the presence of more hard ligands (N, O) to nickel in the SH 
than found in standard hydrogenases. Hence, it has been proposed that one or more of the conserved 
Cys-thiols (Cys-SH) in the HoxH subunit may not be directly coordinated to nickel [27, 43, 44], or 
that they are converted to sulfenic acids (Cys-SOH) and are bound to nickel via the O atom [45]. 
 It has been suggested that the CN bound to the Ni may be responsible for the insensitivity of the 
enzyme towards oxygen [40]. This proposal has recently been confirmed by inspection of the 
properties of enzyme preparations lacking this extra cyanide [41, 42]. Under anaerobic conditions both 
the CN-deficient SH and the normal SH behaved similarly in H2-uptake activity assays using an 
artificial (benzyl viologen, BV) or the physiological electron acceptor (NAD+). Under aerobic 
conditions, however, the CN-deficient preparations were irreversibly inactivated during H2 oxidation 
with BV as the electron acceptor. They could still reduce NAD+, but at a slightly lower rate than the 
normal SH. This was explained by the formation of NADH in the process of NAD+ reduction. If the 
active site of the CN-deficient SH is oxidised by oxygen, it can immediately be reactivated by NADH, 
thus allowing the continuation of the H2 oxidation. Since reduced BV is readily auto-oxidised by O2 it 
is unable to reactivate oxidised, inactivated SH under aerobic conditions. As the presence or absence 
of the Ni-bound cyanide was not of much influence to the physiological activity of the SH, one might 
wonder about the physiological function of this cyanide. In this context, it should be added therefore 
that in H2-NAD+ activity experiments without prior activation of the enzyme with NADH, the lag-
phase preceding the onset of activity was much longer for the CN-deficient SH than for the normal 



 100

SH. At the same time the CN-deficient enzyme showed a greatly decreased stability compared to the 
normal SH in such an assay [41]. 
 Since 1975 [46] a number of different purification procedures for the SH have been published. 
The most recent one [45] demonstrated that the SH is actually a hexameric enzyme (HoxHYFUI2)
instead of a tetrameric one (HoxHYFU). It was shown that the HoxI subunits were always lost during 
purifications involving a Procion-Red column, a procedure introduced more than two decades ago 
[47]. However, even in reports where identical purification procedures were used, the reported specific 
activities of the pure enzymes were widely variable (15-100 U/mg). In the present paper, an improved 
purification procedure is described that yielded enzyme preparations with the highest specific 
activities reported thus far. The preparations were virtually homogeneous in terms of the composition 
of the active sites in the enzyme molecules. In addition, results are presented showing that the radical 
EPR signal in the NADH-reduced enzyme is solely from the semiquinone form of the FMN-a in the 
hydrogenase module and it is demonstrated that both the FMN-a and the HoxI subunits are of vital 
importance for the in vivo functioning of the SH. 

2. Materials and methods 

2.1. Cell growth 

 Routinely, R. eutropha cells were grown heterotrophically in a fructose-glycerol minimal 
medium [48] in a BIOSTAT D fermentor (Braun, Melsungen, Germany) at a 50-L scale at 30 °C 
under hydrogenase derepressing conditions [49]. The cells were harvested at an OD436 of 9-11, washed 
with potassium phosphate (KPi) buffer (50 mM, pH 7.0) and stored at -80 °C. A strain that lacked the 
hypX gene involved in the biosynthesis of the Ni-bound cyanide, strain HF480 (hoxG∆ hypX∆), and 
the control strain HF359 (hoxGD) were constructed as described before [42] and grown in the same 
way, but in a 10-L fermentor. 
 Cells that were used for the new purification procedures were grown in the same medium, but in 
a 10-L BioFlow 3000 fermentor (New Brunswick Scientific, Edison NJ, USA) and the pH was not 
allowed to decrease below 6.4. Because iron is provided as FeCl3 at pH 7.0 in an aerobic medium, it 
will immediately precipitate in the form of Fe(OH)3 which has an extremely low solubility product 
(10-36 M). In order to acquire iron for growth, bacteria excrete siderophores which extract the iron 
from this precipitate and deliver it to the cell. This makes that the rate of biosynthesis of iron-
containing proteins may be limited by this process. Therefore, we have added extra portions of FeCl3
(5 mL 0.5% w/v) during the growth after 24 h, 48 h and 55 h. Besides, the concentration of most trace 
elements (Zn, Mn, B, Co, Cu, Mo) was increased by a factor of ten. This led to a three-fold increase of 
the total SH activity. We have also tried to supply iron in the form of Fe(III)-EDTA, but in that case 
also the amount of nickel had to be increased up to 10 times. The total SH activity was about the same 
as obtained in case of the extra FeCl3 additions. 

2.2. Purification of the different SH preparations 

 We have purified two types of enzyme preparations, called 'old-1' and 'old-2', using existing 
procedures. For two more, called 'new-1' and 'new-2', modified procedures were developed. An 
enzyme deficient in the Ni-bound cyanide, called SH(HypX-), and the proper control, called 
SH(HypX+) were purified from strains HF480 (hoxG∆ hypX∆) and HF359 (hoxG∆), respectively, 
which were both deficient in the membrane-bound hydrogenase [42]. For clarity, the purification of 
the several enzyme preparations is summarized below. 

 The 'old-1' preparations were purified from 50-L cell cultures following the procedure described 
in [50] that was based on earlier procedures [1, 47]. The precipitation step with cethyltrimethyl-
ammonium bromide (CTAB) was omitted. Extract from 100 g cells (wet weight) in aerobic 50 mM 
KPi buffer (pH 7.0), obtained by sonification, was subjected to an ammonium-sulphate fractionation 
and the enzyme was further purified by a DEAE-Sephacel and a Procion-Red column using 50 mM 
KPi (pH 7.0). This resulted in a tetrameric enzyme. 
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 The 'old-2' preparations were also purified from 50-L cell cultures, but now according to the 
original method of Schneider and Schlegel [1] as adapted by Burgdorf et al. [51]. Again the 
precipitation step with CTAB was omitted. Extract from 45 g cells (wet weight) in aerobic 50 mM KPi 
buffer (pH 7.0), obtained by sonification, was subjected to an ammonium-sulphate fractionation. The 
further purification involved a DEAE-Sephacel column, a precipitation with 60% ammonium sulphate 
and a Phenyl-Sepharose column. This last column step converts the hexameric enzyme into a 
tetrameric one [51]. In addition to this method, we have added a gelfiltration step (Superdex 200, 
Amersham Biosciences) in 50 mM KPi buffer (pH 7.0) to improve the final purity of the SH. 

 The 'new-1' preparations were purified from cells of the 10-L BioFlow fermentor. The procedure 
was as described above for the 'old-2' preparations with the following changes. Batches of only 5 g of 
cells were processed, leaving the volumes of the used buffers up to the first column unchanged. In 
addition all solutions were constantly kept under an atmosphere of pure O2 until they were applied to 
the first column. The idea behind this modification was to consume, as much as possible, the reducing 
equivalents coming from the cells. It was shown long ago, that the combination of reducing 
equivalents and oxygen leads to destruction of the SH activity [52]. 

 The 'new-2' preparations were also purified from cells of the 10-L BioFlow fermentor. The cells 
(60 g wet weight) were washed once with 50 mM KPi containing 50 mM succinate (pH 7.0) and 
stored at -80 oC. After thawing the cell paste was resuspended in 200 mL 50 mM KPi buffer (pH 7.0) 
containing 100 mg DnaseI, 0.05 mM of the protease inhibitor p-methylsulfonylfluoride (PMSF) and 
50 mM succinate, that was intensively flushed with argon. The cells suspension, kept in an ice-water 
bath, was treated with ultrasound (10 times 80 s with intermittent cooling) using a Branson Sonifier at 
an output setting of 8 with an ultrasonic processor (W-380; Heat Systems, Farmington, NY). During 
this procedure, the solution was constantly kept under argon. Cell debris were removed by 
centrifugation (20,000 × g for 50 min). The supernatant was kept in ice under an argon atmosphere, 
brought to 35% ammonium-sulphate saturation by the slow addition of solid ammonium sulphate and 
centrifuged (10,000 × g for 30 min). Solid potassiumferricyanide was added to and dissolved in the 
supernatant (50 mM final concentration) and the solution was subsequently purged with O2. Enzyme 
was precipitated by 60% ammonium-sulphate saturation. After centrifugation (10,000 × g for 30 min) 
the pellet was dissolved in aerobic 200 mL 50 mM KPi buffer (pH 7.0). The protein solution (about 70 
mL) was dialyzed for 3 h against 2 L of aerobic buffer and subsequently applied to a DEAE-Sephacel 
column (200 mL). After washing with one column volume of 50 mM KPi buffer (pH 7.0), a linear 
gradient of 0 to 500 mM KCl in 50 mM KPi buffer (pH 7.0; four column volumes) was applied. 
Fractions containing SH activity were combined, concentrated in an Amicon Diaflo cell (YM 30 
membrane; Amicon, Witten, Germany) and subjected to gel filtration (Superdex 200, Amersham 
Biosciences) in 50 mM KPi buffer (pH 7.0). The column steps used in this procedure ensured that the 
enzyme remained in the hexameric form [51]. 

 For the SH(HypX+) the procedure used for the 'old-2' preparations was used. For the mutant 
enzyme, the SH(HypX-) that lacked the Ni-bound cyanide, the same procedure was applied, but only 
15 g of cells instead of 45 g was processed, while the volumes of the different solutions used up to the 
DEAE-Sephacel column were not decreased. 

 The purity of the samples was examined by SDS/PAGE [53]. Protein concentrations were 
routinely determined by the Bradford method [54] using bovine serum albumin as a standard. 

2.3. Activity measurements

 Hydrogenase activities were routinely measured at 30 oC in a 2.1 mL cell with a Clark electrode 
(type YSI 5331) for polarographic measurement of H2 [55]. For H2-consumption measurements under 
aerobic conditions the cell was filled with aerobic buffer (50 mM Tris-HCl, pH 8.0) containing 1 µM 
FMN, 5-10 µL enzyme and H2-saturated water to a final H2 concentration of 36 µM. Subsequently, 
NADH (5 µM) was added to activate the enzyme, followed by either benzyl viologen (2 mM) or 
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NAD+ (5 mM) as electron acceptor. When anaerobic conditions were used, all solutions were flushed 
with argon before use. To remove residual oxygen, glucose (50 mM) plus glucose oxidase (9 U/mL) 
were added to the reaction medium 3 min before the addition of NADH. Before use, H2 was passed 
over a palladium catalyst (Degussa, Hanau, Germany; type E236P), and Ar was passed through an 
Oxisorb cartridge (Messer-Griesheim, Düsseldorf, Germany), to remove O2. The H2-uptake activities 
measured during the purification steps of the 'new-2' preparations (Table 1) were determined as above, 
but in addition CTAB (0.05% w/v final concentration) was added to the reaction mixture before the 
addition of H2-saturated water. It is known that CTAB makes the cells permeable to NAD+ and BV 
and therefore it is always required for activity measuments with intact cells. We found, however, that 
also the activity of cell-free extracts was increased considerably by the addition of CTAB. The 
addition had no effect on the measured activity of the purified enzyme. 

2.4. IR spectroscopy

 Fourier-transform infrared spectra were taken on a BioRad FTS 60A spectrophotometer 
equipped with an MCT detector. Spectra were recorded at instrument temperature (25 oC) with a 
resolution of 2 cm-1. Typically, averages of 684 spectra were taken against buffer blanks. Enzyme 
samples (12 L, 50 to 100 M) were loaded into a gas-tight transmission cell with CaF2 windows and 
Teflon spacers (path length 50 m). The spectra were baseline corrected using the BioRad software. 
Absorption peaks were fitted with Gaussian functions using the GRAMS software (Galactic Ind. 
Corp.). Low-temperature IR spectra were obtained by using an Oxford Instrument CF-204-A cryostat 
with an ITC4 temperature controller. The cryostat was fitted with ZnSe windows in the IR-
transmission ports and quartz windows in the perpendicular ports. Illumination was carried out with 
heat-filtered light from a 150-W Xenon arc focused on the IR sample in the spectrometer via a quartz 
light guide. The gas-tight low-temperature IR cell was home made after a design used before [11]. 
 IR redox titrations were performed using a Nicolet 5ZDX Fourier Transform Infrared 
spectrophotometer equipped with an MCT detector. The cell used (7.5 m path length, CaF2 windows) 
was as described before [56]. The experiments were performed in 50 mM Tris-HCl, pH 8.0 in the 
presence of 100 mM KCl and without the use of redox mediators. The redox potential, measured 
against an Ag/AgCl reference electrode, was controlled with a BAS CV-27 potentiostat and measured 
with a Fluke 77 multimeter. Experiments were performed at 30 °C. The cell temperature was 
controlled with a HETO C7 CV10 thermostat. Averages of 1024 spectra at 2 cm-1 resolution were 
processed using the OMNIC software provided by Nicolet. 

2.5. EPR spectroscopy 

 X-band (9.4 GHz) EPR spectra were recorded on a Bruker ECS 106 spectrometer. The 
modulation frequency was 100 kHz. Cooling of the sample was performed using an Oxford 
Instruments ESR 900 cryostat with the ITC4 temperature controller. The magnetic field was calibrated 
with an AEG magnetic field meter. The microwave frequency was measured with a Hewlett-Packard 
5350B Microwave Frequency Counter. Simulation and quantification of the spectra were carried out 
as before [57, 58]. 

3. Results and discussion 

3.1. SH preparations are usually inhomogeneous in terms of the number of cyanide ligands bound to 
the active site 

 Qualitatively, the special spectroscopic properties of the SH, as summarized in the introduction, 
are rather well understood. However, the variations in some quantitative properties for different 
enzyme preparations, like the pattern of the CN bands in IR spectra and the specific activities, are still 
not explained. 
 In order to investigate the (in)homogeneity of the active-site composition in some SH 
preparations, we have first performed IR spectro-electrochemical titrations with SH(HypX+) and 
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SH(HypX-) preparation. In Fig. 1 (panel I), it can be seen that with the SH(HypX+) the 2098 cm-1 band 
(trace A), assigned to the Ni-bound cyanide group, shifted to 2090 cm-1 at –316 mV (trace B) and to 
2051 cm-1 at -391 mV (trace C). When increasing the potential again to -316 mV the 2051 cm-1 band 
returned to 2090 cm-1 (trace D), but upon further oxidation to +284 mV (trace E) the band did not shift 
back to its original position at 2098 cm-1. Also the v(CO)-band region showed changes. Upon 
reduction, part of the v(CO) band at 1955 cm-1 shifted to 1943 cm-1 at -316 mV. At -391 mV this band 
was replaced by two bands at 1921 and 1912 cm-1. The latter changes were reversed when the 
potential was increased again to -316 mV, but the 1943 cm-1 band persisted upon the subsequent 
increase to +284 mV (trace E of panel I in Fig. 1). IR spectra of the SH(HypX-) (Fig. 1, panel II) did 
not show such changes. Because the Ni-bound CN is absent in this mutant enzyme, little changes were 
expected in the v(CN) region. Fig. 1-II demonstrates that reduction also did not cause any changes in 
the v(CO) region. 

Figure 1. Effect of the redox potential on the IR spectra of two different preparations of the R. eutropha SH. 
Panel I: 0.7 mM SH(HypX+). Panel II: 0.8 mM SH(HypX-). Enzyme (see Table 2 for activties), dissolved in 50 
mM Tris-HCl buffer (pH 8.0) plus 100 mM KCl, was poised to different redox potentials at 30 ºC. (A) As-
isolated at a resting potential of +284 mV. (B) After reduction to –316 mV. (C) After further reduction to –391 
mV. (D) After reoxidation to –316 mV; (E) After further reoxidation to +284 mV. Peak positions are shown in 
cm-1. The spectra in panel II were collected during an earlier study [42] and the traces A and B have been shown 
earlier (traces A and B in Fig. 3-II of [42]). Within each panel, spectra were plotted on the same absorbance 
scale.

 The active site of the intact SH can occur only in three states: an inactive state with a putative 
non-protein oxygen species bound to Ni (v(CN) of Ni-CN at 2098 cm-1), an active state where this 
species is absent (v(CN) of Ni-CN at 2090 cm-1) and an active state for which it has been proposed that 
a hydride is bound at the vacant coordination site (v(CN) of Ni-CN at 2051 cm-1) [41]. The active site 
in all three states is EPR-silent. As the enzyme can loose FMN-a and cyanide upon reduction [38, 41], 
we have to consider several options in trying to understand the phenomena in Fig. 1. One possibility is 
that upon reduction part of the wild-type SH molecules looses one of the cyanides bound to Fe. The 
absence of one of these CNs at the start of the experiment is another possibility. A third option is that 
part of the enzyme molecules had no Ni-bound cyanide at the start of the experiment. A fourth 
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possibility is the lack of two CN ligand, one from Ni and one from Fe. In this case the active site 
would be similar to that of standard [NiFe]-hydrogenases: a Ni-Fe(CN)2(CO) group. 
 For the SH(HypX-) we can exclude option 1 (the loss of one of the Fe-bound cyanides upon 
reduction), because this would result in a spectrum with only two v(CN) bands upon reduction. From 
the spectra in Fig. 1-II, and the CN analysis reported previously (2.9 cyanides/nickel [42]), we 
conclude that the SH(HypX-) preparation is homogeneous, i.e. all Ni-Fe sites contain the complete 
Fe(CN)3(CO) subsite and miss the Ni-bound cyanide. 
 Returning now to panel I in Fig. 1, we tentatively conclude that all enzyme molecules in the 
preparation that show the 2098 cm-1 band have an intact (CN)Ni-Fe(CN)3(CO) site. Upon mild 
reduction such molecules should show a shift of the 2098 cm-1 band to 2090 cm-1, while at very low 
redox potential this band should shift to 2051 cm-1 [41]. Molecules with only a missing CN on Ni 
would be expected to behave just like the SH(HypX-), i.e. no changes upon reduction. Molecules with 
a Ni-Fe(CN)2(CO) site, i.e. with two missing CN groups, are expected to behave like standard [NiFe]-
hydrogenases. This is how we explain the shifts observed in Fig. 1-I. We cannot exclude the 
possibility of a single missing CN on Fe (i.e. a (CN)Ni-Fe(CN)2(CO) site), but we are not able to 
predict its behaviour upon reduction. 

As both enzymes used in Fig. 1 were purified essentially by the same method, we still have to 
address the question why the SH(HypX+) preparation was so inhomogeneous, while the mutant 
enzyme was not. A possible reason is that the SH(HypX-) was purified from less cells (15 g) than the 
amount used (45 g) for the SH(HypX+), while using the same buffer volumes (for details, see 
Materials and Methods). Over the years, we observed that the specific activity of the SH was 
noticeably higher for enzyme purified in small-scale procedures, with relatively more buffer, 
compared to the activity of enzyme from large-scale preparations. Together with the results in Fig. 1 
this indicates that more cyanide is lost during the large-scale purifications. 
 Next we consider the irreversibility of part of the reduction-induced IR changes upon 
reoxidation, i.e. all shifts observed on going from -316 mV to -391 mV were reversible (Fig. 1-I, 
traces B to D), but the shifts observed on going from +284 mV to -316 mV were not (Fig. 1-I, traces 
A, B, D and E). In trying to understand this, one has to realize that the titrations were performed under 
anaerobic conditions. Trace A is the spectrum of the as-isolated inactive SH before the titration was 
started. The enzyme is assumed to have an oxygen species bound to the nickel ion, which is only 
removed under reducing conditions [1, 40, 50]. Popov and coworkers [59] showed that when reduced 
active enzyme was oxidized by O2, then the enzyme was converted to the inactive form (which could 
be activated again by NADH). However, when the reduced active enzyme was oxidized by redox 
agents under anaerobic conditions, then an enzyme was obtained that was fully active and remained so 
even after prolonged exposure to pure oxygen. This strongly suggests to us that the proposed oxygen 
species bound to nickel is the product of the partial or complete reduction of O2. It is highly unlikely 
that the oxygen species would be superoxide, as this is expected to lead to irreversible destruction of 
the active site. From the two other possible reduction products, OH- or OOH-, the latter seems the most 
likely one. If OH- would be the ligand, then one might expect water to serve as a donor as well. 
However, the experiments of Popov et al. [59] do not support this. The fact that the 2051 cm-1 band (at 
-391 mV) of the Ni-bound CN group is only returning to the 2090 position (at +284 mV), and not to 
the original position at 2098 cm-1 is in line with the idea that the Ni ion can only acquire a bound 
oxygen species upon reoxidation by O2 and is consistent with earlier observations that in that case the 
2051 cm-1 band returns to 2098 cm-1 [40]. 
 A remaining question is why the 1943 cm-1 band, created during reduction and caused by a shift 
of the 1955 cm-1 band in part of the enzyme molecules, is not returning to its original position at +284 
mV. On obvious reason is that the reoxidation was performed under anaerobic conditions. We have 
earlier noticed that when reduced preparations, showing more than one v(CO) band, were re-oxidized 
by air, only one band at 1956 cm-1 was obtained (A.J. Pierik, E. van der Linden and S.P.J. Albracht, 
unpublished observations; see also Fig. 5 in [41]). From these data we conclude that these damaged 
enzyme molecules cannot acquire a Ni-bound oxygen species from water upon anaerobic reoxidation, 
this in contrast to the Ni-Fe site in standard [NiFe]-hydrogenases. Thus, although these damaged 
enzyme molecules behave much like standard [NiFe]-hydrogenases with their Ni-Fe(CN)2(CO) site, 
they do not react the same as the latter enzymes during anaerobic reoxidation. 
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 At this point, we will also discuss some formerly unexplained results in terms of the 
(in)homogeneity of the active site in routine SH preparations: 
 1) The H2-BV activity of purified wild-type SH preparations measured under anaerobic 
conditions was always 50 to 150% higher than when measured aerobically. As it was found earlier that 
the CN bound to the Ni is largely responsible for the insensitivity of the enzyme towards oxygen [41, 
42], this suggests that the amount of Ni-bound CN was variable in these preparations. 
 2) The relative intensity of the 2098 cm-1 band in IR spectra of aerobic SH preparations is quite 
variable. We noticed a qualitative correlation between this relative intensity and the inverse of the 
oxygen sensitivity of the enzyme, i.e. a small 2098 cm-1 band goes along with a high oxygen 
sensitivity (not shown). This is in line with the proposed function of the Ni-bound CN group. 
 3) When SH preparations are reduced with excess NADH (10 mM) under anaerobic conditions, 
they always show variable amounts of the light-sensitive Nia-C* EPR signal at pH 6.0. In line with 
earlier observations [40] the spin concentration of this signal was at most 25% of the enzyme 
concentration. In the Nia-C* state of standard [NiFe]-hydrogenases a hydride is thought to bind to the 
active site in a position bridging between the Ni and Fe atoms [31-35]. Such a bridge requires the 
availability of the 6th coordination site of Fe. In the intact SH, the Fe atom is six coordinate (two Cys-
thiols, three CNs and one CO). Hence, the presence of a Nia-C* state is in line with the assumption that 
part of the enzyme molecules in routinely purified SH preparations is not only missing the Ni-bound 
CN but also one of the CNs bound to Fe. 
 4) The specific H2-NAD+ activities of the SH prepartions reported in literature are highly 
variable and range from 15 to about 100 U/mg, although SDS gels show that the purity of these 
enzymes is the same [1, 38, 41, 45, 47, 50, 60]. This variability also points to the inhomogeneity of the 
active sites in most SH preparations. It is our experience that there is qualitative correlation between 
the specific activity of a preparation and the relative amount of the v(CO) band at 1956 cm-1 that does 
not shift under reducing conditions. Panel II in Fig. 1 shows that in theSH(HypX-) preparation, which 
had a rather high specific H2-NAD+ activity (80 U/mg under aerobic conditions), the IR bands from 
the CO and CN ligands bound to Fe were completely insensitive to reduction. Hence, this preparation 
was homogeneous in terms of the composition of the active site. In contrast, the SH(HypX+)
preparation in Fig.1 panel I, which had a lower specific activity (50 U/mg, aerobically) showed a clear 
1943 cm-1 band upon reduction, indicating that a rather high percentage of enzyme molecules was 
missing one of the Fe-bound cyanides. 

3.2 An improved purification procedure for the SH 

 In the following, a purification procedure for the SH is described where we have tried to 
minimize the damage to the enzyme. Over the years we observed that during purifications, most 
activity was lost during the destruction of the cells and the ammonium-sulphate fractionation of the 
cell-free extract. The enzyme is then exposed both to large concentrations of reducing equivalents 
from the cells and to air. It has been reported by several groups that the enzyme looses activity under 
reducing conditions [38, 41, 60, 61]. Especially in an aerobic environment, the enzyme activity was 
shown to quickly disappear in the presence of reducing equivalents. This was ascribed to the formation 
of superoxide radicals [52, 62]. It was also shown that the enzyme was stable in air after complete 
oxidation with oxygen and/or ferricyanide as long as electron donors were absent [59, 62]. 
 To improve the purification procedure, we have therefore kept the cells and the crude extract 
reduced and anaerobic during the first few purifications steps by adding excess of succinate under an 
Ar atmosphere. The R. eutropha cells showed a high oxygen consumption with succinate, which is 
caused by the activity of the respiratory chain in the periplasmic membranes. As long as those 
membranes were present during the initial purification steps, we exploited their membrane-bound 
succinate:ubiquinone oxidoreductase and oxidases to keep the solution strictly anaerobic in this way. 
At the same time, the rather high midpoint potential of the succinate/fumarate couple (+30 mV) 
prevented the occurrence of very low redox potentials, like those induced by addition of H2 or  
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Table 1. Purification of a 'new-2' preparation from 60 g cells (wet weight). 

Fraction Protein 
(mg) 

Aerobic 
H2-NAD+

activity 
(U) 

Aerobic
H2-BV
activity 

(U) 

Yield a

(%) 

Specific 
Activity a

(U/mg) 

Purifi- 
cation 

Cells nd b 33200 29400 100 nd - 
Sonfied cells nd 30400 28800 91.6 nd - 

Cell-free extract 4088 28800 25800 86.7 7.0 1 
(NH4)2SO4 precipitate 1333 24400 20170 73.5 18.3 2.6 

After DEAE 112 10600 9540 31.9 94.6 13.5 
After Superdex 200 41 7000 6080 21.1 171 24.4 

a Based on the aerobic H2-NAD+ activity. b nd, not determined.

dithionite, which would lead to the loss of the FMN-a and CN- from the enzyme [38, 41, 51]. The 
membranes precipitated with 35% ammonium sulphate. Hence, we added solid ferricyanide to the 
supernatant (to a final concentration of 50 mM) and then flushed the solution with pure oxygen. The 
rest of the purification procedure was performed aerobically (see Materials and Methods section). The 
results of such a purification are summarized in Table 1. When corrected for the 10% activity present 
in the discarded ammonium-sulphate fraction, about 80% of the total enzyme activity in the cells was 
obtained in the 60% ammonium-sulphate precipitate. The aerobic specific H2-NAD+ activity of seven 
different preparations was considerably higher (150 to 185 U/mg) than ever reported for this enzyme 
(102 U/mg). Furthermore, it was observed that the difference between the anaerobically measured H2-
BV activity and the aerobically measured H2-BV activity did not increase during the purification 
procedure (not shown). This means that the oxygen sensitivity of the SH molecules was not affected. 
These results show that the introduced alterations during the initial purifications steps greatly 
improved the quality of the purified enzyme. The results suggest that the obtained SH is far more 
homogeneous than previous preparations. Below, this will be investigated in more detail. 

3.3. Characterisation of SH preparations obtained by different purification procedures 

 To further evaluate the effect of the improved purification procedure on the homogeneity of the 
enzyme preparation, we have compared not only the activities of SH preparations derived from four 
different purification procedures, but also their IR and EPR spectra. 

3.3.1. Comparison of infrared spectra 

 The IR spectra of four different preparations (Fig. 2) showed clear differences in the CN region. 
The ‘old-1’ preparation showed only a small 2098 cm-1 band, indicating that the majority of the 
enzyme molecules had lost their Ni-bound cyanide. Upon reduction about 55% of the v(CO) band at 
1956 cm-1 shifted to lower frequencies (not shown), pointing to the absence of one of the cyanides 
bound to iron. This behaviour was rather similar to that of the enzyme used in Fig. 1-I, likewise an 
‘old-1’ type of preparation. 
 The CN region of the ‘old-2’ preparation showed only three bands (Fig. 2B) at the same 
positions as the CN bands in the SH(HypX-) preparation used in Fig. 1-II. This comparison indicates 
that virtually all of the enzyme molecules in this ‘old-2’ preparation had lost the Ni-bound cyanide. 
The lineshape of the spectrum of the remaining CNs was, however, different from that of the 
SH(HypX-): when compared to the 2070 cm-1 band the relative amplitudes 2087 and 2081 cm-1 bands 
in Fig. 2B were considerably weaker than those observed in Fig. 1-II. Upon reduction, 45% of the 
v(CO) band at 1956 cm-1 of the ‘old-2’ preparation shifted to lower frequencies (not shown), whereas 
no such shift was observed with the SH(HypX-) preparation (Fig. 1-II). This indicates that this ‘old-2’ 
preparation contained quite some enzyme molecules that had also lost one of their Fe-bound CNs. 
 The IR spectrum of the ‘new-1’ preparation (Fig. 2C) had only two bands at 2098 and 2089 cm-1

in the CN region and hence was similar to the spectra of standard [NiFe]-hydrogenases. This points to 
the presence of only two CN ligands as a part of the active site. Under reducing conditions (1 bar H2 in 
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the presence of 1 mM BV) 95% of the v(CO) band at 1956 cm-1 shifted to lower frequencies (not 
shown), which supports this conclusion. 

Figure 2. IR spectra of four untreated aerobic SH 
preparations. (A) An 'old-1' preparation. (B) An 
'old-2' preparation. (C) A 'new-1' prepartation (D) 
A 'new-2' preparation. Spectra were plotted with 
the same amplitude of the v(CO) band at 1956  
cm-1. See Table 2 for activities.

 The ‘new-2’ preparation showed four CN bands at the same positions as observed with the ‘old-
1’ preparations, but with quite a different spectral shape (Fig. 2D). Especially the relative amplitudes 
of the 2098 and 2088 cm-1 bands were considerably larger. As mentioned earlier, the intensity of the 
2098 cm-1 band in preparations with four CN bands was highest for preparations with a high specific 
activity. In addition such preparations showed only a low oxygen sensitivity in a H2-BV assay. For a 
previous SH preparation with a specific activities of 102 U/mg, the 2098 cm-1 band was already the 
most intense peak in the CN region [41]. The used ‘new-2’ preparation, with a specific H2-NAD+

activity of 171 U/mg (aerobic conditions), also showed an intense 2098 cm-1 band, but had in addition 
an equally intense band at 2088 cm-1 (Fig. 2D). 
 To explain the spectrum of Fig. 2D, one has to realize that during the purification of the ‘new-2’ 
preparations, solid ferricyanide was added to the supernatant after the 35% ammonium-sulphate 
precipitation step, whereafter oxygen was bubbled through the solution. This treatment was meant to 
quickly change the environment of the enzyme from a reducing one under anaerobic conditions into an 
oxidizing one under aerobic conditions. Apparently this also resulted in the oxidation of a large part of 
the enzyme molecules by ferricyanide before O2 was able to react. Such enzyme molecules are 
expected to miss the Ni-bound oxygen species and so the stretching frequency of the Ni-bound 
cyanide will be 2090 cm-1, just as observed by the reductively-induced removal of this oxygen species 
(Fig. 1-I and [41]). In addition, these enzyme molecules will be expected to be active. The other part 
of the ‘new-2’ preparation is apparently oxidized by O2 and does posses the Ni-bound oxygen species, 
resulting in a stretching frequency of the Ni-bound cyanide of 2098 cm-1. This adequately explains the 
two intense bands at 2098 cm-1 and around 2088 cm-1 in Fig. 2D. We observed that even with this 
preparation still about 10% of the v(CO) band shifted to lower frequencies upon reduction (not 
shown). 
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3.3.2. Comparison of EPR spectra 

EPR spectra of the NADH-reduced preparations are shown in Fig. 3. As the Nia-C* EPR signal 
was reported to be clearly detectable upon anaerobic reduction with excess NADH at pH 6.0 [50], 
these conditions were also used here. All preparations showed small Nia-C* signals. They represented 
0.13, 0.11, 0.27 and 0.04 spins per [2Fe-2S] cluster for the used ‘old-1’, ‘old-2’, ‘new-1’ and ‘new-2’ 
preparations, respectively. 

Figure 3. EPR spectra of SH preparations 'old-1' 
(A), 'old-2' (B), 'new-1' (C) and 'new-2' (D). The 
aerobic H2-NAD+ activity of the used 'old-2' 
preparation was 60 U/mg; the activities of the 
other samples was as in Table 2. Preparations were 
incubated for 10 min at room temperature with 10 
mM NADH at pH 6 under an argon atmosphere. 
The  signals due to the Nia-C* state (gxyz = 2.201, 
2.138 and 2.009) and the [2Fe-2S]+ cluster (gxyz = 
1.923, 1.954 and 2.036) were simulated and the 
normalized signal intensities of the simulations 
were used to determine the relative spin 
concentrations of the Nia-C* EPR signal (see Table 
2). Spectra were plotted with the same amplitude 
of the g = 1.923 line. EPR conditions: microwave 
frequency, 9426 MHz; temperature, 35 K; 
microwave power incident to the cavity, 2 mW; 
modulation amplitude, 1.27 mT.

3.3.3. Comparison of the activities 

 The H2-BV activity of the ‘old-1’ preparation was largely oxygen sensitive (Table 2). Together 
with the IR and EPR properties, this indicates that this preparation contained a mixture of enzyme 
molecules with active sites having four, three or two cyanides groups. 

Table 2. Some properties of six different enzyme preparations used in this study. 

Preparation 

Aerobic 
H2-NAD+

activity 
(U/mg) 

Anaerobic 
H2-NAD+

activity 
(U/mg) 

Aerobic 
H2-BV 
activity 
(U/mg) 

Anaerobic 
H2-BV 
activity 
(U/mg) 

Nia-C*
(spins per 
[2Fe-2S]+

cluster) a 

Old-1 52 60 17 56 0.13 
Old-2 b 54 65 0 55 0.11 
New-1 35 55 0 55 0.27 
New-2 171 202 145 160 0.04 

SH(HypX+) 50 55 40 48 0.11 
SH(HypX-) 80 89 64 71 0.12 

a Spin concentration of the Nia-C* EPR signal at 35 K, divided by the spin concentration of the [2Fe-2S]+ EPR 
signal at 45 K, in NADH-reduced enzyme at pH 6. b This preparation was used in Fig. 2.
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 The aerobic H2-NAD+ activity of  the ‘old-2’ preparation used in Fig. 3 (60 U/mg) was 
comparable to that used for Fig. 2 (54 U/mg) and somewhat lower than that of the SH(HypX-)
preparation (80 U/mg), whereas all showed an oxygen-sensitive H2-BV activity. It has to be mentioned 
here that the comparison between the H2-BV activity under aerobic conditions with this activity under 
anaerobic conditions (Table 2) is not fully indicative for the O2 sensitivity of a certain preparation, as 
all activities were measured immediately after the addition of enzyme. For example, the SH(HypX-)
preparation shows comparable H2-BV activities under aerobic and anaerobic conditions. Under 
aerobic conditions, however, this activity completely disappears within a few seconds, while under 
anaerobic the activity is completely stable during the whole assay. For this reason, the SH(HypX-)
preparation is said to show an oxygen-sensitive H2-BV activity. As the oxygen-sensitive preparations 
missed the 2098 cm-1 band in their IR spectra, this supports the notion that the Ni-bound CN is crucial 
for the enzyme to function under aerobic conditions [41, 42]. Because 45% of the 1956 cm-1 band of 
the ‘old-2’ preparation used in Fig. 2 shifted to lower frequency upon reduction, and because this type 
of preparation also showed a Nia-C* signal, part of enzyme molecules must have lost also one of the 
Fe-bound CNs. 
 The aerobic H2-NAD+ activity of the ‘new-1’ preparation was lower than that of the 'old-1' and 
'old-2' prepartions. Its H2-BV activity was the same and completely sensitive to oxygen. The presence 
of only two cyanide bands in the IR spectrum and the relatively large Nia-C* EPR signal indicate that 
all enzyme molecules in this preparation had lost two CN ligands. This is in line with the finding, 
mentioned above, that 95% of the v(CO) band shifted to lower frequencies upon reduction. This 
behaviour contradicts our earlier assumption on the apparent correlation between the specific activity 
and the relative amount of the v(CO) band that resisted shifting under reducing conditions (Fig. 1). 
Apparently, the preparations were damaged in a different way and/or to a different degree, resulting in 
enzymes with different activity properties. As one of the v(CN) bands of the ‘new-1’ preparation is at 
2098 cm-1, which is the same position the band from the Ni-bound CN ligand in the intact SH, one 
might think that in the ‘new-1’ preparation the active site may have lost two Fe-bound CNs, while the 
Ni-bound CN is still present. However, upon reduction the shift of the 2098 cm-1 band was not 
comparable to that of intact SH (not shown). 
 Our results clearly show that the ‘new-2’ preparations had a specific activity higher than 
observed ever before and that its H2-BV activity was hardly sensitive to oxygen. In addition, it was at 
least 90% homogeneous in terms of the composition of the active site and showed the lowest intensity 
of the Nia-C* EPR signal (0.04 spins) reported thus far for the SH reduced by excess NADH. 

3.4. The IR characteristics of the Nia-C* state at cryogenic temperatures 

 The IR, EPR and activity analyses of the different wild-type SH preparations in Figs. 2 and 3 
showed a qualitative correlation between the loss of CN groups, the oxygen sensitivity of the H2-BV
activity and the amount of Nia-C*. The Nia-C* state in standard [NiFe]-hydrogenases has a 
characteristic set of IR bands. In the IR redox titrations in Fig. 1-I, detection of possible bands 
belonging to the Nia-C* state is hampered by the presence of a multitude of overlapping bands upon 
reduction. To circumvent this problem we have taken advantage of the light-sensitivity of the Nia-C*

state at cyrogenic temperatures [40, 50]. The results are shown in Fig. 4. Obtaining good absolute IR 
spectra for the SH at low temperatures was rather difficult, as an appropriate background spectrum 
with buffer was not easy to obtain. Therefore a spectrum at room temperature of the SH reduced with 
excess NADH at pH 6 is shown in Fig. 4A. Illumination during 60 min at room temperature had only 
minor effects (Fig. 4B), as the photolytic process is reversible at this temperature. 
 After cooling the sample in the dark to 35 K a spectrum was recorded and taken as the 
background spectrum. Subsequent illumination showed only bands from light-induced changes in the 
sample (Fig. 4C). Bands at 2096, 2084 and 1963 cm-1 disappeared upon illumination and these are 
ascribed to the Nia-C* state. It can be noticed that all these bands showed small shoulders on the low-
frequency site (see arrows), indicative for the presence of a minor second form of the Nia-C* state in 
the preparation. The bands appearing at 2067, 2052 and 1905 cm-1 are ascribed to the Nia-L* state. The 
large shifts to lower frequencies of the v(CO) band (58 cm-1) and the smaller shifts of the CN bands 
are very similar to the light-induced shifts observed in the A. vinosum [NiFe]-hydrogenase [12]. The 
shifts point towards a large increase in electron density at the Fe ion. The IR changes in Fig. 4, in 
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combination with the EPR results on the Nia-C* and Nia-L* states (Fig. 3 and [40, 50]) confirm the 
notion that the Nia-C* and Nia-L* states for this damaged part of the SH preparation are highly similar 
to those observed in standard [NiFe]-hydrogenases. 

Figure 4. The Nia-C* to Nia-L* state transition in 
an SH preparation as observed by IR spectroscopy 
at cryogenic temperatures. An 'old-1' preparation 
(aerobic H2-NAD+ activity 52 U/mg) was 
incubated for 10 min at room temperature with 10 
mM NADH at pH 6.0 under an argon atmosphere. 
(A) Spectrum at room temperature. (B) Spectrum 
at room temperature recorded in the dark after 
illumination for 60 min and plotted on the same 
absorbance scale as (A). (C) The sample was 
frozen in the dark and a spectrum was recorded at 
35 K and taken as a background signal. The 
sample was then illuminated for 5 min at 35 K and 
a new spectrum was recorded in the dark.

 In the spectra A and B in Fig. 4, taken at room temperature, the main band at 1957 cm-1 shows a 
shoulder at 1963 cm-1 (see arrows). This shoulder was often observed with wild-type SH preparations 
under partly-reduced conditions; it shifted to lower frequencies upon full reduction. During the IR 
redox titrations in Fig. 1-I, we only noticed a shift from 1955 to 1943 cm-1 in the CO region upon 
reduction of the enzyme from +284 mV to -316 mV. Therefore, we must have overlooked the initial 
shift from 1955 to 1963 cm-1. The reason is probably that the IR spectrum in the used IR instrument, 
that differed from the instrument used for the other IR figures, suffered from some mechanical noise in 
this region. We speculate that the 1943 cm-1 band (1946 cm-1 in Fig. 4) may represent a state 
comparable to the Nia-S state in standard [NiFe]-hydrogenases. 
 Soluble-hydrogenase molecules in the Nia-C* state react with CO and are completely converted 
into an other EPR-detectable state [50]. The EPR characteristics of this CO-induced signal [50] are 
quite different from those of the CO-induced signal in the A. vinosum enzyme [19, 63]. In addition the 
former signal is not sensitive to white light at low temperatures, while the latter signal converts to the 
Nia-L* state upon illumination. Regrettably, we had no time left to further investigate these interesting 
differences with EPR or IR techniques. 

3.5. The radical EPR signal of the reduced SH is caused by FMN-a 

 Schneider and Schlegel discovered that the SH contains FMN [1, 64]. For this reason, the g = 
2.00 radical signal, as observed in EPR spectra of the reduced enzyme, was assigned to the 
semiquinone form of this FMN [39, 50]. Recently, it was found that the SH actually contains two 
FMN groups with different locations and functions [38]. It was also discovered that one of the FMN 
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groups (FMN-a residing in the hydrogenase module) could be selectively released from the enzyme 
upon reduction with NADH. The other FMN group (FMN-b belonging to the NADH-dehydrogenase 
module) remained firmly bound during this treatment [37]. This process led to the loss of the H2-
NAD+ activity, while the NADH dehydrogenase activity was not affected. The H2-NAD+ activity 
could, however, be fully reconstituted by the addition of excess FMN. 

Figure 5. Effect of depletion of FMN-a from the 
SH on its EPR spectrum in the NADH-reduced 
state. (A) Spectrum of the parent enzyme, an 'old-
1' preparation (aerobic H2-NAD+ activity of 102 
U/mg). (B) Spectrum of the FMN-a depleted 
enzyme (63% of the FMN-a was removed). (C) As 
A, but recorded under different conditions. (D) As 
B, but recorded at the same conditions as C. The 
two preparations were reduced for 5 min with 10 
mM NADH at room temperature at pH 6.0 under 
an argon atmosphere. EPR conditions: microwave 
frequency, 9425 MHz; temperature, 35 K (A, B) or 
100 K (C, D); microwave power, 2 mW (A, B) or 
0.02 mW (C, D); modulation amplitude, 1.27 mT. 
Spectra A and B were plotted with the same 
amplitude of the g = 1.923 line; spectra C and D 
were plotted with the same amplitude.

 The reduction-induced removal of FMN-a enabled us to investigate which FMN group is 
responsible for this radical signal. To that purpose, a SH preparation was subjected to a reductive 
treatment to release FMN-a as described earlier [38]. To evaluate the success of the treatment, the 
difference between the H2-NAD+ activity before and after reconstitution with excess FMN was used as 
a measure for the percentage of enzyme molecules that had lost their FMN-a group [41]. It appeared 
that 63% of the FMN-a was released. In Fig. 5 traces A and B, EPR spectra at 35 K are shown for this 
SH preparation before and after the removal of FMN-a. Relative to the amplitude of the [2Fe-2S] 
signal, the radical-signal amplitude decreased to 41%. However, the EPR conditions were such that 
this signal was partly saturated and so a direct conclusion on basis of this signal under these conditions 
is dangerous. Therefore, we have also recorded the radical signals under non-saturating conditions at 
100 K (Fig. 5C and 5D). The normalized intensities of the simulated spectra of the radical signals at 
100 K and the simulated signals from the [2Fe-2S]+ cluster at 35 K were used to determine the relative 
radical concentrations. This resulted in 1.0 spin per 2Fe cluster in the parent preparation and 0.34 of a 
spin per 2Fe cluster after the treatment to remove FMN-a. From these results we conclude that under 
the used conditions, the radical signal is solely caused by the semiquinone form of FMN-a. It was 
previously suggested that the FMN-a is bound at the end of a flavodoxine fold in the HoxY subunit, a 
structure conserved in all small subunits of the hydrogenase module of [NiFe]-hydrogenases and the 
related PSST subunit of NADH:ubiquinone oxidoreductases [65]. In the SH the binding of FMN-a to 
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this flavodoxine fold apparently results in the stabilisation of the semiquinone form of FMN-a when 
the enzyme is reduced with excess NADH. This resembles the situation found in many flavodoxins, 
where the semiquinone form of FMN is stabilized [66]. 
 
3.6. Function of the HoxI subunits 
 
 It was recently reported that the SH is actually a hexameric enzyme (HoxHYFUI2) instead of a 
tetrameric one (HoxHYFU) [51]. It was suggested that the two HoxI subunits form a specific reaction 
site for NADPH because the hexameric enzyme, in contrast to the tetrameric one, could be 
instaneously activated by small amounts of NADPH. The specific activities of the hexameric enzyme 
were in the same range as those of the tetrameric enzyme, and both can be activated by small amounts 
of NADH. As discussed earlier [51], activation of the SH by NADPH may be of advantage for the R. 
eutropha cells. Under lithoautotrophic growth conditions, large amounts of NADH are required for the 
production of ATP via the respiratory chain and for CO2 fixation via the Calvin-Benson-Bassham 
reductive pentose-phosphate cycle [67]. Hence, during growth the steady-state concentration of 
NADH in the cell will be extremely low. Thus, access to an alternative reducing agent such as 
NADPH to activate the SH would make the enzyme independent from NADH to become active. 
  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 6. Effect of the incubation of the SH with NAD(P)H in air. The 'old-1' (■), 'old-2' (▲) and 'new-1' (●) 
preparations were pure SH samples with aerobic H2-NAD+ activities between 31 and 34 U/mg. In addition a 
partly purified 'new-2' (♦) preparation (aerobic H2-NAD+ activity of 33 U/mg) was used. To the preparations, 
dissolved in 50 mM phosphate buffer (pH 7.0), 135 µM NADH (1A) or NADPH (2A) was added whereafter the 
solutions were stirred in air at 20 oC. (A) The absorbance at 340 nm was used to follow the NADH or NADPH 
concentrations (ε = 6.22 mM-1 cm-1) in time as a measure for the NAD(P)H-O2 activity. Note the different Y-
scales in 1A and 2A. (B) In a parallel experiment the H2-NAD+ activities, under anaerobic conditions at 30 oC, 
were followed in time. In each experiment about 6 U of anaerobic H2-NAD+ activity were present. 
 
 
 As shown before, reduction of the SH leads to the rapid release of FMN-a [38] and under 
aerobic conditions also to destruction of the enzyme by superoxide formation [52, 62]. This raises the 
question whether reduction of the enzyme by NADPH leads to similar events. To investigate this we 
have performed a set of tests described in Fig. 6. The used 'old-1', 'old-2' and 'new-1' preparations were 
pure and contained tetrameric enzyme with specific H2-NAD+ activities (aerobic conditions) between 
31 and 34 U/mg. The used ‘new-2’ preparation was only partly purified (33 U/mg) and consisted of 
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hexameric enzyme molecules. The preparations were investigated for the ability to oxidize NADH and 
NADPH by O2 (Fig. 6, panels 1A  and 2A). In a parallel experiment samples were taken to measure 
how the H2-NAD+ activity, measured anaerobically, behaved in time under these conditions (Fig. 6, 
panels 1B and 2B). For the traces in panel 2A also one additional activity assay was performed 
without the addition of 5 M NADH to activate the enzyme, to see whether the enzyme solution was 
already in the active state. Only the 'new-2' preparation appeared to be active, while the three other 
preparations all required 5 M NADH for activation, even when they had been in contact with 135 M
NADPH for up to 30 min (not shown). 
 It can be seen that all preparations showed a clear NADH-O2 activity (Fig. 6, 1A). In the first 
five minutes these activities varied between 8 and 20 U/mg, but the activities declined in time. The H2-
NAD+ activity of the preparations also decreased in time, e.g. the ‘old-1’ preparation lost all activity in 
30 min. With NADPH the tetrameric preparations showed hardly any NADPH-O2 activity (Fig. 6, 
2A), consistent with the absence of the HoxI subunits. The hexameric preparation, on the other hand, 
showed a clear NADPH-O2 activity (0.8 U/mg), although this activity was more than 10 times lower 
than the NADH-O2 activity for this preparation. In addition, the NADPH-O2 activity was constant in 
time (Fig. 6, 2A), while the NADH-O2 activities decreased in time (Fig. 6, 1A).  

 The H2-NAD+ activity of all preparations were very stable in the presence of NADPH and air 
(Fig. 6, 2B). This was not unexpected for the tetrameric enzymes, as they did not react with NADPH. 
The hexameric preparation, on the other hand, was both active and stable in the presence of NADPH. 
Apparently, the products of the slow reduction of O2 by NADPH catalyzed by this preparation during 
30 min did not lead to destruction of the enzyme. This also explains why the NADPH-O2 activity of 
this preparation did not decrease within 30 min, while the NADH-O2 activity did.  
 Making the reasonable assumption that the reduction of O2 takes mainly place close to nickel, 
this means that potential reducing equivalents for the reduction of O2 are available as hydride bound to 
nickel, or as the quinol or semiquinone forms of FMN-a. In this case the difference in behaviour 
towards oxygen of enzyme reduced by NADH or NADPH can be explained as follows. When the SH 
is reduced by NADH, the reducing equivalents enter the enzyme via the FMN-b group in the NADH-
dehydrogenase module [38]. They are subsequently conveyed to the active-site region via the Fe-S 
clusters and this results in a complete transition of the FMN-a to the semiquinone form (Fig. 5). With 
NADPH the reducing equivalents enter the enzyme via FMN-a and this two-electron step results in the 
quinol form, at least initially. NADPH does not give rise to any H2 production, so the logical reaction 
of O2 is with the FMNH2. This will results in H2O2. With NADH, however, the semiquinone form of 
the FMN-a will react with O2 to produce superoxide and this is how we explain the large differences is 
behaviour in Fig. 6. This reinforces the notion that during lithoautotrophic growth, when the R.
eutropha cells are in great demand of NADH produced by the SH, this enzyme is activated by 
NADPH without the risk of destruction by a reaction with O2. Thus, the HoxI subunits and FMN-a are 
of vital importance for the in vivo functioning of the SH. 

3.7. EPR spectra of the hexameric SH reduced with NADPH versus enzyme reduced with NADH or H2

 A first effort to test the assumptions about the possible differences in reduction with NADH and 
NADPH was performed by inspection with EPR spectrometry. Fig. 7 shows EPR spectra of a 'new-2' 
preparation (hexameric) that was mixed for 20 s at 4 oC with different reductants under an Ar 
atmosphere. Addition of NADH (0.1 mM) plus 0.4 mM H2, 0.4 mM H2, or NADH (2 mM) produced 
similar spectra, except for the radical signal (traces A to C in Fig. 7). Within error the same signal 
intensity from the reduced [2Fe-2S] cluster was obtained. The radical-signal amplitude derived from 
the semiquinone form of FMN-a in the samples with H2 was about 50% of that of the sample reduced 
with 2 mM NADH. Previously we found that routine preparations of the SH, either tetrameric or 
hexameric, could not be reduced with H2 unless a small amount of NAD(P)H was present for 
activation, or the incubation with H2 was performed for 30 min at 30 oC [40]. Fig 7 shows that the 
‘new-2’ preparation was maximally reduced by H2 within 20 s at 4 oC. This can be understood by 
recalling that a large part of the enzyme molecules in this preparation were active as they missed the 
Ni-bound oxygen species. These molecules are able to react with hydrogen and they will rapidly 
reduce and activate the other enzyme molecules in the preparation via intermolecular reactions. Note 
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that the estimated number of turnovers with H2 during 20 s at 4 oC is still more than 500 per active 
enzyme molecule. 

Figure 7. Comparison of the EPR spectra of a hexameric 
SH in the presence of NADH, NADPH or H2. A sample 
of a 'new-2' preparation (150 L, 100 M; aerobic H2-
NAD+ activity 143 U/mg) was filled into an EPR tube. 
Subsequently, an equal volume of 50 mM KPi buffer (pH 
7.0) containing the reducing equivalents was added. After 
20 s of mixing at 2 oC the EPR tube was quickly 
immersed in cold (133 K) isopentane, resulting in an 
instantaneous freezing of the samples. All solutions were 
flushed with and kept under Ar. (A) 0.1 mM NADH plus 
0.4 mM H2. (B) 0.4 mM H2. (C) 2 mM NADH. (D) 2 mM 
NADPH; (E) 10 mM NAD+ plus 2 mM NADPH. The 
indicated oxidant/reductant concentrations are final 
concentration after mixing. EPR conditions: microwave 
frequency, 9425 MHz; temperature, 35 K; microwave 
power, 2 mW; modulation amplitude, 0.64 mT. All 
spectra were plotted on the same scale.

Fig. 7D shows the EPR spectrum of the 'new-2' preparation mixed with 2 mM NADPH. 
Judging from the gz-line amplitude of the signal from the [2Fe-2S]+ cluster at 2.036 (see arrow), only 
about 10% of the [2Fe-2S] clusters were reduced. The radical-signal amplitude was about 30% of that 
obtained with 2 mM NADH. It should be emphasized that in this case, with a partly-reduced enzyme, 
we cannot exclude the possibility that the radical is in part or even completely due to the semiquinone 
form of FMN-b. In the g = 1.94 region two small and rather broad overlapping lines with the shape of 
a g line (at 1.95) and a gx line (at 1.93) were observed. These are presumably due to broadened signals 
from reduced [4Fe-4S] clusters. In view of the purity of the sample, its high specific activity and the 
fact that the signals were specifically evoked by NADPH and disappeared with NAD+ (Fig. 7E), we 
consider it unlikely that they are caused by the presence of contaminating Fe-S proteins. 
 As only 10% of the [2Fe-2S] clusters in the enzyme was reduced and since the redox potentials 
of NADPH and NADH are the same, no redox equilibrium between the 2Fe clusters and NADPH was 
obtained. Under the used conditions (20 s at 4 oC) at least 38 turnovers with NADPH are expected to 
take place via the FMN-a group. This is based on the NADPH-O2 activity of the 'new-2' preparation 
shown in Fig. 6 (0.8 U/mg at 24 oC) and the fact that this preparation was about 20% pure. This 
suggests to us that the FMN-a group may be completely reduced under these conditions and that the 
rate-limiting step in the reduction of the [2Fe-2S] cluster is not the reaction of NADPH with the FMN-
a, but rather the flow of electrons from the reduced FMNH2 to this cluster. Presently, we do not 
understand the underlying mechanism. It is interesting to note that reduction of mitochondrial 
NADH:ubiquinone oxidoreductase with NADPH at pH 8 or 9 also results in a rapid, but incomplete 
reduction of the Fe-S clustes in this enzyme [68]. As explained earlier [38, 65] the SH has quite a 
number of properties in common with this mitochondrial enzyme. The incomplete reduction by 
NADPH can be added to this list. 
 Fig. 7E shows that the reoxidation of the enzyme by NAD+ is much faster than the reduction of 
the redox groups by NADPH. This experiment does not exclude the complete reduction of FMN-a 
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under these conditions. Regrettably, there was no time left to investigate the expected specific 
reduction of FMN-a by NADPH with optical spectroscopy at 450 nm. 

 The conditions of the EPR spectra of H2- or NADH-reduced enzyme in Fig. 8 were optimized 
for signals derived from the reduced [2Fe-2S] cluster. Sequence analyses, iron determinations and 
redox titrations suggest that at least two [4Fe-4S] clusters must be present in the SH [4, 39, 45]. We 
have tried to spot their presence by running spectra at lower temperatures. Fig. 8 shows EPR spectra of 
the hexameric SH reduced by 0.4 mM H2 in the presence of 0.1 mM NADH or by dithionite (50 mM) 
as in Fig. 7. These spectra were taken at 12 K and a low microwave power (0.002 mW) to prevent 
saturation of the Fe-S signals. No other signals than those from the [2Fe-2S] cluster and the 
semiquinone form of FMN-a could be detected. The same result was obtained at 7.2 K and 0.0002 
mW (not shown). 

Figure 8. EPR spectra at 12 K of the reduced hexameric 
enzyme. Enzyme and the method of reduction were as in 
Fig. 7. (A and C) Enzyme reduced with 0.1 mM NADH 
plus 0.4 mM H2 (same EPR tube as in Fig. 7A). (B) 
Enzyme reduced with 50 mM dithionite. EPR conditions: 
microwave frequency, 9425 MHz; temperature, 12 K; 
microwave power, 0.002 mW (A, B) and 20 mW (C); 
modulation amplitude, 1.27 mT. Spectra A and B were 
plotted on the same scale.

 Fig. 8C shows a spectrum of the sample used for trace A, but now recorded at a 104 times higher 
microwave power. In this case the signal from the [2Fe-2S] cluster was largely saturated and new lines 
around g = 2.03, 2.01, 1.95, 1.93 and 1.85 came up. These signals are due to reduced [4Fe-4S] 
clusters, which have a more rapid spin-lattice relaxation making them more difficult to saturate. A 
closer inspection showed that the extra lines are probably due to two overlapping signals, consistent 
with the prediction that the enzyme should contain two cubanes. The spectra under non-saturating 
conditions, traces A and B in Fig. 8, show that the degree of reduction of these clusters is very low. By 
using roughly simulated line shapes it was estimated that these cluster were reduced by at most 10%, 
pointing towards a very low midpoint potential. This is consistent with the value of -445 mV reported 
by [39]. 

3.8. Structure of the active site 

 The structure of the SH active site is still under debate. Recently, complementary simulations of 
XANES and EXAFS spectra supplemented by IR and EPR measurements were employed to deduce 
the structural properties of the Ni site [45]. They supported the proposal of an additional CN ligand on 
Ni, as well as the removal of an oxygen species upon reduction of the as-isolated SH. 
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 The large shift of the v(CN) band ascribed to the Ni-bound cyanide from 2098 to 2051 cm-1

upon reduction of the enzyme by 1 bar H2 in the presence of NADH (50 M) has earlier been 
attributed to the binding of hydride to the open coordination site at Ni [41]. The presence of an extra 
CN ligand under these conditions could not be detected by EXAFS, but was supported by XANES 
measurements [45]. 

Figure 9. Current ideas about the activation of the SH, hydrogen turnover at the Ni-Fe site and the degradation 
of the active site at low redox potentials. The as-isolated enzyme can be inactive because Ni can have a peroxide 
group as the sixth ligand. NADPH reduces the peroxide ligand to water which leaves the active site. This results 
in active enzyme, which can bind and activate H2. The Ni ion in active enzyme remains divalent. Prolonged 
reduction with H2 leads to the release of the Ni-bound CN [41] and eventually to the reduction of the sulfenic 
acids groups, the loss of one Fe-bound CN and the formation of the Nia-C* state. The order of these events is not 
known. The Nia-C* state can react with extrinsic CO, although the binding site of CO may be different from that 
in standard [NiFe]-hydrogenases. The figure is an extension of the one discussed in [45].

 As discussed above, binding of a peroxide at the sixth coordination site of nickel in routine SH 
preparations would provide an explanation for both the lack of reaction with H2 and for the reductive 
activation by NAD(P)H, whereby this group can be reduced to water. On basis of this information, a 
(CysS)2(CN)(OOH)Ni( -CysS)2Fe(CN)3(CO) can be proposed. In this proposal the coordination of the 
Cys residues is only based on the presence of the four conserved Cys residues in the HoxH subunit [4] 
and the requirement of at least three Cys residues for the binding of Ni [69]. The recent XAS results 
provided us with additional information [45]. It was found that in the oxidized inactive enzyme the Ni 
atom is coordinated by only two large ligands, ascribed to S from cysteine residues, and four small 
ligands, ascribed to three oxygens and one carbon from cyanide. Because two more S atoms were 
found in the second coordination sphere of Ni (Ni-S distances up to 3.65 Å), it was hypothesized that 
the two terminal Cys-thiols (Cys-SH), which are direct ligands to Ni in standard [NiFe]-hydrogenases, 
may be chemically modified to Cys-sulfenates (Cys-SOH), as detected in a variety of proteins [70, 
71], e.g. in the NO form of nitrile hydratase [72]. In contrast to the situation in the latter enzyme, 
where a Cys-sulfenate and a Cys-sulfinate (Cys-SO2H) bind to Fe via their S atoms, it was tentatively 
proposed that in the SH the O atoms of two Cys-sulfenates may be direct ligands to Ni. This was in 
agreement with the fact that prolonged reduction of the enzyme (10 mM dithionite at room 
temperature) led to the replacement of two oxygen ligands to nickel by two S atoms [45]. It is also in 
agreement with the fact that the EPR and IR characteristics of the Nia-C* and Nia-L* states induced by 
excess NADH in damaged SH molecules are within error the same as those found in standard [NiFe]-
hydrogenases (where Ni is bound to four Cys-thiols). EPR spectra of S=1/2 transition metals are 
highly sensitive to slight changes in the coordination of the metal. Hence, these observations would be 
consistent with the reduction of the two Cys-sulfenates to Cys-thiols. 
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 The R-SH/R-SOH redox reaction is a reversible two-electron process [70, 71]. As the R-SH to 
R-SOH reaction is easily driven by H2O2, one can argue that H2O2 formed near the active site during 
the reaction of the NADPH-reduced enzyme with O2, could lead to the local formation of Cys-
sulfenates of the terminally-bound Cys-thiols. If that would indeed occur, then the SH would contain a 
built-in ‘repair’ mechanism for possible reductive damage to its active site during in vivo aerobic 
conditions. 
 Inclusion of this additional information into our model of the active site leads to a 
(CN)(CysSO)2(OOH)Ni( -CysS)2Fe(CN)3(CO) composition. Fig. 9 depicts our current ideas on the 
activation of the SH with NADPH, the activation and oxidation of H2, and the changes occuring under 
prolonged reducing conditions leading to a Ni-Fe site with properties similar, but not identical, to 
those of the active site in standard [NiFe]-hydrogenases. It is obvious that future investigations on the 
mechanism of action of the SH should be performed with homogeneous preparations with anaerobic 
specific H2-NAD+ activities of about 200 U/mg at 30 oC and pH 8. 
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Summary 

Hydrogenases are the key enzyme in hydrogen metabolism. They catalyze the interconversion 
between H2 and protons (H2  2H+ + 2e-). The soluble hydrogenase of Ralstonia eutropha 
(SH), which is the subject of this thesis, belongs to the class of [NiFe]-hydrogenases, which is 
the most extensively studied group of hydrogenases. In chapter 1, an overview on [NiFe]-
hydrogenases, and more specifically on the SH, is given. [NiFe]-hydrogenases have a most 
peculiar active site. It is composed of a Ni and Fe atom that are bridged by two cysteine 
thiols. The Ni site is further attached to the protein by two terminally-bound cysteine residues. 
The Fe ion has three non-protein ligands: one carbon monoxide and two cyanides. In the 
oxidized form, also an oxygen species is present, bridging between Ni and Fe. The active site 
has an 'electric connection' to the molecule’s surface in the form of iron-sulphur (Fe-S) 
clusters. Aerobic preparations are inactive. Incubation under H2 results in active enzyme, 
whereby the non-protein 'O' species, bridging between Ni and Fe, is replaced by a bridging 
hydride. This state reacts with a second H2 that is split heterolytically. The formed hydride is 
thought to bind end-on to nickel where after the Ni3+-H- is converted to a transient Ni+ ion and 
a proton. Subsequently, Ni+ donates two times one electron to the nearest Fe-S cluster and 
returns to the trivalent state. The bridging hydride remains in position. Both O2 and CO can 
react as well and reversibly inactivate the enzyme. 

Some [NiFe]-hydrogenases are insensitive to CO and O2. They are of great interest in 
relation to their potential use in fuel cells (no Proton Exchange Membrane required). The SH 
is the best example. It was known as a heterotetrameric enzyme consisting of an NADH 
dehydrogenase module (HoxFU), holding an FMN group and several Fe-S clusters, and a 
hydrogenase module (HoxHY). In chapter 2, experiments are presented showing that the SH, 
as well as the evolutionary related bovine-heart NADH:ubiquinone oxidoreductase (Complex 
I), which is the first complex of the respiratory chain, actually contains two FMN groups. In 
the SH, one is residing in the NADH-dehydrogenase module (FMN-b) while the other is 
present in the hydrogenase module (FMN-a).  

The physiological role of the FMN-a group within the SH was studied in further detail 
in chapter 3. FMN-a could be selectively released upon reduction of the SH, whereby the 
physiological activity (H2-NAD+) was lost. Addition of FMN restored this activity. The 
NADH-dehydrogenase activity was not affected. We propose that the FMN-a is bound to a 
flavodoxin fold in the HoxY subunit, a fold conserved in the small subunits of all [NiFe]-
hydrogenases as well as in one subunit of all known Complex I sequences. 

Infrared (IR) studies that are presented in chapter 4 indicated that the SH might 
contain four instead of two CN ligands. By means of cyanide analyses in combination with IR 
of 15N-enriched SH, it was shown that both Ni and Fe contain an additional CN ligand 
compared to other [NiFe]-hydrogenases. The Ni-bound CN could be selectively released, 
whereby the enzyme became sensitive towards O2. This process was irreversible. Chapter 5
describes the analysis of enzyme from cells, deficient in the so called hypX gene. Also this 
mutant enzyme missed the Ni-bound CN and was inhibited by O2. Hence, the Ni-bound 
cyanide appears to be crucial for the SH to function under aerobic conditions. 

Also aerobic SH is inactive due to a non-protein 'O' species bound to Ni. Activation 
requires some NADH that provides reducing equivalents via the NADH-dehydrogenase 
module. The 'O' species is then removed (our proposal: OOH- + 3H+ + 2e-  2H2O). Pure SH 
preparations have widely variable activities (15-100 U/mg). In 1976 it was described that the 
SH could also be activated by some NADPH, but until recently we were not able to reproduce 
this result. In chapter 6, the purification of a new form of the SH with the subunit 
composition HoxFUYHI2 is reported.  
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At the same time a simple modification of the purification procedure resulted 
reproducibly in highly active preparations (up to 200 U/mg) with superior IR spectra. This last 
purification procedure in combination with the analysis of these highly active hexameric SH 
preparations, are presented in chapter 7 of this thesis. The hexameric SH was activated by 
both NADH and NADPH. This suggests that the HoxI subunits provide a specific binding 
domain for NADPH. We propose that NADPH reduces FMN-a, which in turn reduces the 
peroxide group bound to Ni. Reduction of the hexameric SH by NADH in air led to 
destruction of the enzyme, but aerobic reduction by NADPH was harmless. We propose that 
in growing cells, which are in great demand for NADH produced by the SH when living 
under H2, O2 and CO2, the enzyme is activated by NADPH without destruction by O2.

The Ni-Fe site in the SH showed no apparent redox changes. We therefore 
hypothesize that the hydride, produced by heterolytic cleavage of H2 on Ni, is transferred to 
FMN-a, which serves as the two-to-one electron converter between the Ni-Fe site and the Fe-
S clusters.
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Samenvatting 

Het enzym hydrogenase is het belangrijkste enzym binnen het waterstofmetabolisme in 
levende organismen. Hydrogenasen katalyseren de omzettingsreacties tussen waterstof en 
protonen (H2  2H+ + 2e-). Het oplosbare hydrogenase van Ralstonia eutropha (SH), dat het 
onderwerp is van dit proefschrift, behoort tot de klasse van [NiFe]-hydrogenasen. Deze klasse 
vormt de best bestudeerde klasse der hydrogenasen. Hoofdstuk 1 geeft een algemeen 
overzicht van [NiFe]-hydrogenasen, aangevuld met wat meer specifieke informatie over SH. 
[NiFe]-hydrogenasen bezitten een zeer eigenaardig aktief centrum. Dit centrum bestaat uit een 
Ni- en een Fe-atoom, welke met elkaar zijn verbonden via twee cysteine thiol groepen. Het 
Ni-atoom is daarnaast via nog twee cysteines aan het eiwit verbonden. Het Fe-atoom bezit 
verder twee cyaniden en een koolstofmonoxide ligand. In de geoxideerde vorm is ook een 
zuurstofligand aanwezig in bruggende positie tussen Ni en Fe. Het actieve centrum staat in 
electronisch contact met het eiwit oppervlak via ijzer-zwavel (Fe-S) clusters. Aërobe 
hydrogenase monsters zijn inaktief. Aktivatie vindt plaats d.m.v. inkubatie van het monster 
onder H2. Het zuurstofligand wordt hierbij vervangen door een bruggend hydride. Deze vorm 
reageert met een tweede H2, die heterolytisch wordt gesplitst, waarna de gevormde Ni3+-H-

wordt omgezet in een Ni+ ion en een proton. Vervolgens wordt Ni weer driewaardig, doordat 
het tweemaal één elektron afstaat aan de dichtstbijzijnde Fe-S cluster.  

Sommige [NiFe]-hydrogenasen zijn ongevoelig voor zowel O2 als CO. Deze groep 
[NiFe]-hydrogenasen is zeer interessant in relatie met hun potentiële bruikbaarheid in 
brandstofcellen. Het SH behoort ook tot deze groep. Dit enzym is bekend als een 
heterotetrameer, dat is opgedeeld in een NADH dehydrogenase module (HoxFU), waarbinnen 
een FMN groep en meerdere Fe-S clusters aanwezig zijn, en een hydrogenase module 
(HoxHY). In hoofdstuk 2 worden experimenten pepresenteerd, waaruit blijkt dat zowel 
binnen het SH als binnen het evolutionair verwante NADH:ubiquinine oxidoreductase 
(Complex I) uit koeienhart, dat het eerste enzymcomplex van de ademhalingsketen vormt, 
twee FMN groepen aanwezig zijn. Een van beide FMN groepen in het SH (FMN-b) is 
aanwezig binnen de NADH dehydrogenase module, terwijl de andere (FMN-a) binnen de 
hydrogenase module aanwezig is. 

Een gedetailleerde studie naar de fysiologische rol van de FMN-a groep binnen de 
hydrogenase module wordt gepresenteerd in hoofdstuk 3. Deze FMN groep kon selectief uit 
het enzym worden verwijderd onder reducerende condities, waarbij de fysiologische aktiviteit 
(H2-NAD+) van het SH verloren bleek te gaan. Toevoeging van FMN herstelde deze aktiviteit 
wederom. De NADH dehydrogenase aktiviteit werd niet beïnvloed a.g.v. deze behandelingen. 
Wij stellen voor dat de FMN-a groep is gebonden aan de zogenaamde “flavodoxin fold” 
binnen de HoxY subunit. Deze fold is terug te vinden in de sequenties van de kleine subunit 
van alle [NiFe]-hydrogenasen en ook in alle tot nu toe bekende sequenties van één van de 
subunit van Complex I. 

Infra-rood (IR) spectra, die worden gepresenteerd in hoofdstuk 4, laten zien dat 
binnen het aktieve centrum van het SH vier i.p.v. twee cyanide liganden gebonden zijn. 
D.m.v. een quantitatieve cyanide bepaling in combinatie met de IR analyze van 15N-verrijkt 
SH, konden we aantonen dat zowel Fe als Ni een extra cyanide ligand bevat t.o.v. andere 
[NiFe]-hydrogenasen. De aan Ni gebonden cyanide kon selectief worden verwijderd, waarna 
het enzym zuurstofgevoelig bleek te worden. Dit proces was irreversibel. Hoofdstuk 5
beschrijft de analyze van SH uit bacteriën, waarbinnen het zogenaamde HypX eiwit 
ontbreekt. Ook bij SH, dat afkomstig was uit deze gemuteerde bacteriën, ontbrak het aan Ni 
verbonden cyanide ligand, en ook dit enzym bleek zuurstofgevoelig te zijn. 

Ook aeroob SH is inaktief als gevolg van een aan Ni gebonden zuurstofligand. 
Aktivering vindt plaats na toevoeging van een katalytische hoeveelheid NADH, dat het 
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aktieve centrum met reducerende equivalenten voorziet via de NADH dehydrogenase module. 
Het zuurstofligand wordt hierdoor verwijderd (ons voorstel: OOH- + 3H+ + 2e-  2H2O). 
Gezuiverde SH preperaten laten zeer variabele specifieke aktiviteiten zien (15-100 U/mg). In 
1976 werd beschreven dat het SH ook kon worden geaktiveerd via NADPH. Dit resultaat kon 
door ons echter tot voorkort nooit worden gereproduceerd. In hoofdstuk 6 wordt echter de 
zuivering van een nieuwe vorm van het SH met de subunit samenstelling HoxFUYHI2
beschreven. Daarnaast wordt in hoofdstuk 7 beschreven hoe via een kleine modificatie van 
de voorgaande zuiveringsprocedure hexamerisch SH wordt verkregen met een zeer hoge 
specifieke aktiviteit. Deze nieuwe vorm van het SH kon zowel door NADH als door NADPH 
worden geaktiveerd. Dit lijkt erop te wijzen dat de twee HoxI subunits samen een 
bindingsplaats voor NADPH vormen. Wij stellen voor dat NADPH de FMN-a groep 
reduceert, die op zijn beurt het aan Ni gebonden peroxide ligand reduceert. Reductie van 
hexamerisch SH d.m.v. NADH in aanwezigheid van zuurstof, leidt tot vernietiging van het 
SH, terwijl onder dezelfde condities NADPH geen schade toebrengt aan het enzym. 
Groeiende cellen hebben een enorme behoefte aan NADH. Dit wordt geproduceerd door het 
SH op het moment dat de cellen onder H2, O2 en CO2 leven. Wij stellen voor dat het SH onder 
deze condities wordt geaktiveerd door NADPH, waarbij geen destructie van het enzym 
plaatsvindt. 

Het aktieve centrum van het SH liet geen redoxveranderingen zien. Wij denken 
daarom dat het hydride, die wordt geproduceerd a.g.v. de heterolytische splitsing van H2 door 
Ni, naar de FMN-a groep wordt overgebracht. Deze FMN groep functioneert dus volgens 
deze hypothese als een twee-naar-één  elektron transformator tussen het Ni-Fe centrum en de 
Fe-S clusters.     
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Dankwoord 

Op het moment dat ik voor de eerste keer als stagiair het B.C.P. Jansen gebouw 
binnenwandelde, had ik geen idee in welke wereld ik daar terecht zou komen. Ruim 5 jaar 
later was ik echter als een van de laatste der mohikanen nog steeds driftig proefjes aan het 
doen, en ik denk dat je hieruit best mag concluderen dat de wereld binnen het gebouw mij wel 
enigszins bekoorde. Deze positieve ervaring heb ik niet te danken aan het gebouw zelf, dat ik 
hier best wel als foeilelijk mag bestempelen. Wel heeft deze positieve ervaring veel te maken 
met het werk, dat mij mateloos intrigeerde, maar om de biochemie hier te gaan bedanken legt 
misschien wat teveel mijn neiging om door te slaan bloot. Mijn dank gaat hier dan ook 
voornamelijk uit naar de mensen die ik in het B.C.B. Jansen gebouw heb leren kennen. Zij, 
die mij met tomeloze inzet hebben onderwezen, en zij, die met hun aanwezigheid mijn 
werkdagen op een unieke manier hebben veraangenaamd.  
 Mijn co-promotor, Simon Albracht, reken ik hierbij tot beide categorieën, alhoewel ik 
hem eigenlijk wel tot de buitencategorie kan bestempelen. Siem, het moge duidelijk zij dat ik 
ontstellend veel van je heb geleerd. Vanaf het moment dat ik je leerde kennen werd me al snel 
duidelijk dat ik niet alleen te maken had met een fantastische wetenschapper maar bovenal 
met een fantastisch mens. Tijdens de laatste fase hebben we samen heel wat problemen 
binnen het instituut moeten doorstaan. Onze samenwerking heeft hier echter nooit onder 
geleden, en heeft uiteindelijk toch tot een mooi proefschrift geleid. 
 Naast een co-promotor is ook een promotor behoorlijk onmisbaar voor een 
promovendus. Aangezien ik met Klaas Hellingwerf en Bärbel Friedrich zelfs over twee van 
dit soort hooggeleerde heren mocht beschikken, heb ik ook op dit gebied weinig te klagen 
gehad. Klaas, we de afgelopen jaren zeker geen intensief contact met elkaar onderhouden. Als 
ik je hulp echter nodig had, kon ik altijd binnen het kortst mogelijke tijdsbestek op jouw 
ervaring en wijsheid rekenen. Bedankt hiervoor. Dear Bärbel, thank you so much for all the 
valuable discussions we have had during the yearly meetings between our research groups and 
during the several conferences at which we were able to meet each other. Thank you also for 
the opportunity you gave me to visit Berlin, making me able to do valuable experiments in 
your lab. It was a pleasure to have you as my ‘‘promotor Mutter’’, and I hope, one day, I will 
have the opportunity to strengthen the forces of your excellent research group. Thanks a lot 
also to the other dear colleagues in Berlin. Tanja, Thorsten, Oliver, Michael, Antje and all the 
others, it was always a pleasure to meet you guys somewhere in europe. Furthermore, I think 
that the way in which we complemented each other, scientifically spoken, has significantly 
increased our knowledge about our favourite bacterium, making our cooperation a very 
fruitful one. 
 De leden van de promotie commissie: Stanley Brul, Chris de Koster, Simon de Vries 
en Ron Wever, bedankt voor het lezen en beoordelen van dit proefschrift. In het bijzonder wil 
ik Boris Bleijlevens bedanken. Boris, je hebt me echt, als ware ik je jongere broer, onder je 
hoede genomen. Ik heb je dan ook altijd als een voorbeeld beschouwd van hoe het moet, 
zowel binnen als buiten de wetenschap. Nadat ik jarenlang ontelbare vragen op je ben blijven 
afvuren, is het nu wel zo eerlijk dat jij nu eens de kans krijgt om mij eens goed aan de tand te 
gaan voelen. Ook Roos, je levensgezellin, wil ik via deze route bedanken voor de 
broodnodige geestelijke bijstand. Ik wens jullie veel succes, liefde en geluk toe tijdens jullie 
verblijf in Engeland. 
 Ook verscheidene andere collega’s ben ik veel dank verschuldigd. Winfried, bedankt 
voor alle hulp die je me vijf jaar lang hebt gegeven, uiteenlopend van computerproblematiek 
tot een potje voetbal in de gang op zijn tijd. Ik ben blij dat je bij Massaspectrometrie opnieuw 
een leuke baan hebt gevonden. Waarschijnlijk ben je daar inmiddels ook alweer onmisbaar. 
Bart, er zijn weinig mensen die zo naturel in het leven staan als jij. Ik heb veel aan je 
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wetenschappelijke inzicht en ervaring gehad maar jouw humor blijft even onvergetelijk. 
Sergei, het was leuk om met je te werken en het was mooi om je te zien uitgroeien tot de 
persoon die je nu bent. Als we elkaar weer eens in de Kalverstraat tegenkomen gaan we 
beslist een biertje drinken. Marcel, ik ben blij dat jij me uit mijn eenzaamheid ben komen 
verlossen op het moment dat ik mijn dagen in volledige afzondering moest zien door te 
komen. Ook met zijn tweeën waren de werkomstandigheden nog verre van ideaal maar ik 
denk dat we toch beiden prettige herinneringen aan deze periode tijd overgehouden, om maar 
niet te spreken van de ultragiga-eiwitten, die we toch maar mooi hebben geproduceerd. Als 
het laatste hoofdstuk van mijn proefschrift is gepubliceerd moeten we maar weer eens een 
wedstrijdje van Arie van Lent gaan bekijken.  
 Binnen ons hydrogenase groepje waren er ook voortdurend wel een of meerdere 
studenten werkzaam, die niet alleen braaf hun bijdrage aan de wetenschap kwamen leveren, 
maar ook allen op hun eigen specifieke wijze bijdroegen aan de prettige sfeer op het lab. Erik, 
Fleur, Maarten, Thyra, Martijn en Maurice, bedankt voor jullie positieve bijdrage. Ook de 
vele andere collega’s binnen het B.C.P. Jansen Instituut wil ik bedanken voor de prima sfeer 
die ze creëerden: Henk, Jan, Rico, Rokus, Naoko, Zulfi, Alex, Martijn en alle anderen, 
bedankt voor het feit dat ik jullie allemaal heb mogen leren kennen. Ik hoop jullie dan ook 
nog vaak en op de meest onverwachte momenten tegen het lijf te lopen om weer even 
oeverloos over van alles en nog wat te praten. 
 Verder wil ik Bondien, Ans, Marjolein en Piet bedanken voor de geboden hulp en 
adviezen in zaken van niet-wetenschappelijke aard, en wil ik Peter van Dijk bedanken voor de 
geïnspireerde manier waarop hij mij de juiste weg heeft gewezen.   
 I also want to thank Victor M. Fernandez and Antonio L. DeLacey for giving me the 
unique opportunity to visit their lab in Madrid and for helping me there with some crucial 
experiments. I definitely had a great time in your beautiful city. 
 Niet in de laatste plaats wil ik de mensen buiten de wetenschap, vrienden en familie, 
bedanken. Jullie zullen je regelmatig hebben afgevraagd waar ik in godsnaam mee bezig was, 
maar ondanks het feit dat ik het onlangs een beetje druk heb gehad, ben ik maar wat blij dat 
jullie er altijd voor mij waren, en ben ik maar wat blij dat jullie er nog steeds zijn. Rob, 
Remco, Harry, Monique, Martijn, Wendy, Sjaak, Eef, Cees, Danielle, Erik. Wat mooi dat 
jullie er zijn.    
 Heleen, lieve zus, we hebben altijd tegen vooroordelen moeten vechten, maar wat zijn 
we sterk geworden. Lieve pap, lieve mam, ik heb het niet alleen over dit boekje als ik zeg dat 
zonder jullie onvoorwaardelijke liefde en steun alles ondenkbaar zou zijn geweest. 
 Lieve Jenny, Jettekes, liefste, we beleven elkaar maar heel even, en nadat wij ons alles 
hebben gegeven, weet echt niemand meer hoe het was. Er zijn wegen. Wij geven. Ons leven 
enz.     


