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1
1.1

Introduction
Water

The most familiar liquid to humanity is undoubtedly water. It is also a liquid
that continues to be the subject of intense study. Despite its chemical simplicity, a single oxygen atom with two hydrogen atoms, water has some unusual
chemical properties. It has an anomalously high melting and boiling point, high
surface tension, high heat capacity and a maximum density in the liquid phase,
to name a few of the more than 70 anomalies of water 1,2 . Exactly these peculiarities (or rather, the underlying reasons for these) make water such an excellent
solvent, reactant and energy transporter, and very important in biology, as we
will see further on.
Most anomalous properties of water arise from water’s tendency to form
hydrogen bonds. This tendency in turn arises from the distribution of electrons
in a water molecule. A water molecule has four pairs of valence electrons, two
of which are shared between the oxygen and the hydrogens to form covalent
bonds, and two lone pairs. Since all electrons repel each other, the most stable
configuration is a tetrahedron, with the hydrogen atoms residing in two corners,
and the lone pairs smeared out over the other two (fig. 1.1A). (Because of the
slightly higher electrostatic repulsion between the lone pairs, the angle between
the two OH bonds is 106◦ in liquid water 3 , which is smaller than the 109◦ of
a perfect tetrahedron.) While a water molecule has no net charge, the greater
electronegativity of oxygen causes the electrons to be distributed unequally, resulting in a partial positive charge on the hydrogen atoms and a partial negative
charge on the oxygen atom. As a consequence, the hydrogen atom of one water molecule is attracted to the oxygen lone pairs of another water molecule:

B

A
d

+

106°

d

-

d

+

Figure 1.1. (A) Structure of a water molecule. (B) Hydrogen-bond network of water.
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water forms hydrogen bonds (fig. 1.1B). A hydrogen atom can donate a single
hydrogen bond, and an oxygen atom can accept two (one at each lone pair),
such that each water molecule can participate in up to four hydrogen bonds.
Each bond is highly directional, with the OH··O hydrogen bond being parallel to the O-H bond, leading to the formation of an interconnected tetrahedral
network of water molecules. This hydrogen-bond network explains the extraordinary properties of water mentioned earlier: the strong attraction between the
molecules raises the surface tension and the melting and boiling points, and the
large amount of energy that can be stored in the hydrogen-bond network leads
to a larger heat capacity.
In ice, each water molecule forms exactly four hydrogen bonds. In liquid
water, however, the hydrogen-bond network is more disordered, with each water
molecule forming on average 3.6 hydrogen bonds 4 . These hydrogen bonds are
by no means static: water molecules move around on a picosecond (10−12 s)
timescale, and hydrogen bonds are continuously being broken and reformed 5–10 .
This process involves rapid switching of hydrogen-bond partners (<200 fs) and
re-arrangement of the larger hydrogen-bond network 5,11–13 . As a result of these
rapid motions, water can quickly adjust to changes in environment, which makes
it an excellent solvent for reactions 14 .
In fact, water is an excellent solvent in general. Water interacts most favorably with compounds that it can form hydrogen bonds to, that is, molecules
with hydrogen atoms covalently bound to a strongly electronegative atom (O, N
or F). In addition, water forms hydrogen bonds to charged species like ions and
- to a lesser extent - to polar molecules in general, as a result of its large dipole
moment of 1.85 D 15 . Compounds that interact favorably with water are called
hydrophilic, and are easily solvated by water. In contrast, compounds that
water can hardly interact with, like apolar molecules, are called hydrophobic,
and tend to cluster in an aqueous environment. The unfavorable hydrophobic
interaction arises from the fact that in order to accommodate apolar molecules,
water needs to make room for them 16 . For small hydrophobic solutes (<1 nm)
the hydrogen-bond network can fold around the solute, and the energy penalty
is mainly entropic. To accommodate larger hydrophobes, hydrogen bonds need
to be broken and the energy penalty is larger and mainly enthalpic, with a cost
of ∼2.5 kJ/mol per hydrogen bond 17,18 . As a result, hydrophobes like to stick
together: water and oil do not mix.

1.2

Water and biomolecules

Life as we know it takes place in liquid water; the human body, for example,
contains on average 65% of water. In fact, water seems so essential for life that
astrophysicists get excited whenever liquid water is found somewhere in the
universe. The fact is that water is not merely a passive solvent, but plays an
active role in many biological processes 19,20 . Understanding the subtle interplay between water and biomolecules is therefore crucial for understanding the
mechanics and chemistry of life. A few cases, which will feature later in this
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Figure 1.2. Structural levels of a protein. Each amino acid is defined by its side
chain R. The sequence of amino acids (primary structure) determines the formation of
specific hydrogen-bonded structures like α-helices and β-sheets (secondary structure),
which in turn can fold into a compact shape (tertiary structure).

thesis, are highlighted here.
Lipid structure and assembly
The interaction between water and phospholipids drives the self-assembly of
phospholipid bilayers that make up the membrane of cells 21 . The phospholipids arrange themselves such that their hydrophilic head-groups are solvated
by water, while their hydrophobic tails are clustered together, shielded away
from the water. This results in an effective barrier between the inside and the
outside of the cell, and enables cells to regulate in- and outward transport of
materials. Another major class of lipids is the triglycerides, which are consumed
as foods and constitute the main part of body fat, where they are responsible
for energy supply and storage 22 . In analogy to phospholipids, it is expected
that the interaction with water influences triglyceride structure, however this
interaction has hardly been studied yet.
Protein folding and function
Water is crucial for the folding and function of proteins 23,24 . Proteins are
components of every living cell that perform many specific tasks, ranging from
catalysis to material transport and the formation of a structural framework.
The specific task of a protein is determined by its three-dimensional structure:
Each protein consists of a linear chain of amino acids, the primary structure,
which can form particular hydrogen-bonded segments in its secondary structure, and these segments in turn can pack in a specific way to form the tertiary
structure of a protein (fig. 1.2). Nature has constructed an enormous amount
of proteins, each with their specific function, from just 20 types of amino acids.
The molecular mechanism by which proteins adopt their functional fold remains
one of the fundamental questions in biochemistry 25 .
One of the main drivers of the protein folding process is the unfavorable interaction between water and hydrophobic groups of the protein 23 . Folding allows

14
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the burial of hydrophobic groups inside the core of the protein, shielded away
from the water, which is energetically favorable. In many cases, water plays a
role via more specific interactions as well, for example by bridging different protein residues 24,26 . These internal water molecules can contribute to the folding
speed, stability and structure of the protein.
Besides influencing the protein structure, water can also contribute to the function of a protein directly. Many proteins need a minimal amount of hydration water in order to retain their normal catalytic activity 27,28 . It has been
suggested that this is due to the dynamics of hydration water driving protein
motion 29–31 . In addition, water can interact more specifically with proteins, for
example to assist in molecular recognition and binding, allostery, and proton
conduction 32–34 .
Osmolytes
Osmolytes are small organic molecules that enable cells to maintain a healthy
amount of water 35 . These molecules can strongly affect the three-dimensional
structure of proteins as well; some osmolytes unfold proteins, whereas others stabilize the folded protein structure 36,37 . Hence, many organisms use osmolytes to
counteract chemical factors that might promote protein unfolding. Marine animals, for example, use trimethylamine N-oxide (TMAO) to deal with extreme
deep-ocean pressures, and seeds of desert plants can survive in dry conditions
due to the presence of certain sugars.
Osmolytes affect the structure of proteins by shifting the equilibrium between
the folded and unfolded state. Protecting osmolytes like TMAO drive the equilibrium towards the native folded state, whereas denaturing osmolytes like urea
and guanidinium favor the unfolded state. Even though this process is well
understood from a thermodynamical viewpoint 37,38 , a consistent picture of the
molecular mechanism by which some osmolytes interact with proteins is still
lacking. Proposed mechanisms include direct interactions between osmolyte
and protein 39–41 , as well as indirect effects, where osmolytes primarily modify
the properties of the water solvent 42–45 . In both mechanisms, the effect of osmolytes on the structure of proteins cannot be understood without including
the role of water.

1.3

Spectroscopy of water

To study the dynamics of water on the molecular scale, one can use spectroscopy:
the interaction of water with light. While water is mostly transparent in the
visible region, it strongly absorbs UV light due to electronic resonances, and
mid-infrared light due to molecular vibrations. At room temperature, a water
molecule vibrates; the hydrogen and oxygen atoms wiggle around like balls
connected by springs. The vibrational resonances of water are of particular
interest as they can supply information on the hydrogen-bond structure and
dynamics of water. The frequencies of the main vibrational modes, the bend
vibration and the OH stretch vibration, are very sensitive to hydrogen-bond
strength 8,46–48 (fig. 1.3). Formation of an OH··O hydrogen bond weakens the
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Figure 1.3. Infrared absorption spectrum of liquid water at 25◦ C in the infrared spectral region, indicating the main vibrational modes and their correlation with hydrogenbond strength.

covalent OH bond, causing the OH stretch vibration to shift to lower frequencies.
This is why the OH stretch frequency of liquid water, centered around 3404
cm−1 , is so much lower than the OH stretch frequency of water in the gas phase
at 3657 cm−1 (symmetric stretch 49 ); in the former case water molecules are
hydrogen-bonded while in the latter case they are not.
An additional difference between the spectrum of liquid water and that of
water in the gas phase, is the broad spectral width. In the liquid phase, water
molecules exist in many different configurations with different hydrogen-bond
strengths, and as a result, the absorption spectrum of the OH stretch vibration is the sum of many different vibrational frequencies: it is inhomogeneously
broadened 9,48,50,51 . Because of the rapid movement of water molecules, these
different hydrogen-bonded water molecules quickly interconvert, and the water
absorption spectrum presents a time-averaged picture of the hydrogen-bond network of water. To investigate the time-evolution of the hydrogen-bond network,
one has to use nonlinear spectroscopy. In this case the water molecules interact with multiple light pulses, making it possible to excite particular vibrations
with one pulse and follow their behavior over time with another.

1.4

Outlook

This thesis focuses on the interactions between water and different biomolecules,
studied by vibrational spectroscopy. The next three chapters take a closer look
at vibrational spectroscopy, with chapter 2 highlighting the theory, chapter
3 focusing on the experimental implementation, and chapter 4 describing the
analysis of spectra. After that, we get to the core of the thesis. Chapter 5
describes the effect of sugars on the reorientation dynamics of water. Chapter
6 focuses on water reorientation dynamics in solutions of globular proteins. In

16
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these solutions, a fraction of the water is strongly slowed down by the interaction
with the protein surface, which we use to follow the exposure of the protein to
water upon urea and temperature-induced unfolding. In chapter 7 we describe
the interaction between water and a special type of protein: the antifreeze
glycoprotein, which enables the survival of arctic fish by preventing the growth
of ice crystals. Finally, in chapter 8 and 9, water is no longer the solvent, but
a solute in a matrix of triglyceride oil, which we find to lead to specific water
hydrogen-bond configurations and dynamics.

2

Vibrational spectroscopy

2.1

Vibrations and the harmonic oscillator

The simplest vibration is the harmonic oscillator. Imagine a mass suspended
by a spring (fig. 2.1A). If it is displaced slightly from its equilibrium position
along the spring direction, it experiences a restoring force F = −kx. Newton’s
balance of forces states
d2 x
(2.1)
F (t) = m 2 = −kx
dt
which has the solution
p
x(t) = x1 cos( k/mt)
(2.2)
This means that the mass
p oscillates harmonically around its equilibrium position
with a frequency ω0 = k/m.
A polyatomic molecule can be represented by a series of masses connected
by springs (fig. 2.1B), where the masses are the nuclei and the springs the forces
between them (these internuclear forces depend on the electronic structure of
the molecule). Since in this case the movement of a single mass will cause
motion of the others, Newton’s balance of forces in terms of mass displacement is more complex. Despite this complexity, the vibrations of a polyatomic
molecule can be described as a sum of independent harmonic oscillators, provided all restoring forces are harmonic 52,53 . These harmonic oscillations are
called normal modes. A normal mode involves the synchronous movement of
several nuclei; the vibrations are delocalized. In this case, the mass is replaced
by the effective mass, which is usually a complicated function of the individual
nuclear masses. The number of normal modes of a molecule is always equal
to the number of vibrational degrees of freedom, which is 3N-6 for a nonlinear
molecule with N nuclei and 3N-5 for linear molecules.

B

A

m1 k12

k
m

k23 m3 k
34
m2
m4
k25
m5

C

bend

symmetric
stretch

antisymmetric
stretch

Figure 2.1. (A) Example of a harmonic oscillator: a mass suspended by a spring. (B)
Representation of a polyatomic molecule as a series of masses - the nuclei - connected
by springs. The spring constants depend on the electronic structure of the molecule.
(C) The normal modes of a water molecule.
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The normal modes of a water molecule are shown in fig. 2.1C; these are the
bend, the symmetric stretch and the antisymmetric stretch vibration. The normal modes of water are not pure normal modes in the sense that the oscillations
are independent. Instead the different vibrations are coupled. This originates
from the restoring forces for nuclear displacement, which are not linear in x; the
vibrations are anharmonic. This is, in fact, the case for all molecules, but as for
water, a set of coupled harmonic oscillations can often still accurately describe
the vibrational motion of the molecule.

2.2

The quantum harmonic oscillator

To describe oscillations on the molecular level, it is necessary to treat the
molecule quantum mechanically. Since we saw in the previous section that
vibrations can be described by a set of coupled harmonic oscillations, we again
consider the simple case of a harmonic oscillator. The Hamiltonian of a quantum
harmonic oscillator is given by
Ĥ0 =

1
~2 d 2
+ kx̂2
2
2m dx
2

(2.3)

where the first term is the kinetic energy and the second term the potential
energy corresponding to a linear force F~ = −k~x̂. The energy levels of the
oscillator can be found by solving the time-independent Schrödinger equation
Ĥ0 ψ = Eψ

(2.4)

and are

Ev =

1
v+
2


~ω0

v = 0, 1, 2...

(2.5)

p
with v the vibrational quantum number and ω0 = k/m the vibrational frequency. The energy is quantized, and we can speak of zeroth, first, second
and higher vibrational states, which are evenly spaced by an energy separation of ~ω0 (fig. 2.2A). A transition from one vibrational state to another can
be induced by interacting with light, which can be described by solving the
time-dependent Schrödinger equation
ĤΨ = i~

∂Ψ
∂t

(2.6)

in the presence of light. We can consider the light as a time-dependent perturbation of the original Hamiltonian Ĥ0 , so that the Hamiltonian is defined
as
Ĥ(t) = Ĥ0 + V̂ (t)
(2.7)
Since light is an electromagnetic wave, it interacts with the charges of the sys~
tem, and V̂ (t) is a function of the electric field of the light, E(t),
and the electric
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Figure 2.2. (A) The energy levels of a harmonic oscillator, which are evenly spaced
with a separation of ~ω0 , and the corresponding eigenstates ψ. (B) The energy levels
of a Morse oscillator, which decrease in separation with increasing quantum number.

~ (For the moment we ignore higher order elecdipole moment of the system µ̂.
tric moments, and magnetic interactions as well, because these are much weaker
than the interaction with the electric dipole moment.) The electric dipole moment depends on the positions ~x̂ of all charges q in the system:
X
~=
µ̂
qn ~x̂n
(2.8)
n

We can consider the light as a simple oscillating electric field if we assume that
the wavelength of the light is much larger than the size of the system, such
that we can ignore the spatial variation of the field. This is quite reasonable for
infrared light (λ ∼ 10−6 m) interacting with molecular vibrations (bond lengths
∼ 10−10 m). Then the perturbation is defined as
~ · E(t)
~ ·E
~
~ 0 cos(ωt)
V̂ (t) = −µ̂
= −µ̂

(2.9)

The time-dependent Schrödinger equation (eq. 2.6) can be solved by separation
of variables:
Ψ(x̂, t) = ψ(x̂)e−iEt/~
(2.10)
where ψ is the solution to the time-independent Schrödinger equation (eq. 2.4).
The general solution to the time-dependent Schrödinger equation is thus given
by
X
Ψ(x̂, t) =
cv (t)ψv (x̂)e−iEv t/~
(2.11)
n

which means that the system can be described at all times as a superposition
of the different vibrational states ψv with a phase term and a time-dependent
amplitude cv (t). We can calculate the time-dependent amplitudes by solving
the Schrödinger equation with the perturbed Hamiltonian. From the calculation
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it follows that the transition rate from a negligibly perturbed state ψa to state
ψb is given to first order approximation by 54
Z
d
π
~ ·E
~ 0 |ψa i |2 δ(ω ± ωab )dω
(2.12)
Ra→b ∼
= |cb |2 = 2 |hψb | µ̂
dt
2~
This equation is known as Fermi’s golden rule. We can rewrite it as
Z
πE02
2
2
∼
Ra→b =
cos θ|µab |
δ(ω ± ωab )dω
2~2

(2.13)

~ 0 and the
where θ is the angle between the polarization direction of the light E
~ and µab = hψb | µ̂ |ψa i is the so-called transition dipole
electric dipole moment µ̂,
moment. Since we are interested in vibrations around an equilibrium position
x̂0 , we write the electric dipole moment as a Taylor expansion around x̂0 :
µ̂ = µ̂0 +

dµ̂
1 dn µ̂
(x̂ − x̂0 ) + ... +
(x̂ − x̂0 )n
dx
n! dxn

(2.14)

Combining this expression up to first order with Fermi’s golden rule finally gives
 2
Z
πE02
dµ
2
2
Ra→b ∼
cos
θ
|hψ
|
x̂
|ψ
i
|
δ(ω ± ωab )dω
(2.15)
=
b
a
2~2
dx
This equation has a few important implications:
R
• Ra→b ∝ δ(ω ± ωab )dω: The frequency of the light, ω, has to match the
frequency of the transition, ωab = (Eb − Ea )/~, for the transition to take
place (this is basically energy conservation). For vibrational transitions, the
required light is in the infrared range.
2
• Ra→b ∝ | dµ
dx | : Light can only interact with vibrations that cause a change in
dipole moment; these vibrations are said to be infrared active. Homonuclear
diatomic molecules, for instance, are not infrared active, because a change
in relative position of the nuclei does not change the net dipole moment.

• Ra→b ∝ cos2 θ: Light interacts most strongly with the system when it is
polarized along the direction of the dipole moment. This forms the basis of
polarization-resolved pump-probe spectroscopy (see section 2.6).
• Ra→b ∝ |hψb | x̂ |ψa i|2 : For a harmonic oscillator, it can be shown that
hψb | x̂ |ψa i is always zero unless b = a ± 1, which means that transitions
are only allowed between consecutive states 54 . For anharmonic oscillators
this rule is lifted, though generally the transition rate is much lower for
transitions involving two or more quanta.
• Ra→b = Rb→a : A transition from state ψa to ψb is just as likely as the
reverse process. An upward transition corresponds to absorption: the matter
absorbs energy ~ωab from the light. A downward transition corresponds to
stimulated emission: the light gains energy ~ωab .a (See fig. 2.3.)
a In

addition to these light-driven processes the system can ”spontaneously” decay to a
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Figure 2.3. Illustration of absorption, stimulated emission and spontaneous emission
for a two-level system. Photons are indicated as wiggly arrows and have energy ~ωab ,
corresponding to the energy difference between the two states. The rate of absorption equals the rate of stimulated emission, while the rate of spontaneous emission is
~ω 3
directly related to these by a factor of π2 ab
as a consequence of energy conservation 55 .
c3

Anharmonicity Most molecular vibrations have some degree of anharmonicity. At high vibrational excitations, the harmonic approximation always breaks
down because the molecular bond can dissociate. In this case the restoring force
is no longer linear with the displacement x̂, and the potential energy is no longer
quadratic (recall that V0 = 12 kx̂2 for the harmonic oscillator), but converges to
a constant value for large distances x̂. A potential accounting for this behavior
is the Morse potential 55
V0 = D(1 − e−ax̂ )2

(2.16)

where D and a are the depth and curvature of the potential, respectively. The
energy levels of the Morse oscillator can be found by solving the time-dependent
Schrödinger equation, and are given by

Ev =

1
v+
2





1
~ω0 − v +
2

2

~2 ω02
4D

(2.17)

p
with ω0 = a 2D/m. The energy levels are spaced closer together with increasing vibrational quantum number v (see fig. 2.2B). This is generally the
case for anharmonic vibrations. Aside from the Morse potential, many other
potentials have been put forward to describe the energy landscape of molecular vibrations. Lippincott and Schroeder, for instance, developed an emperical
potential for water and other hydrogen-bonding materials that explicitly takes
into account the anharmonicity arising from hydrogen-bond formation 56 .
Besides these modifications of the potential, which are referred to as mechanical anharmonicity, vibrational transitions can be modified by a nonlinear
dependence of the electric dipole moment on the position x̂: this is referred to
as electrical anharmonicity. In this case quadratic and higher order terms in eq.
2.14 significantly contribute to the transition rate, enabling ∆v>1 transitions.
lower energy state by spontaneous emission. This process happens even in the absence of
external light, because the electromagnetic field is never truly zero due to the zero-point
energy of vacuum.
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I
I0
L
Figure 2.4. In linear spectroscopy, one measures the attenuation of a beam of light
as it travels through a piece of material.

2.3

Linear spectroscopy

In linear spectroscopy, one generally measures the attenuation of a beam of light
as it travels through a piece of material (fig. 2.4). Here the light has a moderate
intensity, such that it excites only a very small fraction of the molecules. In this
case the macroscopic response of the material is linear with the electric field of
the light. This section describes how the linear spectrum is determined by the
microscopic light-matter interaction described earlier.

2.3.1

Absorption cross section

At room temperature and moderate light intensities, most molecules are in the
ground vibrational state, so we only observe the process of absorption. Suppose
we start out with a beam of light with intensity
I0 =

c0 2
E
2 0

(2.18)

which is the intensity (radiated power per unit area) for a beam with an electric
~ 0 cos(ωt), with c the speed of light, and 0 the permittivity of vacuum.
field of E
Assuming ω matches the frequency of the first vibrational transition ω01 , a
single molecule absorbs photons with energy ~ω01 from the beam at a rate of
R0→1 ∼
=

πI
|µ01 |2
3c0 ~2

(2.19)

This equation follows from eq. 2.13, under the assumption that the medium
is isotropic, such that cos2 θ = 13 . Now suppose we have a material with C
molecules per volume, then the intensity reduction after traveling through a
tiny slab dL of this material is
dI = −~ω01

πI
|µ01 |2 · C · dL
3c0 ~2

= −σ01 · I · C · dL

(2.20)
σ01 =

πω01
|µ01 |2
3c0 ~

(2.21)

The quantity σ01 is called the absorption cross section; it can be interpreted as
the optical area of the molecule (note that this is not the same as the actual
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Figure 2.5. (A) Lorentzian or homogeneous lineshape, (B) Gaussian or inhomogeneous lineshape with underlying homogeneous lines.

area). Solving the differential equation 2.21 leads to the following expression
I
= e−σ01 ·C·L
I0

(2.22)

This equation is known as the Lambert-Beer law. It relates the macroscopic
transmission I/I0 , which can be measured experimentally, to the molecular
property σ01 . In linear spectroscopy, one usually quantifies the macroscopic
absorbance, defined as
 
I
α = ln
= σ01 · C · L
(2.23)
I0
This is a convenient measure because it is linear with all the relevant parameters.

2.3.2

Absorption lineshape

So far we described vibrational transitions with a single frequency, which implies
that the absorption spectrum of a single resonance is infinitely narrow. However,
this is not the case in reality. The absorption lineshape cannot be infinitely
narrow due to the energy-time uncertainty principle:
∆E∆t ' ~

(2.24)

which means that the energy of a state cannot be determined exactly when the
state exists for a finite time. The lifetime of a state is limited by the rate of
spontaneous emission. It can be deduced by Fourier transformation 57 that the
spectral lineshape of a state with lifetime τ has the following form:
α(ω) ∝

1
∆ω
2π (ω − ω01 )2 + (∆ω/2)2

(2.25)

with ∆ω = 1/τ . This spectral lineshape is called a Lorentzian lineshape and is
shown in fig. 2.5A.
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Many vibrational lines are actually much broader than the Lorentzian
linewidth dictated by the vibrational lifetime. The OD stretch vibration in
isotopically diluted water, for example, has a lifetime of 1.7 picoseconds, which
corresponds to a linewidth of ∼3 cm−1 , but the actual spectrum is more than
fifty times broader. Line-broadening processes that affect all molecules equally
are called homogeneous. In the case of water, the broadening is mostly due to
the pushing and pulling of the water molecules at each other: local differences
in hydrogen bond strength lead to different potential energy surfaces for each
OD stretch vibration, and hence to different vibrational frequencies. Broadening of this type, which originates from differences in local environment, is called
inhomogeneous. In most cases the center frequency of the individual Lorentzian
lineshapes is statistically distributed and the overall lineshape is Gaussian (fig.
2.5B).
Due to the dynamical nature of the hydrogen-bond network of water, the
vibrational frequency of a water molecule is modulated continuously, and the
spectral lineshape reflects the time-averaged frequency distribution. In general,
if the frequency modulations are very small or very fast (∆ω · τc  1, see section 2.5.1), the average observed linewidth becomes narrower than the actual
frequency distribution. This phenomenon is called motional narrowing, and is
responsible for a slight narrowing of the lineshape of the water stretch vibration 58 . Additional mechanisms contribute to the lineshape of the water stretch
vibration as well, such as the fact that the transition dipole moment increases
strongly with increasing hydrogen-bond strength (non-Condon effect) 59 . Since
the frequency of the water stretch vibration depends on the hydrogen-bond
strength, with strongly hydrogen-bonded water molecules absorbing at lower
frequencies, this effect leads to a relative enhancement of the absorption at
lower stretch frequencies.

2.4

Pump-probe spectroscopy

In vibrational pump-probe spectroscopy, vibrations are excited with an intense
light pulse, the pump. These vibrations are monitored by measuring the absorption of a second, weaker probe pulse (fig. 2.6). In contrast to linear spectroscopy,
which gives a time-averaged picture, pump-probe spectroscopy is sensitive to
vibrational dynamics: the pump pulse perturbs the system from equilibrium,

I
pump

I0

e

prob

Figure 2.6. In pump-probe spectroscopy, an intense pump pulse excites vibrations
in the sample, which are subsequently monitored by measuring the absorption of a
second weaker probe pulse.
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Figure 2.7. Illustration of pump-probe spectroscopy, with spectra that are chosen
to resemble those of the OD stretch vibration of HDO molecules. (A) Energy level
description: the pump (big arrow) excites vibrations from the ground state to the
first excited state, which are then monitored by the probe (small arrows). (B) Probe
absorption spectrum: excitation by the pump lowers the absorption around ω01 and
increases the absorption around ω12 . (C) Probe differential absorption spectrum, with
the positive σ12 and negative σ01 contributions shown in dotted lines. (D) Probe differential absorption spectrum at different pump-probe delay times. (E) Probe differential
absorption spectrum at different pump-probe delay times, with a contribution from
sample heating.

and the relaxation of the excited vibrations back to the ground state is measured with the probe pulse. As we will see later on, pump-probe spectroscopy
can supply information on molecular fluctuations, coupling and reorientation
dynamics.
Pump-probe spectroscopy is a form of nonlinear spectroscopy. This means
that the system is perturbed from equilibrium, and as a consequence its response
is no longer linear with the total electric field (pump+probe) of the light. A
full description of the pump-probe signal therefore requires nonlinear response
theory 60,61 . Here we limit ourselves to a mathematically simpler description
that nonetheless captures the main observed features and refer the interested
reader to the books by Hamm and Zanni 60 and Mukamel 61 .
The absorbance of a piece of material is given by
α0 (ω) = σ01 (ω)N0

(2.26)

where N0 is the amount of molecules per area (N0 = CL, see eq. 2.23). In
case an intense pump pulse excites vibrations from the ground state to the first
vibrational state, the absorbance changes due to three processes (fig. 2.7):
1. Ground state depletion: since there are less molecules in the ground state,
less light is absorbed at the fundamental frequency ω01 .
2. Stimulated emission from the first excited state: light is emitted at the
fundamental frequency ω01 .
3. Excited state absorption: molecules in the first excited state can be further
excited to the second vibrational state, absorbing light at frequency ω12 .
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The resulting absorbance is given by


α(ω, t) = σ01 (ω) N0 − 2N1 (t) + σ12 (ω)N1 (t)

2.5

(2.27)

where N1 (t) is the amount of excited molecules per area. The processes of
ground state absorption and stimulated emission lower the absorbance equally,
since the rates of absorption and stimulated emission are the same (eq. 2.15),
hence the factor 2 in the above equation. By comparing the probe spectrum
with and without pump excitation, we can calculate the differential absorbance
∆α(ω, t) = α(ω, t) − α0 (ω, t)
= −2σ01 (ω)N1 (t) + σ12 (ω)N1 (t)

= −2σ01 (ω) + σ12 (ω) N1 (t)

(2.28)
(2.29)
(2.30)

For a harmonic oscillator, the frequencies of the first and second vibrational
transition overlap, and σ12 = 2σ01 . As a consequence, the pump-probe signal of
a harmonic oscillator is zero. Luckily for spectroscopists, molecular vibrations
are anharmonic. Usually, ω12 is lower than ω01 , and the differential absorbance
is thus nonzero (fig. 2.7C).
Note that the differential absorbance is a function of the time delay between
pump and probe pulses, since the excited vibrations relax back to the ground
state (fig. 2.7 D). For this reason the differential absorbance is often referred
to as the transient absorption spectrum. In the simplest case, the vibrational
relaxation can be described by
N1 (t) = N1 (0)e−t/T1

(2.31)

where T1 is the lifetime of the vibration. In general, a vibration relaxes by transferring energy to its environment, exciting lower-energy vibrations of the same
molecule or surrounding molecules in the process 62 . The lifetime of a vibration
therefore strongly depends on the coupling to its immediate surroundings. The
lifetime can provide structural information: In chapter 5, for example, we will
show that the vibrational response of OD stretch vibrations of water can be
distinguished from the OD stretch vibrations of sugars using their difference
in spectrum and vibrational lifetime. Ultimately, the energy of excited vibrations is transferred into heat. This can create an additional contribution to the
transient spectrum, because the cross section of a vibration usually depends
on temperature. The contribution due to sample heating has the shape of a
thermal difference spectrum (fig. 2.7E), i.e. the difference between the absorption spectrum at room temperature and the absorption spectrum at an elevated
temperature.

2.5

Frequency-resolved
troscopy: 2DIR

pump-probe

spec-

In vibrational pump-probe spectroscopy, it is often useful to pump and probe
at different frequencies, such that the vibrational response of a system can be
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Figure 2.8. Two-dimensional infrared spectroscopy (2DIR). (A) Illustration of a
2DIR spectrum. Each horizontal slice of the 2D spectrum corresponds to the spectral
response after excitation at a specific frequency ωpump . (B) The 2D spectrum can
be recorded by exciting with two broadband pump pulses with variable time delay
between them. Scanning this time delay corresponds to a sinusoidal modulation of
the pump pulse in the frequency domain. The 2D spectrum then can be obtained
by Fourier transformation of the transient probe spectrum (recorded as usual) with
respect to the scanned pump time delay.

probed after a subset of vibrations is excited. By scanning the frequency of a
spectrally narrow pump pulse and recording transient spectra with a broadband
probe pulse, we can construct a transient two-dimensional infrared (2DIR) spectrum, where each horizontal slice of the spectrum corresponds to the spectral
response following excitation at a specific frequency (fig. 2.8A).
The 2DIR spectrum is often obtained by exciting the sample with two broadband pump pulses instead of a narrowband pump pulse. In this case different
subsets of vibrations can be excited by varying the time delay between the
two pump pulses, which creates a sinusoidally modulated pump spectrum with
varying period (fig. 2.8B). The 2D spectrum can then be calculated by Fourier
transformation: the transient probe spectrum determines the probe axis, and
its modulation by the pump pulse pair after Fourier transformation yields the
pump axis.

2.5.1

2D lineshape

We already noted that the frequency of a vibrational mode is continuously
modulated due to the mutual pushing and pulling of molecules (section 2.3.2).
While the linear lineshape reflects the time-averaged frequency distribution, the
2DIR lineshape is sensitive to the frequency fluctuations. An inhomogeneous
vibrational mode gives rise to a 2DIR spectrum that is elongated along the
diagonal, as the excitation frequency corresponds to a particular subset of the
vibrations that will show their maximum response at the same frequency. At
later delays, however, the character and thus the resonance frequency of the
excited subset changes (due to the molecular dynamics). The average resonance
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Figure 2.9. Illustration of a 2DIR spectrum of an inhomogeneous vibrational mode at
different pump-probe delay times. The 2DIR spectrum is initially elongated along the
diagonal, but acquires a more spherical shape with increasing delay time. The decay
of the nodal line slope, sin θ, is a measure for the frequency-frequency correlation
function.

frequency of each subset of excited vibrations tends more towards the overall
average and the spectrum will acquire a more spherical shape. This phenomenon
is spectral diffusion resulting from structural dynamics, and is illustrated in
figure 2.9.
For a vibrational mode with overlapping peaks due to the 0 → 1 and 1 → 2
transitions, inhomogeneity results in a tilt of the nodal line between the two
responses. The nodal line slope as a function of time is a measure for the
spectral diffusion as expressed in the frequency-frequency correlation function
(FFCF) 63 :
C1 (t) = hδω01 (τ )δω01 (0)i
(2.32)
where δω01 is the instantaneous fluctuation away from the mean vibrational
frequency ω01 , and h...i denotes the ensemble average. The decay of the FFCF
can often be described emperically by
C1 (t) = ∆ω 2 e−τ /τc

(2.33)

where ∆ω is the fluctuation amplitude and τc the characteristic timescale of the
frequency fluctuations. The latter is a direct measure of how fast surrounding
molecules move around the excited vibrational mode. Aside from the nodal line
slope method, several other methods exist to obtain the frequency-frequency
correlation function from the 2DIR spectrum 63–65 .

2.5.2

Cross peaks

Perhaps the most prominent feature of a 2DIR spectrum is the presence of cross
peaks. Cross peaks appear off the diagonal (fig. 2.10A) and indicate that exciting a certain vibrational mode affects the vibration of another mode. Hence,
cross peaks supply information on molecular coupling. The coupling in turn
provides information on molecular structure, since the interaction between vibrations depends on their relative orientation and distance. We can distinguish
between two types of vibrational coupling:
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Figure 2.10. (A) Illustration of a 2DIR spectrum of two coupled vibrational modes
with different center frequencies ωa and ωb . Cross peaks appear off the diagonal.
(B) Illustration of anharmonic coupling for water: the spectrum of the OH stretch
vibration is redshifted if the bending vibration is excited. (C) Illustration of energy
transfer: the vibrational excitation transfers from one vibration to the other via the
coupling of their transition dipole moments.

• Anharmonic coupling:
Excitation of one vibrational mode alters the potential, and therefore the
vibrational energy levels, of another vibrational mode (fig. 2.10B). This is
the case when the two vibrations are part of the same molecule and affect
each other through chemical bonds, i.e. mechanically, or when the two
vibrations are coupled electrically by the interaction between their transition
dipole moments. The effect of anharmonic coupling is present immediately
after excitation of the vibration.
• Coupling by energy transfer:
Coupling between the transition dipole moments of vibrational modes can
also lead to transfer of the vibrational excitation of one vibrational mode
to another (fig. 2.10C). Energy transfer shows up in the 2DIR spectrum as
a rising cross peak, where the rise is defined by the rate of transfer. This
process is usually referred to as vibrational resonant energy transfer, or
Förster transfer, after Theodor Förster. The rate of Förster energy transfer
is given by 66,67
|~
µa |2 |~
µb |2 κ2ab
KF ∝
~ ab |6
|R

Z
σa (ω)σb (ω)dω

(2.34)

where µ
~ a and µ
~ b are the transition dipole moments of the coupled vibrations, Rab is their mutual distance, κab is a geometrical factor, and σ is the
absorption cross section. The rate of Förster transfer depends on the distance between the two coupled vibrations, the magnitude of their transition
dipole moments, and their spectral overlap.
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Aside from vibrational coupling, cross peaks can arise from structural dynamics, which is usually slower. This is for example the case when molecules can
exist in two different hydrogen-bonded configurations that give rise to different
vibrational frequencies. During the time between pump and probe pulses, the
molecules can be converted from one configuration to the other, which results
in cross peaks that rise with the average structural conversion time. This phenomenon is much like the spectral diffusion resulting from structural dynamics
described earlier, except that the vibrational frequency distribution is bimodal
in this case, instead of continuous.

2.6

Polarization-resolved pump-probe spectroscopy

We showed that light interacts most strongly with vibrations that have their
transition dipole moment aligned with the polarization direction of the light
(eq. 2.15):
Ra→b ∝ cos2 θ
(2.35)
where θ is the angle between the transition dipole moment of the vibration
and the polarization direction of the light. This property can be exploited to
measure molecular reorientation dynamics.
Suppose we start out with a collection of randomly oriented molecules (fig.
2.11A). A linearly polarized pump pulse creates the following normalized directional distribution of excited vibrations
p(θ, φ, t0 ) =

3
cos2 θ
4π

(2.36)

If we probe the resulting absorption change with probe pulses that are polarized
either parallel or perpendicular to the probe polarization, the parallel absorption
change is initially higher, since more vibrations were excited in the parallel
direction. With the angle definitions as shown in fig. 2.11B, the parallel and
perpendicular transient absorption signals are given by:
Z 2π Z π
∆αk = 3σ1 N1
p(θ, φ, t) cos2 θ sin θdθdφ
(2.37)
0

Z

0

2π Z

∆α⊥ = 3σ1 N1
0

π

p(θ, φ, t) sin2 θ sin2 φ sin θdθdφ

(2.38)

0

where σ1 is the average isotropic cross section. Substituting p(θ, φ, t0 ) as defined
by eq. 2.36, and integrating over all coordinates yields:
∆αk (t0 ) =

9
σ 1 N1
5

(2.39)

∆α⊥ (t0 ) =

3
σ1 N1
5

(2.40)
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Figure 2.11. Polarization-resolved pump-probe spectroscopy. (A) A linearly polarized pump pulse creates an anisotropic distribution of excited vibrations, which is
measured with probe pulses in parallel and perpendicular polarization configuration.
(B) Angle definitions for the distribution of excited vibrations p, as mentioned in the
text. (C) The transient absorption for parallel and perpendicular probe polarizations,
and the isotropic signal. (D) The anisotropic signal.

It follows that the parallel signal is three times larger than the perpendicular
signal. With increasing delay time between pump and probe pulses this difference will become smaller, because the excited molecules will reorient. This
randomizes the directional distribution of excited vibrations until it becomes
completely isotropic, at which stage the parallel and perpendicular signals are
equal (fig. 2.11C). Another process that leads to directional randomization is
vibrational Förster transfer, because transfer of a vibrational excitation from
one vibration to another can lead to a change of the direction of the transition
dipole moment of the excited vibration.
A consequence of the above described depolarization (due to molecular reorientation or Förster energy transfer) is that the transient absorption signal
does not simply decay with the vibrational lifetime. It is therefore convenient
to define the isotropic signal
∆αiso =


1
∆αk + 2∆α⊥
3

(2.41)

which decays with the vibrational lifetime and is independent of orientational
dynamics, provided the sample itself is isotropic.b
In addition to the isotropic signal, we can construct the anisotropic signal
R=

∆αk − ∆α⊥
∆αk + 2∆α⊥

(2.46)

which is the difference between the two absorption signals, normalized by the
rate of vibrational relaxation (note the similarity between the denominator of
b The fact that the isotropic signal depends only on the vibrational lifetime can be shown
by returning to the expressions of eq. 2.37 and 2.38, which combined with eq. 2.41 yield
Z 2π Z π

∆αiso = σ1 N1
p(θ, φ, t) cos2 θ + 2 sin2 θ sin2 φ sin θdθdφ
(2.42)
0

0
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above equation and the isotropic signal), which makes it independent of the
vibrational lifetime. It can be shown that the anisotropy is directly proportional
to the second order orientational correlation function of the direction of an
excited vibration 68,69 :
2
R(t) = P2 (cos θr (t))
(2.47)
5
where θr (t) is the rotation of the transition dipole moment of the excited vibration as a function of time and P2 = 21 (3x2 − 1) is the second order Legendre
polynomial. Note that R(0) = 25 , which follows directly from the initial values
of the parallel and perpendicular signals given in eq. 2.39 and 2.40, which in
turn are a direct consequence of the cos2 θ dependence of the excitation. Using
eq. 2.47, which connects the macroscopic observable R with the molecular orientational dynamics, we can calculate the anisotropy decay for different events.
Reorientation In the simplest case, the molecules reorient diffusively in all
directions. The distribution of excited vibrations is then described by:
∂pθ (θ, t)
= Dθ ∇2 pθ (θ, t)
∂t

(2.48)

with Dθ the orientational diffusion constant, ∇2 the Laplacian operator and pθ
the distribution of excited vibrations for an isotropic sample (which is independent of the angle φ). The solution to the above diffusion equation is a sum of
exponentially decaying Legendre polynomials Pl :
X
pθ (θ, t) =
cl Pl (cos θ)e−Dθ l(l+1)t
(2.49)
l≥0

where cl are coefficients that are determined by the initial distribution pθ (θ, 0).
Since the anisotropy is related to the second order Legendre polynomial, it
follows from above equation that the anisotropy decay due to orientational
diffusion is given by
2
(2.50)
R(t) = e−t/τreor
5
with τreor = 1/6Dθ .
In some systems, molecules can only reorient diffusively within a limited
cone angle θc . As a consequence, the anisotropy decays with τreor to a value of
R=

1

/2 cos θc (1 + cos θc )

2

For an isotropic sample, the distribution p does not depend on φ, in which case
Z 2π Z π

pθ (θ, t)
∆αiso = σ1 N1
cos2 θ + 2 sin2 θ sin2 φ sin θdθdφ
2π
0
0
Z π

= σ1 N1
pθ (θ, t) cos2 θ + sin2 θ sin θdθ

(2.51)

(2.43)
(2.44)

0

= σ1 N1

(2.45)

In the above calculation we have used the fact that p and pθ are normalized distributions.
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Förster transfer Transfer of the vibrational energy over an angle θt leads
to a decay of the anisotropy to a value of
R=


1
3 cos2 θt − 1
5

(2.52)

If the energy transfer occurs between two vibrations with different frequencies,
we can deduce the relative angle between their transition dipole moments from
the anisotropy value of the corresponding cross peak in the 2DIR spectrum.
In general, the anisotropy of cross peaks often differs from that of the diagonal peaks, in which case we can enhance the visibility of the cross peaks by
constructing the polarization-difference signal:


∆αk,max
∆αdif f = ∆α⊥
− ∆αk
(2.53)
∆α⊥,max
The above equation relies on the fact that ∆α usually reaches its maximum
along the diagonal. At the maximum ∆αdif f = 0, and thus the diagonal peaks
are eliminated.

3

Experimental methods

The results described in this thesis are obtained with pump-probe spectroscopy
experiments. The experimental setup for these experiments contains three main
ingredients:
• Infrared light generation: We need intense and ultrashort light pulses in the
infrared spectral region. Since there are no lasers that can directly produce
these pulses, the frequency of an ultrafast near-infrared laser is converted to
the infrared.
• Pump-probe configuration: The infrared pulses are used as pump and probe
beams, which are overlapped in the sample. The time delay between the
beams can be adjusted and every other pump pulse is blocked.
• Infrared light detection: The transmitted probe light with and without pump
excitation is measured by a spectrometer in combination with an infrared
array detector, for a range of different pump-probe time delays. This yields
the transient absorption spectrum.
In the following we first describe the principles of optical frequency conversion
processes that are used to generate infrared light pulses, followed by the details
of the pump-probe setups and the studied samples.

3.1

Optical frequency conversion

Light frequency conversion processes rely on the nonlinear optical response of
materials. The macroscopic optical response of a material is described by the
induced polarization P~ , which is the dipole moment per unit volume. P~ can be
~
written as a power series of the applied electric field E:
~
~ 2 + χ(3) E(t)
~ 3 + ...χ(n) E(t)
~ n]
P~ (t) = 0 [χ(1) E(t)
+ χ(2) E(t)

(3.1)

where χ(n) is known as the nth -order optical susceptibility. In contrast to the
nonlinear response mentioned in the previous chapter, we have assumed here
that we are far away from any resonance. This means that no light is absorbed
and that the polarization response is instantaneous, i.e. following the momentary sources. Most materials that are illuminated by everyday (weak) light are
fully described by the first term of eq. 3.1, the linear response. Typically, only
lasers produce high enough electric fields to induce a higher order polarization
response. To illustrate how a nonlinear optical response leads to frequency
conversion, we consider a planar electric field moving in direction ~x with two
distinct frequency components ω1 and ω2 :
~ x, t) = E
~ 1 ei(~k1 ~x−ω1 t) + E
~ 2 ei(~k2 ~x−ω2 t) + c.c.
E(~
35

(3.2)
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Figure 3.1. (A) Energy level description of second-order frequency conversion processes induced by light fields at ω1 and ω2 : second harmonic generation (SHG), sumfrequency generation (SFG) and difference-frequency generation (DFG). Dashed lines
indicate virtual states. (B) Geometry of phase-matching for sum-frequency generation in a negative (ne < no ) uniaxial crystal (type I). The dot and double-sided arrow
indicate the polarization directions of the fields.

The second-order polarization response is then given by 70
~ x, t)2
P~ (2) (~x, t) =0 χ(2) E(~
~ x, t)
E(~

2

(3.3)

~ 12 ei(2~k1 ~x−2ω1 t) + c.c.
=E
~ 22 ei(2~k2 ~x−2ω2 t) + c.c.
+E
~1 · E
~ 2 ei((~k1 +~k2 )~x−(ω1 +ω2 )t)
+ 2E

+ c.c.

(SF G)

~ ∗ ei((~k1 −~k2 )~x−(ω1 −ω2 )t)
E
2

+ c.c.

(DF G)

~1 ·
+ 2E
~ 1 |2 + 2|E
~ 2 |2
+ 2|E

(SHG)

(3.4)

(SHG)

(OR)

The second-order polarization response contains terms with different combinations of the input frequencies ω1 and ω2 : these correspond to the processes of
frequency doubling, or second harmonic generation (SHG), sum-frequency generation (SFG), difference-frequency generation (DFG) and optical rectification
(OR). These processes are illustrated in fig. 3.1A.
The efficiency of each conversion process depends on the so-called phasematching condition. Both the input fields and generated field travel through
the material at a speed given by their wavevector ~k, where ~k = ~nω/c, with ~n
the refractive index of the medium and c the speed of light. To get efficient
conversion, the generated field at any point in the material must maintain a
fixed phase relation with respect to the field generated earlier. Microscopically
this means that the individual atomic dipoles of the material all are phased such
that the field emitted by each dipole adds up constructively in the propagation
direction of the field. This is the case when the following condition is fulfilled:
X
X
~k− =
~k+
(3.5)
where ~k− and ~k+ refer to the wavevector(s) of the converted fields (upward
arrows in fig. 3.1) and generated fields (downward arrows), respectively. In
practice, phase matching is not so easy to achieve. To illustrate this, we consider
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the case of sum-frequency generation, for which eq. 3.5 reduces to
~k1 + ~k2 = ~k3

(3.6)

~n1 ω1 + ~n2 ω2 = ~n3 ω3

(3.7)

or equivalently,
Since for most materials the refractive index ~n increases with frequency, the
right side of eq. 3.7 is almost always larger than the left side. A common
way to solve this problem is by using birefringent crystals. The refractive index of birefringent materials depends on the polarization direction of the light.
Thus the phase-matching condition can be fulfilled by a proper choice of the
polarization of the input fields and the orientation of the crystal. Consider for
example the case of sum-frequency generation in a uniaxial crystal illustrated
in fig. 3.1B. Here the two input fields are polarized perpendicular to the plane
containing their wavevector ~k and the optical axis ~c of the crystal, making them
experience the so-called ordinary refractive index no , while the generated field
is polarized in the plane spanned by ~k and ~c, so it experiences the so-called
extraordinary refractive index ne (θ):
cos2 θ sin2 θ
1
=
+
ne 2 (θ)
no 2
ne 2

(3.8)

The extraordinary index depends on the angle θ between ~k and ~c, which makes
it possible to fulfill the phase-matching condition of eq. 3.7 by choosing the
appropriate angle θ. In general, depending on the type of second-order process
and the crystal material, different polarization combinations can be used to
acquire phase matching.
For time-resolved spectroscopy, light needs to be pulsed, and pulses are inherently not monochromatic but span a range of frequencies. In this case the
phase-matching condition cannot be perfectly fulfilled for all frequencies in the
pulse: at the edges of the pulse spectrum the conversion efficiency decreases,
which can lead to a narrowing of the generated pulse spectrum and consequently
an increase in pulse duration. For undepleted input
P fields,Pthe generated intensity depends on the wavevector mismatch ∆~k = ~k+ − ~k− and the crystal
thickness L:
I(ω) = I0 sinc2 (∆~k(ω)L/2)
(3.9)
The above equation shows that it is possible to achieve a higher phase matching
bandwidth - meaning a higher range of ∆~k for which I > 21 I0 - by choosing a
thinner crystal (smaller L). Of course, a thinner crystal also lowers the maximum generated intensity, so an optimal crystal length must be used based on
the desired spectrum, duration and intensity of the generated pulse.
Optical parametric amplification A specific case of difference-frequency
generation is optical parametric amplification (OPA). In this case the input
fields are an intense high frequency beam, called the pump, and a very weak
seed beam of lower frequency ωs . During the OPA process, the weak seed
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beam is amplified. In addition a new beam is created at the frequency ωi , with
ωp = ωs + ωi . The amplified beam is called the signal and the new beam is
called the idler. Usually, the weak seed beam is chosen to be broadband white
light; due to the broad bandwidth, the frequencies of the amplified signal and
generated idler beams mostly depend on the phase-matching condition, and can
be tuned over a wide range by changing the OPA crystal angle.

3.2

Single-color infrared pump-probe setup

The single-color infrared pump-probe setup used to obtain many results described later in this thesis is shown schematically in fig. 3.2. A Ti:sapphire
regenerative amplifier (Spectra-Physics Hurricane) produces 900 µJ, 100 femtosecond pulses with a central wavelength of 800 nm at a repetition rate of 1
kHz. Part of this light is used to pump a β-bariumborate (BBO)-based optical
parametric amplifier (OPA, Spectra-physics). In the OPA, a small part of the
800 nm light is focused into a sapphire plate to generate a broadband white
light seed, which is amplified in two steps to generate signal and idler pulses
of 1.33 µm and 2 µm respectively. The idler pulses are frequency-doubled in
another BBO crystal and subsequently mixed with the remaining 800 nm light
in a lithiumniobate (LN) crystal to produce 10 µJ infrared pulses centered at
2500 cm−1 , with a bandwidth of 100 cm−1 and a pulse duration of 200 fs. To
ensure that no other light enters the pump-probe experiment, two long wave
pass filters (one after the OPA, another after the DFG stage) filter out the remaining 800 nm light, and a germanium plate after the DFG stage filters out
the signal and idler beams.
The polarization of the infrared pulses is cleaned up by a polarizer and
the pulses are split into pump, probe and reference beams by a wedged CaF2
window. The pump pulse passes through a λ/2 plate to rotate the pump polarization by 45◦ , and is chopped at 500 Hz to block every other pulse. The probe
pulse passes over a motorized delay stage. All three beams are focused into
the sample by a gold-coated parabolic mirror (focal length f=100 mm). The
pump and probe beams are spatially overlapped in the sample, such that the
probe beam monitors the pump-induced absorption changes, while the reference
beam is focused at a different spot and used to correct for pulse-to-pulse intensity fluctuations of the probe. A rotating polarizer, placed directly after the
sample, selects probe and reference pulses that are polarized either parallel or
perpendicular with respect to the pump polarization. After passing through the
sample and rotating polarizer, the probe and reference beams are recollimated
using a second parabolic mirror, sent to a grating-based spectrometer (Lot Oriel
MSH302) and detected by a 3x32 mercury-cadmium-telluride (MCT) array.
In some of the experiments, a wobbler is placed into the pump path to
suppress the undesired interference effects in the signal due to scattering of the
pump beam into the probe detector path 71 . The wobbler consists of a CaF2
plate at Brewster angle that is slightly rotated at a frequency of 250 Hz using
a set of electromagnets. By setting the correct phase and amplitude of the
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Figure 3.2. Schematic of the single-color pump-probe setup described in the text (not
to scale). BBO: β-bariumborate crystal, LN: lithiumniobate crystal, LWP: long wave
pass filter, Ge: Germanium filter, P: polarizer, Prot : rotating polarizer, W: wobbler
(optional), λ/2: half-wave plate, MCT: Mercury-Cadmium-Telluride detector. The
colored lines indicate light beams, while the thin black lines indicate electronic signals.

rotation (via the voltage applied to the electromagnets), the pump phase can
be modulated such that the unwanted interference signals average out.

3.3

Dual-color (2D) infrared pump-probe
setup

The dual-color infrared pump-probe setup used for some of the experiments
described in this thesis is shown schematically in fig. 3.3. It can be used
in pump-probe mode, or in 2D mode by passing the pump beam through an
interferometer.
A Ti:sapphire regenerative amplifier (Coherent) produces 3.3 mJ, 35 femtosecond pulses with a central wavelength of 800 nm at a repetition rate of 1
kHz. The main part of this light is used to generate the pump beam. Firstly,
a white-light-seeded, three-step, β-bariumborate (BBO)-based OPA (SpectraPhysics) generates signal and idler pulses that are tunable between 1.1-1.6 µm
and 1.6-2.9 µm respectively. The signal and idler pulses are difference-frequency
mixed in a silver gallium disulfide (AgGaS2 ) crystal to produce infrared pump
pulses that are tunable between 1500 and 4000 cm−1 , with typical energies
of 20 µJ, a bandwidth of 300 cm−1 (FWHM) and a pulse duration of 170 fs.
The pump pulse passes through a λ/2 plate to rotate the pump polarization
by 45◦ , and is then chopped at 500 Hz to block every other pulse. The probe
and reference beams are generated using a similar conversion scheme: a twostep, white-light-seeded, BBO-based OPA (home-build) generates signal and
idler pulses that are difference-frequency mixed in a AgGaS2 crystal. This produces 4 µJ infrared pulses tunable from 1500 to 4000 cm−1 , with a bandwidth
of 320 cm−1 (FWHM) and a pulse duration of 170 fs. The generated infrared
light is sent through a germanium plate that blocks the signal and idler light,
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Figure 3.3. Schematic of the dual-color pump-probe setup described in the text (not
to scale). BBO: β-bariumborate crystal, AGS: silver gallium disulfide (AgGaS2 ) crystal, LWP: long wave pass filter, Ge: Germanium filter, P: polarizer, Prot : rotating
polarizer, λ/2: half-wave plate, HeNe: helium-neon laser, pyro: pyroelectric detector, PD: photodiode, MCT: Mercury-Cadmium-Telluride detector. The colored lines
indicate light beams, while the thin black lines indicate electronic signals.

and reflected off two ZnSe wedges to generate probe and reference beams. The
probe beam passes through a motorized delay stage, and the polarization of
both probe and reference beams is cleaned up by polarizers.
Pump, probe and reference beams are focused into the sample by a goldcoated parabolic mirror (focal length f=150 mm). The pump and probe beams
are spatially overlapped in the sample, so that the probe beam monitors the
pump-induced absorption changes, while the reference beam is focused at a
different spot. The reference is used to correct for pulse-to-pulse intensity fluctuations of the probe. A rotating polarizer, placed directly after the sample,
selects probe pulses that are polarized either parallel or perpendicular with respect to the pump polarization. After passing through the sample and rotating
polarizer, the pump, probe and reference beams are recollimated using a second
parabolic mirror (f=100 mm), sent to a grating-based spectrometer (Lot Oriel)
and detected by a 3x32 mercury-cadmium-telluride (MCT) array. The pump
beam is only passed to the detector during experimental tuning and is blocked
during the actual pump-probe experiment.
2D spectra To obtain two-dimensional spectra, the pump pulses can be sent
through a compact Mach-Zehnder interferometer 60,72 . The interferometer produces pulse pairs with variable time delay. A reference helium-neon (HeNe)
laser travels a few centimeters above the infrared beam and is detected by a
quadrature counter, consisting of a λ/4 plate in one of the interferometer arms
and a polarizing beam splitter and two photodiodes in the output arm. This
allows for an accurate determination of the interferometer delay, even when the
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delay is scanned very fast. Separate beamsplitters, placed on top of each other,
are used for the infrared and HeNe light. The pump interference that results
from scanning the delay is directly recorded by a pyroelectric detector in one of
the output arms of the interferometer, which yields the relative phase needed
to calculate the 2D spectra.

3.4

Sample cell

The liquid samples under study in this thesis are held by a sample cell that
consists of two infrared-transparent windows (CaF2 or z-cut sapphire) that are
separated by a 10 to 500 µm teflon spacer. CaF2 has the advantage of being
transparent down to low frequencies: it starts absorbing below 1250 cm−1 while
sapphire absorbs below 2300 cm−1 . However, sapphire is much stronger, which
prevents scratching and subsequent scattering of pump light into the probe
detection path. The windows and liquid are held together by a 1 inch diameter
aluminum cell. This cell can in turn be mounted on a temperature-controlled
stage. The stage temperature is controlled by an active feedback system that
consists of two water-cooled Peltier elements, a thermocouple attached to the
sample cell, and a control unit (TE Technology). Alternatively, the aluminum
cell can be mounted on a rotating stage, which prevents accumulated local
heating of the sample.
Isotopically diluted water The aqueous samples under study in this thesis often contain isotopically diluted water. Isotopically diluting water means
mixing normal water, H2 O, with heavy water, D2 O, which has two deuterium
atoms instead of hydrogen. The hydrogen and deuterium atoms exchange due
to the self-ionization of water, resulting in a near-statistical mixture of HDO,
H2 O and D2 O molecules 73 . Looking at isotopically diluted water has two main
advantages:
• The two hydroxyl stretch vibrations of HDO are decoupled. As a consequence, there is no splitting of the water hydroxyl stretch vibration into
antisymmetric and symmetric modes.
• The concentration of OD (or OH) oscillators is very low. As a consequence,
intermolecular Förster energy transfer becomes negligible. In addition, the
absorption per volume is smaller, so the sample thickness can be more practical (>10 µm) and the effect of sample heating is reduced since less vibrations
are excited per volume.
The absence of spectral splitting and intra- and intermolecular coupling for
HDO means that the interpretation of spectra is simplified: the spectrum of the
hydroxyl stretch vibration directly reflects the hydrogen-bond strength, and the
anisotropy measured by a polarization-resolved pump-probe experiment directly
decays with the rate of molecular reorientation.
Most experiments probe the OD stretch vibration of a few percent of HDO
in H2 O. The advantage of probing the OD vibration is that the vibrational
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lifetime is longer compared to the OH vibration, and that most of the sample is
still H2 O, which is closer to the natural situation. A disadvantage is that there
is considerable background absorption of the OH stretch in the OD spectral
region, so the concentration of HDO in H2 O cannot be too low (generally it is
chosen to be above 4%).

4
4.1

Data modelling
Isotropic transient spectrum

The isotropic transient absorption spectrum measured by vibrational pumpprobe spectroscopy reflects the dynamics of excited vibrations as they relax
back to the ground state. These dynamics can be quite complicated; vibrations
might relax via different intermediate states before the vibrational energy is
finally converted into heat. In case the system is inhomogeneous, the dynamics
are further complicated by the presence of multiple vibrational species, as each
species might have a different spectral response and relaxation pathway.
To extract physical information from the transient spectrum, we usually decompose the transient spectrum into a number of different spectral components.
Each spectral component can be assigned to a different state of our system, and
the number of molecules in each state is proportional to the time-dependent amplitude of the spectral component. The transient absorption spectrum ∆αmdl
is thus described as
X
∆αmdl (ω, t) =
Ni (t) · σi (ω)
(4.1)
i

where Ni (t) is the time-dependent amplitude, or population, of component number i and σi (ω) is its spectral signature. Note that in this notation, the subscript
of σi does not refer to the ith vibrational state (as in chapter 2), but to the entire response of component number i, which includes both 0 → 1 and 1 → 2
transitions.

4.1.1

Relaxation models

The best model to describe the transient spectrum is in general based on trends
that are observed in the spectrum directly, and the properties of the system
(for example, knowledge of the system composition). Two models that are
commonly used to describe vibrational relaxation are shown in fig. 4.1. In
the cascade model, the excited vibration relaxes via an intermediate state to a
thermalized ground state, and the populations are described by
d
N1 (t) = −k1 N1 (t)
dt
d ∗
N (t) = +k1 N1 (t) − kh N0∗ (t)
dt 0
d 0
N (t) = +kh N00 (t)
dt 0
43

(4.2)
(4.3)
(4.4)
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Figure 4.1. The energy diagram corresponding to the cascade model (A) and the
parallel model (B) of vibrational relaxation.

where k1 is the vibrational decay rate, which is the inverse of the vibrational
lifetime, and kh is the thermalization rate, i.e. the rate at which the excitation energy is converted into heat. The above set of differential equations can
conveniently be written in matrix notation as

 


N1 (t)
−k1
0
0
N1 (t)
d  ∗  
N0 (t) = +k1 −kh 0 N0∗ (t)
(4.5)
dt
N00 (t)
0
+kh 0
N00 (t)
Solving these equations leads to a description of the transient signal:
∆αmdl (ω, t) =σ1 (ω)N1 (0)e−k1 t


k1
−k1 t
−kh t
+ σ∗ (ω)N1 (0)
(e
−e
)
kh − k1


k1
kh
−kh t
−k1 t
+ σh (ω)N1 (0)
e
−
e
+1
kh − k1
kh − k1

(4.6)

It has been demonstrated that the vibrational relaxation of the OD stretch
vibration in isotopically diluted water 74 is very well described by the cascade
model. The excited OD stretch vibrations relax via an intermediate state to a
thermalized ground state. This thermalized ground state accounts for the temperature rise that occurs as the energy of the excited vibrations is transferred
into heat: the associated spectrum corresponds to the difference spectrum of
a slightly heated sample and the original, unexcited sample. The intermediate state accounts for the fact that the thermalization is delayed, and has no
spectral signature of its own (σ∗ = 0), which means that the population of the
intermediate state does not alter the spectral response of the OD vibration. As
such, the intermediate state is unlikely to correspond to a specific vibrational
mode, because the excitation of lower energy vibrational modes such as the
HOD bend vibration would lead to an anharmonic shift of the OD stretch vibration. Instead, it might reflect a relatively slow adaptation of the low-energy
degrees of freedom (hydrogen-bond stretch and bend) to the new equilibrium
positions that correspond to the higher energy content.
For other molecular systems, the transient signal can be modelled using the
parallel model, which describes the independent relaxation of two species of
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excited vibrations to a common thermalized ground state. In this case
∆αmdl (ω, t) =σa (ω)N1a (0)e−k1a t

(4.7)

−k1b t

+ σb (ω)N1b (0)e

+ σh (ω) 1 − N1a (0)e−k1a t − N1b (0)e−k1b t



This model, and variants thereof, have been used to describe the relaxation of
the OD stretch vibration of HOD molecules in different mixtures 75–77 . Here the
two excited states correspond to distinct water hydrogen-bond configurations.
Of course, more complicated models can be defined by expanding the number
of states and/or redefining the rate matrix of eq. 4.5.

4.1.2

Least-squares fit

To estimate how well a given model describes the measured transient spectrum
we can calculate the error-weighted square error:
χ2 =

Z Z 

∆α(ω, t) − ∆αmdl (ω, t)
(ω, t)

2
dωdt

(4.8)

where (ω, t) is the standard deviation of the measured transient spectrum
∆α(ω, t). The model ∆αmdl in general contains a number of free parameters.
In the formalism of the previous section, the free parameters are the vibrational
relaxation rates k and the spectral signatures of each state σi . To find the
optimal parameter values, we have to minimize the square error
P
2
Z Z 
∆α(ω, t) − i Ni (k, t)σi (ω)
2
χ (k) =
dωdt
(4.9)
(ω, t)
The minimization can be carried out numerically using an automated fitting
routine: starting out with an estimate for the vibrational decay rates k, the
best-fitting spectra are obtained analytically by calculating the minimum of χ2
with respect to the spectrum σi at every measured frequency ωj (singular value
decomposition):
d
dσi (ωj )

Z 

P
2
∆α(ωj , t) − i Ni (k, t)σi (ωj )
dt = 0
(ωj , t)

(4.10)

after which the square error is calculated using eq. 4.9. The loop is iterated
using different values of k until the optimal k is reached.

4.2

Anisotropy dynamics

The anisotropy of the transient spectrum reflects the depolarization dynamics
of excited vibrations as they reorient or transfer their energy to other vibrations by resonant Förster energy transfer. However, if the transient spectrum
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contains multiple spectral components, as discussed in the previous section, the
anisotropy decay of the total spectral response is not so easy to interpret. This is
due to the fact that the different spectral components do not contribute equally
to the anisotropy at all times. Short-lived components contribute mostly at
early time delays, while long-lived components dominate at later time delays.
In the case of isotopically diluted water, the OD stretch vibration decays
via a dark intermediate state to a thermalized ground state 74 . To calculate the
anisotropy associated with the OD stretch vibration, the transient spectra have
to be corrected for the isotropic heating contribution:
∆αk,corr (ω, t) = ∆αk (ω, t) − Nh (t)σh (ω)

(4.11)

∆α⊥,corr (ω, t) = ∆α⊥ (ω, t) − Nh (t)σh (ω)

(4.12)

before calculating the anisotropy according to
R(ω, t) =

∆αk,corr (ω, t) − ∆α⊥,corr (ω, t)
∆αk,corr (ω, t) + 2∆α⊥,corr (ω, t)

(4.13)

In case two species of excited vibrations relax to a common thermalized
ground state, as described by eq. 4.7, we do not only want to correct for
the isotropic heating contribution, but wish to extract the component-specific
anisotropy decays as well. If we know the spectral signatures σi of each component from a fit to the isotropic data, we can calculate the component-specific
anisotropy decays Ri by singular value decomposition of the parallel and perpendicular absorption signals. This means describing the parallel and perpendicular
signals as
X
∆αmdl,k (ω, t) =
Ni,k (t) · σi (ω)
(4.14)
i

∆αmdl,⊥ (ω, t) =

X

Ni,⊥ (t) · σi (ω)

(4.15)

i

and solving for each measured delay time tj
Z 

d
dNi,k (tj )
d
dNi,⊥ (tj )

Z 

P
2
∆αk (ω, tj ) − i Ni,k (tj )σi (ω)
dω = 0
(ω, tj )

P
2
∆α⊥ (ω, tj ) − i Ni,⊥ (tj )σi (ω)
dω = 0
(ω, tj )

(4.16)

(4.17)

This yields the time-dependent amplitudes Ni,k and Ni,⊥ of each component,
after which the component-specific anisotropy can be calculated according to
Ri (t) =

Ni,k − Ni,⊥
Ni,k + 2Ni,⊥

(4.18)

5

Water dynamics in aqueous
sugar solutions

Sugars are an important class of biological molecules. In living organisms, they
fulfill a wide range of functions, serving for example as an energy source or
signaling group (when part of a glycoprotein or glycolipid), or acting as a stabilizing osmolyte of proteins under environmental stress conditions 78,79 . This
latter property is still not fully understood, though it has been hypothesized
that sugars stabilize proteins against unfolding indirectly, via the water solvent.
In this chapter we study the effect of the sugars glucose, trehalose and sorbitol
on the reorientation dynamics of water molecules. We find that at all sugar concentrations the water dynamics can be described by a single reorientation time
constant. With increasing carbohydrate concentration, the water reorientation
time constant increases from 2.5 picoseconds to a value of about 15 picoseconds.
The slowing down of the water dynamics is strongest for trehalose, followed by
glucose and sorbitol. Compared to other small amphiphilic solutes, the influence of sugars on the dynamics of water is relatively long-ranged, and involves
collective structural effects. These results are in line with an indirect protection
mechanism of sugars via the water solvent.
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5.2

Introduction

Sugars are known to stabilize proteins against unfolding under extremely cold
and dry conditions. Even though this latter property is widely used in industry
and in biochemistry labs, the exact mechanism by which sugars stabilize proteins
against unfolding is still not fully understood 78–80 .
Since sugars are preferentially excluded from protein surfaces 78,79 , it has
been hypothesized that they protect proteins indirectly by modifying the properties of the water solvent. For this reason, people have extensively investigated
the properties of water in solutions of sugars, using a wide range of techniques.
With Raman spectroscopy 81–83 , neutron scattering 83 , neutron diffraction 84–86
and THz absorption experiments 87,88 , it was found that the water structure
around sugars is changed in comparison to the structure of neat water. However, the observed structural changes tend to be quite small 86 . A more pronounced effect is found with techniques that probe the dynamics of the water
molecules. Dielectric relaxation 89 , NMR 90 , time-resolved fluorescence 91 and
dynamic light scattering 92,93 studies all show that the dynamics of water slows
down significantly near sugar molecules. A similar slowing down effect is seen
with molecular dynamics simulations 81,94–96 . However, the different studies
do not agree on the magnitude and the spatial extent of the effects of sugar
molecules on the dynamics of water. For trehalose, for example, which is the
sugar with the highest degree of bioprotectability, different techniques give different results. With NMR measurements of the spin relaxation rate of water
17
O in dilute trehalose solutions, a modest retardation factor of 1.6 was found,
assuming that the hydration shell consists of 47 water molecules 90 . In dynamic light scattering measurements 92 , a much larger retardation factor of 5
to 6 was found, for a hydration shell consisting of 25 water molecules. Finally,
time-dependent fluorescence Stokes shift measurements of a small THz probe
covalently attached to trehalose 91 , indicate that trehalose retards the dynamics
of more than 150 surrounding water molecules by a factor of ∼2.
In this chapter we investigate the effect of glucose, trehalose and sorbitol on
water reorientation dynamics. To this end, we use polarization-resolved pumpprobe spectroscopy, which directly measures the reorientation dynamics of both
water and solute. The selected sugars are all commonly used as stabilizing
osmolyte, and have some interesting properties of their own: glucose is the
main monosaccharide unit and energy source in biological systems, trehalose is
known to be the most bioprotective sugar 80 , and sorbitol is a linear form of
glucose, and the comparison with glucose allows us to study the effect of the
sugar conformation on the water reorientation dynamics.

5.2

Experimental

Spectroscopy The measurements described in this chapter are performed
with the single-color setup described in section 3.2. The pump and probe pulses
are centered around 2500 cm−1 , in resonance with the OD stretch vibration.
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To probe the dynamics of the rise in sample temperature, the dual-color setup
described in section 3.3 is used as well, with a modified pump generation scheme:
a BBO-based OPA (TOPAS, LightConversion) creates signal and idler pulses
of 1.33 µm and 2 µm respectively. The idler pulses are subsequently doubled in
a 4 mm BBO crystal and mixed with 800 nm light in a 10 mm lithiumniobate
crystal, to generate 24 µJ pump pulses centered at 2500 cm−1 with a bandwidth
of 100 cm−1 (FWHM). The crystals are chosen to be relatively thick, to generate
a pump spectrum that has the same bandwidth as the single-color setup. The
probe pulses of the dual-color setup are centered at 2950 cm−1 , in resonance
with the low-frequency tail of the OH stretch vibration.
Sample preparation Glucose, trehalose and sorbitol were purchased from
Sigma-Aldrich (purity >98%) and mixed with H2 O and D2 O, such that the
percentage of deuterated hydroxyl groups in the sample was always 4%. After
mixing, we stirred and heated the solutions to about 50◦ C to promote dissolution. Upon cooling back to room temperature, the carbohydrates stayed well
dissolved.

5.3
5.3.1

Results
Linear spectra

Figure 5.1 presents linear spectra of solutions of glucose in isotopically diluted
water. The spectra show a broad absorption band centered at 2500 cm−1 due
to the OD stretch vibrations of water and glucose. With increasing glucose
concentration, the center frequency and spectral shape show little change. The
absorption around 2500 cm−1 slightly decreases, due to the decrease of the concentration of OD oscillators, and the absorption at frequencies above 2600 cm−1
increases, due to the absorption of the CH stretch vibrations of glucose. The
same trends are observed for solutions of trehalose and sorbitol in isotopically
diluted water.

0 mol/kg

Abs [OD]

1
10
mol/kg

0.8
0.6
0.4
0.2
0

2400

2500

2600

wavenumbers [cm-1 ]

Figure 5.1. Linear spectra of aqueous glucose solutions (0, 1, 2, 3, 5, 7, 10 mol/kg),
with 4%D:H. The spectra are corrected for H2 O background.
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Figure 5.2. Isotropic absorption change for solutions of trehalose in water at different
picosecond delay times after excitation with a 2500 cm−1 pump pulse. (A) Absorption
change between 2400 and 2600 cm−1 (OD stretch vibration) for 3.5 molal trehalose.
(B) Absorption change between 2800 and 3100 cm−1 (tail of OH stretch vibration,
heating signal) for 3.5 molal trehalose. (C) Absorption change between 2800 and 3100
cm−1 , normalized at 100 picoseconds, for different concentrations of trehalose (0, 0.5,
1, 1.5, 2.5 and 3.5 molal). The lines represent empirical triple-exponential fits.

5.3.2

Isotropic and anisotropic signals

In figure 5.2 we present isotropic transient absorption signals measured for solutions of trehalose after exciting the sample with a pump pulse at 2500 cm−1 .
Figure 5.2A presents the isotropic absorption signal between 2400 and 2600
cm−1 for a solution of 3.5 molal trehalose. At early delay times, we observe a
bleach at the fundamental transition of the OD stretch vibration around 2500
cm−1 , and an induced absorption at frequencies below 2420 cm−1 . At later delay
times, these signals have decayed and the transient spectral response is formed
by a thermal difference spectrum. Figure 5.2B presents the isotropic absorption
signal between 2800 and 3100 cm−1 for the same solution. The bleaching signal
(negative absorption change) slowly rises with increasing delay time. This signal is due to the shift and decrease in cross section of the OH stretch vibrations
with temperature, and directly represents the rise in sample temperature. The
dynamics of the heat signal between 2800 and 3100 cm−1 (normalized at 100
picoseconds) for different concentrations of trehalose are shown in figure 5.2C.
With increasing concentration of trehalose, the heat dynamics slow down considerably. For solutions of glucose and sorbitol we observe a similar slowing
down of the heat dynamics with increasing solute concentration. Knowing the
dynamics of the heat signal and its spectral response - of which the shape is
given by the transient spectrum at long delays - we can correct the isotropic
spectra of the OD stretch at all delay times for the heating contribution 97 .
Figure 5.3 presents the isotropic transient absorption signals for water and
the three studied sugars, after correcting for the heating contribution. All
isotropic spectra show a strong bleaching signal around 2500 cm−1 due to the
bleaching of the fundamental v = 0→1 transition (ground-state bleaching and
stimulated emission) and an induced absorption at frequencies below 2420 cm−1
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Figure 5.3. Isotropic absorption signals for solutions of glucose, trehalose and sorbitol in isotopically diluted water, at five different picosecond delay times after the
excitation. The concentrations are given in molal (mol/kg). The solid lines represent
fits using the model described in the text.
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Figure 5.4. Isotropic absorption signal for a solution of 3.5 molal trehalose in water,
shown for different probe frequencies as a function of delay time (normalized at 0.5
picoseconds).
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Figure 5.5. Anisotropic absorption signal at 2500 cm−1 for solutions of glucose,
trehalose and sorbitol in water of different concentrations (trehalose: 0, 0.5, 1, 1.5, 2.5
and 3.5 molal). Solid lines are description with our model fit.

due to v = 1→2 excited-state absorption. The spectral shapes are very similar for the different carbohydrates, even at high concentrations, in accordance
with the linear spectra. For neat water, we find that the transient absorption
signal decays with a frequency-independent time constant of 1.7 picoseconds, in
agreement with earlier reports 74 . This time constant represents the vibrational
lifetime of the OD stretch vibration of HDO dissolved in H2 O.
The vibrational decay becomes quite inhomogeneous upon the addition of
sugar: on the red side of the OD absorption band the decay speeds up compared
to neat water, while on the blue side of the OD absorption band the decay slows
down in comparison with neat water. This observation is further illustrated in
figure 5.4, which shows the isotropic absorption change measured for a solution
of 3.5 molal trehalose as a function of delay time at different probe frequencies.
The inhomogeneity of the relaxation increases with increasing sugar concentration. This inhomogeneity follows from the fact that both water and sugar
contain hydroxyl groups that contribute to the transient spectral response. The
frequency-dependent decay of the isotropic spectra shows that the spectral responses and lifetimes of the water and sugar hydroxyl groups differ.
Figure 5.5 presents the anisotropy of the vibrational excitation (as defined by
eq. 2.46) measured at 2500 cm−1 for the three sugars at different concentrations.
With increasing concentration of sugar, the decay of the anisotropy strongly
slows down. This is the case for glucose, trehalose and sorbitol. For neat water
the anisotropy decays with a timescale of 2.5 ps, in agreement with earlier
reports 74 .

5.3.3

Reference measurements in DMSO

The transient absorption signals as shown in figure 5.3, 5.4 and 5.5 contain
contributions from both water and sugar hydroxyl groups. To extract the water
reorientation dynamics, we need to separate these contributions. To this purpose we performed reference measurements on solutions of the studied sugars
in dimethylsulfoxide (DMSO). The carbohydrates will form similar hydrogen
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Figure 5.6. The isotropic absorption change (A) and the anisotropic absorption
change (B) as a function of frequency for 0.4 molal 10% deuterated glucose in DMSO
(solid lines are description with model fit). Spectral components (C) contributing to
isotropic signal (relative amplitudes correspond to 1 ps), and anisotropy (D) of the
two spectral components as a function of delay time.

bonds with DMSO as with water, but since DMSO itself does not contain hydroxyl groups, the transient absorption signals only represent the response from
the OD stretch vibrations of the sugars. Figure 5.6 presents the isotropic and
anisotropic signals of a solution of 0.4 molal glucose (10% deuterated) in DMSO.
The decay of the isotropic absorption change is again observed to be frequency
dependent: on the red side the decay is much faster than on the blue side
of the OD absorption band. We find that the dynamics of the isotropic and
anisotropic signals can be very well described with two spectral components,
with vibrational relaxation time constants of 1.4 ± 0.2 picoseconds and 4.6 ±
0.2 picoseconds (figure 5.6C), and different associated anisotropy dynamics (figure 5.6D). The responses of trehalose and sorbitol dissolved in DMSO can also
be very well described with two spectral components with different vibrational
lifetimes and different associated anisotropy dynamics.

5.3.4

Spectral decomposition model

Based on the findings for the sugar solutions in DMSO, we analyze the results
measured for the sugar solutions in water with a model that includes two spectral components for the sugar response and one spectral component for the
water response. In this model we assume that the relative amplitudes of the
sugar and water components are only defined by the sugar concentration. We
further assume that the spectral shape and lifetime of each component do not
change with concentration, and fix the spectral shape and lifetime of the water
component to the corresponding values for neat water (4% D2 O:H2 O). Each
spectral component is assumed to show an associated anisotropy decay of the
form:
Ri (t) = Ai e−t/τi + Bi
(5.1)
The anisotropy dynamics of the two sugar components are taken to be the
same at all concentrations. Only the anisotropy decay of the water component is
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allowed to vary with concentration. We fit this model to the isotropic absorption
and anisotropy signals at all measured concentrations for each sugar. The fit
is performed with a single fitting routine that adds the least-square errors for
each concentration. During each iteration of the fit, the isotropic absorption
signal is spectrally decomposed in three spectra σi (ν) for a given set of monoexponentially decaying populations Ni (t). The error is then determined by
comparing the isotropic transient spectral response at
Pall frequencies and delay
times to the result of the spectral decomposition
i Ni (t)σi (ν). The error
for the anisotropic signal is determined by comparing each model anisotropy
component Rj (given by Aj , Bj and τj ) to the following quantity
P
1
i6=j Ri Ni σi
3 (αk − α⊥ ) −
(5.2)
Nj σ j
Here αk and α⊥ are the measured parallel and perpendicular transient spectra,
respectively. Equation (5.2) is based on the following expression, which follows
from eqs. 2.41 and 2.46:
X
1
R i Ni σ i
(5.3)
3 (αk − α⊥ ) =
i

The result of the fits is displayed with solid lines in figure 5.3 and 5.5. The
fits are in good agreement with the data for all sugars. The spectral components
resulting from the fits are shown in the top row of figure 5.7. For all three sugars,
the two components originating from the sugar hydroxyl groups are red-shifted
and blue-shifted with respect to the water band, and have lifetimes around 0.4
ps and 3.8 ps respectively. The spectral shapes are very similar to what is found
for the sugars in DMSO. For sorbitol the center frequencies of the two sugar
hydroxyl bands are slightly closer together than for glucose and trehalose.
The anisotropy dynamics of the three spectral components are shown in the
bottom row of figure 5.7. It is seen that the anisotropy of the two sugar hydroxyl
components decays very slowly. The anisotropy dynamics of the water hydroxyl
band are faster, but strongly slow down with increasing sugar concentration. We
find that the final value of the anisotropy (coefficient B in eq. 5.1) of the water
component stays within ±0.015 for all sugars at all concentrations. Hence, the
anisotropy decay of the water component can be well characterized by a single
reorientation time constant τw of which the value depends on the nature of the
sugar and its concentration. This reorientation time constant is presented in
figure 5.8 for each sugar as a function of concentration.

5.3.5

Modeling water reorientation of sugar hydration shells

We measure the reorientation dynamics of water in sugar solutions up to very
high concentrations. At the highest concentrations, only 5 to 6 water molecules
(and 15 in the case of trehalose) are available per sugar molecule. As a result, the hydration shells of the sugar molecules will overlap, which implies
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Figure 5.7. Top: Spectral components of the transient spectral response of aqueous
sugar solutions. The spectral components decay with different vibrational lifetimes
(indicated as legends). The three panels present the amplitudes of the spectral components at 1 ps after the excitation for the same sugar concentrations that are shown
in figure 5.3). Bottom: Anisotropy as a function of delay time for the two sugar hydroxyl bands (green and blue) and the water hydroxyl band (red), at different sugar
concentrations.
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Figure 5.8. Water reorientation time constant as a function of sugar concentration.
Solid lines represent the description with overlapping hydration shell model described
in the text.
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that the reorientation dynamics of the water molecules will be affected by the
nearby presence of multiple sugar molecules. It is to be expected that the
reorientation dynamics of water will be become slower when the number of
nearby sugar molecules increases. To account for this effect, we calculate the
probabilities that a water molecule is located in zero, one, two or more sugar
hydration shells. We assume the sugars to be randomly distributed, which is
a reasonable assumption according to neutron diffraction experiments 84,85 and
MD simulations 85,98 . The water molecules are largely randomly distributed as
well, except for the fact that we do not allow a water molecule to belong to
more than two hydration shells. The distribution depends on the sugar molar concentration CM (calculated from the sugar molal concentration cm with
CM = cm · ρ/(1000 + cm · Msugar )) and the size of the hydration shell, which
is the number of water molecules dynamically perturbed by each carbohydrate.
The calculation of the distribution of probabilities of the number of hydration
shells to which a water molecule belongs is described in detail in the appendix
of this chapter. To translate the distribution to the dynamics of water, we assign increasingly slow reorientation rates to water in zero, one, or two hydration
shells. A single retardation factor x relates the reorientation rates, such that
the rate decreases a factor x when going from zero to one hydration shell, and
x2 when going from one to two hydration shells. This model yields a triple
exponential anisotropy decay Rmdl at each sugar concentration:


2
Rmdl = 0.4 Pc (0)e−k0 t + Pc (1)e−k0 xt + Pc (2)e−k0 x t
(5.4)
where Pc (i) is the probability that a water molecule belongs to i hydration shells,
as calculated from the sugar concentration and the size of the hydration shell,
and k0 = 1/2.5 is the reorientation rate of unperturbed water. We can approximate eq. 5.4 well with a single time constant (in the interval of 0-8 picoseconds)
to allow for a comparison with the time constant coming from the experiment at
the same sugar concentration. Only two parameters, the retardation factor and
the hydration shell size, are varied until the calculated water reorientation time
constant is in accordance with the experimentally determined values, shown in
figure 5.8. The calculated values are shown as solid lines in the same figure.
We find an optimal retardation factor of 1.65 ± 0.15, independently of the type
of sugar, and hydration numbers of 24 ± 3, 46 ± 5 and 22 ± 3 for glucose,
trehalose and sorbitol, respectively.

5.4
5.4.1

Discussion
Solute dynamics

For all investigated sugar solutions, the nonlinear vibrational response of the
hydroxyl vibrations can be well described with three spectral components, each
with its own vibrational relaxation time constant and associated anisotropy
decay. The two components associated with the sugar hydroxyl groups probably do not represent two distinct species of sugar hydroxyl groups but rather
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a continuous distribution of vibrational relaxation time constants across the
inhomogeneously broadened sugar hydroxyl absorption band. The vibrational
lifetime is observed to be significantly shorter in the red wing than in the blue
wing of the absorption band. This is a quite general observation 77,99,100 that
follows from the fact that both the hydroxyl stretch frequency and the vibrational lifetime decrease with increasing strength of the hydrogen bond donated
by the hydroxyl group. The shape and vibrational lifetime of the sugar hydroxyl
components are very similar for glucose, trehalose and sorbitol. For sorbitol the
two bands are slightly closer in frequency, which suggests that for sorbitol, the
relaxation of the OD stretch vibrations is less inhomogeneous than for glucose
and trehalose. This might be due to the lower chemical heterogeneity and the
greater flexibility of the sorbitol molecule 98 compared to trehalose and glucose.
For all sugars, the anisotropy of the vibrational excitation of the hydroxyl
stretch vibrations decays only partially within the experimental time window of
∼10 ps. The partial decay indicates that the reorientation of the sugar hydroxyl
groups occurs within a finite cone angle. The complete decay of the anisotropy
requires the molecular reorientation of the entire sugar molecule, which takes
tens of picoseconds 90,92 . The sugar hydroxyl band at lower frequencies (green
band in figure 5.7) has a higher and more persistent anisotropy value than the
band at higher frequencies. This difference can be explained from the fact that
the band at lower frequencies corresponds to more strongly hydrogen bonded
hydroxyl groups for which the cone angle will be smaller. The anisotropy decay
of the sugar components is not very different for sorbitol compared to glucose
and trehalose, which indicates that the flexibility of the backbone of the sugar
does not play a role for the hydroxyl reorientation dynamics occurring on a 10
ps time scale. The reorientation on this time scale is thus only governed by the
strength of the local hydrogen-bond interaction.

5.4.2

Water dynamics

For all three sugars we observe a superlinear increase of the water reorientation time with sugar concentration. Based on our modeling of the water reorientation in the sugar hydration shells, we explain this superlinear behavior
from a combination of two effects. The first is that the probability for a water
molecule to belong to two or more hydration shells strongly increases with concentration. The second is that the reorientation of water molecules belonging
to two or more hydration shells is slower than for water molecules belonging
to a single hydration shell. In an NMR study of a solution of trehalose in water a similar superlinear increase of the reorientation time with concentration
has been observed 90 . This observation was interpreted as the result of water
molecules interacting with multiple trehalose molecules, in agreement with our
interpretation. A similar trend has been observed with dielectric relaxation
(DR) measurements of solutions of glucose in water 89 . In the NMR and the
DR measurements the water dynamics are observed to slow down even more
strongly with increasing concentration than in our measurements. A possible
explanation may be that the NMR and DR results are more sensitive to col-
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lective effects on the spin relaxation and the polarization response, whereas
the femtosecond infrared experiments probe the reorientation of single hydroxyl
groups.
We find that we can describe the increase in average water reorientation
time with a model that assigns increasingly slow reorientation times to water
molecules in zero, one or two carbohydrate hydration shells. From the model
we extract a retardation factor of 1.65 ± 0.15. This retardation factor implies
that water molecules that are located within the hydration shell of one sugar
molecule reorient 1.65 ± 0.15 times slower compared to water molecules in bulk
water, while water molecules within the hydration shell of two sugar molecules
reorient 2.7 ± 0.3 times slower again. Obviously, this discrete description of the
water reorientation in the vicinity of sugars is an approximation of the actual,
more diffuse, water reorientation, but it nonetheless indicates the magnitude
and extent of the effect of sugars on the water dynamics in concentrated sugar
solutions. Interestingly, the retardation is very similar for the different types
of sugars. A similar observation was made using dynamic light scattering measurements 92 .
For all investigated sugars, the water reorientation in a solution with a particular sugar concentration can be described with a single reorientation time
constant. This time constant increases strongly with increasing sugar concentration, reflecting an overall slowing down of the water reorientation. In contrast
to the water dynamics around small amphiphilic molecules 101,102 and salts 77,99 ,
we do not observe a clear distinction between bulk-like water and hydration water. For these solutions, it was found that the reorientation of a fraction of the
water molecules is strongly retarded, while the remaining water molecules were
observed to reorient with the same time constant as observed for neat water,
even at high solute concentrations. For the sugar solutions we do not observe
such a bimodal distribution of the reorientation time of the water molecules.
This finding indicates that the hydration layer in which the water dynamics are
affected is far more diffuse around carbohydrates than around ions or hydrophobic molecular groups. The effect on the dynamics of water thus appears to be
longer ranged for sugars than for ions or hydrophobic molecular groups.
The long-range character of sugar molecules on the dynamics of water may
find its origin in their large number of hydrophilic hydroxyl groups. These hydroxyl groups will form strong hydrogen bonds with nearby water molecules 94 ,
and thus it has been proposed that the effect of sugars on the dynamics of water
scales with the number of hydrogen bonds between the sugar and water 88 , or
alternatively, with the number of sugar hydroxyl groups 92 . Following this idea,
we plotted the water reorientation time constant against the number of sugar
hydroxyl groups in figure 5.9A. It is apparent from the figure that the water
reorientation time constants we measure do not follow the suggested scaling behavior. Trehalose has a comparatively strong effect on the water dynamics per
hydroxyl group, while the effect of sorbitol is relatively weak. This is most apparent at sugar concentrations above 1 molal (trehalose) and 2 molal (glucose,
sorbitol).
At higher concentrations, the effect of the overlapping hydration shells be-
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Figure 5.9. Water reorientation time constant as a function of (A) concentration of
sugar hydroxyl groups and (B) sugar volume fraction.

comes important. In this regime the water dynamics are not only influenced by
the hydrogen-bond interactions between the sugar molecules and water, but also
by the volume that is left for water in between the sugar solutes. In this limit
the volume occupied by the sugar solutes starts to play a role. The molecular
weight and volume taken by trehalose are almost 2 times as large as for glucose.
If we plot the water reorientation time against the sugar volume fraction, as
determined from density measurements (figure 5.9B), we find that the water
reorientation time constants in solutions of glucose and trehalose follow almost
the same trend up to the highest concentrations.
For sorbitol the effect on the water dynamics is lower than for glucose and
trehalose. In modeling the effect of sorbitol on the reorientation, we found
that the hydration shell of sorbitol is somewhat smaller than for glucose, in
spite of the fact that the molecular masses are nearly the same and sorbitol has
6 hydroxyl groups instead of 5. However, the molecular structure of sorbitol
strongly differs from that of glucose and trehalose. The linear flexible structure
of sorbitol allows for the formation of intramolecular hydrogen bonds 98 , thus
reducing the effect on the surrounding water molecules. The less strong effect of
sorbitol on the water reorientation dynamics compared to glucose and trehalose
thus likely finds its origin in their difference in molecular structure. For sugar
molecules of similar structure like glucose and trehalose, the effect appears to
scale quite well with the molecular volume, and surprisingly, less well with the
number of hydroxyl groups. These findings suggest that the influence of sugars
on the dynamics of the surrounding water involves collective structural effects
in which the shape and size of the sugar molecule play important roles.
The long-range effects of sugars on the dynamics of water may in turn play
a role in their influence on the conformation of proteins. Experiments show
that trehalose is the most effective in preserving biomolecules, compared to
other sugars, and most notably for concentrations above 1 M. 80 This is the
concentration range for which we observe a larger effect of trehalose on the water
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dynamics compared to glucose and sorbitol. The present results are therefore
in line with an indirect protection mechanism of sugars via the water solvent.

5.5

Conclusions

We have investigated the molecular reorientation dynamics of water molecules
in aqueous solutions of glucose, trehalose and sorbitol. With increasing sugar
concentration, the decay of the OD stretch vibration becomes more inhomogeneous, due to an increasing contribution of sugar hydroxyl groups. We separate
the contributions of sugar and water hydroxyl groups to the nonlinear vibrational signals using a spectral decomposition model. This allows us to observe
the dynamics of water and sugar separately.
We find that the sugar hydroxyl groups only move in a restricted cone angle on the timescale of our experiment. The water reorientation is faster, but
strongly slows down with increasing sugar concentration. Interestingly, the water reorientation can be characterized with a single reorientation time constant.
We find that the water reorientation time τw increases from 2.5 ± 0.3 to 13 ±
2 ps for a solution with a glucose concentration of 10 molal, to 8 ± 1 ps for a
solution with a trehalose concentration of 3.5 molal, and to 8 ± 1 ps for a solution with a sorbitol concentration of 10 molal. The fact that we do not observe
a bimodal distribution of the reorientation time of the water molecules, as for
aqueous solutions of small amphiphiles and salts, indicates that the hydration
layer of sugars is more diffuse and extents over a longer range.
For all three sugars, the water reorientation time increases superlinearly with
sugar concentration. We explain this superlinear dependence with the effect of
overlapping hydration shells, and describe the water reorientation time with a
model that assigns increasingly slower reorientation times to water molecules in
zero, one, two or three carbohydrate hydration shells. From the model, we find
that for all three studied sugars the retardation factor is 1.65 ± 0.15. From the
model we also find that the hydration shells of glucose, trehalose and sorbitol
comprise approximately 24 ± 3, 46 ± 5, and 21 ± 3 water molecules, respectively. A comparison of the effects of the different sugars, suggests that the
influence of sugars on the dynamics of the surrounding water involves collective structural effects in which the shape and size of the sugar molecule play
important roles.

5.6

Appendix: Hydration shell model

To calculate the probabilities that water molecules belong to 1, 2, 3, or even
more hydration shells of sugar molecules, we consider a system containing Ns
solute molecules. For each solute molecule the fully filled solvation shell has a
volume x (x does not include the volume of the solute) of the total volume, and
thus the total volume of the solvation shells in case the shells would not overlap
is equal to Ns x. The volume x is given by x = Nh vw , where Nh is the number of
water molecules in the hydration shell and vw is the volume of a water molecule
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(0.018/NA liter, with NA Avogadro’s number). Ns is equal to NA times CM ,
the solute molar concentration.
To determine the probabilities that a water molecule belongs to a particular
number of hydration shells we consider picking Ns times a volume x out of 1
liter of the solution and calculate the probability that a molecule is within at
least one of the picked volumes x. We define a(1) = Ns x. At every selection a
molecule has a chance of x to be chosen, and a chance of 1 − x not to be chosen.
The probability that a molecule is not chosen after choosing Ns times a volume
(1)
fraction x is equal to (1 − x)Ns = (1 − x)a /x . We arrive at the following
probabilities of molecules belonging to 0, 1, 2, 3 solvation shells:
P (1) (0)
P

(1)

(1)

=

(1 − x)Ns = (1 − x)a
Ns −1

= Ns x(1 − x)

P (1) (2)

=

P (1) (3)

=

(1)

/x

= e−a

(1)

(5.5)

(1) −a(1)

=a

e

[a(1) ]2 −a(1)
Ns (Ns − 1) 2
x (1 − x)Ns −2 =
e
2
2
[a(1) ]3 −a(1)
Ns (Ns − 1)(Ns − 2) 3
x (1 − x)Ns −3 =
e
,
6
6

where we used that x  0. In general:
P (j) (i) =

[a(j) ]i −a(j)
e
,
i!

(5.6)

where we changed the superscript (1) for the more general superscript
P∞ (j), indicating the number of the iteration. It should be noted that a(j) = i=0 iP (j) (i).
For geometric reasons, a water molecule can only belong to a maximum
number of solvation shells, which we define as k. To account for this fact, we
redistribute the probabilities of molecules belonging to more than k shells over
molecules belonging to less than k shells. This redistribution is performed with
a statistical approach, and will again yield non-zero probabilities of molecules
belonging to more than k shells. However, the sum of these probabilities will
be smaller than in the first calculation. The procedure is repeated until there
are only probabilities of molecules belonging to k shells or less. We define an
(j)
excess volume aex of a(j) that is contained in molecules belonging to k + 1 and
(1)
even more solvation shells. For j = 1 the excess volume aex is given by:
a(1)
ex

=

∞
X

(i − k)P (1) (i),

(5.7)

i=k+1

where the term (i − k) is introduced to account for the fact that a molecule belonging to i > k shells has been chosen i − k times too much. The excess volume
(j)
aex has to be redistributed over molecules that belong to less than k solvation
shells. As we will calculate the final distribution with an iterative procedure,
applying several subsequent calculations of the redistribution of excess volumes
(j)
(j)
aex , we define the distribution Pc (i) as the distribution that results after the
(1)
j’th iteration. Obviously Pc (i) = P (1) (i).
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To calculate the probability distribution of the redistribution of aex we
account for the fact that only molecules belonging to less than k shells can be
(j)
selected. Hence, we renormalize aex to the volume from which molecules can
be selected in the next j + 1 selection round:
(j)

aex
a(j+1) = Pk−1 (j)
i=0 Pc (i)

(5.8)

Substitution of a(j+1) in equation (5.6) yields the distribution function P (j+1) (i)
Pk−1 (j)
(j)
of the excess volume aex . The division by i=0 Pc (i) accounts for the fact
that the total volume from which molecules can be selected in the (j + 1)’th
round corresponds to the volume of the molecules that have only been selected
k − 1 or less times after the j’th round. The volume taken by these molecules is
Pk−1 (j)
smaller than the original volume by a factor i=0 Pc (i). This means that the
probability that a particular molecule is selected from this volume is larger than
(j)
in the case that the excess volume aex could have been picked from all molecules.
(j)
This larger selection probability is expressed in the fact that a(j+1) > aex . The
(j+1)
distribution function P
(i) is used to determine the corrections to the total
(j)
probability function Pc (i).
(j)
Selection of molecules that belong to Pc (i) in the (j + 1)’th round will lead
to a decrease of Pc (i), i.e. of the fraction of molecules belonging to i solvation
shells, irrespective of whether these molecules are chosen 1, 2 or more times. On
(j)
the other hand, Pc (i) will increase if a molecule belonging to Pc (i−l) is selected
(j)
l times. The probability of selecting a molecule l times from a particular Pc (i)
(j)
(j+1)
is given by P
(l)Pc (i). Hence, the redistribution leads to the following
(j+1)
(i) of molecules belonging to i
expression for the new, corrected fraction Pc
solvation shells:
Pc(j+1) (i) = Pc(j) (i) − Pc(j) (i)

∞
X

P (j+1) (l) +

l=1

i
X

Pc(j) (i − l)P (j+1) (l), i ≤ k (5.9)

l=1

(j)

In case molecules from Pc (i) (i < k) are selected two or more times (P (j+1) (i ≥
2) 6= 0), the redistribution also leads to a non-zero probability of molecules
belonging to i > k solvation shells. As the maximum number of solvation shells
to which a molecule can belong is defined by k, the probability of belonging to
to i > k solvation shells needs to be redistributed over Pc (i) (i < k). This is
done in the following manner. First the probability of molecules of belonging
(j+1)
to i > k solvation shells is added to Pc
(k):
Pc(j+1) (k) = Pc(j+1) (k) +

k−1
X
i=0

Pc(j) (i)

∞
X

P (j+1) (l)

(5.10)

l=k−i+1
(j+1)

The excess selections i > k define a new excess volume aex

with a magnitude
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given by:
a(j+1)
=
ex

∞
X
l=2

(1)

P (j+1) (l)

k−1
X

(i − k + l)Pc(j) (i)

(5.11)

i=k−l+1

The case of aex , as expressed in equation (5.7), applies to the case before any
(j+1)
selection was made, i.e. to Pc0 (0) = 1 and Pc0 (i > 0) = 0. The value of aex
(j+1)
evaluated with equation (5.11) is used in equation (5.8) to transfer aex
and
(j+1)
(j+2)
(i) to a
. Next, equation (5.6) is used to calculate the normalized
Pc
(j+2)
(i). The
distribution function P (j+2) (i), and equation (5.9) to calculate Pc
calculation is repeated until the probability ofPmolecules belonging to i > k
solvation shells has become negligibly small ( i Pc (i > k) ≈ 0) or until all
molecules are at least k times selected, meaning that ∀Pc (i < k) = 0.

6

Water dynamics in aqueous
protein solutions

Proteins perform specific biological functions that strongly depend on their
three-dimensional structure that results from the folding of the polypeptide
chain. A crucial factor for protein folding is the interaction between the protein and the water solvent. In this chapter, we study the dynamics of water
in aqueous solutions of several globular proteins in their native state and at
different degrees of temperature and urea-induced unfolding. We observe that
a fraction of the water molecules is strongly slowed down by their interaction
with the protein surface. The slow water fraction is a measure of the amount
of water-exposed surface. In the case of urea-denatured proteins, we observe
that the wetted protein surface increases by almost 50%, while the secondary
structure is still intact. This finding indicates that protein unfolding starts with
the protein structure becoming less tight, thereby allowing water to enter.
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6.2

Introduction

The interaction between proteins and water is crucial for protein folding and
stability 23 . However, what happens locally at the protein-water interface at
different degrees of unfolding remains largely unexplored. A common technique
to observe the process of unfolding is circular dichroism (CD), which is sensitive
to the macromolecular structure of the protein 103 . The macromolecular structure of proteins can also be probed with magnetic relaxation dispersion of water
17
O, as this technique is very sensitive to the dynamics of the internal water
molecules that are released upon unfolding 104,105 . These methods show that
the unfolding of globular proteins constitutes a sharp cooperative transition, a
property which sets them apart from non-functional random polypeptides. It is
unclear, however, what happens at the protein-water interface during unfolding,
in particular whether the macromolecular structural transition corresponds to
a similarly sharp change in the intermolecular interactions between the water
molecules and the protein surface.
The dynamics of water near protein surfaces has been studied with several theoretical and experimental techniques. MD calculations predict that the
dynamics of water slow down near protein surfaces, and that the amount of
slowing down strongly depends on the protein surface topology 106–109 . NMR
studies also find a slowdown effect 104,105,110 , but cannot determine the number
of slow water molecules and their reorientation rates independently 105 . Timeresolved fluorescence 111,112 and Nuclear Overhauser Effect 113,114 studies find a
wide distribution of water reorientation times in the protein hydration layer,
but both techniques require the embedding of specific probes in the protein (or
protein encapsulation 114 ). The experimental information on the properties of
the hydration shell of proteins thus remains limited, in particular regarding the
number and dynamics of the water molecules that are in direct contact with
the protein surface.
In this chapter we study the dynamics of water in aqueous solutions of bovine
α-lactalbumin, hen egg-white lysozyme, bovine β-lactoglobulin and bovine
serum albumin at different degrees of unfolding, using polarization-resolved femtosecond infrared spectroscopy. We (partially) unfold the proteins by increasing
the temperature or adding the denaturant urea.

6.2

Experimental

Spectroscopy The measurements described in this chapter are performed
with the single-color setup described in section 3.2. The pump and probe pulses
are centered around 2500 cm−1 , in resonance with the OD stretch vibration.
Sample preparation Bovine α-lactalbumin (purity >90%, Davisco foods),
bovine β-lactoglobulin (purity >90%, mixture of type A and B, Davisco foods),
bovine serum albumin (purity >96%, Sigma) and hen egg-white lysozyme
(70000 U/mg, Fluka) are used without further purification. Each protein is
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dissolved in isotopically diluted water, consisting of 4% D2 O in H2 O. The protein concentrations are determined using their molar extinction coefficient () at
280 nm: =2.01 g−1 cm−1 , 0.958 g−1 cm−1 , 0.6606 g−1 cm−1 and 2.67 g−1 cm−1
for α-lactalbumin, β-lactoglobulin, serum albumin and lysozyme respectively.
In the experiments with urea, the proteins are dissolved with urea (purity>98%,
Sigma-Aldrich) in isotopically diluted water. The solution pH is left unadjusted
and ranges between 7.0 and 7.2 for α-lactalbumin and β-lactoglobulin, between
6.6 and 6.8 for serum albumin and between 4.2 and 4.8 for lysozyme, depending
on the urea concentration. Control experiments with small added amounts of
NaOH or HCl showed that there is no dependence of the water dynamics on
pH within this range. All measurements are conducted at 24 ◦ C unless stated
otherwise.

6.3
6.3.1

Results and discussion
Vibrational relaxation

Figure 6.1A presents the isotropic transient absorption spectra at different delay
times for a concentrated solution of α-lactalbumin in isotopically diluted water.
At early delay times, the transient response shows a bleach around 2500 cm−1 ,
due to the fundamental transition of the OD stretch vibration, and an induced
absorption at frequencies below 2420 cm−1 . These signals decay to the spectral
response of a thermal difference spectrum, indicative of a heated ground state.
To calculate the anisotropy decay that exclusively represents the reorientation
of excited OD stretch vibrations, the transient spectra have to be corrected for
the time-dependent heating contribution.
For isotopically diluted water, the vibrational decay and subsequent rise
of the heat signal are well described with the cascade model (eq. 4.6), which
describes the relaxation of the OD stretch vibrations via an intermediate state
to a thermalized, heated ground state 74 . Applying this model to solutions of αlactalbumin in isotopically diluted water, we find that it very well describes the
transient spectral response (solid lines in fig. 6.1A). The extracted vibrational
lifetime, T1 , and the thermalization time, T ∗ , are shown in fig. 6.1D as a
function of protein concentration. It can be seen that both times depend only
weakly on the concentration of α-lactalbumin. The spectral signatures of the
OD vibration and the thermalized ground state do not change with protein
concentration.
In case the temperature is increased, the isotropic transient absorption spectrum of α-lactalbumin in isotopically diluted water shifts to higher wavenumbers (fig. 6.1B), reflecting a weakening of the water hydrogen-bond network.
Nonetheless, we find that the vibrational relaxation can be described with the
cascade model at all temperatures. The temperature-dependent vibrational lifetime and thermalization time are presented in figure 6.1E for a concentrated
solution of α-lactalbumin. With increasing temperature, the vibrational lifetime
increases, while the thermalization time decreases. This is in agreement with
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Figure 6.1. (A-C) Isotropic absorption change as a function of frequency at different
picosecond delay times, for a solution of 0.0255 mol/kg α-lactalbumin in isotopically
diluted water (A), for the same solution at 90 ◦ C (B), and for a solution of 0.0255
mol/kg α-lactalbumin in 10 mol/kg urea (C). The solid lines represent the result of
a model fit (see text). (D-F) Vibrational lifetimes T1 and T ∗ as a function of αlactalbumin concentration (D), temperature (E), and urea concentration (F).
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previous studies on the temperature dependence of the OD stretch vibrational
relaxation in neat isotopically diluted water (HOD in H2 O) 115 and in solutions
of 1.5 mol/kg tetramethylurea 116 . The increase of the vibrational lifetime likely
originates from the blueshift of the OD stretch vibration, which increases the
energy gap between the OD stretch vibration and the lower energy vibrational
modes to which the OD stretch vibration relaxes.
In case urea is added to a concentrated solution of α-lactalbumin in isotopically diluted water (fig. 6.1C), the spectral signature of the isotropic spectrum
stays unchanged. We find that the vibrational relaxation can be described
quite well with the cascade model at all urea concentrations. The extracted
vibrational lifetime and thermalization time are presented in figure 6.1F. The
vibrational lifetime is independent of the urea concentration, in good agreement with results reported earlier on solutions of urea in isotopically diluted
water 117 . The thermalization time has a slight tendency to increase with urea
concentration, but stays nearly constant as well.
For solutions of lysozyme, β-lactoglobulin and serum albumin in isotopically
diluted water we observe similar trends for the vibrational relaxation of the OD
stretch vibration. In all cases the relaxation is well described by the cascade
model, which allows for an accurate subtraction of the time-dependent heat
signal, and subsequent calculation of the OD anisotropy decay.

6.3.2

Native proteins

Figure 6.2A presents the anisotropy decay as a function of delay time for different concentrations of native α-lactalbumin in isotopically diluted water. The
presented curve represents an average over the frequency range 2450-2600 cm−1 .
For water without added protein, the anisotropy decays exponentially with a
time constant of 2.45 ± 0.1 picoseconds. This means that in neat HDO in H2 O,
water molecules reorient with this time constant, in good agreement with the
value of 2.5 ± 0.1 picoseconds reported earlier 74 . Addition of α-lactalbumin
leads to a slow reorientation component of which the amplitude increases with
concentration. The time constant of this slow component is >10 ps. As the
experimental time window amounts to 8 picoseconds, this component can be
modeled well as an offset in the anisotropy decay. We thus fit the decay of the
anisotropy R(t) of the vibrational excitation to a single exponential decay plus
an offset: R(t) = R0 e−t/τr + Rslow . The fitted reorientation time constant τr is
2.45 ± 0.15 picoseconds for all protein concentrations. The fact that τr does not
change with protein concentration shows that a fraction of the water molecules
reorients as in neat water, even for highly concentrated protein solutions.
Figure 6.3A shows the slow water fraction, given by the offset Rslow , as
a function of α-lactalbumin concentration. The slow water fraction increases
linearly with the protein concentration in mol/kg. Hence, we can calculate the
number of slowly reorienting water molecules per protein molecule from the
slope of Rslow against the protein concentration c, multiplied by the number of
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moles of water in a kilogram (which is 55.257 for 4% D2 O in H2 O):
Nslow =

Rslow
· 55.257
c

(6.1)

It follows that on average 342 ± 20 water molecules are strongly slowed down
in their reorientation per α-lactalbumin molecule. For solutions of lysozyme,
β-lactoglobulin and serum albumin in isotopically diluted water we observe a
distinct slow component in the anisotropy dynamics as well, that corresponds to
the slow water fractions as shown in fig. 6.3. From the slow water fraction, we
calculate that 292 ± 20, 433 ± 20 and 1310 ± 150 water molecules are slowed
down per lysozyme, β-lactoglobulin and serum albumin molecule, respectively.
The slow component of the anisotropy decay will also contain a small contribution of protein hydroxyl groups. The number of protein OH groups can be
exactly calculated from the protein sequence and amounts to 38, 29, 45 and 180
for α-lactalbumin, lysozyme, β-lactoglobulin and serum albumin, respectively.
This is a small amount compared to the measured number of slow waters, which
correspond to 684 ± 40, 584 ± 40, 866 ± 40, and 2620 ± 300 slow OD groups.
Assuming that all protein hydrogens can exchange with water, and that the
anisotropy decay of these groups is infinitely slow, we can thus calculate the
maximum contribution of the protein OH groups to the slow fraction Rslow of
the anisotropy decay: this is about 5% for all studied proteins, which is smaller
than the error bar of the amplitude of Rslow .
The number of slowly reorienting water molecules per protein molecule is
proportional to the number of water molecules in the first hydration layer of
the protein. This hydration number can be estimated by computing the solvent
accessible surface area of the protein (with a probe radius of 1.7 Å) 118 , where the
protein structure is obtained with crystallography, and dividing this surface by
10.75 Å2 (the mean surface area per water molecule) 90,119 . With this approach,
we calculate hydration numbers of 629, 610, 769 and 2335 for α-lactalbumin,
lysozyme, β-lactoglobulin and serum albumin, respectively (see table I). This
implies that the number of slow water molecules corresponds to about half the
water molecules in the first hydration layer of the protein, which suggest that
the effect of the proteins on the reorientation dynamics of water is quite local.
The hydration layer can be subdivided into water molecules hydrating hydrophilic and hydrophobic groups (table I). Previous femtosecond infrared and

Table I. Number of slowly reorienting water molecules Nslow and the number of
water molecules in the first hydration layer of the protein Nh (calculated according to
refs 118,119 ).

bovine α-lactalbumin
hen egg-white lysozyme
bovine β-lactoglobulin
bovine serum albumin

Nslow
342 ± 20
292 ± 20
433 ± 20
1310 ± 150

Nh (Nh hydrophobic)
629 (367)
610 (335)
769 (476)
2335 (1560)

72

Water dynamics in aqueous protein solutions

6.3

dielectric relaxation experiments on small amphiphilic molecules showed that
hydrophobic methyl groups have a stronger slowing down effect on the reorientation of nearby water molecules than hydrophilic groups 101,102 . One can
therefore expect that the local water reorientation dynamics are mainly governed by the exposed hydrophobic part of the protein surface. This agrees well
with the present observations. Comparing the hydration numbers for lysozyme
and α-lactalbumin, two proteins with very similar secondary and tertiary structures 120 , the difference in the number of slow water molecules (292 ± 20 versus
342 ± 20) agrees within error bars with the calculated number of waters hydrating hydrophobic groups of the protein (335 versus 367).
To further investigate the nature of the slow water molecules hydrating the
protein, we measure the frequency dependence of the anisotropy decay, which is
shown in fig. 6.2B for a concentrated solution of α-lactalbumin in isotopically
diluted water. It is seen that the anisotropy decays slower at high frequencies
than at low frequencies. This frequency dependence is absent for neat water
and becomes more apparent with increasing protein concentration. We observe a similar frequency dependence of the anisotropy decay for solutions of
lysozyme, β-lactoglobulin and serum albumin. Since this frequency dependence
is not observed for solutions of small amphiphilic solutes 101,102 , it likely originates from the three-dimensional folded protein structure. A higher vibrational
frequency of the water OD stretch vibration corresponds to a weaker donated
water hydrogen bond. Thus, the water molecules that are most strongly slowed
down by the protein form on average weaker hydrogen bonds. This combination
of weak hydrogen bonding and slow reorientation is characteristic for confined
water molecules. It was demonstrated by Laage and Hynes that water molecules
reorient by rapidly switching hydrogen-bond partners 13 . The reorientation rate
of a water molecule is thus strongly determined by the rate at which a bifurcated hydrogen-bond configuration can be formed, since this configuration
forms the transition state for reorientation. The formation of this configuration
requires the approach of another water molecule which will be hindered near
surfaces and in nanoconfinement, thus leading to a slowing down of the reorientation compared to bulk water. This indicates that the slow water is located in
nanopockets of the protein and in grooves on the protein surface, in agreement
with the results of MD simulations 106–109 .

6.3.3

Heat-denatured proteins

As we have established that a fraction of the water is slowed down by interacting with the surface of native proteins, we can study how this fraction changes
upon protein unfolding. We first unfold the proteins by increasing the temperature. Figure 6.4 presents the anisotropy decay for concentrated solutions of
α-lactalbumin and lysozyme in isotopically diluted water at different temperatures (we did not record temperature-dependent spectra for the other proteins).
With increasing temperature, the anisotropy decay speeds up and the slow water fraction decreases. To quantify this trend, we again fit the anisotropy decay
to a single exponential with an offset. The result is shown as solid lines in figure
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Figure 6.4. Anisotropy decay of the OD stretch vibration for 0.0255 mol/kg αlactalbumin and 0.0248 mol/kg lysozyme in isotopically diluted water at different
temperatures, averaged over a frequency range of 150 cm−1 . The solid lines are fits
to a single exponential decay plus an offset Rslow . All curves are divided by 0.4.

6.4 and the extracted parameters are presented in figure 6.5. We find that the
reorientation time decreases with increasing temperature. Assuming that the
water reorientation is an Arrhenius-type activated process, we can describe the
temperature dependence of the reorientation by τr ∝ e−Eact /kB T . Here Eact
is the activation energy for reorientation, kB is Boltzmann’s constant and T is
the temperature (in Kelvins). The Arrhenius fit is indicated by the solid line in
fig. 6.5A and corresponds to an activation energy of 11 ± 1 kJ/mol. This is in
excellent agreement with previous results on the activation energy of bulk water
reorientation 102,116 . The fact that τr follows the same temperature dependence
as neat water confirms again that a fraction of the water molecules reorients as
in neat water, even for highly concentrated protein solutions.
Figure 6.5B presents the slow water fraction as a function of temperature.
With increasing temperature, the slow water fraction decreases gradually for
both α-lactalbumin and lysozyme. There is no clear change of the slow water fraction at the protein denaturation temperature; in fact, even though αlactalbumin unfolds around 65 ◦ C and lysozyme unfolds around 80 ◦ C 120 , the
temperature dependence of the slow water fraction is quite similar for both
proteins. This similarity indicates that not only the protein fold changes with
temperature; the effect of the protein surface on the water reorientation dynamics changes as well, and this effect might dominate. Previous dielectric
relaxation and NMR experiments on small amphiphilic molecules showed that
fewer water molecules are slowed down by hydrophobic groups with increasing
temperature 102,119 (in the current investigated temperature range 119 ). Here we
observe that this is the case for α-lactalbumin and lysozyme as well.
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Figure 6.5. (A) Reorientation time and (B) slow water fraction Rslow , obtained from
the fit to the anisotropy decay as a function of (inverse) temperature. The solid line
in (A) indicates an Arrhenius-type fit.

6.3.4

Urea-denatured proteins

Proteins can also be unfolded by adding urea, which is a well-known and widely
used protein denaturant. Figure 6.6 presents the anisotropy decay for a concentrated solution of α-lactalbumin in isotopically diluted water with different
amounts of added urea. With increasing concentration of urea, the fraction of
slow water increases. To quantify this finding, we again fit the anisotropy to a
single exponential decay plus an offset. We find that the reorientation time of
the bulk-like water fraction remains 2.45 ± 0.15 picoseconds at all urea concentrations, while the amplitude of the slow water fraction increases by a maximal
factor of 2.5, as shown in the inset of figure 6.6A.
Since urea itself has a very small effect on the dynamics of water 117 , the
increase in slow water fraction results from a change in the spatial structure of
the protein that leads to higher exposure of protein surface to water. A higher
exposure of the protein surface to water could also imply a higher accessibility
for urea. However, the accumulation of urea at the protein interface would
lower the amount of water interacting with the protein 39,42,121 , which would in
fact lead to a decrease of the slow water fraction. The fact that we observe an
increase of the slow water fraction with urea concentration shows that there is
no strong accumulation of urea at the surface of the unfolding protein.
To investigate the nature of the slow water molecules, we measured the
frequency-dependence of the anisotropy decay, presented for a concentrated solution of α-lactalbumin in 10 mol/kg urea in figure 6.6B. Just as in the case without any added urea, the anisotropy decays slower at high frequencies compared
to low frequencies. Comparing fig. 6.6B with fig. 6.2B, we observe that the
frequency dependence is enhanced at high urea concentration, which indicates
that the larger fraction of slowly reorienting water molecules has weak hydrogen
bonds, which implies that these molecules are still located in nanopockets or
grooves of the largely unfolded protein.
The slow water fraction shows a quite different dependence on the urea
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concentration than the change in secondary structure that is characteristic for
unfolding, and that is observed with CD and fluorescence techniques. This can
be clearly seen in figure 6.7, where we present the slow water fraction and the
CD and tryptophan fluorescence signals as a function of the urea concentration
for α-lactalbumin, serum albumin and lysozyme. For all proteins, the slow water
fraction increases already at low urea concentrations and continues to increase
up to 12 mol/kg urea. At a urea concentration of ∼10 mol/kg, the slow water
fraction starts to saturate for α-lactalbumin and serum albumin, indicating
that the unfolding transition is almost complete. In contrast, both the CD and
tryptophan fluorescence signals hardly change at low urea concentrations and
then show a relatively abrupt transition at a urea concentration of ∼7 mol/kg
(or, in the case of lysozyme, no transition at all, as lysozyme does not fully
unfold even at high urea concentrations). We thus find that the exposure of
the protein surface to water is a much more gradual process than the change in
macromolecular structure as monitored by CD or by the fluorescence response
of tryptophan residues. Hence, at mild denaturation conditions the protein is
already more accessible to water, even though the secondary structure is still
intact. This is illustrated schematically in fig. 6.8.
A higher accessibility of the protein to water can be either dynamical or
the result of expansion of the protein. Expansion of the protein would lead
to an increase of the hydrodynamic volume. For a large number of globular
proteins in their native and partially unfolded states it was found that the hydrodynamic volume and secondary structure content are strictly related; they
change simultaneously 128 . Pulsed field gradient NMR measurements and ion
exchange chromotography show that the hydrodynamic radii of lysozyme 129,130 ,
α-lactalbumin 131 and serum albumin 132 hardly increase at low urea concentrations, which is thus consistent with the lack of change in secondary structure
as monitored by circular dichroism. These results together indicate that proteins do not show a well-defined expansion at low urea concentrations, but
rather that they become less tight, showing larger conformational fluctuations
and thus dynamical access to water molecules. This notion is consistent with
amide hydrogen exchange studies, where very slow hydrogen exchange indicates
stable protein backbone hydrogen-bonding structure and low solvent accessiblity. α-lactalbumin forms a molten globule at mild denaturing conditions 133 ,
which is a conformational ensemble of compact states 134,135 with native-like
secondary structural motifs but no specific tertiary structure. The molten globule has faster hydrogen exchange with water 134,136 . Lysozyme does not form
a clear equilibrium molten globule like α-lactalbumin 137 , however, in the refolding pathway of lysozyme similar states with fast hydrogen exchange are
observed 138 .
Previous studies showed that for many proteins, equilibrium unfolding intermediates are identical to kinetic unfolding intermediates in terms of their secondary and tertiary structure content, hydrogen exchange protection, collision
cross section and stability towards unfolding 139–144 . Hence, mild denaturation
conditions can be associated with earlier stages of unfolding. This means that
our observation that proteins become more accessible to water at low urea con-
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Figure 6.8. Schematic picture of protein unfolding, illustrating the transition from
native protein (top) to protein at low urea concentration (middle), to denatured protein (bottom). At low urea concentrations, the protein is more accessible to water
while the secondary structure is still intact.

centrations indicates that unfolding starts with the protein becoming less tight,
allowing water to enter.

6.4

Conclusions

We have investigated the reorientation dynamics of water in solutions of globular
proteins at different degrees of unfolding. A fraction of the water molecules is
strongly slowed down by their interaction with the protein surface. This fraction
amounts to about half of the water molecules in the first hydration shell of the
protein. These slow water molecules have on average weaker hydrogen bonds,
which implies that they are located in pockets or grooves on the protein surface.
With increasing temperature, the fraction of strongly slowed down water
molecules gradually decreases, which can be explained from the weakening of
the effect of hydrophobic groups on the dynamics of water with increasing temperature.
At a constant temperature, the slow water fraction is a measure of the
amount of water-exposed surface. In the case of urea-denatured proteins, we
observe that the water-exposed protein surface increases by almost 50%, while
the secondary structure is still intact. This finding indicates that protein unfolding starts with the protein structure becoming less tight, thereby allowing
water to enter.

7

Hydration of antifreeze
glycoproteins

Antifreeze glycoproteins (AFGPs) have the ability to inhibit the growth of ice
by a mechanism that is not fully understood. In this chapter we study the
dynamics of water in aqueous solutions of small and large isoforms of antifreeze
glycoproteins. We find that a fraction of the water molecules is strongly slowed
down by the interaction with the antifreeze protein surface. The fraction of
slow water molecules scales with the size and concentration of AFGP, and is
similar to the fraction of slow water observed for non-antifreeze proteins, both
at room temperature and close to biologically relevant working temperatures.
We find that inhibiting AFGP antifreeze activity using borate buffer induces no
changes in the dynamics of water hydrating the AFGP. Our findings support a
local mechanism in which the sugar unit of AFGP forms the active ice-binding
site.
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Figure 7.1. Chemical structure of a typical antifreeze glycoprotein (AFGP) repeat;
n = 4 − 50.

7.1

Introduction

Antifreeze proteins (AFPs) and antifreeze glycoproteins (AFGPs) are classes of
proteins that suppress ice crystal growth in organisms, thereby enabling their
survival in freezing and subfreezing habitats 145,146 . The success of AF(G)Ps as
an efficient protection against freezing can be witnessed by their wide distribution among biological kingdoms. AF(G)Ps from different species have evolved
independently and show a great diversity in structures. Despite their structural
heterogeneity, all AF(G)Ps are believed to work via an adsorption-inhibition
mechanism in which the proteins recognize and irreversibly bind to embryonic
ice crystals and prevent the macroscopic ice growth 145 .
Among all identified AF(G)Ps, AFGPs play a unique role. AFGPs were the
first antifreeze proteins discovered and are subject to considerably less structural variations than AFPs. A typical AFGP consists of the repeating tripeptide unit (alanyl-alanyl-threonyl) in which the secondary hydroxyl group of the
threonine residue is glycosylated with the disaccharide β-D-galactosyl-(1,3)-αD-N-acetylgalactosamine, as shown in figure 7.1. The molar mass of AFGPs
varies between 2.6 and 33.7 kDa, which corresponds to 4 to 50 repetitions of
the glycosylated tripeptide unit. The AFGP isoforms can show minor sequence
variations and are typically grouped into size classes, with AFGP1 representing
the largest and AFGP8 the smallest.
Interestingly, neither the solution structure nor the ice-binding site of
AFGPs have been identified conclusively 147,148 . Another property of AFGPs
that is far from being understood is their tremendous capacity to inhibit ice
recrystallization (IRI), a process that is highly relevant for several industries
and medical applications. AFGPs prevent the growth of large ice crystals at
the expense of small ones (i.e. Ostwald ripening) several magnitudes better
than any other AFP or other ice recrystallization inhibitor 149,150 .
AFPs and AFGPs have a high specific affinity for the solid phase of water
over the liquid form that is usually present in vast excess. It is now widely
accepted that the capacity of many AFPs to bind to ice involves the hydration
shell of the AFPs as an active player. Direct experimental evidence for the
active involvement of water molecules in the mode of action of AFPs was found
in the X-ray crystal structures of several AFPs 151,152 and in advanced spectro-
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scopic studies 153 , which identified preordered ice-like water layers around the
active ice-binding site (IBS) of AFPs, even at room temperature. These findings
are consistent with the hypothesis that some AFPs bind to ice because their
hydration shell can fit into the ice lattice on a particular crystal face. Molecular
dynamic simulations confirmed these findings for most classes of AFPs 154–157 .
For AFGPs, the involvement of hydration water is less clear. A specialized hydration shell is not necessarily expected for the AFGPs, as the hydroxyl
groups of the AFGP sugar moieties have a spatial orientation that appears to
match to oxygens on the prism plane and thus bind directly to the ice lattice 158 . Early viscosity, translational diffusion, and NMR experiments showed
that the amount of water affected by AFGPs is not significantly different from
the amount of water affected by other glycoproteins 148 . However, terahertz
spectroscopy 159 and MD simulations 160 provided evidence for a considerable
long-range effect of AFGPs on the dynamics of hydration water that seems to
correlate with antifreeze activity.
In this chapter, we study the hydration dynamics of large (AFGP1−5 ) and
small (AFGP7−8 ) isoforms of antifreeze glycoproteins. To this end, we use
polarization-resolved femtosecond infrared spectroscopy, which directly measures the picosecond reorientation dynamics of water molecules. We perform
experiments both at room temperature and at temperatures close to the biologically relevant working temperature of the protein. We also investigate the
effect of the inhibitor borate on the interaction between AFGPs and water.

7.2

Experimental

Sample preparation Antifreeze glycoprotein is purified from the blood of
the antarctic notothenioid toothfish, Dissostichus mawsoni, as previously decribed 161 . Bovine α-lactalbumin (purity>90%, Davisco foods) and lactose
(purity>99.5%, Sigma Aldrich) are used without further purification. The proteins and sugar are dissolved in isotopically diluted water, consisting of 4% D2 O
in H2 O, or in isotopically diluted borate buffer, consisting of the same water
mixture plus 0.3M boric acid (purity>99.97%) and ∼0.25M NaOH to adjust
the pH to 9.0. The α-lactalbumin concentration is determined photometrically
by the molar extinction coefficient at 280 nm, =2.01 g−1 cm−1 .

Spectroscopy The measurements described in this chapter are performed
with the single-color setup described in section 3.2. The pump and probe pulses
are centered around 2500 cm−1 , in resonance with the OD stretch vibration. We
measured linear infrared spectra using an FTIR spectrometer (Bruker Vertex
80v) with a single reflection diamond ATR crystal.
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Figure 7.2. Isotropic absorption change as a function of frequency at different picosecond delay times, for a solution of 20 wt% AFGP7−8 in isotopically diluted water,
at (A) 24 ◦ C and (B) 1 ◦ C. The solid lines represent the result of a model fit (see
text).

7.3
7.3.1

Results
Vibrational relaxation

In figure 7.2A we present the isotropic absorption change at different delay times
for a concentrated solution of AFGP7−8 in isotopically diluted water. At short
delay times, we observe the typical spectral response of the OD stretch vibration in isotopically diluted water: a bleach around 2500 cm−1 and an induced
absorption below 2420 cm−1 . As the excited OD stretch vibrations decay back
to the ground state, this signal is replaced by the thermal difference spectrum
due to heating of the sample. We describe the vibrational relaxation in AFGP
solutions with the same cascade model (eq. 4.6) that was used for neat isotopically diluted water 74 and for solutions of globular proteins in isotopically
diluted water (chapter 6), where the excited OD vibrations relax via an intermediate state to the thermalized ground state. The result of the model fit is
indicated with the solid lines in fig. 7.2, and is in good agreement with the
data. The spectral signature and lifetime of the OD stretch vibration do not
change with respect to neat isotopically diluted water, while the thermalization
time increases slightly from a value of 1.3 ps to 1.8 ps upon addition of 20 wt%
AFGP7−8 . We observe the same trends at 1 ◦ C (fig. 7.2B), and for solutions of
the larger isoform AFGP1−5 .
Having determined the time-dependence of the heat signal, we correct the
transient spectra at all delay times for the isotropic heating contribution. The
anisotropy decay of the corrected spectra exclusively represents the reorientation
of the OD vibrations.
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Figure 7.3. Anisotropy decay of the OD stretch vibration for isotopically diluted
water, and for solutions of 20 wt% AFGP7−8 , 20 wt% AFGP1−5 , 11 wt% lactose and
27 wt% α-lactalbumin in isotopically diluted water, at 24 ◦ C (A) and 1 ◦ C (B). The
anisotropy is averaged over the frequency range 2450-2600 cm−1 and divided by 0.4.
The solid lines are fits to a single exponential with an offset Rslow .

7.3.2

Hydration dynamics of AFGPs

Figure 7.3A presents the anisotropy decay for water and aqueous solutions of
AFGP7−8 , AFGP1−5 , lactose and α-lactalbumin at room temperature (24 ◦ C).
For pure water, the anisotropy decays exponentially with a time constant of 2.45
± 0.15 ps. This means that water molecules reorient on a 2.45 ps timescale,
as reported earlier 74,162 . Upon the addition of proteins to the solution, an
additional slow component appears in the anisotropy decay. Since the time
constant of this component is larger than our experimentally accessible time
window of 8 ps, we can model this component as an offset. Hence, we fit
the anisotropy decays measured for the different solutions with the following
expression: R(t) = R0 e−t/τr + Rslow . The results are shown as solid lines in
figure 7.3.
For all AFGP solutions, we find that the time constant τr of the exponential
component stays within 2.45 ± 0.15 ps, which means that the water molecules
that are not contained in the slow component reorient with the same rate as
in bulk water. Using the experimentally determined slow fraction Rslow , and
the protein concentration c (in mol/kg), we can calculate the average number
of slow hydroxyl groups per tripeptide repeat Nslow :
Nslow =

Rslow
· 110.514
c·N

(7.1)

where N is the number of repeats and 110.514 is the number of moles of water
hydroxyl groups in a kilogram (for 4% D2 O:H2 O). We find an average of 35
± 6 slow hydroxyl groups per AFGP tripeptide repeat for both the smaller
and larger AFGPs, indicating that the local water dynamics are similar for the
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different AFGP isoforms.
The 35 ± 6 slow hydroxyl groups per AFGP repeat unit may represent water
molecules being slowed down by the amino acid residues, water molecules slowed
down by the sugar unit, and the response of the hydroxyl groups of the sugar
unit itself. To get an estimate of the latter two contributions, we measured
the water reorientation dynamics in solutions of the sugar lactose. Lactose
contains the same β-D-galactopyranosyl group as the AFGP sugar moiety, and
its concentration is chosen such that it matches the concentration of AFGP
sugar groups by weight. As seen in figure 7.3A, the anisotropy decay for the
lactose solution shows only a moderate slowdown compared to bulk water; the
slow water fraction is much smaller than the slow water fraction that is observed
for AFGP solutions. This observation indicates that most of the water molecules
that exhibit slow reorientation dynamics in AFGP solutions are not slowed
down by the AFGP sugar groups, but rather by the AFGP peptide backbone.
The reorientation time for the lactose solution is 2.65 ± 0.15 ps, which means
that most water molecules reorient only slightly slower than in bulk water.
The anisotropy offset observed for the lactose solutions corresponds to 12 ±
4 slowly reorienting hydroxyl vibrations, which can in part be associated with
slow water molecules and in part be associated with the hydroxyl groups of the
lactose itself. This result implies that the 35 ± 6 slow hydroxyl groups that
are slowed down in their reorientation per AFGP repeat unit largely represent
water molecules that are slowed down by the three amino acid residues of this
unit. We thus conclude that a total number of ∼23 hydroxyl groups are slowed
down by the three amino acid residues (corresponding to ∼4 water molecules
per residue), and that the remaining 12 slow hydroxyl groups are associated
with water slowed down by the sugar unit and the response of the sugar unit
itself. It should be noted that the above description of the effect of sugars on
the reorientation dynamics of water differs from the description we presented
in chapter 5. The measured anisotropy decay for solutions of lactose is very
similar to the anisotropy decay for solutions of trehalose, but here we use a
simpler description of the anisotropic response to enable a direct comparison of
the response of the sugar unit with that of the three amino acid residues of the
AFGP repeat unit.
We also compare the slow reorientation component of AFGP solutions with
that of other protein solutions. For the non-glycosylated protein α-lactalbumin,
we find a reorientation time constant of 2.45 ± 0.15 ps, and an offset that
corresponds to 16.5 ± 1.2 slowly reorienting hydroxyl groups per 3 amino acid
residues, equivalent to 2.75 ± 0.2 slow water molecules per residue for the protein
in its folded state, in agreement with the findings in chapter 6. In its unfolded
state, 4.6 ± 0.5 water molecules are slowed down per amino acid residue of
α-lactalbumin (chapter 6). The latter number is close to the 4 water molecules
per residue that are slowed down by the AFGP peptide backbone. The small
difference can be explained from the somewhat larger average size of the amino
acid side-chains of α-lactalbumin.
We further studied the water reorientation dynamics in the same solutions at
1 ◦ C (fig. 7.3B), a temperature that is close to the biologically relevant working
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Table I. Number of slowly reorienting hydroxyl groups Nslow per AFGP tripeptide
repeat unit, per 3 amino acid residues (for α-lactalbumin) or per molecule (for lactose),
at 24◦ C and 1◦ C.

AFGP7−8
AFGP1−5
Lactose
α-lactalbumin
α-lactalbumin unfolded
(in 12 mol/kg urea)
AFGP7−8 + borate

Nslow at 24◦ C
35 ± 6
35 ± 6
12 ± 4
16.5 ± 1.2

Nslow
40
38
18
24

at 1◦ C
±6
±6
±6
±9

28 ± 3

-

35 ± 6

37 ± 6

temperature of AFGPs. At 1 ◦ C, the anisotropy of pure water decays with a
time constant of 3.5 ± 0.3 ps for water. This reorientation time constant stays
the same for all solutions. The number of slow hydroxyl groups per repeat unit,
presented in table I, is clearly higher at 1 ◦ C compared to 24 ◦ C, but follows the
same trend when comparing different protein and sugar solutions. Consequently,
the effect of AFGPs on the dynamics of water depends on temperature in the
same way as the effect of non-antifreeze proteins and sugars.

7.3.3

The effect of borate

To investigate further whether the dynamics of hydration water are correlated
with antifreeze activity, we inhibit the antifreeze activity by adding borate. Borate molecules can bind reversibly to diol-containing compounds such as sugars,
and it has been suggested that borate interacts with AFGP by binding to the
cis-hydroxyl groups of the β-D-galactopyranosyl group. This binding greatly
reduces the antifreeze activity 163,164 . Figure 7.4 presents the anisotropy decay
for solutions of the smaller isoform AFGP7−8 in water and in 0.3 M borate
buffer, at 1 ◦ C and 24 ◦ C. At both temperatures, we find that the addition
of borate does not change the anisotropy decay within the error bars. Thus
we conclude that the loss of antifreeze activity upon addition of borate is not
correlated with a change in dynamics of the water molecules hydrating AFGP.
Interestingly, it was not possible to accurately measure the anisotropy decay for the larger AFGP1−5 in a borate buffer, as these solutions formed a gel.
Gel formation is a clear indication of inter-protein interactions. These interactions likely arise from the formation of borate cross links between different
AFGP sugar moieties, a mechanism that is supported by linear FTIR spectra of
AFGP1−5 , presented in figure 7.5A. The spectra exhibit peaks at 1645 cm−1 and
1555 cm−1 that correspond to the amide I and amide II vibrations, respectively,
and that are sensitive to the hydrogen-bond configuration of the AFGP peptide
backbone. These peaks do not change upon the addition of borate, indicating
that the peptide conformation is similar. In contrast, the peaks associated with
the vibrational modes of the sugar unit and borate change significantly. For
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Figure 7.4. Anisotropy decay of the OD stretch vibration for solutions of 20 wt%
AFGP7−8 in isotopically diluted water and in isotopically diluted 0.3 M borate buffer
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with an offset Rslow .
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Figure 7.5. Linear infrared spectra for solutions of 20 wt% AFGP1−5 (A) and 20
wt% AFGP7−8 (B) in isotopically diluted water and in isotopically diluted 0.3 M
borate buffer at pH = 9.0. The spectra are recorded at 24 ◦ C and corrected for the
water and buffer background, respectively.
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AFGP7−8 we observe a similar trend (fig. 7.5B), indicating that the smaller
isoforms can form similar inter-protein cross links. We assume that the AFGP
molecules in these solutions do not form a gel due to their significantly smaller
size.

7.4

Discussion

Unravelling the hydration dynamics of AFGPs may provide important information on the nature of their ice-binding site and the origin of their extremely high
IRI activity. Using polarization-resolved femtosecond experiments, we find that
the dynamics of water near antifreeze glycoprotein surfaces are quite similar to
the dynamics of water near other proteins and sugars, and that the majority
of the slowly reorienting water molecules is slowed down by the AFGP peptide backbone. Our findings agree very well with early viscosity, translational
diffusion, and NMR experiments, which indicate that AFGPs affect a similar
amount of water as non-antifreeze glycoproteins 148 . Our findings are also consistent with vibrational surface sum-frequency generation (VSFG) spectra of
aqueous solutions of AFGP that also show no indication of ice-like or unusually
structured water hydrating the AFGP 165 .
We find that the local hydration dynamics of the smaller and larger AFGPs
are almost identical. The antifreeze activity of AFGP7−8 , however, is known
to be only 60% of the activity of larger AFGP1−5 on a weight basis 166 . The
larger and smaller AFGPs also show different ice shaping properties 167 . We thus
find strong indications that the hydration water of AFGP is not of significant
importance for its antifreeze activity. This finding is further supported by our
observation that the well-known antifreeze glycoprotein inhibitor borate does
not alter the dynamics of water hydrating the AFGP.
The effects of AFPs and AFGPs on the structure and dynamics of water
have also been studied with THz absorption measurements 159,168 . It was observed that the addition of AFPs and AFGPs increases the terahertz absorption,
and that for AFGPs this effect diminished upon the addition of borate. Based
on the present measurements of the reorientation dynamics of water molecules
hydrating AFGP, we conclude that the observed THz absorption change is probably not due to a change in the reorientation dynamics of the hydrating water
molecules, but due to a change of the spectrum of the low-frequency vibrations
of the hydration shell, induced by a structural change of the water surrounding
AFGP or by the coupling between the intermolecular water vibrations and the
low-frequency modes of sugar groups and borate ions.
Inactivation of AFGP is likely caused by a direct binding between the borate and the sugar unit 163,166 . This notion agrees with the observations of the
linear FTIR spectra that indeed provide evidence for borate-sugar association.
The borate ions cannot only bind to one AFGP protein, but are able to form
inter- and intra-protein cross links between AFGP molecules, which leads to gel
formation at sufficiently high concentration. The formation of inter- and intraprotein links can also explain why the ice crystal growth behaviour of AFGP1−5
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in borate solutions is similar to that of AFGP7−8 : the binding and cross-linking
by borate reduces the effective amount of sites of AFGP1−5 that are able to
interact with the ice.
Taken together, our observations are consistent with a direct ice-binding
mechanism, with the AFGP sugar groups as the active binding site, as has
been suggested before 163,164 . Based on the differences in activity between the
smaller and larger isoforms and the effect of borate binding on the activity of
both of them, the number of available ice-binding sites per AFGP seems to play
an important role. The high IRI activity of AFGPs compared to AFPs might
thus be related to the existence of multiple ice-binding sites, located on the
same flexible protein chain 169,170 , thereby making AFGPS particularly efficient
in preventing the grain boundary migration that leads to the growth of large
ice crystallites 171,172 .

7.5

Conclusions

We have investigated the water reorientation dynamics in solutions of antifreeze
glycoproteins, both at room temperature and close to biologically relevant working temperatures. We find that a fraction of the water molecules is strongly
slowed down by the interaction with the antifreeze protein surface. The fraction of slow water molecules scales with the size and concentration of AFGP, and
is comparable to the fraction of slow water molecules observed for non-antifreeze
proteins. Inhibiting the AFGP antifreeze activity using borate buffer induces
no changes in the reorientation dynamics of water hydrating the AFGP. Addition of borate does change the infrared absorption associated with vibrational
modes of AFGPs sugar unit, which points at the formation of cross links between borate and AFGPs sugar units. Our findings support a local mechanism
in which the sugar unit of AFGP forms the active binding site.

8

Structure and dynamics of
water in triglyceride oils

It is commonly known that a small amount of water can be present in triglyceride oil, but a molecular picture of the structure and dynamics of these water
molecules is lacking. In this chapter, we study the hydrogen-bond configuration and dynamics of water in triacetin, tributyrin and trioctanoin. We identify
water molecules with a single strong hydrogen bond to the triglyceride, waters
with two weaker hydrogen bonds to the triglycerides, and water clusters. These
species do not interconvert on the 20 ps timescale of the experiment. The water molecules with two weaker hydrogen bonds to the triglyceride correspond
to a single, specific hydrogen-bond configuration; these molecules likely bridge
the carbonyl groups of adjacent triglyceride molecules, which can have a large
influence on the properties of triglyceride oils.
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Figure 8.1. Triglycerides used in this study.

8.1

Introduction

Water is known to actively influence the structure and functioning of biological molecules like proteins 19,20,24,173,174 , DNA 175,176 , and phospholipid membranes 21,177 . However, the influence of water has been hardly studied for a
major class of biomolecules: the triglycerides. Triglycerides are responsible for
energy supply and storage needed for metabolic functions and are widely used in
daily life as foods, pharmaceuticals, cosmetics and raw material for biodiesel 22 .
Due to the hydrophobic nature of triglycerides, water is only soluble up to
small amounts, but is nonetheless expected to have considerable influence on
properties like the disorder of fatty acid chains, fluidity and molecular packing 22,178–180 , in analogy with the effect of small amounts of water on phospholipids 21 . The presence of water in triglycerides can also be very important
for crystallization of oil soluble bioactive molecules and the types of crystals
that are formed 181–183 . The solubility of water in triglycerides can be critically important for stability of water-in-oil emulsions as well, as the diffusion of
water can cause instabilities due to Ostwald ripening 184 . Additionally, water
decreases the long-term stability of triglyceride oils by promoting hydrolysis and
auto-oxidation reactions 185–187 .
In this chapter we study the hydrogen-bond configuration and dynamics
of water in triglyceride oils, using linear infrared and 2DIR spectroscopy of the
water hydroxyl stretch vibrations. We studied three saturated triglycerides that
are widely used in industry and have different fatty acid chain lengths: triacetin,
tributyrin, and trioctanoin (figure 8.1). By varying the fatty acid chain length,
we effectively tune the hydrophobicity of the oil.

8.2

Experimental

Sample preparation Triacetin, tributyrin and trioctanoin are purchased
from Sigma-Aldrich (purity >99%), and carefully dried. Even though the
triglyceride oils are mostly hydrophobic, they do absorb small amounts of water (∼0.5 ml/l) under atmospheric conditions. This water is removed using
4 Å molecular sieves (Sigma-Aldrich). After drying, solutions are prepared by
adding controlled amounts of water (H2 O, D2 O, or 1:9 D2 O:H2 O) to the triglycerides. The ratio of 1:9 D2 O:H2 O is chosen as a compromise between having
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mostly HDO molecules (instead of D2 O), and still maintaining a sufficient concentration of OD oscillators and signal-to-noise to record 2DIR spectra. To
ensure a homogeneous distribution of water in the oil phase, the solutions are
left to equilibrate for at least five days. A long equilibration time is especially
important for trioctanoin, in which water diffusion is very slow.
Spectroscopy We measure linear infrared spectra using a FTIR spectrometer (Bruker Vertex 80v). Each spectrum is background-corrected with an
equivalent concentration of H2 O in triglyceride (for solutions with D2 O and
1:9 D2 O:H2 O) or with D2 O in triglyceride (for solutions with H2 O). This correction is more accurate than subtracting the spectrum of pure triglyceride only,
since it takes into account the replacement of triglyceride volume by water.
We measure 2DIR spectra using the dual-color setup described in section 3.3.
The pump and probe pulses are centered at ∼2640 cm−1 , in resonance with the
OD stretch vibration of HDO molecules in triglyceride oil.
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Figure 8.2. Linear absorption spectra of the OD stretch vibrations of 1:9 D2 O:H2 O
in triacetin (A), tributyrin (B), and trioctanoin (C), for different water concentrations.
The spectra are corrected for the response of H2 O in triglyceride at the same water
concentration. The integrated infrared absorption (bottom row) can be related to the
water concentration by an empirical second order polynomial fit (solid lines). The
water concentration at which the fit reaches the integrated OD stretch absorption of
a saturated solution (dotted lines), indicated with arrows, is then an estimate for the
water concentration of a saturated solution.
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Figure 8.2 presents the linear absorption spectra of isotopically diluted water
in the different triglycerides as a function of the water concentration. The OD
stretch absorption increases gradually with increasing water concentration, until
the saturation limit is reached and adding more water does not increase the
OD stretch intensity further. This allows us to determine the water solubility,
which is 57±2 ml/l, 6.8±1 ml/l and 3.4±1 ml/l for triacetin, tributyrin, and
trioctanoin respectively, corresponding to molar water to lipid ratios of 1:1.7,
1:9, and 1:11. The low water to lipid ratio for triglycerides with longer fatty
acid chains directly reflects the lower solubility of water in these triglyceride
oils.
Figure 8.3 presents the infrared absorption spectra of saturated solutions of
water in the different triglycerides, for different water isotope compositions. All
spectra are background-corrected and normalized to their peak intensity. For
isotopically diluted water (fig. 8.3A), the infrared absorption spectrum reports
on the hydrogen-bond strength, without the influence of intra- and intermolecular coupling of the hydroxyl stretch vibrations. We find we can decompose the
spectra into three Gaussian bands; a broad band at lower frequencies (∼2600
cm−1 ), a narrower band at intermediate frequencies (∼2640 cm−1 ) and a small
shoulder around 2715 cm−1 . The small shoulder corresponds to non-hydrogenbonded OD groups 188 .
With increasing fatty acid chain length, the broad band at low frequencies
decreases in amplitude and shifts to higher frequencies by about 45 cm−1 , the
narrow band at intermediate frequencies blueshifts by 13 cm−1 , and the amplitude of the small shoulder corresponding to non-hydrogen-bonded OD groups
increases. This shows that the distribution of hydrogen-bond strengths shifts
towards weaker hydrogen bonds for water in triglycerides with longer fatty acid
chains. In addition the different spectral bands become narrower, which indicates that the distribution of hydrogen-bond strengths becomes more narrow.
Replacing isotopically diluted water by pure H2 O or D2 O (fig. 8.3B,C) leads
to a splitting of the band at intermediate frequencies. The resulting two bands
are assigned to delocalized symmetric and antisymmetric stretching modes that
result from the intramolecular coupling of the hydroxyl stretch vibrations of
H2 O and D2 O. The broad band at low frequencies does not show this behavior,
which indicates that for these water molecules the two stretch vibrations do not
or weakly interact, probably as result of a strong difference in hydrogen bond
strength. Hence, the low frequency band likely arises from water molecules
with one OH/OD group strongly hydrogen-bonded to the lipid and the other
OH/OD group being free (giving rise to the small shoulder at 2715 cm−1 ).
The intermediate frequency band corresponds to water molecules that have
both hydroxyl groups weakly hydrogen bonded to the lipid, or more specifically,
to the C=O groups, considering that the frequency of this intermediate band
matches very well with hydroxyl groups hydrogen-bonded to the C=O of acetone
molecules 75,188 .
The band positions resulting from the Gaussian fit are summarized in figure
8.4 for the different triglycerides and isotopic compositions. For H2 O, the relative separation between the delocalized symmetric and antisymmetric stretching

8.3

Structure and dynamics of water in triglyceride oils
D O

Normalized abs.

Normalized abs.

Normalized abs.

1:9 D2O:H2O

93

H2O

2

1 triacetin
0.5
0
2400
2500
1 tributyrin

2600

2700

2400 2500 2600 2700

3250

3400

3550

3700

2600

2700

2400 2500 2600 2700

3250

3400

3550

3700

2500
2600
2700
wavenumbers [cm-1 ]

2400 2500 2600 2700
wavenumbers [cm-1 ]

3250 3400 3550 3700
wavenumbers [cm-1 ]

0.5
0
2400
2500
1 trioctanoin
0.5
0
2400

Figure 8.3. Linear absorption spectra of saturated solutions of water in triacetin,
tributyrin and trioctanoin. A: 1:9 D2 O:H2 O, B: D2 O, C: H2 O. The spectra are corrected for the response of H2 O in triglyceride (A,B) or D2 O in triglyceride (C), and
normalized on peak intensity. The dotted lines represent a Gaussian fit to the spectra.

A
2560

2600

2640

2680

2720

2560

2600

2640

2680

2720

B

C
3490

3540 3590 3640
wavenumbers [cm-1 ]

3690

Figure 8.4. Center frequencies of the Gaussian bands that constitute the spectra (fig.
8.3) of saturated solutions of water in triacetin (red), tributyrin (green) and trioctanoin
(blue). A: 1:9 D2 O:H2 O, B: D2 O, C: H2 O. Triangles: broad band (FWHM 90-220
cm−1 ), circles: narrow band (FWHM 50-65 cm−1 ), squares: small shoulder (FWHM
30 cm−1 ).

Structure and dynamics of water in triglyceride oils
Normalized abs.

A

1

triacetin
tributyrin
trioctanoin

0.5

0

B 0.4
Normalized abs.

94

0.3

triacetin
tributyrin
trioctanoin

0.2
0.1
0

1570 1600 1630 1660
-1
wavenumbers [cm ]

8.3

3140 3200 3260 3320
wavenumbers [cm-1 ]
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the frequency (B). The spectra are corrected for the response of D2 O in triglyceride
and normalized on peak intensity between 1580 and 1680 cm−1 . The dotted lines
indicate peak positions.

modes is slightly smaller than the separation observed for D2 O, in accordance
with their gas phase frequencies 189,190 . The spectra for D2 O and H2 O show
a small peak around 2385/3240 cm−1 as well. The frequency of this peak is
approximately twice the bend frequency, and follows the shift of the bend vibration with increasing fatty acid chain length, as can be seen in figure 8.5 (note
this is in opposite direction of the OH stretch vibration). Hence, we assign this
peak to the overtone of the bend vibration.
Besides a major contribution from OD stretch vibrations that are strongly
hydrogen-bonded to the oil, the broad band at lower frequencies probably contains a contribution from small water clusters. Water molecules hydrogenbonded to other water molecules give rise to a broad band centered at 2500
cm−1 . 46,47 To determine the contribution of water clusters, we return to the
linear spectra of isotopically diluted water in the triglycerides as a function of
water concentration. These spectra were presented in fig. 8.2, but for clarity
we normalize them on peak intensity and present them in fig. 8.6 as well. It
can be seen that the shape of the spectrum changes considerably with water
concentration for solutions of water in triacetin. A Gaussian fit (see fig. 8.7)
shows that with increasing water concentration, the broad band at low frequencies increases in relative amplitude and shifts from 2620 cm−1 to 2572 cm−1 ,
becoming more similar to the OD stretch absorption spectrum of bulk water.
This observation indicates that this band contains a significant contribution of
water clusters that increases with increasing water concentration. For tributyrin and trioctanoin we do not observe significant changes in spectral shape
with increasing water concentration, so for these triglycerides the contribution
of water clusters appears to be negligible, even at the solubility limit. Hence,
for these triglycerides we can consider all water molecules to be isolated.
For low concentrations of isotopically diluted water (<4 ml/l), the OD
stretch spectra of the three triglycerides are identical, so at low water concentrations the hydrogen-bond strengths and the relative contributions of each
water species are the same. Hence, the differences between the water spectra
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for the different oils, as shown in fig. 8.3, are mostly due to differences in water
concentration. There are still subtle differences: at low water concentrations,
the water bend vibration still shows a significant redshift with increasing fatty
acid chain length (∼ 6 cm−1 from triacetin to trioctanoin). The redshift of
the bend vibration is also responsible for small changes of the H2 O and D2 O
hydroxyl stretch spectra with fatty acid chain length, due the coupling of the
water bend and hydroxyl stretch vibrations for non-isotopically diluted water.
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2DIR spectra

To investigate the dynamics of the different hydrogen-bonded water molecules
and their possible interconversion, we measured time-resolved 2DIR spectra.
We recorded spectra for water in triacetin and tributyrin. Unfortunately, for
trioctanoin the water concentration was too low to measure 2DIR spectra with
sufficient signal-to-noise.
Figure 8.8 presents the 2DIR spectra of saturated solutions of water in triacetin at 0.4 picoseconds after the excitation. The top row shows the isotropic
(rotation-free) 2DIR spectra. For isotopically diluted water, the isotropic 2DIR
spectrum shows a negative absorption feature along the diagonal, corresponding
to the bleaching of the 0→1 vibrational transition, and a positive absorption feature corresponding to the 1→2 vibrational transition, which is redshifted along
the probe axis by about 100 cm−1 due to the anharmonicity of the OD stretch
vibration. We find the spectrum of isotopically diluted water in triacetin at 0.4
ps to be very inhomogeneous: the spectrum shows an almost perfect correlation
between excitation and detection frequency (nodal line slope of ∼1). In comparison, for isotopically diluted bulk water this correlation is largely lost at 0.4 ps,
as a result of rapid spectral diffusion 191 . This indicates that the hydrogen-bond
strength of water molecules confined in triglyceride oil is modulated on a much
longer timescale than in bulk water, reflecting much slower water dynamics.
For pure D2 O in triacetin, we observe two negative features along the diagonal corresponding to the symmetric and antisymmetric OD stretch vibration
(and corresponding peaks due to the 1→2 transition). In addition, off-diagonal
features (cross-peaks) appear at all delay times due to the vibrational coupling
between the symmetric and antisymmetric stretch vibrations. Note that the
symmetric to antisymmetric cross-peak appears around ωpump,probe =2580, 2680
cm−1 , while the corresponding diagonal signal is centered at a lower frequency of
∼2550 cm−1 . This lower frequency is the result of the contribution of OD stretch
vibrations of singly hydrogen-bonded water molecules and water clusters; these
vibrations absorb at lower frequencies compared to doubly hydrogen-bonded
water molecules. For these water molecules, the hydrogen-bond configuration is
asymmetric, and the OD vibrations do not form symmetric and antisymmetric
vibrations. Hence, these water molecules only contribute to the diagonal signal
and not to the cross-peaks of the symmetric and antisymmetric OD vibrations
of the D2 O molecules with two weak hydrogen bonds of similar strength. The
non-hydrogen-bonded OD stretch vibrations are not observed in the 2DIR spectra, because their cross section is very low and the diagonal 2DIR signal depends
quadratically on the cross section.
The bottom row of figure 8.8 presents the polarization-difference 2DIR spectra. In the polarization-difference spectrum the diagonal signals are eliminated, and the cross-peaks become more visible, provided that the cross-peaks
have an anisotropy value that differs from that of the diagonal peaks 60 . The
polarization-difference spectra reveal that the spectrum of isotopically diluted
water contains weak cross-peaks as well. These have a similar position and
shape as the cross-peaks measured for D2 O, but much lower intensity (∼ 1/100 ).
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Figure 8.8. 2DIR spectra of saturated solutions of 1:9 D2 O:H2 O (A) and D2 O (B)
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This indicates that these cross-peaks are due to vibrational coupling between
the symmetric and antisymmetric stretch vibrations of the 1% of D2 O molecules
that are left in the isotopically diluted mixture. At all time delays, only crosspeaks arising from the coupling between the symmetric and antisymmetric
stretch vibrations are observed, both for water in triacetin and tributyrin. The
absence of other cross-peaks indicates that the different hydrogen-bonded water
species do not interconvert on the 20 picosecond timescale of the experiment.
To study the vibrational dynamics of the different hydrogen-bonded water
species in more detail, we analyze slices of the isotropic 2DIR spectra at different
excitation frequencies. Figure 8.9 presents these slices for isotopically diluted
water in triacetin and tributyrin. For each excitation frequency, the vibrational
response decays within several picoseconds, reflecting the decay of the excited
vibrations back to the vibrational ground state. Based on the linear spectra,
we expect at least two spectral components to contribute to the vibrational
response; a component corresponding to the OD stretch vibrations of water
molecules with a single strong hydrogen bond to the triglyceride, and a component corresponding to OD stretch vibrations of water molecules with two weaker
hydrogen bonds to the triglyceride. We therefore analyze the spectra using a
spectral decomposition model with two components that decay independently
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Figure 8.9. Slices of the 2DIR spectrum at different excitation frequencies, for saturated solutions of 1:9 D2 O:H2 O in triacetin (A) and tributyrin (B) (solid lines are
description with spectral decomposition fit).

to a heated ground state (eq. 4.7). This state is included to account for the
small residual signal due to heating of the sample. The vibrational lifetimes of
each component, T1,1 and T1,2 , are the primary fit parameters, while the spectral components σ1 and σ2 are calculated using a singular value decomposition.
The spectrum of the heated ground state is taken directly from the data at 100
ps. The results of the least-squares fit are presented in figure 8.9 and describe
the data well. In this analysis, we did not consider spectral diffusion effects,
which are expected to lead to a slight broadening of the bands with time.
Figure 8.10 presents the spectral components. Spectral component 2, corresponding to OD vibrations of water molecules with two weak hydrogen bonds
to the triglyceride, varies in amplitude, but hardly in shape, with the excitation frequency. This finding indicates that the absorption band of the water
molecules with two weak hydrogen bonds is close to homogeneously broadened.
In contrast, the spectral signature of component 1, corresponding to the OD
vibrations of water molecules with a single strong hydrogen bond to the triglyc-
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eride, varies strongly with the excitation frequency. This indicates that the
absorption band of the singly hydrogen-bonded water molecules is inhomogeneously broadened and respresents a heterogeneous ensemble of water molecules
with different hydrogen-bond strengths. This heterogeneity likely arises from
the fact that water molecules are hydrogen-bonded to different groups of the
triglyceride (carbonyl or ether oxygen), and from the presence of different local
conformations of the glycerol backbone and fatty acid chains of the triglyceride
surrounding the hydrogen-bonded water molecules. In the case of triacetin,
there is an additional contribution of water clusters to the spectrum as well.
This contribution manifests itself as a broadening and increase in amplitude of
spectral component 1.
The vibrational lifetimes of the OD stretch vibration of water in triacetin
are 2.0 ± 0.6 ps and 11 ± 1 ps, for component 1 and 2, respectively. For water
in tributyrin the lifetimes are comparable: 2.3 ± 0.7 ps for component 1 and
17 ± 3 ps for component 2. The lifetime of component 2, corresponding to OD
vibrations of doubly hydrogen-bonded water molecules, is quite long compared
to the 1.8 ps lifetime of the OD stretch vibration observed for HDO molecules in
bulk isotopically diluted water 74 . This longer lifetime points at a weaker anharmonic coupling of the excited OD vibration and low-frequency accepting modes
of the triglyceride solvent, which can be explained from the weak hydrogen
bonds. In this perspective, the lifetime of spectral component 1 is remarkably
short, especially when it is excited at high frequencies (corresponding to weak
hydrogen bonds).
Finally, we measure the anisotropic spectrum of the water molecules confined
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Figure 8.11. Anisotropy of the 2DIR spectra for saturated solutions of water in
triacetin and tributyrin. The anisotropy is obtained by averaging over a frequency
interval of 20 cm−1 around 2640 cm−1 (OD vibration of doubly hydrogen-bonded
HDO of 1:9 D2 O:H2 O) or around 2690 cm−1 (antisymmetric OD stretch vibration of
D2 O), and normalized at 0.4 picoseconds.

in the triglycerides. The anisotropy is directly proportional to the second order
rotational correlation function, and decays due to molecular reorientation and
resonant (Förster) energy transfer. Figure 8.11 presents the anisotropy decay
of the vibrational excitation for saturated solutions of water in triacetin and
tributyrin, obtained by averaging over a frequency range of 20 cm−1 around
the main diagonal peak of the 2DIR spectrum. For isotopically diluted water,
the anisotropy decays only partially within the time window of the experiment.
This indicates that the water molecules do not fully reorient on this timescale,
but instead sample a limited angular space. We can describe the partial decay
of the anisotropy using a single exponential with an offset: R = R1 e−t/τr + R0 .
This yields a reorientation time τr of about 4 ps (τr =4.0 ± 0.5 ps for triacetin,
and 3.8 ± 0.5 ps for tributyrin) and an offset of 0.14 ± 0.04, which corresponds
to reorientation within a cone angle of 46◦ (see eq. 2.51).
In bulk liquid water, water molecules fully reorient on a 2.5 picosecond
timescale 74 by a mechanism which involves the switching of hydrogen-bond
partners 13 . The transition state for reorientation requires the approach of another water molecule. For water molecules confined in triglycerides the situation
is very different, as there are no water molecules to switch to (or very few, in the
case of water clusters). This lack of potential new hydrogen-bonded partners
explains why the reorientation only occurs within a limited cone angle: without the possibility of forming a new hydrogen bond, the hydrogen bond to the
triglyceride is maintained, which limits the angular space of the reorientation.
For D2 O, we only average the anisotropy decay over the diagonal peak that
corresponds to the antisymmetric stretch vibration. By doing so, the effect of
intramolecular coupling is eliminated: the antisymmetric stretch vibrations that
transfer energy to the symmetric mode show up in another part of the spec-
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trum (the cross-peak) and thus do not contribute to the anisotropy decay of
the diagonal peak. However, intermolecular coupling due to coupling between
antisymmetric vibrations located on neighboring water molecules, can still contribute to the anisotropy decay. It can be seen in fig. 8.11 that the anisotropy
decay for D2 O in tributyrin is very similar to the decay for isotopically diluted
water in the same triglyceride, while the anisotropy decay for D2 O in triacetin
is clearly faster than its isotopically diluted counterpart. This is in line with
our earlier observation that triacetin contains a significant amount of water
clusters, that also contribute to the absorption at 2690 cm−1 . Within a water
cluster, intermolecular energy transfer is possible, while in tributyrin all water
molecules are isolated and intermolecular energy transfer does not happen.
Water clusters are likely only present in triacetin due to the higher concentration of hydrophilic groups versus hydrophobic groups for this triglyceride, as
a result of the shorter hydrophobic fatty acid chain. This makes it more likely
for a water molecule that is hydrogen-bonded to the hydrophilic carbonyl group
of the triglyceride to be in the vicinity of a water molecule that is hydrogenbonded to the carbonyl group of another triacetin. As a result, it may become
favorable for other water molecules to accumulate in between and in the vicinity
these hydrogen-bonded water molecules, thus leading to the formation of water
clusters.

8.4

Discussion

The spectra of water molecules confined in the triglyceride oils are similar to the
spectra of water molecules confined in other solvents. Studies on mixtures of
water and acetone 75,188 , acetonitrile 192 , DMSO 75,193 , poly-ether 194 and dioxane 195 showed a strong narrowing and blueshift of the water hydroxyl stretch
vibrations when the water concentration was decreased. For all these solvents,
a decrease of the water fraction leads to a replacement of the interconnected water hydrogen-bond network by specific hydrogen-bond configurations involving
water and hydrophilic groups of the solvent. Arguably the most closely related
system is water in acetone clusters 188 . Infrared spectra of the water OH stretch
vibration showed that water molecules in acetone clusters form either a single
strong hydrogen bond to an acetone carbonyl group, or two weaker hydrogen
bonds to two acetone carbonyl groups, which is similar to what we currently
observe for water molecules in the triglycerides. The main difference is that
water in acetone clusters can more easily switch hydrogen-bond partners: on a
1.3 picosecond timescale, water molecules change between a single strong hydrogen bond and two weaker hydrogen bonds to the acetone carbonyl groups.
Most likely, this difference is due to the much higher density of carbonyl groups
in acetone, and due to the much higher mobility of the light acetone molecules
compared to the bulky triglyceride molecules.
The 2DIR spectra showed that water molecules with two hydrogen bonds
to the triglyceride constitute a single species, which indicates that these water
molecules have a specific hydrogen-bond configuration. Considering the posi-
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tioning of the carbonyl groups of the triglyceride, the most likely hydrogen-bond
configuration is one where the water molecule bridges two adjacent triglyceride
molecules. Below the melting point triglycerides adopt different polycrystalline
phases that are thought to persist in the liquid 22 . Different models have been
proposed for the liquid ordering; a smectic phase with triglycerides in a chair-like
conformation 178 , a nematic phase with triglycerides in the same conformation
but with twisted chains 179 and a stacked-disk ordering where each disk consists
of a single y-shaped triglyceride molecule 180 . Each of these structures would
allow bridging water molecules between carbonyl groups of adjacent triglyceride
molecules, while intramolecular bridging is unlikely. As such, water is expected
to have a large influence on the liquid triglyceride properties such as viscosity
and molecular ordering during crystallization, which is of great importance for
many biological and industrial systems.

8.5

Conclusions

We have investigated the hydrogen-bond structure and vibrational dynamics of
water in triglyceride oils, using linear infrared and time-resolved 2DIR spectroscopy. From the linear spectra of the water hydroxyl stretch vibrations measured at different isotopic dilutions, we identify several water species: waters
with a single strong hydrogen bond to the triglyceride, waters with two weaker
hydrogen bonds to the triglycerides, and water clusters. The latter species
is only present in triacetin, the triglyceride with the shortest fatty acid chains.
For tributyrin and trioctanoin the amount of clusters is negligible, and all water
molecules can considered to be isolated.
The 2DIR spectra of the OD stretch vibration of D2 O in triacetin and tributyrin contains cross-peaks between the symmetric and antisymmetric stretch
vibrations of D2 O. The absence of other cross-peaks shows that the different
water species do not interconvert on the 20 picosecond timescale of the experiment.
The vibrational lifetimes of the OD stretch vibration of HDO in triacetin
are 2.0 ± 0.6 ps for HDO molecules with a single strong hydrogen bond, and 11
± 1 ps for HDO molecules with two weak hydrogen bonds. For tributyrin the
lifetimes are 2.3 ± 0.7 ps and 17 ± 3 ps, for the singly and doubly hydrogenbonded water molecules, respectively. Within the experimental time window,
the anisotropy of the vibrational response decays only partially; the decay corresponds to reorientation on a 4 picosecond timescale within a limited cone angle
of 46◦ . The transient spectral response of water molecules with a single strong
hydrogen bond to the triglyceride depends strongly on the excitation frequency,
revealing the presence of different subspecies of singly-bound water molecules
with different hydrogen-bond strengths. In contrast, the water molecules with
two weaker hydrogen bonds to the triglyceride correspond to a single, specific
hydrogen-bond configuration. Considering the structure of the triglycerides,
these water molecules likely bridge adjacent triglyceride molecules. As such,
water is expected to have a large influence on liquid triglyceride properties.

9

Water in triglyceride oils:
the C=O stretch vibration

In the previous chapter, we studied the hydrogen-bond configuration of water
molecules confined in triglyceride oil and identified several stable hydrogenbonded water species. Here we investigate the water-triglyceride interaction in
more detail, by studying the transient response of the carbonyl stretch vibration
of the triglycerides with and without added water. We find that hydrogen-bond
formation between a water molecule and the carbonyl group of the triglyceride
leads to a frequency downshift of the absorption of the carbonyl stretch vibration
from ∼1745 cm−1 to ∼1728 cm−1 . This hydrogen-bond formation affects the
transient spectral response of the carbonyl stretch vibration, and speeds up the
vibrational relaxation, which we find to be strongly inhomogeneous. We further
observe that the anisotropy of excited carbonyl stretch vibrations decays via
vibrational (Förster) energy transfer between carbonyl stretch vibrations, and
determine the Förster radii to be 2.6 ± 0.1 Å for triacetin and 2.5 ± 0.1 Å for
tributyrin, independent of the water content.
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Figure 9.1. Triglycerides used in this study.

9.1

Introduction

Water plays an active role in many biological systems, and is known to influence
the structure and functioning of for example proteins 19,20,24,173,174 , DNA 175,176
and phospholipids 21,177 . One major class of biological molecules that has hardly
been studied so far in terms of its interaction with water is the triglycerides.
Triglycerides are important for metabolism, serving as a source of energy, and
are also commonly used in daily life in, for example, foods, pharmaceuticals and
cosmetics 22 . Even though triglycerides are mostly hydrophobic, small amounts
of water dissolve in triglyceride oil, which can have considerable influence on
triglyceride properties 183–186 .
In chapter 8, we studied the hydrogen-bond structure and dynamics of water
molecules in triglyceride oils, by probing the (transient) infrared absorption
of the water OD stretch vibration. We identified water molecules forming a
single strong hydrogen bond to the triglyceride, water molecules forming two
weaker hydrogen bonds to the triglycerides, and, in the case of the triglyceride
triacetin, water clusters. Based on the OD stretch vibrational frequency and
the molecular structure of the triglycerides, we hypothesized that the singlyand doubly-hydrogen-bonded water molecules form hydrogen bonds with the
carbonyl groups of the triglyceride. To confirm this, and to obtain more detailed
information on the interaction between water molecules and triglycerides, we
study the response of the carbonyl stretch vibration of the triglycerides.
In this chapter, we study the carbonyl stretch vibrations of triacetin and
tributyrin (fig. 9.1), both with and without added water, using linear infrared
and polarization-resolved femtosecond infrared spectroscopy. Both triglycerides
have been extensively characterized in the OD spectral region in chapter 8.

9.2

Experimental

Triacetin and tributyrin are purchased from Sigma-Aldrich (purity >99%), and
carefully dried. Even though the triglyceride oils are mostly hydrophobic, they
do absorb small amounts of water (∼0.5 ml/l) under atmospheric conditions.
This water is removed using 4 Å molecular sieves (Sigma-Aldrich). After drying,
part of the triglyceride oil is hydrated again by adding an excess amount of
heavy water (D2 O). To ensure a homogeneous distribution of water in the oil
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phase, the mixtures are left to equilibrate for at least five days. The final water
concentrations in hydrated triglyceride oils are 57 ± 2 ml and 6.8 ± 1 ml for
triacetin and tributyrin, respectively, which corresponds to molar water to lipid
ratios of 1:1.7 and 1:9 (see fig. 8.2).
We measure linear and time-resolved infrared spectra of the carbonyl stretch
vibrations of the triglycerides. Since the absorption cross section of the carbonyl
stretch vibration is quite high, we need to work with ultrathin samples (∼1
µm) to maintain sufficient light intensity at the detector. Ultrathin samples are
prepared by sandwiching a small volume of triglyceride oil (∼2 µl) between two
CaF2 windows, and wrapping the window edges with parafilm, which prevents
oil from leaking out and H2 O from leaking in, for at least a day.
The linear infrared spectra described in this chapter are recorded with a
FTIR spectrometer (Bruker Vertex 80v). The time-resolved spectra are acquired with the dual-color pump-probe setup described in ref. 196. The pump
and probe pulses are centered around 1745 cm−1 , in resonance with the carbonyl
stretch vibrations of the triglycerides.

9.3

Results
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Figure 9.2. Linear absorption spectra of triacetin (A) and tributyrin (B), with and
without added D2 O. The spectra are referenced to the intensity of the CH stretch
modes around 2960 cm−1 . The bottom row shows the absorption difference between
the referenced spectra with and without added D2 O.
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Figure 9.2 presents the linear absorption spectra of triacetin and tributyrin
with and without added water, in the spectral region of the carbonyl stretch vibration. In the absence of water, the absorption of the carbonyl stretch vibration
is centered around 1746 cm−1 or 1743 cm−1 , for triacetin and tributyrin, respectively. Addition of water leads to a decrease of the amplitude of the absorption
band and the appearance of an additional absorption feature around 1728 cm−1 .
This additional feature arises from the formation of hydrogen bonds between water molecules and the carbonyl groups of the triglyceride. Since hydrogen-bond
formation weakens the covalent bond between the carbon and oxygen atoms of
the carbonyl group, the carbonyl stretch vibrational frequency is lowered. The
vibrational frequency we observe for the hydrogen-bonded carbonyl groups corresponds very well to what has been previously observed for the carbonyl groups
of methyl acetate forming a single hydrogen bond to a water molecule 197,198 .
Carbonyl groups of methyl acetate that were hydrogen-bonded to two water
molecules were found to absorb at 1703 cm−1 . 197,198 This finding indicates that
the carbonyl groups absorbing at 1728 cm−1 are hydrogen-bonded to a single
water molecule, which agrees with the fact that the water concentration is low.

9.3.2

Time-resolved spectra

Figure 9.3 presents the isotropic transient absorption spectra at different delay
times for triacetin and tributyrin, after excitation of the carbonyl stretch vibration. At early delay times, we observe a bleach of the fundamental transition
of the carbonyl stretch vibration, centered around 1748 cm−1 , and an induced
absorption around 1725 cm−1 , corresponding to the excited state absorption
associated with the 1→2 vibrational transition. These signals decay on a picosecond timescale to a thermal difference spectrum, which reflects the heating
of the sample following the dissipation of the energy of the vibrational excitation. For all triglyceride samples, we observe the vibrational relaxation of the
carbonyl stretch vibration to be quite inhomogeneous. This can be seen clearly
in figure 9.4, which presents the isotropic absorption change for dry triacetin
at different probe frequencies. At low frequencies, the vibrations decay much
faster than at high frequencies.
To analyze the inhomogeneous vibrational relaxation in more detail, we fit
the transient spectra to a spectral decomposition model that includes three
spectral components that decay independently to the thermalized ground state:
!
3
3
X
X
S(ω, t) =
σCO,i (ω)Ni (0)e−t/T1,i + σend (ω) 1 −
Ni (0)e−t/T1,i
(9.1)
i=1

i=1

Here the vibrational lifetimes of each component, T1,i , are the primary fit parameters, while the spectral components σCO,i are calculated using singular value
decomposition. The spectrum σend of the thermalized ground state is taken
directly from the transient spectrum at 220 picoseconds. We use three components as we found this to be the minimum amount of components that is needed
to accurately describe the inhomogeneous vibrational decay; two components
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Figure 9.3. Isotropic absorption change as a function of frequency for different
picosecond delay times, after excitation of the carbonyl stretch vibrations of triacetin
(A) and tributyrin (B) with and without added D2 O. The solid lines represent fits
using the model described in the text.
1

1706 cm-1

normalized ∆α

0.8
0.6

1715 cm

-1

1723 cm

-1

1731 cm

-1

0.4
0.2
0

0

2

4
delay [ps]

6

8

Figure 9.4. Isotropic absorption change after excitation of the carbonyl stretch vibrations of dry triacetin, as a function of delay time for different probe frequencies
(normalized at 0.3 picoseconds). The solid lines represent fits using the model described in the text.

108

Water in triglyceride oils: the C=O stretch vibration
triacetin

∆α

tributyrin
dry
with D2O

0.5

9.3

2

0

0

-0.5

-0.5

-1

dry
with D O

0.5

-1
1700

1720
1740
1760
wavenumbers [cm-1 ]

1780

1700

1720
1740
1760
wavenumbers [cm-1 ]

1780

Figure 9.5. Spectral components that describe the isotropic absorption change (fig.
9.3) for triacetin (A) and tributyrin (B) with and without D2 O. The components are
normalized on the intensity of the first component (shown in red).

fail to fully capture the dynamics beyond 15 picoseconds after the excitation,
while introducing a fourth component does not significantly reduce the leastsquares error of the fit. The result of the triple component fit is displayed with
solid lines in figure 9.3 and 9.4, and is in good agreement with the data at all
frequencies and delay times.
The spectral components resulting from the fit are displayed in figure 9.5.
For all samples, each consecutive spectral component increases in center frequency, with the first and main component exhibiting a bleaching signal centered around ∼1745 cm−1 , the second component around ∼1750 cm−1 and the
third around ∼1760 cm−1 or ∼1755 cm−1 , for triacetin and tributyrin, respectively. The lifetimes associated with each component are presented in table I,
and range from about 1.5 picoseconds for the lowest-frequency component to
about 40 picoseconds for the highest-frequency component. The large range of
lifetimes directly reflects the strong inhomogeneity of the vibrational relaxation
of the carbonyl vibrations.
Addition of water to the triglycerides affects the isotropic transient spectrum, as can be seen most clearly by inspection of the spectral components (fig.
9.5). For the triglycerides with water, all spectral components show a redshift,

Table I. Lifetimes of the spectral components (fig. 9.5) that describe the isotropic
absorption change for triacetin and tributyrin with and without added D2 O.

Triacetin
Triacetin with D2 O
Tributyrin
Tributyrin with D2 O

T1,1 [ps]
1.6 ± 0.1
1.6 ± 0.1
1.4 ± 0.1
1.3 ± 0.1

T1,2 [ps]
7.4 ± 0.5
7.3 ± 0.5
6.8 ± 0.5
6.2 ± 0.5

T1,3 [ps]
43 ± 3
32 ± 3
40 ± 4
32 ± 5
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Figure 9.6. Anisotropy decay of the carbonyl stretch vibrations of triacetin and
tributyrin with and without added D2 O, averaged over the frequency range 1700-1785
cm−1 . The solid lines represent fits to a Förster transfer formula (eq. 9.2).

as was observed for the linear absorption spectra. This redshift results from
the response of carbonyl groups that are hydrogen-bonded to water and that
absorb at lower frequencies.
The addition of water lowers the vibrational lifetime. The lifetime decreases
most strongly for the third component, which has an associated lifetime of 43
± 3 or 40 ± 4 ps for dry triacetin and tributyrin, respectively, and a lifetime
of 32 ± 5 ps for triacetin and tributyrin with water. This indicates that the
vibrational lifetime of carbonyl groups that are hydrogen-bonded to water is on
average shorter than the vibrational lifetime of non-hydrogen-bonded carbonyl
groups.

9.3.3

Anisotropic response

To further characterize the interaction between water molecules and the triglycerides, we measured the anisotropic response of the carbonyl stretch vibrations. The anisotropy is directly proportional to the second-order rotational
correlation function, and decays due to molecular reorientation and vibrational
(Förster) energy transfer. Figure 9.6 presents the anisotropy decay for triacetin
and tributyrin with and without added water (the anisotropy is corrected for
the isotropic heating contribution). For both triglycerides, the anisotropy decays almost to zero in about 15 picoseconds. Since triglyceride molecules are
expected to reorient on a much slower timescale, considering their large size,
and librations would lead only to partial anisotropy decay, the anisotropy likely
decays as a result of vibrational energy transfer between carbonyl groups. The
anisotropy decay as a result of energy transfer between the same type of oscil-
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lators can be described by 66,199 .
2 − 4 π3/2 c√ro t/T1
(9.2)
e 3
5
where c is the concentration of oscillators, in this case carbonyl groups, T1 is
the vibrational lifetime and ro the Förster radius. The Förster radius denotes
the distance between oscillators at which the rate of energy transfer between
them is 50% within the vibrational lifetime. This distance depends on the
transition dipole moment of the vibration and the homogeneous versus inhomogeneous linewidth (see eq. 2.34). In writing eq. 9.2, it is assumed that the
distance between the oscillators is statistically distributed, and that the orientation of oscillators is independent of this distance 199 . This is not the case for
the carbonyl groups of triglycerides, where the three carbonyl groups of each
molecule sample a limited amount of distances and orientations with respect to
each other. Nonetheless, we observe that the anisotropy decay of the carbonyl
stretch vibration is quite well described by eq. 9.2, as indicated by the solid
lines in figure 9.6, which are the result of a least-squares fit to this equation.
For tributyrin, the measured anisotropy initially decays somewhat faster than
the Förster formula can capture, most likely due to faster-than-average energy
transfer between carbonyl groups located on the same molecule, which does not
lead to a full decay of the anisotropy, because the direction of these carbonyl
groups is correlated. This is less important for triacetin, as the molecules, and
thus the carbonyl groups located on different molecules, are closer together.
From the fit, we obtain Förster radii of 2.6 ± 0.1 Å and 2.5 ± 0.1 Å for
triacetin and tributyrin, respectively, independent of the water content. As expected, the Förster radii for triacetin and tributyrin are similar, because the
transition dipole moment and spectral width of the carbonyl stretch vibration are similar for these triglycerides (see fig. 9.2). The overall decay of the
anisotropy is slower for tributyrin, since the average distance between carbonyl
groups is larger for this triglyceride.
R(t) =

9.4

Discussion

We observe that the vibrational relaxation of the carbonyl stretch vibrations
of triacetin and tributyrin is very inhomogeneous. The vibrational relaxation
can be described well with three spectral components, with associated lifetimes
of ∼1.5 ps, ∼7 ps and ∼40 ps. These spectral components probably do not
represent specific species of carbonyl vibrations, but rather serve to describe
a continuous distribution of vibrational relaxation times across the inhomogeneously broadened carbonyl absorption band. This distribution likely arises
from different local conformations of the glycerol backbone and fatty acid chains
of the triglyceride. Below the melting point, triglycerides adopt different polycrystalline phases that are thought to persist to some extent in the liquid 22 ,
and that give rise to distinct C=O stretch vibrational frequencies 200,201 .
We further observe that adding water to the triglycerides leads to a broadening of the transient C=O vibrational response towards the low-frequency side
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and a decrease in vibrational lifetime, due to the response of carbonyl groups
that are hydrogen-bonded to water. A similar reduction in vibrational lifetime
upon hydrogen-bond formation has been observed for the carbonyl vibrations
of methyl and ethyl acetate 202–204 , and was explained by the increase in the
vibrational density of states (VDOS) as a result of the low-frequency vibrations
of the intermolecular hydrogen bond 203 . An alternative explanation is that the
lifetime of the carbonyl stretch vibration decreases with decreasing frequency,
due to better spectral overlap with a lower-frequency vibrational mode to which
the carbonyl stretch vibration relaxes.
We observed that the anisotropy of excited carbonyl stretch vibrations decays via vibrational (Förster) energy transfer between carbonyl stretch vibrations, and that the water content does not influence the anisotropy decay. The
insensitivity of the anisotropy decay to the presence of water is likely due to the
low water concentration. Since most carbonyl groups are not hydrogen-bonded
to a water molecule, the carbonyl groups that are hydrogen-bonded to water are
on average located far away from each other, meaning that the anisotropy decay
of hydrogen-bonded carbonyl groups is likely dominated by energy transfer to
non-hydrogen-bonded carbonyl groups.

9.5

Conclusions

We studied the effect of water on the carbonyl stretch vibration of triacetin
and tributyrin, using linear infrared and polarization-resolved femtosecond infrared spectroscopy. We observe that hydrogen-bond formation between a water
molecule and the carbonyl group of the triglyceride leads to a frequency downshift of the absorption of the carbonyl stretch vibration from ∼1745 cm−1 to
∼1728 cm−1 .
Excitation of the carbonyl stretch vibration induces a transient absorption
response that can be described with three spectral components with increasing
frequency and associated decay times ranging from 1.3 to 43 picoseconds, reflecting a strongly inhomogeneous vibrational relaxation. This inhomogeneity
is present for both the dry triglycerides and the triglycerides with added water.
Adding water leads to a broadening of the spectral components and a slight
speedup of the vibrational relaxation.
The anisotropy of excited carbonyl stretch vibrations decays via vibrational
(Förster) energy transfer between carbonyl stretch vibrations. We find a Förster
radius of 2.6 ± 0.1 Å for triacetin and 2.5 ± 0.1 Å for tributyrin, independent
of the water content.
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Appendix: The value of science
Science: The intellectual and practical activity encompassing the systematic
study of the structure and behaviour of the physical and natural world through
observation and experiment.
the Oxford dictionary
Science, simply put, is the systematic study of the natural world. The foremost
task of a scientist is therefore to study, i.e., to acquire knowledge towards a
more comprehensive understanding of the natural world. Around the world,
people devote a lot of time and resources to scientific projects, building giant
observatories, installing particle accelerators, gathering large groups of study
participants and even sending experiments to space. What drives this quest for
knowledge? For many scientists, it is a sense of fascination: understanding the
complexity of nature, be it in the physical or social domain, is the primary goal.
It is the yearning to know more, and the satisfaction that comes with solving
the next puzzle.
At the same time, the generation of knowledge often has consequences. New
insights and technologies can impact society in many ways1,2 . The way most
people live nowadays is heavily influenced by discoveries in the past. Consider
for example the discovery of electricity by Michael Faraday in 1820, now essential
to any modern household, and the realization of Louis Pasteur in the 1860’s that
many diseases are caused by microorganisms, which saved millions of lives ever
since. Less benign examples also exist: the invention of the atomic bomb for
instance provided the world with such an effective weapon that it changed the
entire political landscape. Even though only few discoveries have such farreaching implications, it makes clear that scientific findings can have a great
impact on society.
With this in mind, perhaps, the term ”valorization” has entered the scientific world. That is, the creation of value from knowledge, by transferring this
knowledge into products, services or processes. The term was first coined by
public policy makers wishing to see return on their investments: in return for
funding, scientists across all disciplines are expected to contribute to societal
benefits3 . Scientific advance does indeed hold promise to provide solutions to
societal problems. We can for example foresee answers towards more efficient
and cheaper clean energy sources, more sustainable food production and better
treatment of diseases. On a global scale, the major societal objectives have been
formulated in the UN Millenium Development Goals, and science and technology are expected to be crucial factors in reaching these goals1,4 . On a national
level, scientific knowledge has been shown to stimulate the economy, thereby
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enhancing the standard of living. The economist Robert Solow (winner of the
Nobel prize in 1987) and later colleagues identified technological progress as the
main factor of economic growth5,6 . It is hard to estimate how much science, as a
driver of technological progress, contributes to growth, but economists estimate
a substantial 20%-60% return on investments in science7,8 .
In my eyes, the fact that scientific insights can be used to improve people’s lives makes science very valuable. The term valorization emphasizes this
fact, and encourages scientists to think about the consequences and possible
applications of their results.
At the same time, in attempts to stimulate valorization, scientists are increasingly evaluated on societal relevance9−11 . This creates some complications.
Firstly, the very nature of science, as the study of the unknown, prevents a reliable prediction of the long-term societal impact of a study, especially in the
case of basic research. A famous example is the experiments by Heinrich Hertz
on radio waves. These experiments are at the base of many of the modern communication technologies, but Hertz himself remarked12 : ”It’s of no use whatsoever[...] this is just an experiment that proves Maestro Maxwell was right - we
just have these mysterious electromagnetic waves that we cannot see with the
naked eye. But they are there.” As a result of this unpredictability, scientists
conducting basic research have a harder time convincing funding boards about
the merits of their research, and budget is moving from basic science to applied
science, and from creative ideas to short-term low-risk projects.a The question
is whether this approach will in the end lead to the most benefit for society.
Applied research may have the most impact on the short term, but radically
new approaches to societal problems will likely not emerge.
A second complication is how to evaluate societal impact. What is beneficial for the local economy, such as partnerships with private organizations and
the creation of patents, is not necessarily beneficial for the larger society, or
even for science itself. From an economic viewpoint, for instance, it is best to
develop medicines targeted to the demands of the rich, which does not help the
societal aim of eradicating diseases that primarily affect the poor1 . From the
same viewpoint it is vital to protect generated knowledge with patents, such
that a competitive position on the market can be maintained. Patents and
other intellectual property (IP) rights, however, can also hinder innovation, as
patents might be too expensive for new players to use the knowledge. It can
furthermore clash with the openness and knowledge transfer that is so crucial
for scientific advancement1,13 . In recent years, absurd situations occurred where
scientists working together with private organizations are expected to investigate materials or devices without knowing what they are made of, in light of IP
rights. This likely does not help science nor the private organizations involved.
Too much focus on economic indicators of valorization might thus lead to the
opposite of the desired effect.
So we find that stimulating and evaluating valorization is not so simple.
a This trend is also driven by the fact that discoveries in basic science usually don’t directly
benefit the investor, who takes the financial risk, but benefit all, as findings travel with
internet-speed across the world7 .
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Currently, valorization mechanisms are to let scientists write about the future
use of their future knowledge, and to list performance indicators like the amount
of collaborations inside and outside academia, public lectures, outreach activities, patents, and received prizes. It remains to be seen whether the scientists
that are most excellent on paper are actually the ones that turn out to find the
answers that contribute most to society. We must especially be careful not to
focus too much on the particular performance indicator of high-impact papers.
In the current scientific climate of extreme competition, a high-impact paper
can make or break a scientist’s career. To publish in a high-impact journal, an
exciting and novel discovery is needed, while attempts to thoroughly reproduce
studies often end up in less highly regarded journals. The number of irreproducable studies is consequently alarmingly high14 . It would be tragic if the way we
try to stimulate science and its societal impact led to the loss of science itself,
as in the systematic study of the natural world, and the search for the truth,
or as close to it as we can get13 . Without proper science, we cannot expect
benefits for society at all.
History has shown us enough examples of scientific discoveries with great
impact and many benefits for society. Let us therefore reward rigorous science,
look critically beyond the numbers at real quality and societal impact, and
continue to reap the benefits.
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Summary
Life as we know it takes place in liquid water. This water is not merely a passive
solvent, but plays an active role in many biological processes. Understanding
the subtle interplay between water and biomolecules is therefore crucial for understanding the mechanics and chemistry of life. In this thesis, we present a
series of spectroscopic experiments that elucidate the hydrogen-bond structure
and dynamics of water molecules in solutions of different biologically relevant
molecules. As a tool, we use vibrational pump-probe spectroscopy. This technique uses a short, intense infrared pump pulse to excite molecular vibrations
that we can follow over time by monitoring the infrared absorption of a second, weaker probe pulse. The main vibrational mode of water, the OH stretch
vibration, is very sensitive to the hydrogen-bond strength of water and can
therefore supply information on water structure: the OH stretch vibrational
frequency can indicate whether water molecules are hydrogen-bonded to other
water molecules, to other hydrophilic molecules, or not hydrogen-bonded at
all. After excitation by the pump pulse, the water OH stretch vibrations decay
back to the ground state on a picosecond (10−12 s) timescale. The timescale
of vibrational relaxation can provide structural information as well. Furthermore, by exciting at different frequencies we can probe the typical timescale
of structural fluctuations of the dynamical water hydrogen-bond network and
explore the coupling between different vibrations. Finally, by exploiting the
polarization-dependence of the pump-probe signal, we can measure the rate of
water reorientation.
Water dynamics in sugar solutions In a first series of experiments, we
investigated the water reorientation dynamics in aqueous sugar solutions. Sugars are an important class of biomolecules, serving for example as energy source,
signalling group, or stabilizing osmolyte of proteins under environmental stress
conditions. This latter property is still not fully understood, though it has been
hypothesized that sugars stabilize proteins indirectly, via the water solvent. We
find that the water reorientation dynamics in a sugar solution of a particular
concentration can be described by a single reorientation time constant. With
increasing sugar concentration, the water reorientation time constant increases
from 2.5 picoseconds to a value of about 15 picoseconds. Compared to other
small solutes, the influence of sugars on the dynamics of water is relatively longranged, and involves collective structural effects. These results are in line with
an indirect protein stabilization mechanism of sugars via the water solvent.
Water dynamics at a protein surface Secondly, we focused on the water
reorientation dynamics in solutions of globular proteins at different degrees of
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unfolding. Proteins perform specific biological functions that strongly depend
on their three-dimensional folded structure that in turn is influenced by the
interaction between the protein and the water solvent. We find that a fraction
of the water molecules is strongly slowed down by their interaction with the
protein surface. The slow water fraction is a measure of the amount of waterexposed surface. In the process of urea-induced protein unfolding, we observe
that the water-exposed surface increases by almost 50%, before the protein
secondary structure is affected. This indicates that protein unfolding starts
with the protein structure becoming less tight, thereby allowing water to enter.
Hydration of antifreeze glycoproteins A special class of proteins are
the antifreeze glycoproteins (AFGPs) that enable the survival of arctic fish by
inhibiting the growth of ice crystals. The molecular mechanism of antifreeze
protection is still unclear. We measured the water reorientation dynamics in
solutions of AFGPs, and find that a fraction of the water molecules is strongly
slowed down. The fraction of slow water molecules scales with the size and
concentration of AFGP, and is comparable to the fraction of slow water observed
for non-antifreeze proteins, both at room temperature and close to biologically
working temperatures. We find that inhibiting AFGP antifreeze activity using
borate buffer induces no changes in the dynamics of water hydrating the AFGP.
At the same time, borate induces gel formation by forming cross-links between
the AFGP sugar groups. Our findings support a local mechanism in which the
sugar unit of AFGP forms the active ice-binding site.
Water molecules in triglyceride oils The last series of experiments
described in this thesis focuses on the hydrogen-bond structure and dynamics
of water in triglyceride oils. Triglycerides are crucial for metabolic functions
and are used in daily life as foods, pharmaceuticals, cosmetics and raw material for biodiesel. Even though triglycerides are considerably hydrophobic,
small amounts of water can accumulate in the oil. We find that these water
molecules form several stable species that do not interconvert on the 20 picosecond timescale of the experiment: waters with a single strong hydrogen bond to
the triglyceride, waters with two weaker hydrogen bonds to the triglycerides,
and water clusters. The water molecules with two weaker hydrogen bonds to the
triglyceride correspond to a single, specific hydrogen-bond configuration; these
molecules likely bridge the carbonyl groups of adjacent triglyceride molecules,
which can have a large influence on the properties of triglyceride oils.
Water molecules in triglyceride oils - probing the carbonyl
stretch vibration We further investigated the interaction between water
and triglyceride oil by studying the transient response of the carbonyl stretch
vibration of the triglycerides. We find that the hydrogen-bond formation between a water molecule and the carbonyl group of the triglyceride leads to a
frequency downshift of the absorption of the carbonyl stretch vibration. This
hydrogen-bond formation affects the transient response of the carbonyl stretch
vibration, and slightly speeds up the vibrational relaxation. We also observe
that the relaxation rate strongly varies with frequency, and that the C=O
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vibrations rapidly exchange vibrational energy as a result of Förster energy
transfer.

Samenvatting
Leven speelt zich af in vloeibaar water. Het menselijk lichaam bestaat bijvoorbeeld voor gemiddeld 65% uit water, en de meeste levende wezens kunnen niet
zonder. Water lijkt zelfs zo essentieel voor leven dat astrofysici enthousiast
worden wanneer er ergens vloeibaar water wordt gevonden in het universum,
want waar water is, kan ook leven zijn... Zeker is dat water niet een passief
oplosmiddel is, maar een actieve rol speelt in veel biologische processen. Gedetailleerde kennis van de subtiele wisselwerking tussen water en biomoleculen is
dus cruciaal om we de mechanica en scheikunde van levende wezens te kunnen begrijpen. In dit proefschrift presenteren we een serie spectroscopische
experimenten die de structuur en dynamica ontrafelen van water moleculen in
oplossingen van verschillende biologisch relevante moleculen. Ons experimenteel
gereedschap is vibrationele pomp-probe spectroscopie. In deze vorm van spectroscopie, exciteert een korte, intense infrarode lichtpuls (de pomp) moleculaire
vibraties, die we vervolgens kunnen bekijken door de infrarood absorptie van
een tweede, zwakkere lichtpuls (de probe) te meten. De voornaamste vibratie
van water, de water zuurstof-waterstof (OH) strek vibratie, is erg gevoelig voor
de waterstofbrugsterkte van water en kan als zodanig informatie verschaffen
over de structuur van water: de frequentie van de OH strek vibratie kan bijvoorbeeld aangeven of water moleculen waterstofbruggen vormen met andere
water moleculen, met andere hydrofiele moleculen, of dat ze ongebrugd zijn.
Na excitatie door de pomp puls vervallen de water OH strek vibraties terug
naar de grondtoestand binnen enkele picoseconden (10−12 s). Deze vibratierelaxatietijd kan ook structurele informatie verschaffen. Bovendien is het mogelijk
om de typische tijdschaal van structurele fluctuaties te meten en de koppeling
tussen moleculen te bekijken door te exciteren bij verschillende pompfrequenties. Tenslotte kunnen we de water oriëntatiesnelheid bepalen door gebruik te
maken van de polarisatieafhankelijkheid van het pomp-probe signaal.
Waterdynamica in suikeroplossingen De eerste experimenten beschreven
in dit proefschrift richten zich op de oriëntatiesnelheid van watermoleculen in
suikeroplossingen. Suikers zijn een belangrijke groep biomoleculen die dienst
doen als energiebron, signaalgroep of stabiliserende factor voor de structuur
van eiwitten. Deze laatste eigenschap is nog steeds niet volledig begrepen, maar
vermoedt wordt dat suikers de structuur van eiwitten indirect stabiliseren door
de eigenschappen van het omringende water te veranderen. We vinden dat de
water oriëntatiesnelheid in een suikeroplossing van een bepaalde concentratie te
beschrijven is met een enkele tijdsconstante. Deze tijdsconstante neemt toe met
toenemende suikerconcentratie, van 2.5 picoseconden tot een waarde van 15
picoseconden. In vergelijking met andere kleine moleculen beı̈nvloeden suikers
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de dynamica van water over een relatief lange afstand, en spelen collectieve
structurele effecten een rol. Deze resultaten zijn consistent met een indirect
stabilisatie-effect van suikers op eiwitten via het omringende water.
Waterdynamica aan het oppervlak van eiwitten Ten tweede richten
we ons op de waterdynamica in oplossingen van globulaire eiwitten, waarbij de
eiwitten in verschillende mate ontvouwen zijn. Eiwitten verrichten specifieke
biologische taken die sterk afhangen van de driedimensionale gevouwen eiwitstructuur, die op zijn beurt weer afhangt van de interactie tussen het eiwit en
het omringende water. We observeren dat een fractie van de water moleculen
in eiwitoplossingen sterk wordt vertraagd door hun interactie met het eiwitoppervlak. De fractie langzame watermoleculen is een maat voor de hoeveelheid
eiwitoppervlak dat aan water wordt blootgesteld. Wanneer het eiwit wordt
ontvouwen met behulp van ureum, observeren we een toename van het blootgestelde oppervlak van bijna 50%, terwijl de secondaire eiwitstructuur intact
blijft. Hieruit volgt dat het ontvouwen van eiwitten begint met het losser worden van de eiwitstructuur en het binnendringen van water.
Hydratie van antivriesglycoproteı̈nen Een speciale klasse van eiwitten zijn de antivriesglycoproteı̈nen (AVGPs). Deze eiwitten verhinderen dat
ijskristallen kunnen groeien, waardoor ze ervoor zorgen dat vissen in de poolcirkel kunnen overleven. Het moleculaire mechanisme van deze antivriesbescherming is niet bekend. We meten de waterdynamica in oplossingen van
AVGPs, en constateren dat een fractie van de watermoleculen sterk is vertraagd.
De fractie langzame watermoleculen schaalt met de concentratie en grootte van
de AVGPs en is vergelijkbaar met de fractie langzame watermoleculen voor eiwitten zonder antivrieswerking, zowel bij kamertemperatuur als bij biologisch
relevante temperaturen vlak bij het vriespunt. We observeren dat het toevoegen van boraat, dat de antivriesactiviteit remt, geen effect heeft op de waterdynamica rondom AVGPs. Boraat zorgt er wel voor dat de oplossing een gel
vormt, doordat boraat moleculen bruggen vormen tussen de suikergroepen van
de AVGPs. Onze bevindingen wijzen op een antivriesmechanisme waarbij het
vooral de suikergroepen van AVGPs zijn die zich binden aan het ijs.
Watermoleculen in triglyceride oliën De laatste serie experimenten
beschreven in dit proefschrift richten zich op de waterstofbrugstructuur en
dynamica van water in triglyceride oliën. Triglyceriden zijn cruciaal voor
metabolisme en worden in het dagelijks leven gebruikt in voedsel, medicijnen,
cosmetica en als grondstof voor biobrandstof. Hoewel triglyceriden sterk hydrofoob zijn, kunnen zich toch kleine hoeveelheden water in de olie ophopen.
We observeren dat deze watermoleculen verschillende stabiele structuren vormen: we identificeren watermoleculen met een enkele sterke waterstofbrug naar
de triglyceride, watermoleculen met twee zwakkere waterstofbruggen naar de
triglyceriden en water clusters. De watermoleculen met twee zwakkere waterstofbruggen naar de triglyceriden vormen een enkele, specifieke waterstofbrugconfiguratie: deze moleculen overbruggen waarschijnlijk de carbonylgroepen
van aangrenzende triglyceridemoleculen en zouden zo een groot effect kunnen
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hebben op de eigenschappen van triglyceride oliën.
Watermoleculen in triglyceride oliën - observatie via de carbonyl
strek vibratie We hebben de interactie tussen water en triglyceride oliën in
meer detail onderzocht door de transiente respons van de C=O strek vibratie van
de triglyceriden te bestuderen. We nemen waar dat de waterstofbrugformatie
tussen een watermolecuul en een triglyceride C=O groep leidt tot een verschuiving van de absorptie van de C=O strek vibratie naar lagere frequenties. Deze
waterstofbrugformatie leidt tot een kleine versnelling van de vibratierelaxatie.
We vinden dat de vibratierelaxatie sterk afhankelijk is van de frequentie van de
C=O vibratie, en dat de C=O vibraties energie uitwisselen als gevolg van hun
dipool-dipool (Förster) interacties.
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